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Preface to ”Dietary Fructose and Glucose:
The Multifacetted Aspects of Their Metabolism
and Implication for Human Health”
Fructose was identiﬁed by the French chemist, Augustin-Pierre Dubrunfaut, in 1847, and its
stereochemical properties, together with those of its stereoisomers glucose and galactose, were
elucidated in the 1990s by the German chemist, Emil Fisher (REF https://www.acs.org/content/acs/
en/molecule-of-the-week/archive/f/fructose.html). This monosaccharide is a product of plant
photosynthesis, and hence is a precursor of most dietary macronutrients. Fructose is naturally
present in many fruits, vegetables, honey and natural syrups, either under its free, monosaccharide
form, or as a constituent of sucrose, a disaccharide made of one molecule of glucose linked to one
molecule of fructose. As such, it has always been present in the human diet, but its consumption
increased tremendously during the 19th and 20th century due to the colonial trade of sugars and
developments of industrial food products (REF Sweetness and power).
Over the past 50 years, fructose metabolism and fructose health effects have attracted
considerable attention from biomedical researchers. It started with the elucidation of speciﬁc
metabolic pathways used for fructose metabolism and the identiﬁcation of inborn errors of fructose
metabolism in humans (REF). Due to the fact that the initial steps of fructose metabolism are not
dependent on insulin, and that fructose ingestion does not increase glycaemia to any great extent,
there was a renewed interest in fructose as a sugar substitute for subjects with diabetes mellitus in the
1980s. Much of the speciﬁc effects of fructose on glucose and lipids homeostasis was acquired from
small clinical trials performed during this period. At the turn of the millennium, several investigators
raised concern that excess fructose intake may be closely associated with the pathogenesis of obesity
and of several non-communicable diseases, such as diabetes, cardio-vascular diseases, non-alcoholic
fatty liver diseases, or even cancers and neurodegenerative disorders. This has led to a large increase
in the number of studies and publications on fructose and dietary sugars. Knowledge in this ﬁeld has
advanced at a quick pace, yet many issues remain controversial and many novel questions have
emerged. The reviews and original articles included in this book encompass a broad range of open
questions in the ﬁeld. It is commonly proposed that dietary fructose causes insulin resistance and
dyslipidemia, which may in the long term lead to the development of insulin resistance, diabetes
mellitus, and contribute to atherogenesis. The mechanisms underlying these effects however remain
controversial. Several reviews and original articles address the relationships between fructose intake
and human diseases and discuss possible mechanisms. Novel research perspectives, such as the role
of uric acid as a mediator of fructose toxicity, the link between dietary fructose and gut microbiota, or
novel molecular targets mediating fructose’s adverse effects are proposed in this Special Issue
(include here all references 1–15).
When consumed in high amounts, a large proportion of ingested fructose is metabolized in the
liver and exerts stress on this organ. There is ever growing evidence that fructose may be
instrumental in the development and progression of non-alcoholic fatty liver disease. This has
particular relevance for public health since this condition is highly prevalent and is closely associated
with insulin resistance in the population. Several articles address potential mechanisms underlying
fructose’s effects on hepatic de novo lipogenesis, fat accumulation, and liver inﬂammation. One

ix

clinical study asserts that reducing sugar ingestion can decrease intrahepatic fat content in overweight
subjects within 12 weeks. One review proposes that plant polyphenols may offer protective effects on
fructose-induced NAFLD (include refs of 16–20).
Prospective cohort studies clearly indicate that a high sugar intake is associated with obesity,
and support the hypothesis that sugar intake may play a causal role in body fat gain. Body weight
gain is clearly secondary to an excess energy intake, but the reason why dietary sugar drives
overfeeding remains hypothetical. It has been proposed that sugar fails to elicit normal satiety signals
due to fructose-induced leptin resistance in the brain. It has also been hypothesized that fructose
fails to stimulate the release of gut satietogenic factors. Neurosensorial effects of sugars, involving
stimulation of sweet taste receptors and activation of mesolimbic dopaminergic reward pathways
have also been postulated (include here references of 21–25).
It has long been known that childhood obesity is associated, not only with a high risk of obesity,
but also with a high risk of diabetes and cardiovascular diseases during adulthood. Over the past
two decades, it has even been robustly documented that maternal nutrition during pregnancy (fetal
nutrition) and neonatal nutrition may be strong determinants of metabolic health during adulthood.
Several reports address the effects of dietary fructose during pregnancy and early neonatal life on
glucose homeostasis and cardiometabolic risk factors (Refs section 26–30).
Finally, fructose may have deleterious effects when consumed in excess in sedentary subjects,
but may be a convenient energy substrate for some birds which rely on fructose to build up fat stores
before migration, and for athletes for example. Furthermore, physical activity may prevent many of
the adverse metabolic effects of a high fructose diet (references of 31–36).
The articles in this book provide a nice overview of fructose science. They illustrate
recent scientiﬁc knowledge which may link fructose intake to the pathogenesis of obesity and
non-communicable diseases. However, they also illustrate that many of the present allegations often
presented in the lay press as scientiﬁc facts, remain mere hypotheses at this stage, and that still much
remains to be discovered about this sugar.
Luc Tappy
Special Issue Editor
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Abstract: This pilot study aimed to investigate the effect of simple sugar ingestion, in amounts typical
of common ingestion, on appetite and the gut-derived hormone response. Seven healthy men ingested
water (W) and equicaloric solutions containing 39.6 g glucose monohydrate (G), 36 g fructose (F),
36 g sucrose (S), and 19.8 g glucose monohydrate + 18 g fructose (C), in a randomised order.
Serum concentrations of ghrelin, glucose dependent insulinotropic polypeptide (GIP), glucagon
like peptide-1 (GLP-1), insulin, lactate, triglycerides, non-esteriﬁed fatty acids (NEFA), and D-3
hydroxybutyrate, were measured for 60 min. Appetite was measured using visual analogue
scales (VAS). The ingestion of F and S resulted in a lower GIP incremental area under the curve
(iAUC) compared to the ingestion of G (p < 0.05). No differences in the iAUC for GLP-1 or ghrelin
were present between the trials, nor for insulin between the sugars. No differences in appetite
ratings or hepatic metabolism measures were found, except for lactate, which was greater following
the ingestion of F, S, and C, when compared to W and G (p < 0.05). The acute ingestion of typical
amounts of fructose, in a variety of forms, results in marked differences in circulating GIP and lactate
concentration, but no differences in appetite ratings, triglyceride concentration, indicative lipolysis,
or NEFA metabolism, when compared to glucose.
Keywords: glucose; fructose; sucrose; sugar ingestion; appetite; gut hormones; ghrelin; GLP-1;
hepatic metabolism

1. Introduction
The ingestion of simple sugars has been the subject of much recent interest. In particular,
the proportion of the daily energy intake from the ingestion of added fructose has rapidly increased,
and this has been suggested to play a role in the development of metabolic syndrome and obesity [1,2].
Besides the ingestion of the fructose found naturally in fruits, fructose is typically ingested either as
its component in sucrose or as high fructose corn syrup (commonly 55% fructose and 45% glucose).
Fructose ingestion has been suggested to differentially alter feeding patterns to other simple sugars,
leading to a resultant increase in body mass. One potential mechanism for the effect of fructose on
feeding patterns is the effect that its ingestion may have on incretin and gut-derived hormones, which
are known to inﬂuence subjective feelings of hunger.
Nutrients 2017, 9, 135
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Previous studies have shown that the acute ingestion of fructose increases blood glucose
concentration [3], as well as the concentration of circulating insulin [3–5], though to a lesser extent
than the ingestion of glucose. In addition, acute fructose ingestion has also been shown to increase
circulating glucagon like peptide-1 (GLP-1) concentration [3] and to stimulate the secretion of leptin [5],
though to a lesser extent than the ingestion of glucose. Furthermore, circulating levels of ghrelin
following the ingestion of fructose are reported to be suppressed to a lesser extent than following the
ingestion of glucose [6]. The effects of fructose ingestion on these circulating hormones, which are
known to inﬂuence appetite, may therefore explain some of the reported relationships between the
rise in dietary fructose ingestion and the increase in the prevalence of obesity.
While investigations in this area have demonstrated the effects of the acute ingestion of
fructose on incretin and gut-derived hormone responses, a number of questions remain unanswered.
Firstly, the majority of dietary fructose is ingested via sucrose or high fructose corn syrup.
However, studies in this area have consistently investigated the effects of fructose alone. To date,
and to the best of one’s knowledge, no studies have compared the effects of glucose, fructose,
sucrose, and a combined glucose/fructose solution on incretin and gut-derived hormone responses.
Secondly, according to the National Health and Nutrition Examination Survey (NHANES) data [7],
the reported average daily fructose intake in the US is approximately 49 g. In the UK, the reported
average daily intake of fructose is 39 g, with the recommended intake of free sugars being no more
than 5% of the total energy intake [8]. For an adult aged between 19 and 74 years, this equates
to approximately 24–35 g of free sugar, based on estimated average energy requirements [9].
However, many studies that have investigated the acute effects of fructose ingestion have used much
higher quantities than this.
The ingestion of large amounts of fructose in the diet is also being increasingly linked to
non-alcoholic fatty liver disease (NAFLD), due to its differential and unfavourable metabolism
in the liver, where it is considered to favour lipogenesis to a greater extent than glucose [10–12].
Studies indicate that short to moderate-term overfeeding with large amounts of fructose increases
fasting and postprandial plasma triglyceride concentrations to a greater extent than glucose [5,6,13–16].
Studies have also shown that short to moderate term increases in fructose ingestion appears to favour
the storage of fat to a greater extent than glucose as ingestion has been demonstrated to result in
decreased lipolysis and metabolism of fatty acids, indicated by suppressed non-esteriﬁed fatty acid
(NEFA) [6] and β-hydroxybutyrate [16] concentrations.
The effect of ingestion of an acute bolus of fructose and other simple sugars has also been
documented with some conﬂicting ﬁndings. A mixed glucose and fructose solution with 45:55 g
composition has been reported to elicit greater blood lactate and NEFA responses but no difference in
triglyceride responses when compared to equivalent amounts of glucose alone [17]. On the other hand,
serum triglyceride concentrations have been shown to be greater with mixed solutions of glucose and
fructose of differing ratios compared to 85 g of glucose alone [18]. As with the studies investigating
the effect of fructose ingestion on gut-derived appetite hormones, these acute ingestion studies on
the hepatic processing of fructose have involved the ingestion of very high doses of sugars and the
effect of a smaller quantity more reﬂective of a typical serving is unknown. The aim of this study
was to examine the effect of simple sugar ingestion in more commonly ingested amounts on appetite,
circulating gut hormone responses, and markers of hepatic metabolism.
2. Materials and Methods
2.1. Participants
Seven healthy men (mean ± standard deviation, age 25 ± 4 year, height 179 ± 8 cm, body mass
81.5 ± 12.3 kg, body mass index 25.5 ± 3.8 kg/m2 , and body fat 21.0% ± 7.0%) volunteered to take part
in this investigation. All participants were non-smokers and had no history of chronic gastrointestinal
disease as determined via completion of a medical screening questionnaire. The participants provided
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written informed consent prior to participation and ethical approval was provided via the Institutional
Ethical Advisory Committee (Reference Number: FAETC/10-11/67).
2.2. Experimental Procedure
Each participant completed ﬁve experimental trials with at least six days between trials.
Experimental trials were completed in a single-blind randomised order and began at the same time
each morning following the completion of pre-trial standardisation. Prior to the ﬁrst experimental
trial, participants were asked to record their dietary intake and physical activity but to refrain from the
ingestion of alcohol and the participation of strenuous exercise. Participants were asked to replicate
these dietary and physical activity patterns in the 24 h before each subsequent experimental trial.
Experimental trials took place following an overnight fast from 2100 h, with the exception of the
ingestion of 500 mL of water approximately 90 min before the arrival at the laboratory, in an attempt
to ensure a consistent and adequate hydration status.
Following arrival to the laboratory, participants were asked to completely empty their bladder
into a container, of which 5 mL was retained for later analysis. Following a measurement of body
mass, participants lay in a semi-supine position while an intravenous cannula was inserted into
an antecubital vein. This remained in place for the duration of the experimental trial and was
kept patent by the infusion of saline after each blood sample collection. Participants completed
a 10 cm visual analogue scale (VAS), assessing their level of hunger, fullness, and prospective
food consumption. A baseline 5 mL blood sample was collected before participants ingested 595 mL of
the test solution over a maximum period of two minutes. Test solutions contained water only (W),
39.6 g glucose monohydrate (G), 36 g fructose (F), 36 g sucrose (S), or 19.8 g glucose monohydrate + 18 g
fructose (C). Test solutions were prepared to a volume of 600 mL and a 5 mL sample was retained
for osmolality analysis. Participants remained in a semi-supine position for 60 min following
drink ingestion. Further assessment of subjective feelings of appetite using a VAS were taken at
10 min intervals throughout this period and blood samples were collected 10, 20, 30, and 60 min
after ingestion. Time-points for blood analysis were selected based on previous studies that showed
that the ingestion of 75 g of fructose elicits peak concentrations of glucose and GLP-1 at approximately
30 min, before progressively declining to near baseline levels by 60 min [3]. Following the last sample
collection, the cannula was removed and a second urine sample was collected before participants were
allowed to leave the laboratory.
2.3. Sample Analysis
Urine, drink, and serum samples were analysed for osmolality by freezing point depression (Gonotec
Osmomat 030, Gonotec, Berlin, Germany). Analysis was performed in duplicate. Upon collection of blood
samples, 50 μL of Pefabloc (Roche Diagnostics Limited, Burgess Hill, UK) was immediately added to the
blood to prevent the degradation of acylated ghrelin. Blood samples were centrifuged at 1500× g for
15 min and the serum was aliquoted then stored at −80 ◦ C until analysis was performed. Serum glucose,
lactate, triglyceride, NEFA, and D-3 hydroxybutyrate concentrations were determined in duplicate
using a clinical chemistry analyser (Randox Daytona, Crumlin, UK), while serum fructose concentration
was determined using a colorimetric assay (EnzyChrom™ EFRU-100; BioAssay Systems, Hayward,
CA, USA). The circulating concentration of acylated ghrelin, insulin, and glucose dependent insulinotropic
polypeptide (GIP) were determined using multiplex analysis (Luminex 200, Luminex Corporation, Austin,
TX, USA), with kits purchased from Merck-Millipore (Milliplex MAP, Merck Millipore Ltd., Feltham, UK).
The circulating concentrations of total GLP-1 were determined in duplicate, using Enzyme Linked
Immunoassay (Merck Millipore Ltd., Feltham, UK).
2.4. Statistical Analysis
The incremental area under the curve (iAUC) for gut hormone and hepatic metabolism data
was calculated using the trapezoid method. Differences in pre-trial body mass, pre-trial urine
3
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osmolality, drink osmolality, and gut hormone concentration iAUC were examined using one-way
repeated analysis of variance (ANOVA). Signiﬁcant F-tests were followed by Bonferroni-adjusted
pairwise comparisons. Two-way repeated ANOVA were used to examine differences in urine
osmolality, serum osmolality, blood glucose and fructose concentrations, gut hormone concentrations,
hepatic metabolism concentrations, and subjective appetite VAS scores. Signiﬁcant F-tests were
followed with the appropriate paired Student’s t-tests or one-way repeated ANOVA and
Bonferroni-adjusted pairwise comparisons. Sphericity for repeated measures was assessed, and where
appropriate, Greenhouse-Geisser corrections were applied for epsilon <0.75 and the Huynh-Feldt
correction was applied for less severe asphericity. All variables had full data sets with the exception
of serum fructose for which eight samples (4.6% of total) were unable to be analysed and were
therefore missing from the data analysis. Consequently, one data value (2.9% of total) was missing
from the serum fructose iAUC data set. All data were analysed using SPSS Statistics for Windows
(IBM, New York, NY, USA). Statistical signiﬁcance was accepted at the 5% level and results were
presented as means ± standard deviation (SD).
3. Results
3.1. Body Mass, Urine, and Drink Analysis
No change in body mass (Table 1) occurred during the study period (p = 0.638). Pre-trial urine
volume and osmolality (Table 1) were not different between trials (p = 0.863 and p = 0.504, respectively).
Post-trial urine volume was not different between trials (p = 0.231), and drinking resulted in reductions
in urine osmolality in W, G, F, and S (p < 0.05), but not in C (p = 0.221).
The osmolality of ingested drinks were 13 ± 1, 370 ± 6, 368 ± 4, 204 ± 1, and 369 ± 4 mOsm/kg
for W, G, F, S, and C, respectively. Drink osmolality for W was lower than all other solutions (p < 0.001)
and drink osmolality for S was lower than G, F, and C (p < 0.001).
Table 1. Pre-trial body mass and urine characteristics pre- and post-trial.
Water
Body mass (kg)
Pre urine volume (mL)
Post urine volume (mL)
Pre urine osmolality (mOsmol/kg)
Post urine osmolality (mOsmol/kg)
a

Glucose

Fructose

Sucrose

Combined

Mean

SD

Mean

SD

Mean

SD

Mean

SD

Mean

SD

81.52
174
613
461
161 a

12.03
114
268
232
101

81.84
199
639
375
137 a

11.77
178
226
224
59

81.80
143
411
431
233 a

12.31
136
254
174
148

81.93
164
577
593
185 a

12.06
120
400
309
157

81.54
179
596
465
269

12.42
197
331
260
299

Signiﬁcantly lower than pre urine osmolality (p < 0.05). Values are means and standard deviations (SD).

3.2. Serum Glucose, Fructose, and Lactate
Baseline serum glucose concentrations (Table 2) were not different between trials (p = 0.288).
Effects of trial (p < 0.001), time (p < 0.001), and interaction (p < 0.001), were present for serum glucose
concentration (Figure 1a). Concentrations were elevated from pre-ingestion values at 10, 20, and 30 min
after the ingestion of G, S, and C (p < 0.05). No difference was observed from baseline after the ingestion
of W and F. At 10 min, blood glucose concentrations for G, S, and C, were greater than W (p < 0.05)
and the concentration for S was greater than for F (p < 0.05). At 20 min after ingestion, blood glucose
concentrations were greater for G, S, and C, than for W and F (p < 0.05). Furthermore, at 30 min after
ingestion, blood glucose concentrations were greater for G, S, C, and F, compared to W (p < 0.05),
while the concentration for S was greater than F (p < 0.05). Incremental AUC values for serum glucose
concentration were −7.48 ± 12.17, 96.73 ± 55.64, 7.81 ± 9.78, 73.36 ± 24.39, and 66.61 ± 38.33 mmol/L
1 h, for W, G, F, S, and C, respectively. Trials G, S, and C were greater than W (p < 0.05), and S was
greater than F (p = 0.005).
Baseline serum fructose concentrations (Table 2) were not different between trials (p = 0.912).
Effects of trial (p < 0.001), time (p = 0.001), and interaction (p < 0.001), were present for the serum
4
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fructose concentration (Figure 1b). Concentrations were lower at 10 min (p = 0.032) and 30 min
(p = 0.012) compared to pre-ingestion values for W. Serum fructose concentrations were greater than
pre-ingestion values at 20, 30, and 60 min for F, and at 30 and 60 min for S (p < 0.05). At 10 min after
ingestion, serum fructose concentration was greater for S compared to G (p = 0.036). At 20 min after
ingestion, the concentration was greater for F compared to W (p = 0.043) and G (p = 0.038). At 30 min
post ingestion, concentrations for F and S were greater than W and G (p < 0.05). At 60 min after
ingestion, concentrations were greater for F and S compared to G (p < 0.05) and F was greater than
C (p = 0.041). Incremental AUC values for the serum fructose concentration were −1194.12 ± 587.20,
−451.19 ± 513.01, 15,780.52 ± 4156.57, 10,480.64 ± 4631.63, and 8788.90 ± 4665.14 μmol/L 1 h, for W,
G, F, S, and C, respectively. Trials F, S, and C were greater than both W and G (p < 0.05).
Baseline serum lactate concentrations (Table 2) were not different between trials (p = 0.074).
Effects of trial (p < 0.001), time (p < 0.001), and interaction (p < 0.001), were present for serum lactate
concentration (Figure 1c). Concentrations were elevated from pre-ingestion values at all time-points
for S (p < 0.05), and for F at 20, 30, and 60 min (p < 0.01). Elevations from baseline concentrations
were observed for C at 30 (p = 0.043) and 60 min (p = 0.004), and for G at 60 min only. At 20 min
after ingestion, concentrations were greater for S, compared to W, F, and G (p < 0.05), and at 30 min,
concentrations were greater for S and F, compared to W and G (p < 0.05). At 60 min, the concentration
for W was lower than all other trials (p < 0.05), and the concentration for F was greater than G (p < 0.05).
Incremental AUC values were greater for F, S, and C compared to W and G (p < 0.05), with values
53.38 ± 6.32, 60.49 ± 18.45, 54.42 ± 27.10, −2.18 ± 8.21, and 8.88 ± 8.22 mmol/L 1 h, respectively.
Table 2. Baseline concentrations for blood serum measures.
Water
Glucose (mmol/L)
Fructose (μM/L)
Lactate (mmol/L)
Insulin (pg/mL)
GIP (pg/mL)
GLP-1 (pg/mL)
Ghrelin (pg/mL)
Triglycerides (mmol/L)
D -3 Hydroxybutyrate (mmol/L)
NEFA (mmol/L)

Glucose

Fructose

Sucrose

Combined

Mean

SD

Mean

SD

Mean

SD

Mean

SD

Mean

SD

5.15
67.34
0.93
191.4
8.81
58.4
232.1
1.20
0.12
0.74

0.39
19.59
0.27
88.5
3.33
6.3
79.6
0.47
0.06
0.35

5.11
60.70
1.13
216.9
12.67
61.7
200.9
1.19
0.11
0.60

0.28
41.81
0.30
163.1
7.71
4.2
80.2
0.59
0.09
0.22

5.27
51.75
0.91
192.1
9.31
64.1
189.0
1.29
0.11
0.64

0.21
37.31
0.23
102.3
5.26
12.5
68.8
0.62
0.05
0.32

5.25
57.95
0.94
172.4
12.12
62.9
220.7
1.13
0.10
0.50

0.18
36.73
0.18
103.4
8.82
11.4
84.2
0.56
0.03
0.12

5.12
64.62
0.88
177.7
13.15
69.2
189.9
1.13
0.10
0.62

0.26
40.65
0.24
89.4
7.20
14.2
65.1
0.52
0.02
0.56

Values are means and standard deviations (SD).
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Figure 1. Serum (a) glucose (b) fructose and (c) lactate concentrations at baseline and following
ingestion of 595 mL of water (W), 6% fructose (F), 6% glucose (G), 6% sucrose (S) and 6% combined
glucose and fructose (C) solutions. a G, S, and C are greater than W; b G, S, and C are greater than F;
c S is greater than F; d All carbohydrate trials are greater than W; e S is greater than G; f F is greater
than W and G; g S is greater than W and G; h F is greater than G; I F is greater than C; * Increase from
baseline for G, S, and C; ** Decrease from baseline for W; *** Increase from baseline for F; **** Decrease
from baseline for W, and increase for F and S; ***** Increase from baseline for F and S; † Increase from
baseline for S; †† Increase from baseline for S and C. All p < 0.05. Values are mean ± standard deviation.

3.3. Serum Insulin, GIP, GLP-1, and Ghrelin
Baseline serum insulin concentrations (Table 2) were not different between trials (p = 0.587).
Effects of trial (p = 0.032), time (p = 0.014), and interaction (p < 0.001), were present for serum insulin
concentration (Figure 2a). Insulin concentrations were elevated from pre-ingestion values for G and
S at 10 min after ingestion (p < 0.05). For G, the concentration at 60 min was lower than at 20 and
30 min (p < 0.05). No other differences were observed over time or between trials at the different
time-points. Incremental AUC values were −1856.2 ± 2166.8, 59,342.5 ± 55,279.2, 6510.6 ± 3449.0,
37,052.1 ± 25,605.6, and 39,270.8 ± 33,159.7 pg/mL 1 h, for W, G, F, S, and C, respectively.
Incremental AUC was greater for F than W (p = 0.028).
Baseline serum GIP concentrations (Table 2) were not different between trials (p = 0.246). Effects of
trial (p < 0.001), time (p < 0.001), and interaction (p < 0.001), were present for serum GIP concentration
(Figure 2b). Concentrations were elevated (p < 0.05) from pre-ingestion values for G at all time points
(p < 0.05). For S, the concentration tended to increase 10 min after ingestion (p = 0.052), and were
elevated at 20 (p = 0.049) and 30 (p = 0.036) min after ingestion. This was followed by a decrease at
60 min compared to 20 (p = 0.047) and 30 min (p = 0.036). For C, concentrations were increased at
10 (p = 0.020) and 30 min (p = 0.014) compared to baseline. At 10 min after ingestion, concentrations
for W and F were lower than G, S, and C (p < 0.05), while at 20 min, they were lower than G and S
6
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(p < 0.05). At 30 min after ingestion, concentrations for W and F were again lower than G, S, and C
(p < 0.05), and the concentration for G was greater than S (p = 0.035). At 60 min after ingestion,
the concentration for W was lower than G, S, and C (p < 0.05), while the concentration for G was greater
than S (p = 0.044) and C (p = 0.034), and tended to be greater than F (p = 0.052). Incremental AUC
values were −5.9 ± 111.9, 2224.8 ± 937.2, 50.8 ± 135.0, 1172.3 ± 701.8, and 1252.8 ± 720.7 pg/mL 1 h,
for W, G, F, S, and C, respectively. Incremental AUC for G, S, and C, were greater than W (p < 0.05),
and iAUC for G was greater than F (p = 0.014) and S (p = 0.033).

Figure 2. Serum (a) Insulin (b) glucose dependent insulinotropic polypeptide (GIP) (c) glucagon like
peptide-1 (GLP-1) and (d) ghrelin concentrations at baseline and following ingestion of 595 mL of
water (W), 6% fructose (F), 6% glucose (G), 6% sucrose (S) and 6% combined glucose and fructose
(C) solutions. a W is less than G, S, and C; b Fructose is less than G, S, and C; c W is less than G and S;
d F is less than G and S; e S is less than G; f C is less than G; g W is greater than F; * Increase from baseline
for G; ** Increase from baseline for G and S; *** Decrease from time-point for G, S, and C; **** Decrease
from time-point for G; ***** Decrease from time-point for S; † Increase from baseline for C; †† Decrease
from time-point for C; ††† Decrease from time-point for C and S; †††† Decrease from baseline for S
and C; ††††† Decrease from baseline for F and S. All p < 0.05. Values are mean ± standard deviation.

Baseline serum GLP-1 concentrations (Table 2) were not different between trials (p = 0.092).
An effect of time (p < 0.001), an interaction effect tending to signiﬁcance (p = 0.078), and no main effect
of trial (p = 0.354), were present for serum GLP-1 concentration (Figure 2c). GLP-1 concentration was
elevated from pre-ingestion values after 10 min (p = 0.023), and was lower at 60 min compared to
10 min (p = 0.005) for G. Concentrations were also lower at 60 min compared to 10 min for S (p = 0.008),
and lower at 30 and 60 min compared to 10 min for C (p < 0.05). Incremental AUC values for W, G, F,
S, and C, were 403.2 ± 655.7, 519.8 ± 345.8, 447.9 ± 390.7, 499.3 ± 574.2, and −131.6 ± 516.3 pg/mL
1 h, respectively. There were no differences in iAUC (p = 0.152).
Baseline serum ghrelin concentrations (Table 2) were not different between trials (p = 0.066).
Effects of trial (p = 0.016), time (p < 0.001), and interaction (p = 0.001), were present for serum ghrelin
concentration (Figure 2d). Ghrelin concentration tended to be reduced from pre-ingestion at 20 min
for F (p = 0.064), and was reduced from pre-ingestion at 60 min (p = 0.006). For S and C, reductions
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from baseline were observed at 30 and 60 min, and 30 min, respectively (p < 0.05). Concentrations
were also lower at 20 and 30 min, and at 30 min, compared to 10 min for S and C, respectively.
No differences over time were present for W and G, although a decrease tending to signiﬁcance at
60 min compared to 10 min was present for G (p = 0.072). At 60 min, W was higher than F (p = 0.014).
Incremental AUC values were −1892.4 ± 1488, −3028.6 ± 2530.0, −2063.3 ± 1106.9, −3546.1 ± 2073.6,
and −2898.5 ± 2007.8 pg/mL 1 h, for W, G, F, S, and C, respectively. No differences were seen in iAUC
(p = 0.209).
3.4. Serum Triglycerides, D-3 Hydroxybutyrate, and NEFA
Baseline serum triglyceride concentrations (Table 2) were not different between trials (p = 0.673).
An interaction effect (p = 0.032) was indicated for serum triglyceride concentration (Figure 3a). No main
effects of trial (p = 0.425) or time (p = 0.254) were present. A difference at 10 min between trials tended
to signiﬁcance (p = 0.099). Differences over time tended to signiﬁcance for G (p = 0.053), S (p = 0.092),
and C (p = 0.073). A difference over time was indicated for W (p = 0.039), but no pairwise differences
were located, and no change over time was seen for F (p = 0.279). Incremental AUC values were
−1.81 ± 3.00, −0.65 ± 1.74, 0.54 ± 5.56, −1.97 ± 1.75, and −2.09 ± 3.56 mmol/L 1 h, for W, G, F, S,
and C, respectively. No differences were present for iAUC (p = 0.534).
Baseline serum D-3 hydroxybutyrate concentrations (Table 2) were not different between trials
(p = 0.753). No effect of trial (p = 0.220), an effect of time tending to signiﬁcance (p = 0.098), and no
interaction effect (p = 0.891) was present for serum D-3 hydroxybutyrate concentration (Figure 3b).
Also, no difference was present for iAUC (p = 0.828), where the areas were −0.19 ± 3.05, 1.58 ± 4.30,
−1.11 ± 2.89, −1.50 ± 1.72, and −0.99 ± 0.90 mmol/L 1 h, for W, G, F, S, and C, respectively.
Baseline serum NEFA concentrations (Table 2) were not different between trials (p = 0.544).
No effect of trial (p = 0.411) or interaction effect (p = 0.431) was present for serum NEFA concentration
(Figure 3c), but an effect of time was revealed (p = 0.002). Concentrations decreased over time for
W, G, and C. For W, the concentrations at 20 and 30 min were lower than baseline (p < 0.05). For G,
the concentrations at 20, 30, and 60 min were lower than baseline (p < 0.01) and 10 min (p < 0.05), and in
addition, the concentration at 60 min was lower than at 30 min (p = 0.040). For C, the concentrations
at 20, 30, and 60 min were lower than baseline (p < 0.05), the concentrations at 30 and 60 min were
lower than at 10 min (p < 0.05), and additionally, the concentration at 60 min was lower than at
20 min (p = 0.003). No difference was present for iAUC (p = 0.512), where the areas were −7.70 ± 5.02,
−10.68 ± 3.61, −14.26 ± 13.47, −9.22 ± 9.97, and −11.38 ± 3.96, for W, G, F, S, and C, respectively.

ȱ
Figure 3. Cont.
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Figure 3. Serum (a) triglycerides (b) D-3 hydroxybutyrate and (c) non esteriﬁed fatty acids
(NEFA) concentrations at baseline and following ingestion of 595 mL of water (W), 6% fructose (F),
6% glucose (G), 6% sucrose (S) and 6% combined glucose and fructose (C) solutions. * Decrease from
baseline for W, G, and C; ** Decrease from baseline for G and C; *** Decrease from 10 min for G and C;
**** Decrease from time-point for G; ***** Decrease from time-point for C. All p < 0.05. Values are
mean ± standard deviation.

3.5. Subjective Measurements of Appetite
A transient pattern of decreased hunger and prospective food consumption ratings occurred
at 10 min post drink ingestion followed by a gradual increase thereafter for all trials.
Furthermore, consistent with the above, fullness ratings transiently increased at 10 min post ingestion
then gradually decreased thereafter. No effect of trial (p = 0.337), an effect of time tending to signiﬁcance
(p = 0.091), and no interaction effect (p = 0.492), were present for hunger ratings (Figure 4a). For fullness
ratings, no effects of trial (p = 0.455), time (p = 0.106), or interaction (p = 0.288), were present (Figure 4b).
No main effect of trial (p = 0.652) or interaction effect (p = 0.430) was present for prospective food
consumption, but a main effect of time (p = 0.001) was seen (Figure 4c). An effect of time was indicated
for trial G with 20 min tending to be lower than 60 min (p = 0.078). An effect of time also tended to
signiﬁcance for C (p = 0.051).
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Figure 4. Visual analogue scale (VAS) scores for (a) hunger (b) fullness and (c) prospective
food consumption at baseline and following ingestion of 595 mL of water (W), 6% fructose (F),
6% glucose (G), 6% sucrose (S) and 6% combined glucose and fructose (C) solutions. Values are
mean ± standard deviation.

4. Discussion
The ingestion of glucose and the ingestion of fructose resulted in respective increases in blood
glucose and blood fructose concentration in a dose-related fashion with peak concentrations being
attained at 30 min by the glucose alone and fructose alone trials, correspondingly. The similar
sucrose and combined solutions resulted in comparable blood glucose and blood fructose
concentration responses. Whilst the ingestion of glucose alone resulted in no changes to blood
fructose concentration, the ingestion of fructose alone saw a signiﬁcant increase in blood glucose
above water control values at 30 min. This can be explained by the evidence that a moderate amount
of fructose undergoes conversion to glucose [19,20]. The ingestion of fructose alone resulted in
a signiﬁcantly lower blood glucose concentration than glucose alone ingestion at 20 min but no
10
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signiﬁcantly lower overall (iAUC) blood glucose response. This result is therefore partially inconsistent
with the ﬁndings of Kong et al. [3], although the large number of comparisons in this present study
may have concealed any statistical difference. A signiﬁcantly greater blood glucose response was seen
with sucrose compared to fructose alone, however, suggesting an interaction of glucose co-ingestion
that was not present with the mixed glucose-fructose ingestion. One possibility is the effect of lower
osmolality in sucrose resulting in a faster gastric emptying rate and thus a greater increase in the blood
glucose concentration. The blood glucose response to different sugars was mirrored by both insulin
and GIP responses. However, the pattern of response for GLP-1 did not follow. It is thought that GLP-1
plays a more potent role in glucose-stimulated insulin release, but the results of this study potentially
suggest a predominant role of the incretin GIP.
The ingestion of solutions containing fructose resulted in signiﬁcant increases in blood lactate
concentration at a faster rate than the ingestion of glucose alone. This increase in lactate concentration
occurred even with the relatively small amount of fructose ingestion (18 g) within the S and C trials.
Furthermore, the ingestion of sucrose, and combined glucose and fructose, resulted in similar iAUCs,
compared to fructose ingestion alone, despite containing half of the amount of fructose. This may
be due to a differential fate of fructose when co-ingested with glucose. The presence of glucose in
the ingested solutions may have led to the preferential oxidation of glucose within the Krebs cycle,
as well as the conversion to glycogen, thus limiting this pathway for fructose oxidation and resulting in
greater lactate production. It is unlikely that this was due to reduced insulin action, which is reported
to result in less pyruvate entering the mitochondria for oxidation and thus causing a corresponding
increase of anaerobic metabolism to lactate [21], because insulin secretion following both S and C were
pronounced in comparison to fructose. Another potential explanation is related to the observations
that fructose absorption is augmented when ingested with glucose [22]. However, it is unlikely that
the observed results were due to a greater or more efﬁcient absorption of fructose when co-ingested
with glucose, as serum fructose concentration increased signiﬁcantly from baseline following fructose
alone ingestion but not for the fructose-glucose solutions.
The ingestion of all four sugar solutions resulted in similar acylated ghrelin suppression, unlike the
ﬁnding by Teff et al. [6] that fructose ingestion results in less suppression following fructose ingestion
when compared to glucose ingestion. Furthermore, little difference between sugars was observed
for GLP-1 response. This is in contrast to previous ﬁndings by Kong et al. [3] and Kuhre et al. [23]
where participants were fed 75 g of sugar in both studies. Although it is noted that a potential
limitation of the present study is that we measured total GLP-1, and not the speciﬁc active form
GLP-17–36 , the reported difference seen by Kuhre et al. [23] was also for total GLP-1, indicating the
contrasting ﬁndings are likely due to the lower amount of sugar ingestion (36 g) in the present study.
However, a marked difference between sugars was seen with GIP responses. The ingestion of fructose
induced virtually no GIP response in contrast to the other sugar solutions, and was comparable to the
effects of water. Although insulin concentrations signiﬁcantly increased and then decreased following
glucose and sucrose ingestion, whilst no signiﬁcant changes over time was observed for fructose
ingestion, there were no signiﬁcant differences detected between sugars at different time-points or
for the overall (iAUC) response. The insulin results are therefore inconsistent with those of previous
studies that have shown signiﬁcantly lower responses following fructose ingestion compared to glucose
ingestion [3–5]. This may be due to the large number of comparisons in the present study masking
any differences. Alternatively, this may have been due to the large standard deviations observed.
The large inter-individual variability may be due to the differences in the body mass index of the
participants, which ranged from normal to obese classiﬁcations. The range of participants utilised in
this study is a limitation as insulin and metabolic responses may differ in participants with different
levels of adiposity. However, as this study utilised a repeated measures design, each participant acted
as their own control. In line with the absence of response differences in the gut-derived appetite
hormones ghrelin and GLP-1, no subsequent difference or effect of sugar ingestion was observed for
any of the appetite ratings.
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Triglyceride concentrations were unchanged following ingestion of the sugar solutions, and no
difference was found between trials, suggesting that the acute ingestion of simple sugars in typical
amounts does not result in immediate increases in the rate of de novo lipogenesis. However, it may be
that the 60 min postprandial measurement period in the present study was not long enough to detect
any changes, as triglyceride concentrations have been shown to be signiﬁcantly elevated 2–3 h after
fructose ingestion [24]. The one-hour postprandial measurement period was selected based on the main
responses of blood glucose, GLP-1, and insulin, occurring within 60 min after the ingestion of a much
larger bolus of fructose (75 g) in studies with two-hour [3] and four-hour [4] measurement periods.
In addition, whilst signiﬁcant decreases in NEFA concentrations for W, G, and C trials were observed
over time, no differences in NEFA or D-3-hydroxybutyrate concentration suppression was seen between
sugar trials, indicating that the ingestion of the different sugars resulted in similar reductions in
lipolysis and NEFA metabolism. This is consistent with the studies by Ngo Sock et al. [16], Teff et al. [5],
and Teff et al. [6]. For the trials involving glucose ingestion, this is consistent with the elevation and
action of insulin. However, this is unlikely to be the mechanism for reduced NEFA concentrations
following fructose ingestion as insulin secretion was relatively unchanged. Instead, the mechanism
relating to this may be explained by the increased lactate production seen with fructose ingestion.
Lactate has been shown to inhibit lipolysis in adipocytes [25].
Whilst the participants were asked to record their food intake and physical activity in the 24 h prior
to their ﬁrst experimental trial, for the purpose of standardisation by repeating these in subsequent
trials, no dietary information was collected on the habitual consumption of sugar-sweetened beverages.
Long periods of high fructose intake at 25% of the energy requirements can alter glucose and
insulin responses within ten weeks, and markers of lipid metabolism within two weeks [13,14].
However, during the relatively short period of study, it would have been unlikely that any participants
had such a large change in their habitual diet in the present study. Furthermore, as it was
a repeated measures design, each participant acted as their own control so this would not affect
the conclusions made. A limitation of the current study is the generalisability of these novel results on
the effect of ingestion of simple sugars in amounts reﬂective of typical consumption, as only healthy
men were studied in the present study. Hormonal and metabolic responses to simple sugar ingestion in
women may differ, and future research in this area should explore whether there are any sex differences,
in addition to the responses of those who are obese or who have other metabolic disorders.
5. Conclusions
The acute ingestion of simple sugars in typical amounts induced marked differences in the
circulating GIP response, and blood glucose and fructose responses, but not acylated ghrelin,
total GLP-1, or insulin responses. No effects on appetite scores were seen as a result. The acute
ingestion of a solution containing typical amounts of sugar does not result in signiﬁcantly increased
triglyceride synthesis over the postprandial period investigated. Furthermore, no differences between
sugars in these smaller quantities were seen for lipolysis and NEFA metabolism suppression but
fructose ingestion results in signiﬁcantly increased lactate production that is augmented with
glucose co-ingestion.
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Abstract: This study aimed to examine gastric emptying rate and gastrointestinal hormone responses
to fructose and glucose ingestion following 3 days of dietary fructose supplementation. Using the
13 C-breath test method, gastric emptying rates of equicaloric fructose and glucose solutions
were measured in 10 healthy men with prior fructose supplementation (fructose supplement,
FS; glucose supplement, GS) and without prior fructose supplementation (fructose control, FC;
glucose control, GC). In addition, circulating concentrations of acylated ghrelin (GHR), glucagon-like
peptide-1 (GLP-1), glucose-dependent insulinotropic polypeptide (GIP), and insulin were determined,
as well as leptin, lactate, and triglycerides. Increased dietary fructose ingestion resulted in accelerated
gastric emptying rate of a fructose solution but not a glucose solution. No differences in GIP, GLP-1,
or insulin incremental area under curve (iAUC) were found between control and supplement trials
for either fructose or glucose ingestion. However, a trend for lower ghrelin iAUC was observed for
FS compared to FC. In addition, a trend of lower GHR concentration was observed at 45 min for
FS compared to FC and GHR concentration for GS was greater than GC at 10 min. The accelerated
gastric emptying rate of fructose following short-term supplementation with fructose may be partially
explained by subtle changes in delayed postprandial ghrelin suppression.
Keywords: fructose supplementation; glucose; fructose; sugar ingestion; gastric emptying;
gastrointestinal adaptation; gastrointestinal hormones

1. Introduction
Gastric emptying is a rate-limiting step in the delivery and absorption of nutrients and ﬂuids in
the small intestine. Therefore, the rate at which nutrients empty from the stomach directly affects the
period of gastric distension and nutrient sensing. Gastric distension causes both satiation and satiety [1]
and a prolonged period of gastric distension due to delayed emptying may lead to a prolonged satiety
period. A number of hormones secreted from the gastrointestinal tract involved in appetite regulation
have also been to shown to inﬂuence gastric emptying rate. Ghrelin, the only orexigenic hormone,
accelerates gastric emptying rate [2,3] whilst satiety hormones such as glucagon-like peptide-1 (GLP-1),
peptide tyrosine tyrosine (PYY), and cholecystokinin (CCK) inhibit gastric emptying rate [4–8].
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The gastrointestinal tract has been shown to be a highly adaptive organ. Gastric emptying
in humans has been shown to be inﬂuenced by previous dietary intake. Increases in the gastric
emptying rate of a high-fat test meal following three days of a high-fat diet [9] and increases in
the gastric emptying rate of a glucose test solution following 3 days of high glucose intake [10,11]
have been shown. More recently, three days of dietary fructose supplementation has been shown to
result in a monosaccharide speciﬁc acceleration of a fructose solution but not a glucose solution [12].
One potential mechanism for this adaptation is an alteration in gastrointestinal hormone response.
A small number of studies that have investigated the effects of previous dietary intake on
gut hormone responses in humans have shown changes in the secretion of gut-derived hormones.
Most of this work to date has been conducted on the effects of a high-fat diet, however, and few have
simultaneously measured gastric emptying rate. Following the observations by Cunningham et al. [13]
where emptying rate of a fatty meal was accelerated as a result of a high-fat diet for two weeks,
it was reported that a high-fat diet resulted in an increase in postprandial CCK concentration [14].
Fasting levels of CCK have also been shown to be altered in humans following three weeks of a high-fat
diet compared to an isoenergetic low-fat diet [15]. The effect of a high-fat diet has also been shown by
others to suppress postprandial ghrelin response to a greater extent [16], but result in unaltered fasting
concentration and postprandial response for GLP-1 [17].
With regards to increased dietary intake of carbohydrates, increased glucose ingestion for 4–7 days
resulted in accelerated gastric emptying of glucose and fructose solutions but differential gut hormones
responses [11]. Greater glucose-dependent insulinotropic polypeptide (GIP) hormone responses
were observed following the glucose-supplemented diet for both sugar solutions [11]. However,
insulin response was greater following glucose ingestion but unchanged following fructose ingestion
in the glucose-supplemented trials [11]. In addition, it followed that glycaemic response was lower
for glucose ingestion but not for fructose ingestion following glucose supplementation [11]. The only
study to our knowledge that has investigated the effects of increased fructose consumption on gut
hormones showed that two weeks of a high-fructose diet in rats increased fasting ghrelin levels by
40% [18]. The effect of increased fructose consumption over a shorter period of time on moderations of
postprandial gut hormone responses in relation to adaptations of gastric emptying rate in humans
is unknown. Therefore, the aim of this study was to investigate the effect of a short-term increase in
dietary fructose ingestion on gastric emptying rate and associated gastrointestinal hormone responses
in healthy men.
2. Materials and Methods
2.1. Participants
Ten healthy men (mean ± standard deviation, age 26 ± 7 years, height 179.0 ± 6.3 cm,
body mass 81.2 ± 11.1 kg, body mass index 25.3 ± 3.1 kg·m−2 , and estimated body fat 23.2% ± 8.1%)
volunteered to take part in this investigation. All participants were non-smokers, had no history
of chronic gastrointestinal disease, were not consuming medication with any known effect on
gastrointestinal function and had no medical conditions as assessed by a medical screening
questionnaire. The participants provided written informed consent prior to participation and ethical
approval was provided via the Institutional Ethical Advisory Committee (Reference: SE111228).
2.2. Experimental Protocol
Experimental trials were conducted in a single-blind, randomised, crossover fashion commencing
between 0800 and 0900 h following an overnight fast from 2100 h with the exception of drinking
500 mL of water approximately 90 min before arrival at the laboratory. Participants reported to the
laboratory on four occasions to complete four experimental trials; fructose with supplementation (FS),
fructose with water control (FC), glucose with supplementation (GS) and glucose with water control
(GC) as previously conducted by Yau et al. [12]. Experimental trials were separated by a minimum
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period of 7 days. A 3-day dietary and physical activity maintenance period preceded each experimental
trial. Participants were asked to record their diet and physical activity prior to their ﬁrst trial then
to replicate them in the remaining three trials. The purpose of this was to ensure standardisation
and consistency of macronutrient intake and metabolic status in the days leading up to each trial.
Furthermore, participants were asked to refrain from alcohol and caffeine consumption and the
performance of strenuous physical activity in the 24 h preceding each experimental trial. In addition to
their normal dietary intake, participants were asked to consume either four 500 mL bottles of water
(control trials) or four 500 mL solutions, each containing 30 g fructose (supplement trials) per day over
the 3-day dietary maintenance period. Participants were instructed to consume these drinks evenly
throughout the day in between meals.
Upon arrival at the laboratory, participants were asked to completely empty their bladder into
a container from which a 5 mL urine sample was retained for later analysis of osmolality. Body mass
was subsequently recorded before an intravenous cannula was inserted into an antecubital vein.
This remained in place for the duration of the experimental trial and was kept patent with infusion
of saline after each blood sample collection. A baseline 5 mL blood sample was collected before
participants ingested 595 mL of a fructose solution (36 g dissolved in water and prepared to a volume
of 600 mL) or an equicaloric glucose monohydrate solution (39.6 g dissolved in water and prepared
to a volume of 600 mL). A 5 mL sample of the test solutions was retained for osmolality analysis.
Participants were given a maximum of two minutes to consume the test solution and instructed to
consume it as quickly as they were able to. Participants remained in a semi-supine position for 60 min
following drink ingestion where further blood samples were collected at 10, 20, 30, 45 and 60 min
post ingestion. Ratings of appetite (hunger, fullness, prospective food consumption) were assessed at
baseline and at 10-min intervals following drink ingestion for 60 min using a 100-mm visual analogue
scale (VAS). Following the last sample collection the cannula was removed before participants left
the laboratory.
2.3. Gastric Emptying Measurement
Gastric emptying was assessed using the 13 C-acetate breath method as described in Yau et al. [12].
Prior to ingestion of the fructose or glucose test drink containing 100 mg 13 C-sodium acetate
(Cambridge Isotope Laboratories Inc., Andover, MA, USA), a basal end-expiratory breath sample was
collected. Further end-expiratory breath samples were collected at 10-min intervals over a period
of 60 min following drink ingestion. Breath samples were collected into a 100-mL foil bag on each
occasion by exhalation through a mouthpiece. Bags were then sealed with a plastic stopper and stored
for later analysis.
Breath samples were analysed by non-dispersive infra-red spectroscopy (IRIS, Wagner AnalyzenTechnik, Bremen, Germany) for the ratio of 13 CO2 :12 CO2 . The differences in the ratio of 13 CO2 :12 CO2
from baseline breath to post breath samples are expressed as delta over baseline (DOB). Half emptying
time (T1/2 ) and time of maximum emptying rate (Tlag ) were calculated using the manufacturer’s
integrated software evaluation embedded with the equations of Ghoos et al. [19]. Each participant’s
own physiological CO2 production assumed as 300 mmol CO2 per m2 body surface per hour was set
as default and body surface area was calculated by the integrated software according to the formula of
Haycock et al. [20].
2.4. Sample Analysis
Urine, drink and serum samples were analysed in duplicate for osmolality by freezing point
depression (Gonotec Osmomat 030, Gonotec, Berlin, Germany). To prevent the degradation of
acylated ghrelin, 50 μL of Pefabloc (Roche Diagnostics Limited, Burgess Hill, UK) was immediately
added to blood samples. Blood samples were centrifuged at 1500× g for 15 min at 4 ◦ C and
the serum aliquoted and stored at −80 ◦ C until analysis was performed. Serum glucose, lactate,
and triglyceride concentrations were determined in duplicate using a clinical chemistry analyser
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(Randox Daytona, Crumlin, UK). Serum fructose concentration was determined using a colorimetric
assay (EnzyChrom™ EFRU-100; BioAssay Systems, Hayward, CA, USA). Circulating concentrations
of acylated ghrelin, insulin, GIP, and leptin were determined using multiplex analysis (Luminex 200,
Luminex Corporation, Austin, TX, USA) with kits purchased from Merck-Millipore (HMHMAG-34K,
Milliplex MAP, Merck Millipore Ltd., Feltham, UK). Circulating concentrations of total GLP-1 were
determined in duplicate using Enzyme Linked Immunoassay (EZGLP1T-36K, Merck Millipore Ltd.,
Feltham, UK).
2.5. Data and Statistical Analysis
The trapezoid method was utilised to calculate incremental area under curve (iAUC).
Differences in pre-ingestion body mass, pre-ingestion urine osmolality, drink osmolality and iAUC for
serum blood measures were examined using one-way repeated analysis of variance (ANOVA). Post-hoc
analysis consisted of Bonferroni adjusted pairwise comparisons. Two-way repeated ANOVA were
used to examine differences in gastric emptying DOB values, serum blood measures, and subjective
appetite VAS scores. Sphericity for repeated measures was assessed, and where appropriate,
Greenhouse–Geisser corrections were applied for epsilon <0.75, and the Huynh–Feldt correction
adopted for less severe asphericity. Signiﬁcant F-tests were followed by dependent Student’s
t-Tests or one-way repeated ANOVA and Bonferroni adjusted pairwise comparisons as appropriate.
Gastric emptying T1/2 and Tlag data were examined with dependent Student’s t-Tests to test the
hypothesis of interest (i.e., effect of supplementation on gastric emptying rate of fructose and of
glucose). All data were analysed using SPSS Statistics for Windows version 21 (IBM, New York,
NY, USA). Statistical signiﬁcance was accepted at the 5% level and results presented as means and
standard deviations.
3. Results
3.1. Body Mass, Hydration Status and Drink Osmolality
Body mass (Table 1) remained stable over the duration of the study (p = 0.338). Pre-ingestion
urine osmolality (Table 1) was generally lower in each supplement trial compared to the control trials
but was not statistically signiﬁcant (p = 0.067). Drink osmolalities were 368 ± 3, 367 ± 4, 371 ± 3 and
370 ± 4 mOsmol/kg (p = 0.010) for FC, FS, GC and GS, respectively. Post hoc analysis indicated no
signiﬁcant differences between trials.
Table 1. Pre-trial body mass and urine osmolality as a marker of hydration status.
FC
Body mass (kg)
Urine osmolality (mOsmol/kg)

FS

GC

GS

Mean

SD

Mean

SD

Mean

SD

Mean

SD

80.87
560

11.15
262

81.13
397

11.04
271

81.48
504

11.46
266

80.95
356

10.80
193

FC, fructose ingestion control trial; FS, fructose ingestion supplement trial; GC, glucose ingestion control trial;
GS, glucose ingestion supplement trial; SD, standard deviation.

3.2. Gastric Emptying
Gastric emptying T1/2 for fructose ingestion was accelerated after the period of dietary
supplementation with fructose compared to the control (FC, 59 ± 13 min vs. FS, 51 ± 10 min; p = 0.004).
The same was also observed for Tlag , with dietary fructose supplementation accelerating fructose
ingestion Tlag (FC, 37 ± 3 min vs. FS, 32 ± 7 min; p = 0.026). In contrast, gastric emptying T1/2 for
glucose ingestion did not change with fructose supplementation (GC, 75 ± 18 min vs. GS, 68 ± 16 min;
p = 0.245), and neither did Tlag (GC, 38 ± 7 min vs. GS, 40 ± 7 min; p = 0.679). Breath DOB values
for fructose ingestion (Figure 1a) revealed no main effect of trial (p = 0.912), a signiﬁcant main effect
of time (p < 0.001) and no interaction effect (p = 0.376). The ratio of 13 CO2 to 12 CO2 was signiﬁcantly
18
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increased at all post-ingestion time-points compared to baseline and 10 min (p < 0.01) for FC. The ratio
of 13 CO2 to 12 CO2 was signiﬁcantly increased at all post-ingestion time-points compared to baseline
(p < 0.01) and from 20 to 40 min compared to 10 min (p < 0.01) for FS. Breath DOB for glucose ingestion
(Figure 1b) showed no main effect of trial (p = 0.537), a signiﬁcant main effect of time (p < 0.001)
and no interaction effect (p = 0.282). The ratio of 13 CO2 to 12 CO2 was signiﬁcantly increased at all
post-ingestion time-points compared to baseline and at 10 min (p < 0.01) for GC and GS. Data for
dose/h (%13 C) are provided in Figure 1c,d.

Figure 1. Gastric emptying delta over baseline (DOB) for 60 min following ingestion of (a) a 6% fructose
solution and (b) a 6% glucose solution, and dose/h (%13 C) following ingestion of (c) a 6% fructose
solution and (d) a 6% glucose solution. Treatments were control without fructose supplementation and
with three days of supplementation with 120 g fructose per day. Values are mean ± standard deviation.

3.3. Gut Hormones
3.3.1. Ghrelin
Baseline ghrelin concentrations (Table 2) were not different between any of the four trials
(p = 0.131). However, there was a pattern for higher baseline levels following supplementation
compared to each respective control trial. For fructose ingestion, this tended to signiﬁcance (p = 0.089).
Analysis of fructose ingestion (Figure 2a) revealed no main effect of supplementation (p = 0.264) but
an effect of time (p < 0.001) and a trend of an interaction (p = 0.065). Post-hoc analysis revealed that
ghrelin concentration signiﬁcantly decreased between 10 min and 60 min in FC whilst the decrease from
baseline levels in FS occurred from 20 min after ingestion. A trend of lower ghrelin concentration was
also indicated for FS compared to FC at 45 min after ingestion (p = 0.063). There was a trend in a lower
iAUC for FS compared to FC (FC, −1506.94 ± 1704.50 pg/mL vs. FS, −2514.09 ± 1151.33 pg/mL;
p = 0.053). Analysis for glucose ingestion (Figure 3a) revealed a trend of a supplementation effect
(p = 0.080), an effect of time (p < 0.001) and no interaction effect (p = 0.276). Post-hoc analysis showed
ghrelin concentration signiﬁcantly decreased from baseline levels at 20 min to 60 min after ingestion
in both GC and GS. Furthermore, ghrelin concentration was signiﬁcantly higher in GS compared to
GC at 10 min after ingestion (p = 0.019). There was no difference in iAUC between GC and GS (GC,
−2535.20 ± 1530.65 pg/mL vs. GS, −2826.96 ± 1499.31 pg/mL; p = 0.478).
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Figure 2. Serum concentrations of (a) ghrelin; (b) glucose-dependent insulinotropic polypeptide
(GIP); (c) glucagon-like peptide-1 (GLP-1); (d) insulin and (e) leptin for 60 min following ingestion
of a 6% fructose solution. Treatments were control without fructose supplementation and with three
days of supplementation with 120 g fructose per day. Brackets denote signiﬁcant difference between
time-points, blue long dashed for control trial only, red small dashed for supplement trial only and
black solid for both trials (p < 0.05). Values are mean ± standard deviation.
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Figure 3. Serum concentrations of (a) ghrelin; (b) GIP; (c) GLP-1; (d) insulin and (e) leptin for 60 min
following ingestion of a 6% glucose solution. Treatments were control without fructose supplementation
and with three days of supplementation with 120 g fructose per day. * Signiﬁcantly greater for
supplement compared to control (p < 0.05). Brackets denote signiﬁcant difference between time-points,
blue long dashed for control trial only, red small dashed for supplement trial only and black solid for
both trials (p < 0.05). Values are mean ± standard deviation.
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Table 2. Baseline concentrations for blood serum measures.
FC

Ghrelin (pg/mL)
GIP (pg/mL)
GLP-1 (pg/mL)
Insulin (pg/mL)
Leptin (pg/mL)
Glucose (mmol/L)
Fructose (μM)
Lactate (mmol/L)
Triglycerides (mmol/L)

FS

GC

GS

Mean

SD

Mean

SD

Mean

SD

Mean

SD

156.65
10.78
106.78
438.05
3542.36
5.21
137.0
1.12
1.03

77.25
12.44
40.07
383.64
2525.04
0.46
48.8
0.41
0.53

174.64
8.26
95.49
396.53
3371.53
5.28
115.8
1.11
1.12

82.47
4.13
21.29
93.16
1934.44
0.30
39.6
0.30
0.44

172.06
9.31
101.12
396.20
3857.64
5.21
129.8
1.08
0.92

68.19
8.18
34.41
180.37
2711.35
0.40
36.6
0.39
0.40

184.05
12.47
102.55
425.87
3687.42
5.11
139.4
1.00
1.25

71.00
15.20
35.53
260.60
2767.98
0.25
38.4
0.30
0.45

FC, fructose ingestion control trial; FS, fructose ingestion supplement trial; GC, glucose ingestion control trial;
GS, glucose ingestion supplement trial; SD, standard deviation.

3.3.2. GIP
Baseline GIP concentrations (Table 2) were not different between any of the four trials (p = 0.545).
Analysis for fructose ingestion (Figure 2b) showed no effect of supplementation (p = 0.760),
time (p = 0.121) or interaction (p = 0.368). There was no difference in iAUC between FC and FS
(FC, −124.98 ± 435.74 pg/mL vs. FS, 22.04 ± 169.69 pg/mL; p = 0.346). Analysis for glucose ingestion
(Figure 3b) revealed a trend of a supplementation effect (p = 0.076), a main effect of time (p < 0.001)
but no interaction effect (p = 0.707). GIP concentration for GC signiﬁcantly increased from baseline
values by 10 min then decreased from 20 min but remained signiﬁcantly higher than baseline at 60 min.
GIP concentration for GS, on the other hand, signiﬁcantly increased from baseline at 30 min and
remained elevated from baseline at 60 min but not signiﬁcantly. There was no difference in iAUC
between GS and GC (GC, 1485.26 ± 644.97 pg/mL vs. GS, 1518.83 ± 1275.25 pg/mL; p = 0.911).
3.3.3. GLP-1
Baseline GLP-1 concentrations (Table 2) were not different between any of the four trials (p = 0.719).
Analysis for fructose ingestion (Figure 2c) showed no main effect of supplementation (p = 0.339),
an effect of time tending to signiﬁcance (p = 0.081) and no interaction effect (p = 0.328). No difference
in iAUC was seen between FC and FS (FC, −80.46 ± 142.16 pg/mL vs. FS, 27.70 ± 142.48 pg/mL;
p = 0.178). Analysis for glucose ingestion (Figure 3c) showed no main effect of supplementation
(p = 0.747), an effect of time (p < 0.001) and an interaction effect tending to signiﬁcance (p = 0.064).
Post hoc analysis revealed GLP-1 concentration increased signiﬁcantly from baseline at 20 min then
decreased signiﬁcantly at every time-point in GC. For GS, concentrations signiﬁcantly increased from
baseline at 10 min, then increased further non-signiﬁcantly at 20 min before signiﬁcantly decreasing.
No difference in iAUC was observed (GC, −152.36 ± 667.66 pg/mL vs. 100.16 ± 908.36 pg/mL;
p = 0.492).
3.3.4. Insulin
Baseline insulin concentrations (Table 2) were not different between any of the four trials
(p = 0.750). Analysis for fructose ingestion (Figure 2d) showed no main effect of supplementation
(p = 0.341), an effect of time (p < 0.001) and no interaction effect (p = 0.778). Post hoc analysis showed
a signiﬁcant increase in insulin from baseline levels for both FC and FS. No difference in iAUC was
observed between FC and FS (FC, 1079.96 ± 2019.57 pg/mL vs. FS, 1109.93 ± 793.25 pg/mL; p = 0.958).
Analysis for glucose ingestion (Figure 3d) showed no main effect of supplementation (p = 0.975),
an effect of time (p < 0.001) and no interaction effect (p = 0.844). Post hoc analysis showed insulin
concentrations increased signiﬁcantly from baseline values at 30 min then signiﬁcantly decreased
thereafter for both GC and GS. No difference in iAUC was present (GC, 72,133.17 ± 32,863.68 pg/mL
vs. GS, 68,512.93 ± 15,821.44 pg/mL; p = 0.626).
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3.3.5. Leptin
Baseline leptin concentrations (Table 2) were not different between any of the four trials
(p = 0.484). Analysis for fructose ingestion (Figure 2e) showed no effect of supplementation (p = 0.302),
time (p = 0.100) or interaction (p = 0.466). No difference in iAUC between FC and FS was present
(FC, −2389.11 ± 3623.58 pg/mL vs. FS, −2387.77 ± 3522.92 pg/mL; p = 0.999). Analysis for glucose
ingestion (Figure 3e) also showed no effect of supplementation (p = 0.934), time (p = 0.378) or interaction
(p = 0.294. No difference in iAUC was present between GC and GS (GC, −10,592.99 ± 13,423.93 pg/mL
vs. GS, −3557.61 ± 10,977.20 pg/mL; p = 0.147).
3.4. Blood Glucose and Fructose
Baseline serum glucose concentrations (Table 2) were not different between any of the four trials
(p = 0.591). Analysis for fructose ingestion (Figure 4a) revealed no effect of supplementation (p = 0.880),
an effect of time (p = 0.024) and no interaction effect (p = 0.928). Post-hoc analysis showed serum
glucose concentration signiﬁcantly increased at 20 min from baseline concentrations then decreased
signiﬁcantly at 60 min for FC. A similar response pattern over time for FS was not signiﬁcantly different
(p = 0.174). No difference in iAUC was observed between FC and FS (FC, 9.75 ± 5.39 mmol/L vs.
FS, 5.53 ± 19.02 mmol/L; p = 0.438). Analysis for glucose ingestion (Figure 4b) showed no effect of
supplementation (p = 0.428), an effect of time (p < 0.001) and no interaction effect (p = 0.658). Post hoc
analysis revealed serum glucose concentrations signiﬁcantly increased from baseline, peaking at 30 min,
and then decreased signiﬁcantly to near baseline levels at 60 min for both GC and GS. No difference in
iAUC existed (GC, 95.07 ± 56.21 mmol/L vs. GS, 88.17 ± 54.12 mmol/L; p = 0.711).

Figure 4. Serum concentrations of glucose for 60 min following ingestion of (a) a 6% fructose
solution and (b) a 6% glucose solution and serum concentrations of fructose following ingestion
of (c) a 6% fructose solution and (d) a 6% glucose solution. Treatments were control without fructose
supplementation and with three days of supplementation with 120 g fructose per day. Brackets denote
signiﬁcant difference between time-points, blue long dashed for control trial only, red small dashed for
supplement trial only and black solid for both trials (p < 0.05). Values are mean ± standard deviation.
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Baseline serum fructose concentrations (Table 2) were not different between any of the four trials
(p = 0.163). Analysis for fructose ingestion (Figure 4c) showed no main effect of supplementation
(p = 0.948), an effect of time (p < 0.001) and an interaction effect (p = 0.011). Post hoc analysis revealed
serum fructose concentrations increased rapidly from baseline concentrations within the ﬁrst 10 min
for both FC and FS. There was a strong tendency for iAUC to be higher in FS compared to FC (FC,
15,505.00 ± 4377.39 μM vs. FS, 17,583.45 ± 4597.19 μM; p = 0.050). Analysis for glucose ingestion
(Figure 4d) showed no main effect of supplementation (p = 0.547), no effect of time (p = 0.172) but
an interaction effect (p = 0.036). Post-hoc analysis revealed serum fructose concentrations did not
change over time in GC (p = 0.645), but in GS, concentrations were signiﬁcantly lower at 45 min
compared to baseline (p = 0.041) and 20 min (p = 0.017). No difference in iAUC was observed (GC,
41.73 ± 889.46 μM vs. GS, −409.76 ± 457.67 μM; p = 0.226).
3.5. Lactate and Triglycerides
Baseline serum lactate concentrations (Table 2) were not different between any of the four trials
(p = 0.686). Analysis for fructose ingestion (Figure 5a) revealed no effect of supplementation (p = 0.511),
an effect of time (p < 0.001) and no interaction effect (p = 0.457). Lactate concentrations increased
signiﬁcantly from baseline values from 10 min for both FC and FS. No difference in iAUC was
observed (FC, 51.63 ± 22.84 mmol/L vs. FS, 47.86 ± 15.17 mmol/L; p = 0.482). Analysis for glucose
ingestion (Figure 5b) showed no effect of supplementation (p = 0.198), an effect of time (p < 0.001)
and no interaction effect (p = 0.621). Lactate concentrations increased signiﬁcantly from 45 min
onwards compared to baseline for both GC and GS. No difference in iAUC was observed (GC,
8.14 ± 7.84 mmol/L vs. 6.30 ± 10.65 mmol/L; p = 0.331).

Figure 5. Serum concentrations of lactate following ingestion of (a) a 6% fructose solution and (b)
a 6% glucose solution and serum concentrations of triglyceride following ingestion of (c) a 6% fructose
solution and (d) a 6% glucose solution. Treatments were control without fructose supplementation and
with three days of supplementation with 120 g fructose per day. Brackets denote signiﬁcant difference
between time-points, blue long dashed for control trial only, red small dashed for supplement trial only
and black solid for both trials (p < 0.05). * Signiﬁcantly greater for supplement compared to control
(p < 0.05). Values are mean ± standard deviation.
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Baseline triglyceride concentrations (Table 2) were not different between any of the four trials
(p = 0.082). Analysis for fructose ingestion (Figure 5c) revealed no effect of supplementation (p = 0.944),
a trend for an effect of time (p = 0.069) and no interaction effect (p = 0.726). No difference in
iAUC was seen (FC, −1.31 ± 5.01 mmol/L vs. FS, −1.30 ± 5.21 mmol/L; p = 0.998). Analysis for
glucose ingestion (Figure 5d) showed a main effect of supplementation (p = 0.021), but no signiﬁcant
effect of time (p = 0.287) or interaction (p = 0.596). Triglyceride concentration was signiﬁcantly
greater for GS compared to GC at all time points (p < 0.05) except at 60 min where it was strongly
tending to signiﬁcance (p = 0.051). Incremental AUC was not different between GC and GS (GC,
0.69 ± 2.45 mmol/L vs. GS, −1.49 ± 5.55 mmol/L; p = 0.243).
3.6. Appetite Ratings
Hunger ratings for fructose ingestion (Figure 6a) showed a trend of a supplementation effect
(p = 0.090), and no main effect of time (p = 0.106) or interaction (p = 0.477). Ingestion of a glucose
solution (Figure 6b) also showed no main effect of supplementation (p = 0.231), time (p = 0.410) or
interaction (p = 0.237).

Figure 6. Visual analogue scale (VAS) appetite ratings of hunger following ingestion of (a) a 6%
fructose solution and (b) a 6% glucose solution, ratings of fullness following ingestion of (c) a 6%
fructose solution and (d) a 6% glucose solution, and ratings of prospective food consumption (PFC)
following ingestion of (e) a 6% fructose solution and (f) a 6% glucose solution. Treatments were
control without fructose supplementation and with three days of supplementation of 120 g fructose
per day. * Signiﬁcantly greater for control trial compared to supplement (p < 0.05). Values are
mean ± standard deviation.
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Analysis on feeling of fullness for fructose ingestion (Figure 6c) showed no effect of
supplementation (p = 0.231), time (p = 0.144) or interaction (p = 0.236). For glucose ingestion (Figure 6d),
a trend of a main effect of supplementation was observed for fullness (p = 0.083) but no main effect of
time (p = 0.235) or interaction (p = 0.523).
No main effect of time (p = 0.101) or interaction (p = 0.205) was seen for prospective food
consumption with fructose ingestion (Figure 6e) but a main effect of supplementation was present
(p = 0.027). Post hoc analysis revealed ratings were temporarily lower for FS compared to FC from 30
to 50 min. For glucose ingestion (Figure 6f), no effect of supplementation (p = 0.550), time (p = 0.370) or
interaction (p = 0.661) was observed.
4. Discussion
The gastric emptying results of this study are in agreement to previous ﬁndings showing
a monosaccharide-speciﬁc adaptation in gastric emptying rate following short-term dietary
supplementation of fructose [12]. Gastric emptying rate of a solution containing 36 g of fructose
was accelerated whilst emptying rate of an equicaloric glucose solution was unchanged. These results
may be partially explained by subtle changes in gut hormone responses seen in this present study.
Whilst a larger sugar load, such as the typically used load of 75 g, would have resulted in more
pronounced effects on secretory endocrine and enteroendocrine hormone responses, these modest
loads were utilized in the present study to reﬂect more commonly ingested amounts of sugar ingestion.
Supplementation of the diet with fructose for three days resulted in a short delay in the
postprandial suppression of ghrelin following the ingestion of a fructose solution and a greater ghrelin
concentration at 10 min with the ingestion of a glucose solution. Although not signiﬁcantly different,
fasting ghrelin levels were also slightly elevated by 7%–11% after the supplementation period. This is
in agreement, proportionally, with the results of Lindqvist et al. [18] who reported a 40% increase in
fasting ghrelin concentrations following two weeks of a high-fructose diet in rats. Since ghrelin is
known to accelerate gastric emptying rate [2,3], these fasting and postprandial observations would
suggest a slight initial acceleration of emptying rate for both fructose and glucose solution ingestion.
Therefore, this does not explain the speciﬁc acceleration of fructose emptying rate only. However,
the differences in the other hormone responses to counter the changes in ghrelin response may offer
some explanation.
One potential explanation is that there was no difference in GIP response for fructose ingestion
whilst there was a trend for signiﬁcantly greater GIP response for glucose ingestion following
supplementation. This difference in supplementation effect may have been because GIP secretion is
comparatively limited in response to fructose ingestion as seen in the present study and as reported
by Kuhre et al. [21] who used a much greater amount of fructose at 75 g. These results contrast
those of Horowitz et al. [11] who showed GIP response increased for both glucose and fructose
ingestion following dietary glucose supplementation. However, whether these GIP results in the
present study indicate a potential mechanism for the speciﬁc acceleration of fructose but not glucose
emptying is questionable as the inﬂuence of GIP on gastric emptying rate is unclear with mixed results.
Administration of pharmacological doses of GIP in healthy men have been shown to have no effect
on gastric emptying rate [22] as well as moderately accelerating emptying [4]. It may be, therefore,
the differences observed in GLP-1 response between fructose ingestion and glucose ingestion that
hold the key to the speciﬁc gastrointestinal adaptation results. The ingestion of a fructose solution
resulted in no signiﬁcant changes over time in circulating GLP-1 concentration, and although not
signiﬁcantly different, lower concentrations were seen for the supplement trial with a difference tending
to signiﬁcance at 20 min. In addition to greater responses as a result of glucose ingestion compared
to fructose ingestion, faster elevations in GLP-1 concentration was observed in the supplement trial
compared to the control trial. However, the overall response to glucose ingestion seen in the present
study was lower than other studies such as Kuhre et al. [21]. This is likely due to the smaller quantity
of sugar ingested in this study compared to 75 g utilised by others. As GLP-1 is known to strongly
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inhibit gastric emptying and has been termed as an “ileal brake” [4,5,23], this would suggest a greater
ileal brake effect to counter the ghrelin increases for glucose ingestion but not for fructose ingestion,
resulting in faster fructose emptying rate. Alternatively, other gut hormones not measured in this
study may play a more important role. A further potential limitation of the hormones included in the
present study is that total GLP-1 and not the active form GLP-17−36amide was measured.
Changes in CCK and ghrelin concentrations following high protein or high fat diets have
previously been shown to be associated with complementary changes in mRNA levels [24,25]. It is
unknown whether any changes in circulating concentrations of gut hormones in this present study
were simply changes in hormone release and intestinal feedback or whether the three days of increased
dietary fructose load led to up- or down-regulation of genes and associated changes in mRNA levels
leading to increased hormone production. This should be investigated further. In terms of the potential
mechanism of altered hormone release and intestinal feedback, the increased consumption of fructose
may have led to changes in the sensitivity or stimulation to the presence of fructose. This may have
been through increased expression of gut sweet taste receptors T1R2/T1R3 which have been detected
in the intestinal tract and enteroendocrine cells [26,27] and may potentially be involved in the secretion
of gut hormones [28]. It is noted, however, that ingested solutions were not considered to be equisweet
and, consequently, activation of sweet taste receptors in the tongue and intestine may have been
different between solutions. Equicaloric doses of fructose and glucose were favoured in this study in
order to avoid any potential effects of energy density on gastric emptying rate as well as potential
effects of different caloric intakes on the secretion of gut-derived hormone response. Alternatively,
enhanced absorption of fructose as a result of glucose transporter 5 (GLUT5) up-regulation and
consequently greater transporter activity may be involved in the mediation of gut hormone release.
Three days of fructose supplementation did not result in a change in leptin concentration in this
study. This is most likely because there was no change in body mass and thus assumed no change in
body fat/adiposity occurred over this short study period where only an extra 1440 kcal was consumed
over the three days. This result is in contrast to the results of Le et al. [29] who reported a signiﬁcant
increase in leptin levels within one week of a high-fructose diet. The longer supplementation period
with an approximate mean extra 2898 kcal consumption may have accounted for this difference.
However, the authors of that study also reported no change in body weight and body fat percentage.
The rate of gastric emptying is expected to have an important impact on the magnitude of both
glycaemic and insulinaemic responses. Despite the faster emptying rate, however, serum glucose
response to fructose ingestion was not different after supplementation. This suggests that the capacity
to metabolise fructose into glucose is not altered and is further supported with the observation that
there were no differences in lactate concentration, suggesting that lactate production was also unaltered.
Alternatively, greater uptake of glucose by cells may have occurred, though this may be unlikely as
no differences were seen for insulin secretion for either fructose or glucose ingestion despite slight
variations in incretin hormone responses. The faster gastric emptying of fructose did result in a slightly
higher, albeit insigniﬁcant, peak serum fructose concentration at 30 min, however. The implications of
this, if any, are unknown at this stage.
Triglyceride concentration was signiﬁcantly elevated at baseline and remained elevated at
all postprandial time-points for glucose ingestion following fructose supplementation. However,
no difference was found between the fructose ingestion trials. Taking the glucose ingestion results
alone extends the observations that increased fructose intake for seven days can cause signiﬁcant
increases in fasting triglyceride levels [30]. These levels were still far from dyslipidaemia values,
however. It is uncertain as to why no differences were also evident at baseline between the fructose
control and fructose supplement trials. The results of this short-term feeding study, therefore, do not
suggest a link between excessive fructose intake and metabolic dysfunction. It is possible that some of
the observations seen by others in more chronic feeding studies, such as elevated fasting concentrations
of low density lipoprotein , glucose and insulin [31,32], and decreased insulin sensitivity [32] could
be related to changes in gastric emptying rate and gut hormone responses measured in this present
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study. However, as the present study involved only three days of dietary supplementation, it is
difﬁcult to extrapolate the results of the present study to those aforementioned and longer-term studies
are required.
The accelerated emptying of fructose resulted in a trend of greater hunger suppression.
It is unlikely that this was due to the hormones studied in the present study as greater ghrelin
concentrations are inconsistent with the observed hunger effects. A greater length of exposure of
the intestine to fructose may have resulted in greater release of other hormones not measured in
the present study that are known to decrease appetite, such as PYY and CCK. In line with the
lesser feelings of hunger, lower prospective food consumption was also observed with fructose
ingestion following supplementation. The satiety effects of fructose ingestion were therefore greater
following increased dietary intake of fructose. The absence of differences in appetite measures with
glucose ingestion suggests gastric emptying is an important modulatory process linked to appetite.
Whether these changes in subjective feelings of appetite translate to changes in food intake need to be
investigated further.
5. Conclusions
In conclusion, the results of this study show that three days of dietary supplementation with
120 g fructose per day results in an accelerated gastric emptying rate of a fructose solution but not
a glucose solution. This monosaccharide speciﬁc adaptation may be partly explained by moderations
of ghrelin secretion, though larger participant numbers may be required to elucidate clearer differences
in gut-derived hormone responses following supplementation. The adaptability of the gut and the
mechanisms responsible for this should be further investigated with both short- and longer-term
studies, along with the subsequent effects on food intake.
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Abstract: Recent studies show that the metabolic effects of fructose may vary depending on the phase
of its consumption along with the light/dark cycle. Here, we investigated the metabolic outcomes of
fructose consumption by rats during either the light (LPF) or the dark (DPF) phases of the light/dark
cycle. This experimental approach was combined with other interventions, including restriction of
chow availability to the dark phase, melatonin administration or intracerebroventricular inhibition of
adenosine monophosphate-activated protein kinase (AMPK) with Compound C. LPF, but not DPF
rats, exhibited increased hypothalamic AMPK phosphorylation, glucose intolerance, reduced urinary
6-sulfatoxymelatonin (6-S-Mel) (a metabolite of melatonin) and increased corticosterone levels. LPF,
but not DPF rats, also exhibited increased chow ingestion during the light phase. The mentioned
changes were blunted by Compound C. LPF rats subjected to dark phase-restricted feeding still
exhibited increased hypothalamic AMPK phosphorylation but failed to develop the endocrine
and metabolic changes. Moreover, melatonin administration to LPF rats reduced corticosterone
and prevented glucose intolerance. Altogether, the present data suggests that consumption of
fructose during the light phase results in out-of-phase feeding due to increased hypothalamic AMPK
phosphorylation. This shift in spontaneous chow ingestion is responsible for the reduction of 6-S-Mel
and glucose intolerance.
Keywords: fructose; out-of-phase feeding; AMPK; corticosterone; melatonin

1. Introduction
Impaired glucose tolerance (deﬁned for humans as 2 h values in the oral glucose tolerance test
ranging between 140 mg/dL and 199 mg/dL) [1] and insulin resistance (resistance to insulin-stimulated
glucose uptake) [2] can be induced in rodents and humans by excessive fructose consumption.
For instance, Sprague–Dawley rats fed a fructose-enriched diet develop impaired glucose tolerance and
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whole body insulin resistance [3]. In mice, fructose-enriched diets were found to cause impaired glucose
tolerance with concomitant hepatic triglyceride accumulation and insulin resistance [4]. Interventional
experiments with humans have also demonstrated that overweight subjects display impaired glucose
tolerance after a 10-week interval of consumption of fructose sweetened beverages [5]. Among the
myriad of endocrine changes that putatively underlie these metabolic effects, the consumption of a
fructose-enriched diet was shown to reduce nocturnal melatonin production in rats [6].
The relationship between melatonin and the control of energy metabolism has been supported
by several studies using distinct experimental approaches. Surgical ablation of the pineal gland was
reported to result in impaired glucose tolerance and insulin resistance with increased nocturnal levels
of glycemia and gluconeogenesis [7–9]. Accordingly, the aging-related reduction of melatonin levels
was shown to mediate the enhanced adiposity in middle-aged rats [10]. In turn, exogenous melatonin
administration is able to improve the metabolic control in rodents rendered glucose intolerant either
by high-fat diets or fructose administration [11–13].
Recent studies have revealed that metabolic outcomes caused by fructose and high-fat diet intake
is inﬂuenced by their out-of-phase consumption. Mice allowed to consume a high-fat diet exclusively
during the dark-phase fail to develop abrupt body weight gain and impaired glucose tolerance
relative to those subjected to ad libitum or light phase-restricted consumption [14,15]. In addition,
fructose consumption by mice exclusively during the light phase, but not during the dark phase,
resulted in increased body weight, adiposity and insulin levels [16]. However, the precise mechanism
by which fructose induces these changes are not known. We have previously demonstrated that
short-term fructose injections in the central nervous system during the light phase leads to an increase
in the endogenous glucose production (EGP) by hypothalamic AMP-activated protein kinase (AMPK)
activation [17]. It was also shown that hypothalamic AMPK activation by fructose is also important to
acutely stimulate food intake [18].
Depending on its intensity and frequency, out-of-phase food intake by humans can be classiﬁed
as the night eating syndrome (NES) [19]. The prevalence of NES is relatively low in the general
population but ranges between 8.9% and 27% in obese subgroups [20]. Cohort studies have shown
that NES positively correlates with the diagnosis of metabolic syndrome, increased triglycerides
and waist circumference [21]. Among several adaptations, the circadian endocrine proﬁle of NES
patients is characterized by reduced melatonin levels during the night and increased morning cortisol
concentrations [22].
Given the mentioned observations, the present study was conducted to investigate whether the
metabolic impact resulting from fructose consumption during different phases of the light/dark cycle
is dependent on changes in hypothalamic AMPK activation and in the circadian pattern of food intake
in rats. We also collected results suggesting that disruption of melatonin production is a key event in
the mechanism linking the light phase-restricted fructose consumption and its metabolic outcomes.
2. Materials and Methods
2.1. Animals and Treatments
The experimental procedures were approved by the State University of Campinas Committee for
Ethics in Animal Experimentation (protocol No. 3506-1) and were conducted in accordance with the
guidelines of the Brazilian College for Animal Experimentation.
Three-week-old male Sprague–Dawley rats were obtained from the Animal Breeding Center at
the University of Campinas (CEMIB, Campinas, Sao Paulo, Brazil) and were housed at 22 ± 2 ◦ C
under a 12:12 h light:dark cycle (lights on at 7:00 a.m.) with free access to food and water for 5 weeks.
At 8 weeks of age, rats were assigned to the experimental groups for an additional 8 weeks of treatment
with fructose and/or melatonin. Measurements of chow consumption and body mass were made twice
and once a week during the period of treatment, respectively. When speciﬁed in the results section, one
of the three experimental strategies was combined with the fructose treatment: (i) chow availability
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was restricted to the dark phase (Chow-R rats) during the 8 weeks of treatment; (ii) compound C was
administered during the last week of treatment through a cannula placed in the lateral ventricle or
(iii) melatonin dissolved in the drinking water was administrated during the dark phase during the
8 weeks of treatment.
Fructose was dissolved in regular water to produce a 70% stock solution (w/v). The fructose stock
solution was further diluted to 10% (w/v) with regular water immediately before treatment. Fructose
was made available exclusively during the light or the dark phases (LPF and DPF rats, respectively).
Bottles containing just water were offered to the rats only when fructose was absent.
Melatonin (Cat. A9525; Sigma-Aldrich, St. Louis, MO, USA) was initially diluted in 100% ethanol
to generate a 100 mg/mL stock solution that was kept protected from the light in −20 ◦ C for no
longer than 7 days. The melatonin stock solution was further diluted (1:50) with distilled water every
3 days of treatment to generate a 2 mg/mL solution. Variable volumes of this solution were added to
the drinking water bottle to yield a 0.5 mg/kg ingestion of melatonin. Bottles with melatonin were
placed on the cages 30 min before “lights off” and removed 30 min after “lights on”. The individual
calculations of the required volumes of melatonin solution were based on the body weight (weekly
assessed) and nocturnal water intake (daily assessed) and were adjusted daily.
2.2. Surgical Procedure and Intracerebroventricular Treatment
Six weeks after the beginning of treatment using fructose solution, rats were anesthetized with
diazepam and ketamine (2 and 50 mg/kg, respectively) and placed in a stereotaxic apparatus to insert a
stainless-steel cannula into the lateral ventricle. Stereotaxic coordinates were 0.8 mm (anteroposterior),
1.5 mm (lateral), and 4.0 mm (depth) [23]. The localization of the cannula was tested by evaluating
the dipsogenic response to an intracerebroventricular (icv) angiotensin II injection (5 ng/μL saline;
Sigma, St. Louis, MO, USA) 1 week after the surgical procedure (7th week of fructose treatment). Only
animals that presented a positive response in these tests were used for further experimentation.
The pharmacological inhibitor of AMPK, Compound C (Cat. 171260; EMD4 Biosciences,
Gibbstown, NJ, USA) was diluted in 5% dimethylsulfoxide (DMSO) to a ﬁnal concentration of 200 mM
and was injected daily through the cannula for ﬁve days during the last week of treatment with
fructose. Injections (2 μL) were performed 1 h after lights on Zeitgeber Time 1 (ZT 1) and equal
volumes of vehicle were injected in the controls. Experiments with these rats were carried out two
hours before lights off (ZT 10) on the day of the last icv injection. Fasting prior to the analyses and
sample collection started immediately after the last injection (between ZT 1 and ZT 2).
2.3. Intraperitoneal Pyruvate Tolerance Test (pTT)
Rats were fasted for 10 h, and a sodium pyruvate solution (250 mg/mL) was injected
intraperitoneal (i.p.) at a dosage of 2 g/kg. Pyruvate injections were made two hours before lights
off. Glucose concentration was determined in blood extracted from the tail before (0 min) and 15, 30,
60, 90, and 120 min after pyruvate injection. The area under the curve (AUC) of glycemia vs. time
was calculated using each individual baseline (basal glycemia) to estimate glucose clearance after
pyruvate injection.
2.4. Intraperitoneal Glucose Tolerance Test (GTT)
Rats were fasted for 10 h prior to i.p. glucose injection (2 g/kg of a 25% solution of D-glucose) two
hours before lights off. The blood samples were collected from the tail at 0, 10, 15, 30, 60 and 120 min
to determine the blood glucose concentration. The area under the curve (AUC) of glycemia vs. time
was calculated from each individual baseline (basal glycemia) to estimate glucose tolerance.
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2.5. Intraperitoneal Insulin Tolerance Test (ITT)
Rats were fasted for 10 h prior to i.p. insulin injection (2 IU/kg) two hours before “lights off”.
Blood glucose was measured before and 5, 10, 15, 20, 25 and 30 min after insulin injection to determine
the sensitivity of insulin-responsive tissues. Blood glucose values were converted to a logarithmic
scale, and the slope of the curve was calculated. This value multiplied by 100 was assumed to be the
glucose decay constant (KITT).
2.6. Protein Extraction and Immunoblotting
Anesthetized rats were decapitated, and the hypothalamus was removed and processed for
Western blotting as previously described [17]. The hypothalamic tissue removed for Western blot
analysis contained approximately 4.0 mm3 and had the optic chiasm as the rostral limit (bregma
−0.25 mm), the infundibular stem as the caudal limit (bregma −4.20 mm) and were 4.0 mm wide
and 3.0 mm deep [24]. The extractions occurred two hours before lights off (ZT 10). The primary
antibodies used were as follows: anti-pAMPK alpha (T172) from Cell Signaling Technology (Cat.
2531S, Danvers, MA, USA) and anti-GAPDH from Cell Signaling (Cat. 2118S, Danvers, MA, USA).
Secondary antibodies conjugated with horseradish peroxidase (Bio-Rad Laboratories, Hercules, CA,
USA) were used, followed by chemiluminescent detection of the bands on X-ray-sensitive ﬁlms.
Optical densitometry was performed using the Scion Image analysis software (version, Scion Corp.,
Frederick, MD, USA).
2.7. Immunoﬂuorescent Staining
Initial perfusion of the anesthetized rats with saline was followed by perfusion with 4%
paraformaldehyde. After perfusion, the animals were decapitated and they had the encephalon
excised. Each ﬁxed encephalon was cut into a fragment limited by the bregma −0.25 mm (rostral) and
bregma −4.20 mm (caudal). The sections (5.0 micrometer thick) used for staining were between bregma
−2.50 and −2.80. The atrium of the central, third and lateral ventricles as well as the hippocampus
served as indicators for the sections within this antero-posterior interval [24]. Sections were incubated
with primary antibody against pAMPK (Thr 172) (Cat. 2535, Cell Signaling Technology, Danvers, MA,
USA) overnight at −4 ◦ C and with secondary antibody conjugated to Alexaﬂuor 546 for 2 h (Cat.
A10040, Thermo Fisher Scientiﬁc, Waltham, MA, USA). The 4 ,6-diamidino-2-phenylindole (DAPI)
stain (Cat. H-1200, Vector Laboratories, Burlingame, CA, USA) was used for nuclear staining and
images were captured with a Leica Confocal microscope TCS SP5 II (Leica Microsystems, Mannheim,
Germany). Hypothalamic areas were deﬁned according to the Paxinos and Watson rat brain atlas [24].
Images were acquired in high (400×) magniﬁcation.
2.8. Hormone Measurements
Trunk blood was collected two hours before lights off and plasma was extracted with heparin
and stored at −80 ◦ C for corticosterone determination with a commercially available ELISA kit
(Cat. #402810; Neogen, Lexington, KY, USA). For urine collection, rats were placed in a metabolic
cage during the dark phase. Urine was allowed to accumulate overnight in a glass tube placed
under the cages. Urine samples were used for 6-sulfatoxi-melatonin (6-S-Mel) determination using a
commercially available ELISA kit (Cat. #RE54031; IBL International, Hamburg, Germany).
2.9. RNA Extraction and Real Time pCR
Fragments of liver were homogenized in Trizol (50 mg/mL) and the total RNA was extracted
and quantiﬁed using a Nanodrop 8000 device (Thermo Scientiﬁc, Wilmington, DE, USA). The cDNA
was synthesized using 2 μg of the total RNA and the High-Capacity cDNA Reverse Transcription Kit
(Cat. 4368813). PCR was performed for cytochrome P450 1A2 (cyp1a2) and cytosolic sulfotransferase
1A1 (sult1a1) genes using the respective Taqman primers assays rn00561082_m1 and rn01510633_m1
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and the Taqman Gene Expression Master Mix (Cat. 4369016) in a Step One Plus sequence detection
system (Applied Biosystems, Carlsbad, CA, USA). All reagents for reverse transcription and PCR
were obtained from Applied Biosystems. Values of mRNA expression were normalized to gapdh
(rn99999916) gene expression using the ΔΔCT method.
2.10. Statistical Analysis
The results are presented as the mean ± standard error of the mean Comparisons were performed
using one-way Analysis of Variance followed by Tukey–Kramer post hoc testing or Student’s t-test
(version, GraphPad Prism Software, Inc., San Diego, CA, USA). Values of p < 0.05 indicate a
signiﬁcant difference.
3. Results
3.1. Metabolic and Endocrine Changes in Rats Exposed to Fructose Consumption during the Light or the
Dark Phases
Body weights of control CTL, LPF and DPF rats were similar at baseline, prior to the beginning of
treatments. Body weight gain after the eight weeks of treatment did not differ among the experimental
groups so that the ﬁnal body weight was similar among rats assigned to the CTL, LPF and DPF groups
(Figure 1A). Food intake was also assessed at the eighth week of treatment. The rats exhibited an
expected nocturnal eating pattern so that, for every group, food intake during the dark phase was
higher than that during the light phase (p < 0.001). Consumption of chow during the light phase,
however, was increased in LPF rats (58% higher than CTL values; p < 0.001), but reduced in DPF
rats (44% lower than CTL values; p < 0.01). Chow consumption during the dark phase was similarly
reduced in LPF and DPF rats (23 and 31% lower than CTL, respectively; p < 0.01) (Figure 1B).
Increased glucose levels were found in LFP rats, but not in DFP rats, as evidenced by increased
AUC values obtained from the GTTs (120% higher than CTL; p < 0.05) (Figure 1C). Conversely, the
AUC values obtained from the curve glycemia vs. time after a pyruvate load were increased in both
LPF and DPF rats (respectively, 114% and 42% higher than CTL; p < 0.05). The values of DPF were,
however, 44% lower than those of LFP (p < 0.001) (Figure 1E). Apart from these changes in glucose
levels during the GTT, our data revealed that neither LPF nor DPF rats exhibited insulin resistance as
shown by similar KITT values (Figure 1G). Endocrine changes in LPF rats were hallmarked by increased
levels of corticosterone (91% higher than CTL; p < 0.05) and reduced urinary levels of 6-S-Mel (63%
lower than CTL; p < 0.05) (Figure 1D,F, respectively). Importantly, the expressions of the two main
enzymes responsible for hepatic melatonin metabolism, cyp1a2 and sult1a1, were similarly expressed
in the liver of CTL, LPF and DPF at the end of treatment (Figure 1H). Thus, decreased urinary levels
of 6-S-Mel are likely to result from reduced melatonin production rather than changes in hepatic
melatonin metabolism.
Liquid ingestion (either water or 10% fructose) was also assessed. LPF rats ingested less water
during the dark phase (19.5 ± 0.8 mL) as compared to CTL (26.2 ± 1.2 mL) (p < 0.05; n = 5). LPF rats,
however, increased liquid ingestion during the light phase. LPF rats consumed a mean volume of
26.02 ± 4.1 mL of 10% fructose while CTL consumed a mean volume of 4.2 ± 0.4 mL of water during
the light phase (p < 0.05; n = 5).
DPF increased liquid ingestion during the dark phase as compared to CTL (39.6 ± 1.2 mL of 10%
fructose vs. 26.2 ± 1.2 mL of water; p < 0.05; n = 5). Water ingestion during the light phase, however,
was similar between CTL and DPF.
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Figure 1. Metabolic and endocrine changes in rats exposed to fructose consumption during the light or
the dark phases. Rats assigned to the groups control (CTL), Light Phase Fructose (LPF) and Dark Phase
Fructose (DPF) had their (A) body weights assessed before and after (8 weeks) treatments. (B) Food
intake during the light and the dark phases were also assessed at the end of the treatments. After
these measurements, the rats were subjected to (C) glucose tolerance tests, (E) pyruvate tolerance
tests and (G) insulin tolerance tests. Tests were performed two hours before “lights off” and the area
under the curve (AUC) was calculated. Euthanasia was performed two hours before “lights off” when
fragments of liver and plasma were collected. (D) Plasma samples were used for the determination
of corticosterone levels. (F) Urine was collected overnight before euthanasia for determination of
6-S-Mel concentration. Fragments of liver were used for relative determination of (H) cyp1a2 and
sult1a1 mRNAs by real time PCR. The results are presented as the means ± standard error of the mean.
* p < 0.05 vs. The same group before treatment; ** p < 0.05 vs. CTL at the same phase of the light/dark
cycle; # p < 0.05 vs. LPF at the same phase of the light/dark cycle.

3.2. Hypothalamic AM pK Phosphorylation in Rats Exposed to Fructose Consumption during the Light or the
Dark Phases
Western blot analyses of whole hypothalamus revealed that the levels of AMPK phosphorylation
were increased in LPF but not in DPF rats (102% higher than CTL; p < 0.05) (Figure 2A). In contrast,
the content of AMPK was not modulated in the hypothalamus of LPF rats but was increased in the
hypothalamus of DPF (30% higher than CTL; p < 0.05) (Figure 2B).
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Figure 2. AMPK phosphorylation and content in hypothalamus of rats exposed to fructose consumption
during the light or the dark phases. Rats assigned to the groups control (CTL), Light Phase Fructose
(LPF) and Dark Phase Fructose (DPF) had their hypothalamus removed at the end of the eighth
week of treatment. A ﬁrst set of samples was used for (A) Western blot detection of phosphorylated
Adenosine Monophosphate-activated protein kinase (AMPK) and (B) total AMPK. Target proteins
were normalized to Glyceraldehyde 3-phosphate dehydrogenase (GAPDH). A second set of samples
was processed for immunoﬂuorescent staining. Sections were stained using an anti-pAMPK antibody
followed by secondary antibody conjugated to Alexaﬂuor 546 (red). Nuclear structures are visualized
by 4 ,6-diamidino-2-phenylindole (DAPI) probing (Blue). (C) Large magniﬁcation (400×) images are
shown from the arcuate nucleus (ARC), lateral hypothalamus (LH), ventro medial hypothalamus
(VMH) and paraventricular nucleus (PVN). The results are presented as the means ± standard error of
the mean. ** p < 0.05 vs. CTL.

Immunoﬂuorescent staining was performed to identify the hypothalamic areas that could account
for the results seen in the Western blot experiments. We found that the number of cells with
phosphorylated AMPK was evidently increased in the regions of the arcuate nucleus (ARC) and
the ventro medial hypothalamus (VMH) from LPF rats. No evident of increase in the number of
cells with phosphorylated AMPK was found in the regions of the lateral hypothalamus (LH) and the
paraventricular nucleus (PVN). In agreement with the Western blot data, we found a similar number
of cells with phosphorylated AMPK in the ARC, VMH, LH and PVN regions of the CTL and DPF rats
(Figure 2C).
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3.3. Increased Hypothalamic AMPK Phosphorylation in LPF Phase Advances Food Intake Resulting in
Metabolic and Endocrine Changes
Hypothalamic AMPK activation was already reported to stimulate food intake and reduce
melatonin production [25,26]. Thus, we decided to assess the relevance of the increased hypothalamic
AMPK phosphorylation for LPF rats in a set of experiments in which they received icv injections with
Compound C, a pharmacological AMPK inhibitor. The rats were assigned to four different groups in
these experiments, as follows: CTL (rats that did not receive fructose and were treated with vehicle icv),
LPF (rats that received fructose during the light phase and were treated with vehicle icv), Compound
C (CC) (rats that did not receive fructose and were treated with Compound C icv) and LPF/CC (rats
that received fructose during the light phase and were treated with Compound C icv). Icv treatments
lasted for ﬁve days during the eighth week of treatment with fructose.
Icv treatments did not interfere with the ﬁnal body weight so that similar values were obtained
among the groups at the end of the eighth week of treatment. For the four groups, the ﬁnal body
weight reached values higher than in the beginning of treatments (p < 0.05) (Figure 3A). Before the
beginning of icv treatments, food intake during the light phase was increased in animals assigned to
both LPF and LPF/CC groups (139% and 119% higher than CTL, respectively; p < 0.05). Thus, surgical
implantation of the cannula in the lateral ventricle alone did not affect the response to light phase
fructose described in the previous experiments. After icv treatments, the LPF animals treated with
vehicle, but not those treated with Compound C, maintained increased values of food intake during
the light phase (200% higher than CTL after treatment with vehicle; p < 0.05) (Figure 3B).
Food intake during the dark phase was similarly not affected by cannula implantation per se
so that, before icv treatments, the amount of chow ingested by LPF and LPF/CC groups during the
dark phase was lower than that ingested by rats assigned to the CTL group (25% and 28% lower than
CTL before icv treatment; p < 0.05). After icv treatments, food intake during the dark phase remained
reduced in both LPF and LPF/CC groups (32% and 34% lower than CTL after icv treatment with
vehicle; p < 0.05) (Figure 3C).
Glucose tolerance test performed after icv treatments showed that these injections with vehicle
did not interfere with the metabolic effect of fructose consumption during the light phase. In these
experiments, as in those described above, LPF animals treated with vehicle presented increased glucose
levels as evidenced by the AUC values (114% higher than in CTL after icv treatment with vehicle;
p < 0.05). When compared with CTL rats, the CC and the LPF/CC rats exhibited similar changes in
glucose levels during the GTT (evidenced by similar values of AUC) (Figure 3D).
Corticosterone levels were increased in LPF rats treated with vehicle via icv (150% higher than in
CTL treated with vehicle; p < 0.05). Corticosterone levels of LPF/CC and CC rats remained similar to
those of CTL rats after icv treatments (Figure 3E). The urinary 6-S-Mel concentration in LPF rats, but
not in LPF/CC and CC rats, was reduced after icv treatments (65% lower than CTL after icv treatment
with vehicle; p < 0.05) (Figure 3F). The phosphorylation levels of hypothalamic AMPK were increased
in LPF rats after treatment with vehicle (460% higher than in CTL treated with vehicle; p < 0.05).
Treatment with Compound C icv blunted this response so that hypothalamic AMPK phosphorylation
in LPF/CC rats was similar to that of CTL rats (Figure 3G).
Pharmacological inhibition of hypothalamic AMPK in LPF rats was able to blunt both the
reduction in urinary 6-S-Mel levels and the changes hallmarked by increased corticosterone and
increased glucose levels during the GTT. However, pharmacological AMPK inhibition in LPF also
inhibited the shift in spontaneous chow ingestion to the light phase.
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Figure 3. Pharmacological inhibition of adenosine monophosphate-activated protein kinase (AMPK)
in the central nervous system of LPF rats. Rats were assigned to the groups control (CTL), Light Phase
Fructose (LPF), Compound C (CC) and Light Phase Fructose with Compound C (LPF/CC). Cannula
implantation and icv treatments (ﬁve days) occurred during the sixth and eighth weeks of fructose
treatment, respectively. (A) Body weights were assessed before and after (8 weeks) fructose treatment.
Food intake was assessed before and after icv injections during the last week of fructose treatment. Data
were acquired separately during the (B) light and the (C) dark phases. After these measurements (D),
the rats were subjected to glucose tolerance tests. Tests were performed two hours before “lights off”
and area under the curve (AUC) was calculated. Euthanasia was performed two hours before lights off,
and the hypothalamus and plasma were collected. (E) Plasma samples were used for corticosterone
determinations. (F) Urine was collected overnight before euthanasia for determination of 6-S-Mel
concentration. (G) Hypothalamus samples were used for Western blot detection of phosphorylated
AMPK and normalization by Glyceraldehyde 3-phosphate dehydrogenase (GAPDH). The results are
presented as the means ± standard error of the mean. * p < 0.05 vs. same group before fructose
treatment; ** p < 0.05 vs. CTL at the same moment of icv treatment.
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3.4. Increased Food Intake during the Light Phase Seen in LPF Contributes to Metabolic and Endocrine Changes
To investigate if the increase in food intake during the light phase was involved in the metabolic
and endocrine changes observed in LPF animals, we designed an experimental protocol in which
the animals were assigned to four different groups: CTL (rats that consumed chow ad libitum and
did not receive fructose), LPF (rats that consumed chow ad libitum and received fructose during the
light phase), Chow-R (rats that consumed chow exclusively during the dark phase and did not receive
fructose) and LPF/Chow-R (rats that consumed chow exclusively during the dark phase and received
fructose during the light phase).
The body weight of animals assigned to the four groups were similar at the beginning of the
treatments. The four groups of animals exhibited a similar increase in body weight so that absolute
body weights at the end of the treatments were also similar among the groups (Figure 4A). The increase
in food intake during the light phase exhibited by LPF rats was replicated in this set of experiments
(40% higher than food intake of CTL during the light phase; p < 0.05). The food intake during the
dark phase was increased in Chow-R compared with CTL rats (26% higher; p < 0.05). Apart from that,
consumption of fructose during the light phase resulted in reduced food intake during the dark phase
irrespective of food restriction to this phase. Thus, food intake during the dark phase was reduced
in LPF/Chow-R (14% lower than in Chow-R; p < 0.05) and in LPF (12% lower than in CTL; p < 0.05)
(Figure 4B).
LPF animals exhibited consistent increased glucose levels during the GTT as evidenced by the
AUC values (98% higher than CTL; p < 0.05). The glucose levels during the GTT were not modulated
in Chow-R compared with CTL animals. Interestingly, increased glucose levels during the GTT
were not replicated in LPF/Chow-R rats (Figure 4C). With regard to the endocrine proﬁle, Chow-R
exhibited corticosterone and urinary 6-S-Mel concentrations similar to those of CTL rats. The increase
in circulating corticosterone levels (77%; p < 0.05) and the reduction in the urinary concentration of
6-S-Mel (74%; p < 0.05) observed in LPF rats when compared with CTL rats were not detected in
LPF/Chow-R (respectively, Figure 4D,E). The hypothalamic AMPK phosphorylation levels observed
in CTL and in LPF rats were not affected by restricting food availability to the dark phase. Thus, the
amounts of phosphorylated AMPK were increased in LPF compared with CTL rats (72%; p < 0.05) and
in LPF/Chow-R compared with Chow-R rats (41%; p < 0.05) (Figure 4F).
3.5. Reduced Melatonin Production in LPF Rats Leads to Increased Corticosterone Levels and
Glucose Intolerance
To determine the metabolic relevance for reduced 6-S-Mel levels in LPF rats, we designed the next
experimental protocol in which the animals were assigned to the following four different groups: CTL
(rats that did not receive either fructose or melatonin), LPF (rats that received fructose during the light
phase), Mel (rats that received melatonin exclusively during the dark phase) and LPF/Mel (rats that
received fructose during the light phase and melatonin exclusively during the dark phase).
When compared to their initial body weights, the rats belonging to the four experimental groups
exhibited increased body weight at the end of the treatment (p < 0.05). Treatment with melatonin
did not affect the changes in body weights throughout the experimental period so that ﬁnal body
weights of the rats belonging to the CTL, LPF, Mel and LPF/Mel groups were similar (Figure 5A).
The changes in the food intake proﬁle observed in LPF animals, hallmarked by increased values during
the light phase and reduced values during the dark phase, were not altered by melatonin treatment.
Additionally, melatonin treatment per se did not affect food intake. Thus, food intake by both LPF and
LPF/Mel rats was increased during the light phase (approximately 50% higher than CTL; p < 0.05) and
reduced during the dark phase (approximately 17% lower than CTL; p < 0.05) (Figure 5B).
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Figure 4. Dark-restricted feeding in rats exposed to fructose during the light phase. Rats were
assigned to the groups Control (CTL), Light Phase Fructose (LPF), Chow restriction to the dark phase
(Chow-R) and Light Phase Fructose with Chow restriction to the dark phase (LPF/Chow-R). (A) Body
weights were assessed before and after (eight week) treatments; (B) Food intake during the light
and the dark phases were also assessed at the end of the treatments; After these measurements
(C), the rats were subjected to glucose tolerance tests. Tests were performed two hours before
“lights off” and area under the curve (AUC) was calculated. Euthanasia was performed two
hours before “lights off” and the hypothalamus and plasma were collected; (D) Plasma samples
were used for the determination of corticosterone levels; (E) Urine was collected overnight before
euthanasia for determination of the 6-S-Mel concentration; (F) Hypothalamus samples were used for
Western blot detection of phosphorylated adenosine monophosphate-activated protein kinase and
normalization by Glyceraldehyde 3-phosphate dehydrogenase (GAPDH). The results are presented
as the means ± standard error of the mean. * p < 0.05 vs. same group before treatment; ** p < 0.05
vs. CTL at the same phase of the light/dark cycle; # p < 0.05 vs. Chow-R at the same phase of the
light/dark cycle.
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Figure 5. Nocturnal melatonin administration in rats exposed to fructose during the light phase. Rats
were assigned to the groups control (CTL), Light Phase Fructose (LPF), melatonin (Mel) and Light Phase
Fructose with melatonin (LPF/Mel). (A) Body weights were assessed before and after (eight week)
treatments; (B) Food intake during the light and the dark phases were also assessed at the end of the
treatments; After these measurements (C), the rats were subjected to glucose tolerance tests. Tests were
performed two hours before “lights off” and area under the curve (AUC) was calculated. Euthanasia
was performed two hours before “lights off” and the hypothalamus and plasma were collected;
(D) Plasma samples were used for the determination of corticosterone levels; (E) Urine was collected
overnight before euthanasia for determination of 6-S-Mel concentration; (F) Hypothalamus samples
were used for Western blot detection of phosphorylated adenosine monophosphate-activated protein
kinase and normalization by Glyceraldehyde 3-phosphate dehydrogenase (GAPDH). The results are
presented as the means ± standard error of the mean. * p < 0.05 vs. same group before treatment;
** p < 0.05 vs. CTL at the same phase of the light/dark cycle.
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Treatment with melatonin was able to blunt the increase in glucose levels induced by fructose
consumption during the light phase. The AUC values obtained from the GTT were increased in
LPF (138% higher than CTL; p < 0.05) but not in LPF/Mel rats. In turn, treatment with melatonin in
fructose-naive rats did not alter glucose levels during the GTT (AUC values similar to CTL) (Figure 5C).
As an example of what was observed for glucose levels along with the GTT, corticosterone levels were
increased in LPF (249% higher than CTL; p < 0.05) but not in LPF/Mel animals. Melatonin treatment
alone did not alter corticosterone concentrations (Figure 5D).
In this set of experiments, we also found that LPF rats had reduced urinary 6-S-Mel concentrations
(80% lower than CTL; p < 0.05). Fructose consumption during the light phase, however, failed to
reduce urinary 6-S-Mel concentrations in rats consuming melatonin (urinary 6-S-Mel concentration
are similar between Mel and LPF/Mel groups). The urinary 6-S-Mel concentration was found to be
similarly increased in both Mel and LPF/Mel groups (187% and 254% higher than CTL, respectively;
p < 0.05) (Figure 5E).
Melatonin treatment alone did not interfere with hypothalamic AMPK phosphorylation so that
these levels in rats belonging to the Mel group were similar to those of the CTL group. Melatonin
treatment was also unable to modulate the increase in hypothalamic AMPK phosphorylation induced
by the consumption of fructose during the light phase (LPF and LPF/Mel were, respectively, 302% and
325% higher than CTL; p < 0.05) (Figure 5F).
4. Discussion
The data presented herein show that rats receiving fructose during the light phase developed
increased hypothalamic AMPK phosphorylation, reduced urinary 6-S-Mel, increased chow ingestion
during the light phase and impaired glucose tolerance. Importantly, these combined changes were
not observed in rats receiving fructose exclusively during the dark phase. Our data supports the
conclusion that this shift in food intake is of pivotal relevance for metabolic outcomes because fructose
ingestion during the light phase with simultaneous chow restriction to the dark phase fails to impair
glucose tolerance. This ﬁnding is in accordance with recent publications showing that rats that increase
their food intake during the light phase (either by forced activity protocols during the light phase or by
simple restriction of food availability during dark phase) become glucose intolerant [27]. Out-of-phase
feeding seems also to be relevant for human metabolism as subgroups of diabetic patients who display
night eating behavior also have impaired glycemic control based on increased glycated hemoglobin
levels [28].
The present data also allow us to conclude that hypothalamic AMPK activation (which takes
place mainly in the ARC and VMH) is a key event induced by fructose ingestion during the light
phase that increases out-of-phase feeding. This sequential cause/effect relationship is supported
by our data which show: 1-pharmacological AMPK inhibition in the central nervous system using
Compound C abrogates the shift in food intake and impaired glucose tolerance induced by fructose
consumption during the light phase; and 2-fructose consumption during the light phase is still able to
induce hypothalamic AMPK phosphorylation in rats for which food availability has been restricted to
the dark phase. Accordingly, previous studies have already shown that a consistent increase in food
intake occurs when hypothalamic AMPK is activated in the ARC and VMH [25,29] and that fructose
metabolism in the hypothalamus results in a rapid reduction in ATP with parallel increase in the
AMP/ATP ratio that activates AMPK and stimulates food intake [18,30]. To date, in vitro experiments
have also shown that that fructose can directly activate AMPK in hypothalamic GT1-7 cells [31].
Previous publications have also shown that hypothalamic AMPK activation with pharmacological
approaches triggers a counter-regulatory response hallmarked by increased EGP. The mechanisms
for this response are not completely understood. However, it was demonstrated that hypothalamic
AMPK activation in nuclei such as VMH and ARC is able to spread peripheral signals that lead to
the secretion of glucocorticoids, glucagon and catecholamines [32–34]. These hormones are classically
known to act in the liver by increasing gluconeogenesis and glycogenolysis, therefore stimulating EGP.
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In this context, we have previously demonstrated that intra-cerebro ventricular injections with fructose
during the light phase lead to an acute activation of hypothalamic AMPK in the central nervous system
and consequently increases corticosterone levels that raise whole-body gluconeogenesis [17].
Increased corticosterone levels as an acute response to an oral fructose load have been formerly
demonstrated by other groups [35,36]. The present data add further information to this ﬁeld by
revealing that chronic fructose consumption exclusively during the resting light phase can also increase
corticosterone. As an example of glucose levels during the GTT, the increase of corticosterone levels
was equally prevented by restricting chow availability to the dark phase and by pharmacological
AMPK inhibition in the central nervous system. Thus, our data show that the ability of chronic fructose
consumption during the light phase to increase corticosterone levels after eight weeks of treatment
relies on the chronically light phase-shifted chow ingestion induced by hypothalamic AMPK activation.
Having established that hypothalamic AMPK activation and increased food intake during the light
phase are important for the enhance in corticosterone levels observed in LPF rats, we next explored how
changes in the central nervous system result in peripheral endocrine modulations. It was previously
demonstrated that exposing Sprague–Dawley rats to a 60% fructose-enriched diet ad libitum resulted
in a reduction of the levels of urinary 6-S-Mel [6]. 6-S-Mel is the most abundant melatonin metabolite.
Its formation requires the conversion of melatonin into the intermediary 6-hydroxymelatonin that
suffers subsequent sulfation. These two reactions (hydroxylation and sulfation) occur predominantly
in the liver and, in rats, they are respectively catalyzed by cytochrome P450 1A2 (cyp1a2) and cytosolic
sulfotransferase 1A1 (sult1a1) [37–39]. In this context, the determination of 6-S-Mel excretion in the
urine is a well-recognized method to estimate melatonin production [40,41].
As LPF developed increased liquid and food intake during the light phase, we can presume that
these rats may present a partial shift of global activity to the light phase. It is unlike, however, that
increased activity during the light phase per se may account for the reduced melatonin metabolite
concentration seen in LPF. This proposition is corroborated by studies showing that forced physical
activity (swimming) during the light phase fails to modulate nocturnal melatonin production in
rats [42]. We and others have also previously shown that light phase-restricted feeding with standard
chow fail to reduce melatonin metabolite in the urine or melatonin circulating levels during the dark
phase [43,44]. On the other hand, the daytime consumption of carbohydrates by rodents seems to
be particularly relevant to yield reductions in nocturnal melatonin production. It was previously
demonstrated that reduced amplitude of nocturnal melatonin levels was only achieved by offering a
combination of a carbohydrate-enriched diet and standard chow during the light-resting phase [44].
Accordingly, the present data reveals that the consumption of fructose during the light phase fails
to reduce 6-S-Mel production in rats subjected to restriction of chow availability to the dark phase.
Our data from the experiments with Compound C further corroborates this hypothesis because the
pharmacological inhibition of AMPK in the central nervous system abrogated both the shift in food
intake to the light phase observed in LPF rats and the reduction in urinary 6-S-Mel. Importantly, LPF
rats did not show any modulation of the hepatic expression of cyp1a2 and sult1a1. Thus, it is unlikely
that reduced urinary 6-S-Mel seen in LPF rats resulted from lower hepatic metabolism of melatonin.
The reduction in the concentration of melatonin metabolite seen in the urine of LPF rats cannot be
attributed to an increase in water intake during the dark phase that could potentially increase urine
volume and dilute melatonin metabolite. This can be concluded because LPF rats actually displayed
reduced water intake during the dark phase, the period during which the urine samples were collected.
To date, the negative modulation of melatonin secretion secondary to hypothalamic AMPK
activation has already been shown in other species. Menassol et al. demonstrated that acute icv
injection with AICAR (a pharmacological AMPK activator) in ewes can actually reduce the amplitude
of the nocturnal melatonin surge. This modulation occurred irrespective of changes in the rhythm
of melatonin production [26]. As our data suggest, the ability of hypothalamic AMPK activation
induced by fructose ingestion during the light phase to reduce melatonin production relies on changes

44

Nutrients 2017, 9, 332

in the rhythm of feeding behavior of the rat. Whether this applies to different species remains to
be determined.
The causal relationship between the reduced urinary 6-S-Mel, impaired glucose tolerance and
increased corticosterone were further examined in our experiments in which LPF rats were treated with
melatonin. We have collected evidence to support the proposition that reduced urinary 6-S-Mel in rats
consuming fructose during the light phase is likely to result from reduced melatonin production
that is pivotal for the increase in corticosterone levels and impaired glucose tolerance as these
adaptations were not observed in LPF rats receiving melatonin. Accordingly, melatonin has already
been demonstrated to blunt insulin resistance induced by ad libitum consumption of a 60% fructose
enriched diet in Wistar rats [12]. On the other hand, our data revealed that supplementation with
melatonin had no effect on food intake. This is in accordance with other studies showing that, although
melatonin is able to modulate the expression of orexigenic and anorexigenic neurotransmitters, this
hormone has very discreet direct effect on food intake [13,45]. Altogether, our results indicate that
increased food intake during the light phase seen in LPF animals is likely to be a cause, rather than a
consequence, of reduced urinary 6-S-Mel.
The increased corticosterone levels observed in experimental conditions characterized by reduced
melatonin production can be explained by the suppressive action that the pineal hormone exert on the
Hypothalamus-Pituitary-Adrenal (HPA) axis. It has already been shown that melatonin acts through
MT1 receptors to suppress adrenocorticotropic hormone-induced cortisol production in cultured
adrenal glands isolated from primates [46]. This action of melatonin was reported to be dependent on
the reduction of intracellular cAMP levels [46]. A similar response was found in adrenal glands from
rats cultured with melatonin [47]. It is important to note that the suppressive action of melatonin over
the HPA axis might not be restricted to direct action on the adrenal glands because rats treated with
melatonin were also shown to have reduced corticotropin-releasing hormone and adrenocorticotropic
hormone levels after a stress stimulus [48].
5. Conclusions
In summary, the present study demonstrates that fructose consumption during the light phase,
but not during the dark phase, results in glucose intolerance and increased corticosterone levels.
The effects of daytime consumption of fructose are secondary to hypothalamic AMPK activation
that leads to upregulation of food intake during the light phase. We also show that the reduction of
urinary 6-sulfatoxymelatonin (6-S-Mel) (probably indicative of reduced melatonin production) due
to hypothalamic AMPK activation is a key event that mediates the increase in corticosterone and
impaired glucose tolerance induced by the consumption of fructose during the light phase.
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Abstract: Glucose stimulates the secretion of the incretin hormones: glucagon-like peptide-1 (GLP-1)
and glucose-dependent insulinotropic peptide (GIP). It is debated whether the sweet taste receptor
(STR) triggers this secretion. We investigated the role of STR activation for glucose-stimulated
incretin secretion from an isolated perfused rat small intestine and whether selective STR activation
by artiﬁcial sweeteners stimulates secretion. Intra-luminal administration of the STR agonists,
acesulfame K (3.85% w/v), but not sucralose (1.25% w/v) and stevioside (2.5% w/v), stimulated GLP-1
secretion (acesulfame K: 31 ± 3 pmol/L vs. 21 ± 2 pmol/L, p < 0.05, n = 6). In contrast, intra-arterial
administration of sucralose (10 mM) and stevioside (10 mM), but not acesulfame K, stimulated GLP-1
secretion (sucralose: 51 ± 6 pmol/L vs. 34 ± 4 pmol/L, p < 0.05; stevioside: 54 ± 6 pmol/L vs.
32 ± 2 pmol/L, p < 0.05, n = 6), while 0.1 mM and 1 mM sucralose did not affect the secretion.
Luminal glucose (20% w/v) doubled GLP-1 and GIP secretion, but basolateral STR inhibition by
gurmarin (2.5 μg/mL) or the inhibition of the transient receptor potential cation channel 5 (TRPM5)
by triphenylphosphine oxide (TPPO) (100 μM) did not attenuate the responses. In conclusion, STR
activation does not drive GIP/GLP-1 secretion itself, nor does it have a role for glucose-stimulated
GLP-1 or GIP secretion.
Keywords: sweet taste receptor; GLP-1; GIP; glucose; sucralose

1. Introduction
A high consumption of sugar may lead to a higher prevalence of unhealthy metabolic conditions,
like diabetes type 2, obesity, and metabolic syndrome. Therefore, it is of great importance to understand
how sugars are metabolized in the body and which feedback mechanisms regulate this process, and
thus how it could be controlled or manipulated. As an alternative to sugars, artiﬁcial sweeteners have
attracted considerable interest in the battle with obesity and diabetes, as they do not elevate blood
glucose levels and are not a source of additional calories. Nevertheless, epidemiological studies show
that their consumption may still be associated with weight gain and diabetes type 2 due to adaptive
mechanisms [1,2], although randomized controlled trials, investigating the effects of sweeteners on
body weight, show that they may reduce weight compared to groups consuming water [3,4].
In response to meal ingestion, several hormones that regulate blood sugar levels and appetite
are secreted. The incretin peptide hormones, glucose-dependent insulinotropic hormone (GIP) and
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glucagon-like peptide 1 (GLP-1), secreted from the intestinal K- and L-cells, respectively, play an
important role in this process, as they both stimulate insulin secretion, and GLP-1 suppresses appetite
and slows gastric emptying [5].
Glucose is an efﬁcacious stimulus for the secretion of both GLP-1 and GIP, stimulating secretory
responses that are comparable to the response after the intake of an isocaloric mixed meal [6].
While it is well established that glucose stimulates the secretion of GIP and GLP-1, several different
molecular sensors may be involved. A main driver for secretion appears to be glucose transportation
through sodium-glucose dependent transporter 1 (SGLT1) [7–12], triggering hormone secretion by
the depolarization of the K/L-cell plasma membrane and the opening of voltage sensitive calcium
channels [7]. Electroneutral GLUT2-mediated uptake may potentiate glucose-stimulated GLP-1
secretion [7], potentially by the closure of the KATP channel upon intracellular glucose metabolism
to ATP [7,13]. Another molecular sensor that has been suggested to be implicated in the secretory
response is the sweet-taste receptor (STR). It is activated by glucose and other sweet-taste molecules,
and is found not only in the taste buds, but also in the enteroendocrine K- and L-cells along the
gastrointestinal tract, with the highest expression rates found in the proximal intestine [14–17].
The STR is a heterodimer, formed by the subunits T1R2 and T1R3, coupled to the G-proteins
α-gustducin and/or transducin [18]. Around one ﬁfth of the cells expressing α-gustducin co-express
GLP-1 and GIP [16,19,20]. Depending on the ligand, receptor activation activates adenylate cyclase and
the formation of cAMP (Gαs-coupling), or mobilizes calcium from intracellular stores (Gq-coupling)
by the activation of phospholipase C (PLC) and inositol triphosphate (IP3) [21]. The increase in
intracellular Ca2+ opens the nonselective transient receptor potential monovalent cation channel 5
(TRPM5), which plays a critical role in sweet, bitter, and umami taste signal transduction, leading to
Na+ inﬂux, depolarization of the cell, and eventual hormone or neurotransmitter secretion [22]. Natural
sweeteners (sucrose, glucose, fructose) activate STR in the range of 100 mM, while less than 10 mM of
the artiﬁcial sweeteners is sufﬁcient for activation [18]. Studies on incretin secreting cell lines (derived
from human and mouse gut carcinomas) have shown that STR activation by artiﬁcial sweeteners
elicits GLP-1 secretion [16,17], and in humans, the inhibition of the gut sweet taste receptor by lactisole
attenuated the glucose-stimulated GLP-1 secretion [19]. However, these ﬁndings remain inconclusive,
as other studies found no effect of artiﬁcial sweeteners on GLP-1 secretion in humans [11,23–27] and
rats (in vivo and using isolated perfused intestine preparations) [7,28]. The only studies in humans that
found an increase in GLP-1 secretion after artiﬁcial sweetener consumption investigated combinations
of artiﬁcial sweeteners in diet drinks or studied whether sweeteners potentiated glucose-stimulated
GLP-1 secretion rather than driving secretion per se [29,30]. An important question, which none of
the studies explored by means other than immunohistochemistry, is whether the sweet receptors are
located apically or at the basolateral side of the L-cells, which might play a role in the lack of a response
in vivo as artiﬁcial sweeteners, like sucralose, are incompletely absorbed.
The purpose of this study was to investigate the importance of sweet taste receptor activation for
glucose-stimulated hormone secretion, with a primary focus on GLP-1 secretion and a secondary focus
on GIP secretion. For this investigation, we used the isolated perfused rat small intestine, which is a
physiological model, maintaining the enteroendocrine cells in their normal environment, polarized
form with preserved vascular circulation and contact to normal neighbor cells, paracrine cells, and
neurons, while the input and output from the organ was strictly controlled. Due to the preservation
of natural polarity, this model also has the advantage that it can be used to investigate whether the
stimulus has an effect on the apical or basolateral membrane of the cell.
2. Materials and Methods
2.1. Perfusion of the Proximal Small Intestine
Studies were performed with permission from the Danish Animal Experiments Inspectorate
(2013-15-2934-00833) and the local ethics committee (EMED, P-15-408) in accordance with the guidelines
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of the Danish legislation governing animal experimentation (1987) and the National Institutes of Health.
The experimental method and protocol have been described elsewhere in detail [7]. In brief, male
Wistar rats (weight: mean + SEM = 283 ± 28.8 g) were obtained from Janvier labs (Le Genest-Saint-Isle,
France), and were housed two per cage on a 12:12 h light/dark cycle, with ad libitum access to standard
chow and water. On the experimental day, animals (non-fasted) were anesthetized with a subcutane
Hypnorm/Midazolam injection and placed on a 37 ◦ C heating plate. The abdominal cavity was
opened; the entire large intestine and the distal half of the small intestine was carefully removed,
leaving 44 ± 5.2 cm of the upper small intestine in situ (approximately half of the entire small intestine).
A plastic tube was inserted into the proximal part of the lumen and the intestinal content was carefully
removed by ﬂushing with isotonic saline (room temperature). Next, the lumen was perfused with
saline at a steady ﬂow of 0.5 mL/min. A catheter was placed in the superior mesenteric artery and the
intestine was vascularly perfused with gassed perfusion buffer (95% O2 −5% CO2 ) warmed to 37 ◦ C
at a rate of 7.5 mL/min. Perfusion efﬂuent was collected each minute from a catheter inserted in the
vena portae and samples were instantly transferred to ice and stored at −20◦ C until analysis. The
perfusion buffer consisted of a Krebs-Ringer bicarbonate buffer supplemented with 0.1% BSA (albumin
fraction V; Merck, cat. no. 1.12018.0500, Ballerup, Denmark), 3.5 mmol/L glucose, 5% dextran T-70
(to balance oncotic pressure; Pharmacosmos, Holbaek, Denmark), 5 mmol/L pyruvate, 10 μmol/L
3-Isobutyl-1-methylxanthine (IBMX) (Sigma-Aldrich, cat. no. 5879), fumarate, glutamate, and 2 mL/L
of Vamin (cat. no. 11338; Fresenius Kabi, Uppsala, Sweden). The pH was adjusted with hydrochloric
acid to 7.4–7.5. After the successful perfusion of the proximal small intestine, rats were sacriﬁced by
cardiac perforation and the preparation was left to stabilize hormone secretion for approximately 30
min before the samples were collected.
2.2. Perfusion Protocol and Test Substances
Each experimental protocol started with ten minutes of baseline collection (pre-stimulatory
period), followed by a stimulation for ten minutes, either luminally or vascularly. The intestine was
stimulated luminally with 20% (w/v) glucose (1.1 mol/L) (Sigma-Aldrich, cat. no. G8270), 1.25% (w/v)
sucralose (31.4 mmol/L) (Sigma-Aldrich, cat. no. 69293), 3.85% (w/v) acesulfame K (191.3 mmol/L)
(Sigma-Aldrich, cat. no. 04054), or 2.5% (w/v) stevioside (31.1 mmol/L) (Sigma-Aldrich cat. no.
CDS020802). The concentrations of the sweeteners employed correspond to 50 times the sweetness
of 20% (w/v) glucose, given that sucralose, acesulfame K, and stevioside are 800, 260, and 400 times
sweeter, respectively [31,32], and are all far beyond their respective EC50 values (0.3 mM for sucralose,
1 mM for acesulfame K, and 0.1 mM for stevioside [33]). Therefore, all of the solutions maximally
activated the receptor. Luminal test stimulants were dissolved in isotonic saline without the addition
of detergents and were applied at an initial rate of 2.5 mL/min for the ﬁrst three minutes, followed
by a rate of 0.5 mL/min during the rest of the stimulation. After the stimulation, isotonic saline was
infused in the same pattern to replace test stimulant solution and reestablish baseline conditions.
Vascular test stimulants (acefulfame K, sucralose, and stevioside) were dissolved in perfusion buffer to
a ﬁnal concentration of 10 mM (for sucralose also concentration 1 mM and 0.1 mM). To allow hormone
secretion to return to the baseline after test stimulant application, stimulant applications were separated
by 15 min. In separate experiments, the murine sweet taste receptor inhibitor gurmarin [34] (2.5 μg/mL)
(provided by Rasmus Eliasen, synthetized at Novo Nordisk A/S as previously described [35]), was
infused on the vascular side mixed with sucralose (10 mM) or simultaneously with glucose 20% (w/v)
on the luminal side. Before the stimulation, the sweet taste receptor was primed with gurmarin for
15 min to ensure full inhibition at the time of test substance application. Using the same protocol,
the TRPM5 channel was inhibited by the vascular administration (100 μM) of triphenylphosphine
oxide (TPPO) (IC50 = 30 μM) (Sigma-Aldrich, cat. No T84603) [36]. To dissolve TPPO, it was mixed
in 1% dimethyl sulfoxid solution and perfusion buffer. At the end of each experiment, the intestine
was stimulated vascularly with bombesin (10 nM) (a potent GLP-1 secretagogue), to ensure that the
preparation was viable until the end of the experiments. The perfusion pressure and efﬂuent output
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were measured continuously, in order to evaluate the gut integrity and health during the experiment.
Since all experiments were conducted with constant perfusion ﬂow rates, all efﬂuent hormone or
metabolite concentrations correspond to the total secretion or absorption rates.
2.3. Hormone Secretion Analysis
GLP-1 concentrations in the venous efﬂuents were analyzed using an in-house radioimmunoassay
(RIA), employing a rabbit antiserum directed against the C-terminus of GLP-1 (code no. 89390), thus
reacting with all amidated forms of GLP-1 (1-36NH2, 7-36NH2 and 9-36NH2).
GIP concentrations were quantiﬁed with an ELISA assay for the rat total GIP (Millipore, Merck,
cat. no. EZRMGIP-55K), following the provided instructions.
2.4. Statistical Analysis
Changes in the hormone secretion were assessed by comparing the mean concentrations during
the stimulation period with the baseline mean concentrations calculated as a mean of ﬁve consecutive
one-minute observations before the stimulation and ﬁve one-minute observations before the start of
the following stimulation. The stimulation period was deﬁned as the start of the stimulant application
until the end of the application. Statistical signiﬁcance was assessed by one-way ANOVA, followed
by Bonferroni post hoc analysis or a paired t-test, in the case that only two groups were compared.
In the experiments where responses to stimuli with or without the presence of an inhibitor were
compared, differences were assessed by a two-way paired t-test. Statistical analysis was performed
using GraphPad Prism 7 (La Jolla, CA, USA). Data are expressed as averaged means ± SEM. p < 0.05
was considered signiﬁcant.
3. Results
3.1. Glucose-Induced Incretin Secretion
3.1.1. Glucose Stimulates GLP-1 and GIP Secretion from the Perfused Rat Small Intestine
Luminally administered glucose 20% (w/v) was rapidly absorbed, increasing venous efﬂuent
glucose concentrations by two to three times compared to the baseline (glucose 1st: 11.5 ± 0.9 mmol/L
vs. baseline 1st: 5 ± 0.4 mmol/L, p < 0.001; glucose 2nd: 14.2 ± 0.9 mmol/L vs. baseline 2nd:
5.2 ± 0.5 mmol/L, p < 0.001, n = 6, Figure 1a,b). At the same time, we observed a doubling in
the GLP-1 (glucose 1st: 50.7 ± 2.9 pmol/L vs. baseline 1st: 22.6 ± 3 pmol/L, p < 0.0001; glucose 2nd:
49.3 ± 4.4 pmol/L vs. baseline 2nd: 30.8 ± 3.5 pmol/L, p < 0.01, n = 6, Figure 1c,d) and GIP secretion rate
(glucose 1st: 12.2 ± 1.2 pmol/L vs. baseline 1st: 6.7 ± 0.6 pmol/L, p < 0.05; glucose 2nd: 12.6 ± 0.2 pmol/L
vs. baseline 2nd: 8.4 ± 0.7 pmol/L, p < 0.01, n = 6, Figure 1c,e), and in both cases, the second secretory
response was not signiﬁcantly different from the ﬁrst (GLP-1 p = 0.55; GIP p = 0.73). GLP-1 and GIP
showed a similar dynamic of secretion. In all experiments, a robust GLP-1 response to bombesin,
administered at the end of the experiments (61–65 min), was observed, indicating that the experimental
model was working until the end of the protocols (Figure 1c).
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Figure 1. Glucose is a potent GLP-1 and GIP secretagogue and it is rapidly absorbed in the upper small
intestine. Data is shown as averaged mean values ± SEM. (a) Glucose output in venous efﬂuents in
response to administration of luminal glucose. (b) Comparison between the venous glucose output
upon glucose (stimulation) or saline (baseline). (c) GLP-1 (red line) and GIP (green line) secretion in
response to luminal glucose. (d,e) Comparison between total GLP-1 or GIP output caused by glucose
or saline. (f) GLP-1 (red line) and GIP (green line) secretion by luminal glucose administration and
inhibition of the sweet taste receptor. (g,h) Comparison between the mean values of GLP-1 or GIP
output upon glucose infusion ± gurmarin and saline. * p < 0.05, ** p < 0.01, *** p < 0.001. BBS bombesin;
GLP-1 glucagon-like peptide 1; GIP glucose-dependent insulinotropic peptide.
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3.1.2. Inhibition of the Murine Sweet Taste Receptor Does Not Change Glucose-Induced GLP-1 and
GIP Secretion
In another series of experiments, the murine sweet taste receptor antagonist gurmarin was
administered 15 min before and concomitantly with glucose (20% w/v). The inhibition of the sweet
taste receptor did not attenuate glucose-induced GLP-1 secretion compared to glucose administration
alone (Figure 1f), as the responses did not differ signiﬁcantly (p = 0.73). Glucose increased GLP-1
secretion close by nearly two times, independently of whether it was added alone or concomitantly
with gurmarin (glucose: 48.5 ± 4.6 pmol/L vs. baseline 1: 21.1 ± 1.9 pmol/L, p < 0.01; glucose + gurmarin:
50.3 ± 5.5 pmol/L vs. baseline 2: 29.4 ± 3 pmol/L, p < 0.01, n = 6, Figure 1f,g). The glucose-stimulated
GIP response was also not signiﬁcantly altered due to the presence of gurmarin (p = 0.58) (glucose:
15.1 ± 2.4 pmol/L vs. baseline 1: 7.1 ± 0.7 pmol/L, p = 0.13; glucose + gurmarin: 13.8 ± 0.8 pmol/L vs.
baseline 2: 11.9 ± 1.3 pmol/L, p = 0.24, n = 4, Figure 1f,h).
3.2. Ariﬁcial Sweeteners and Incretin Secretion
3.2.1. Luminal Administration of Acesulfame K, but Not Sucralose or Stevioside, Stimulates GLP-1,
but Not GIP Secretion
Intra-luminal administration of acesulfame K at a concentration that is thought to activate the
sweet taste receptor resulted in a small, but signiﬁcant, 1.5-fold increase in the GLP-1 concentrations
(acesulfame K: 31.1 ± 2.5 pmol/L vs. baseline: 21.1 ± 2 pmol/L, p < 0.05, n = 6, Figure 2a,b), whereas it
did not affect GIP secretion (acesulfame K: 4.6 ± 0.9 pmol/L vs. baseline: 5.1 ± 1 pmol/L, p = 0.53, n = 5,
Figure 2a,c). Luminal infusion of sucralose and stevioside in matched concentrations with respect to
sweetness, on the other hand, did not elevate the secretion of GLP-1 (Figure 2a,b,f,g).
3.2.2. Vascular Administration of Sucralose and Stevioside, but Not Acesulafme K, Stimulates GLP-1
and GIP Secretion
Intra-arterial administration of sucralose and stevioside signiﬁcantly stimulated GLP-1 secretion
(sucralose: 51.3 ± 5.9 pmol/L vs. baseline: 33.9 ± 3.9 pmol/L, p < 0.05, n = 6; stevioside: 54 ± 6.4 pmol/L
vs. baseline: 31.5 ± 2.3 pmol/L, p < 0.05, n = 6, Figure 2d–g). However, vascular acesulfame K
did not change the secretion rate (Figure 2d,e). The results were unchanged by the administration
of acesulfame K before sucralose, suggesting that it is not the unavailability of the receptor that is
responsible for the lack of the response to acesulfame K (data not shown). Sucralose slightly elevated
GIP concentrations, although not signiﬁcantly (sucralose: 9.3 ± 2 pmol/L vs. baseline: 7.2 ± 1.2 pmol/L,
p = 0.09, n = 5, Figure 3c,e).
3.2.3. Sucralose Only Stimulates GLP-1 Secretion at High Doses
In order to evaluate whether sucralose also stimulates GLP-1 secretion from the vascular side at
doses lower than 10 mM, we stimulated the gut with 10 mM, 1 mM, or 0.1 mM sucralose in a separate
line of experiments. Only 10 mM sucralose stimulated secretion (Figure 3a,b).
Stimulating the intestine with 10 mM of sucralose resulted in two secretory responses that did not
differ (p = 0.25) (sucralose 1: 45 ± 2.8 pmol/L vs. baseline 1: 23.5 ± 1.7 pmol/L, p < 0.0001; sucralose 2:
50.3 ± 5 pmol/L vs. baseline 2: 25.2 ± 2.2 pmol/L, p < 0.001, n = 6, Figure 3c,d), which allowed us to
test whether the sucralose-induced GLP-1 secretion could be inhibited by gurmarin.
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Figure 2. Effects of artiﬁcial sweeteners on incretin secretion. Data is shown as averaged mean
values ± SEM (a) GLP-1 (red line) and GIP (green line) secretion in response to luminal sucralose
and acesulfame K (b,c) Comparison between total GLP-1 or GIP output caused by luminal artiﬁcial
sweeteners (stimulation) and saline (baseline) (d) GLP-1 secretion in response to vascular sucralose and
acesulfame K (e) Comparison between the mean values of total GLP-1 secretion caused by vascular
artiﬁcial sweeteners and saline (f) GLP-1 output in response to luminal and vascular stevioside
administration (g) Comparison between the mean values of GLP-1 secretion upon liminal and vascular
stevioside and saline * p < 0.05, ** p < 0.01, *** p < 0.001. BBS bombesin; GLP-1 glucagon-like peptide 1;
GIP glucose-dependent insulinotropic peptide.
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Figure 3. Effects of sucralose on the secretion of GLP-1 and GIP. Data is shown as averaged mean
values ± SEM (a) GLP-1 secretion in response to vascular sucralose at 0.1 mM, 1 mM, and 10 mM
concentrations (b) Comparison between the mean values of total GLP-1 output caused by vascular
sucralose in increasing concentration (stimulation) and saline (baseline) (c) GLP-1 (red line) and GIP
(green line) secretion in response to vascular administration of sucralose (d,e) Comparison between the
mean values of total GLP-1 or GIP output caused by vascular sucralose and saline (e) GLP-1 secretion
in response to vascular administration of sucralose ± gurmarin (f,g) Comparison between the mean
values of GLP-1 output upon sucralose ± gurmarin * p < 0.05, ** p < 0.01, *** p < 0.001. BBS bombesin;
GLP-1 glucagon-like peptide 1; GIP glucose-dependent insulinotropic peptide.
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3.2.4. Inhibition of the Murine Sweet Taste Receptor Does Not Eliminate Sucralose-Induced
GLP-1 secretion
The inhibition of the sweet taste receptor before and together with sucralose administration
(10 mM) did not affect GLP-1 secretion compared to sucralose alone, as the baseline-subtracted
responses were not signiﬁcantly different, and sucralose increased GLP-1 levels by around
two times, independently of gurmarin administration (sucralose: 76.4 ± 11.7 pmol/L vs. baseline 1:
31.6 ± 3 pmol/L, p = 0.09; sucralose + gurmarin: 74.2 ± 9.2 pmol/L vs. baseline 2: 30.6 ± 2.3 pmol/L,
p = 0.08, n = 3, Figure 3f,g).
3.3. Inhibition of TRPM5-Channel Does Not Attenuate Glucose or Sucralose-Stimulated GLP-1 Secretion
3.3.1. Glucose-Induced GLP-1 Secretion Was not Reduced, but Increased, by Inhibition of
TRPM5 Channels
The inhibition of the TRPM5 ion channel by TPPO did not lead to a sweet taste receptor mediated
reduction in GLP-1 secretion, but on the contrary, led to a signiﬁcant increase in glucose-stimulated
GLP-1 secretion (p = 0.04). Due to an increase in basal secretion after the administration of TPPO,
differences were assessed by a comparison between the baseline-subtracted responses. Glucose
alone doubled GLP-1 secretion, whereas the addition of TPPO increased it even more (glucose:
62.3 ± 8.2 pmol/L vs. baseline 1: 31.8 ± 4.3 pmol/L, p < 0.05; glucose + TPPO: 99 ± 2.5 pmol/L
vs. baseline 2: 44.7 ± 0.4 pmol/L, p < 0.01, n = 3, Figure 4a,b).
3.3.2. Sucralose-Induced GLP-1 Secretion Is not Changed by Inhibition of TRPM5 Channels
Sucralose-induced GLP-1 secretion was not reduced in the presence of the TRPM5 inhibitor
TPPO. There was no signiﬁcant difference between the responses to the administration of sucralose
alone or sucralose concomitantly with TPPO, when comparing the baseline-subtracted responses
(p = 0.11). Sucralose increased GLP-1 levels by around two times when infused alone or together
with TPPO (sucralose: 35.4 ± 2.7 pmol/L vs. baseline 1: 20.7 ± 1.9 pmol/L, p < 0.05; sucralose + TPPO:
58 ± 11 pmol/L vs. baseline 2: 28.6 ± 2.3 pmol/L, p = 0.07, n = 3, Figure 4c,d). Interestingly, TPPO
increased GLP-1 secretion when given alone (Figure 4).
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Figure 4. TRPM5 channel is not involved in glucose- and sucralose-stimulated GLP-1 secretion. Data is
shown as averaged mean values values ± SEM (a) GLP-1 secretion in response to luminal glucose alone
or in the presence of TPPO (b) Comparison between the mean values of total GLP-1 output caused by
luminal glucose ± TPPO (stimulation) and saline (baseline) (c) GLP-1 secretion in response to vascular
administration of sucralose alone or in presence of TPPO (d) Comparison between the mean values of
total GLP-1 output caused by vascular sucralose ± TPPO and saline * p < 0.05, ** p < 0.01, *** p < 0.001.
BBS bombesin; GLP-1 glucagon-like peptide 1; GIP glucose-dependent insulinotropic peptide.

4. Discussion
The involvement of the STR in glucose-stimulated GLP-1 and GIP secretion has been a matter of
controversy during the last decade, with different studies suggesting that it may or may not be acutely
involved in hormone secretion, glucose homeostasis, and appetite regulation [7,16,17,19,23–28,37]. This
study shows that the ability of artiﬁcial sweeteners to stimulate GLP-1 secretion vascularly or luminally
is sweetener-speciﬁc. Sucralose affected GLP-1 secretion when applied from the vascular side, whereas
acesulfame K exclusively stimulated secretion when administrated in the intestinal lumen and only
in pharmacological doses. This may explain why orally ingested artiﬁcial sweeteners do not trigger
incretin hormones secretion in vivo [23–28], even though cell studies show the opposite [16,17].Vascular
stimulation with sucralose in our perfusion model stimulated a secretory GLP-1 and GIP response, in
agreement with the results from cell studies on GLUTag cells and NCI-H716 cells [16,17], but only at a
concentration that must be considered to be pharmacological. However, as opposed to those studies,
the secretory response in our model was not attenuated by STR inhibition with gurmarin. The fact that
sucralose and stevioside triggered GLP-1 secretion when applied on the vascular side, but not on the
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luminal, suggests that the sweet taste receptor is either located on the basolateral membrane of the
L-cells or that the response is triggered by other mechanisms. Nevertheless, we were not able to inhibit
the sucralose-stimulated secretion by means of gurmarin or by inhibiting the TRPM5 channel, which is
involved in the Gq-coupled taste sense and hormonal secretion [22]. Therefore, it seems that sucralose
triggered hormone secretion by an STR-independent mechanism, which is consistent with our ﬁnding
that sucralose at 0.1 and 1 mM did not affect secretion, albeit the sweetness of 1 mM is above the
EC50 -value of sucralose (0.3 mM) [33]. It may be argued that sucralose could stimulate GLP-1 and GIP
secretion by acting on the bitter receptors, but as TRPM5 is also involved in other taste signal pathways,
like umami and bitter [22], it is unlikely that sucralose acts on the L-cells by activating one of these
receptors. Nevertheless, TRPM5 expression on the L-cells is low [38] and may not be as important
for taste receptor signaling in the small intestine as it is for the taste cells on the tongue. Sucralose in
concentrations of 10 mM and 100 mM, seem to exert toxic effects on IP3 production in GLUTag cells,
which express the STR subunits [39] (data not shown), suggesting that it stimulates the secretion by
another signal pathway. One could argue that the response seen following the vascular administration
of sucralose and stevioside is triggered by high osmolarity. However, this is unlikely as intra-arterial
acesulfame K at 10 mM in this study, and intra-arterial glucose at concentrations of 5 to 25 mM in one
of our previous studies [7], did not affect GLP-1 secretion.
Also, glucose-stimulated GLP-1 and GIP secretion was unaffected by gurmarin, standing in
contrast to the ﬁnding from two human studies, where STR inhibtion (with lactisole—an inhibitor of
the human STR) [19,37] attenuated glucose-stimulated GLP-1 secretion by about 50%. Surprisingly,
the inhibition of the TRPM5 channel did not attenuate glucose-stimulated GLP-1 secretion, but even
slightly increased it. This once again shows that it is probably not the STR-activated signal pathway
that regulates secretion. As the IC50 of gurmarin on the STR was reported to be 0.62 μg/mL [40], and
0.5 μM gurmarin decreases the magnitude of sweet perception to sucralose by 70% on the taste buds
in rats [41]. We anticipate that the lack of the effect of gurmarin in our experimental model is unlikely
to be dose-related, as we applied the IC50 dose (2.5 μg/mL) four times, and this dose is comparable to
the dose used by Margolskee and colleagues (3 μg/mL). Experiments with GLUTag cells showed that
glucose increases intracellular calcium at a concentration of 100 mM, whereas gurmarin (5 μg/mL)
attenuated glucose-stimulated intracellular calcium by around 10% (data not shown). This proves that
gurmarin was bioactive. Nevertheless, we cannot exclude that the lack of an effect in our model is due
to an unfavorable ratio between the inhibitor and the sweet-tasting agonists, as they were applied in
high concentrations.
Our ﬁnding that sucralose and stevioside did not stimulate GLP-1 secretion when applied into
the lumen, even in a very high concentration, is in agreement with the results from human studies
showing no effect of artiﬁcial sweeteners on GLP-1 secretion [23–25,27] or in vivo studies in rats [28].
Interestingly, intra-luminal acesulfame K increased GLP-1 secretion by 1.5-fold, which is in contrast to
the results of a previous study by our group [7], but may be explained by the fact that in this study a
ﬁve-times higher concentration was applied. Along this notation, the reason why luminal acesulfame
K, but not sucralose and stevioside, stimulated GLP-1 secretion may be explained by the fact that a
given dose of acesulfame K is completely recovered in the urine [42]. Therefore, it may be absorbed by
the enterocytes in non-metabolized form and acts on the basolateral side of the L-cells in contrast to
sucralose and stevioside, which are either incompletely absorbed or are metabolized by the bacteria
in the colon and then absorbed [43,44]. In this way, acesulfame K may stimulate GLP-1 secretion by
mechanisms similar to vascularly applied sucralose and stevioside, as the dose applied in the lumen
corresponds to 191 mM. On the other hand, the lack of a response to acesulfame K when applied
vascularly may be explained by the fact that it is less potent in activating the sweet taste receptor
compared to sucralose and stevioside, and the applied dose was, therefore, insufﬁcient.
Our study further shows that GLP-1 and GIP have similar dynamics of secretion and are therefore
probably triggered by similar mechanisms, presumably involving the SGLT1 transporter as indicated
by a number of studies from different groups using different experimental models [7,8,12].
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The proximal part of the small intestine was chosen as a model in the current study, as glucose is
almost entirely absorbed in the duodenum and jejunum [45]. Therefore, studying the effects of glucose
on hormone secretion in the proximal small intestine gives a more physiologically relevant picture.
In particular, in relation to this study, the relevant anatomical area of the intestine was used, as the
sweet taste receptor is predominantly expressed in the duodenum and jejunum [14–17]. However, it
may be a limitation that the very proximal part of the small intestine (the duodenum and the most
proximal segment of the jejunum) was not included for technical reasons.
The advantage of the isolated perfused organ model, over in vivo studies, is that the confounding
effects of several whole body parameters can be excluded. These include the effect of gastric emptying,
the breakdown of various substances by whole body metabolism, and the impact of other regulatory
hormones, while the physiological impact of speciﬁc compounds can be studied locally in the preserved
organ. This gives the opportunity to establish a cause and effect relationship between the studied
agent and the outcome. The risk of having the results inﬂuenced by indirect factors is minimal, since
all compounds entering the system are strictly controlled. Therefore, in the present study, it could be
established that sucralose and stevioside stimulate GLP-1 secretion when infused vascularly, but not
when infused luminally. Compared to isolated cell studies, an alternative controlled system for the
study of hormonal secretion, the perfused model also has the beneﬁt that the natural polarity, inter-cell
connection, and neural communication are preserved [46].
Limitations of the study include the limited translatability of the ﬁndings to humans in respect to
artiﬁcial sweeteners, as they were applied in doses in the toxic range for humans. However, this was
justiﬁed by the aim of the study to use them as a tool to explore sweet taste receptor functions, rather
than to explore their physiological relevance.
5. Conclusions
This study does not support the view that the activation of the gut sweet taste receptor plays
a crucial role in the glucose-stimulated incretin secretion, as the inhibition of the receptor did not
signiﬁcantly reduce this secretion, suggesting that other mechanisms are fundamental for the GLP-1
secretion upon glucose administration. Our work suggests that the presence of pharmacological
concentrations of sucralose and stevioside on the basolateral membrane may increase GLP-1 secretion.
However, given the high concentrations needed to stimulate secretion, this ﬁnding is probably of
limited clinical relevance. Future research should concentrate on compounds that target SGLT1- and
GLUT2-mediated GLP-1 and GIP secretion, instead of compounds targeting the sweet taste receptor.
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Abstract: Sweet taste receptors are composed of a heterodimer of taste 1 receptor member 2
(T1R2) and taste 1 receptor member 3 (T1R3). Accumulating evidence shows that sweet taste
receptors are ubiquitous throughout the body, including in the gastrointestinal tract as well as the
hypothalamus. These sweet taste receptors are heavily involved in nutrient sensing, monitoring
changes in energy stores, and triggering metabolic and behavioral responses to maintain energy
balance. Not surprisingly, these pathways are heavily regulated by external and internal factors.
Dysfunction in one or more of these pathways may be important in the pathogenesis of common
diseases, such as obesity and type 2 diabetes mellitus.
Keywords: sweet taste receptors; glucose sensing; nutrient sensing; leptin; hypothalamus

1. Chemosensory Cells in the Tongue
Humans can distinguish between ﬁve basic tastes, including sweet, salty, umami, bitter, and sour.
Recently, lipid sensors have been identiﬁed on the tongue which suggests that fat can be considered as
the sixth taste [1]. Taste processing is ﬁrst achieved at the level of taste receptor cells (TRCs) which
are clustered in taste buds on the tongue. When TRCs are activated by speciﬁc tastants, they transmit
information via sensory afferent ﬁbers to speciﬁc areas in the brain that are involved in taste perception.
Four morphologic subtypes of TRCs have been identiﬁed. Type I glial-like cells detect salty taste.
Type II cells express G-protein coupled receptors (GPCRs) to detect sweet, umami, and bitter tastes.
Type III cells sense sour stimuli, while Type IV cells likely represent stem or progenitor taste cells [2].
Type II cells do not form traditional synapses with afferent nerve ﬁbers. Rather, these cells release ATP
through hemichannels, which can then activate purinergic receptors (P2N2 and P2X3) present on the
cranial nerve ﬁbers innervating each taste bud (Figure 1) [3–5].
Two classes of GPCRs have been identiﬁed, including taste 1 receptor family (T1R) and the taste 2
receptor family (T2R) [6]. Two subtypes of the T1R family, including T1R member 2 (T1R2) and T1R
member 3 (T1R3), form heterodimers to act as sweet taste receptors [7,8].
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Figure 1. The four major classes of taste cells. This classiﬁcation incorporates ultrastructural features,
patterns of gene expression, and the functions of each Types I, II (receptor), III (presynaptic), and IV
(progenitor, not depicted) taste cells. Type I cells (blue) degrade or absorb neurotransmitters. They
also may clear extracellular K+ that accumulates after action potentials (shown as bursts) in receptor
(yellow) and presynaptic (green) cells. K+ may be extruded through an apical K channel such as renal
outer medullary potassium channel (ROMK). Salty taste may be transduced by some Type I cells, but
this remains uncertain. Sweet, bitter, and umami taste compounds activate receptor cells, inducing
them to release ATP through pannexin 1 (Panx1) hemichannels. The extracellular ATP excites ATP
receptors (P2X, P2Y) on sensory nerve ﬁbers and on taste cells. Presynaptic cells, in turn, release
serotonin (5-HT), which inhibits receptor cells. Sour stimuli (and carbonation, not depicted) directly
activate presynaptic cells. Only presynaptic cells form ultrastructurally identiﬁably synapses with
nerves. Tables below the cells list some of the proteins that are expressed in a cell type-selective
manner. AADC, aromatic L-amino acid decarboxylase; Ca, voltage-gated calcium channel; Gα-gus,
alpha-gustducin; Gγ13, Gγ13 subunit; GAD, glutamate decarboxylase; GLAST, glutamate aspartate
transporter; 5-HT, 5-hydroxytryptamine; mGluRs, metabotropic glutamate receptor; Na, voltage-gated
sodium channel; NCAM, neural cell adhesion molecule; NET, norepinephrine transporter; NTPDase;
nucleoside triphosphate diphosphohydrolase; OXTR, oxytoxin receptor; Panx1, pannexin 1; PKD,
polycystic kidney disease-like channel; PLCβ2, phospholipase C β2; ROMK, renal outer medullary
potassium channel; SNAP, synaptosomal-associated protein; T1R, taste 1 receptor family; T2R, taste
2 receptor family; TRPM5, transient receptor potential cation channel M5; Adapted with permission
from [6].

2. Sweet Taste Signaling
Sweet taste receptors can be activated by a wide range of chemically different compounds,
including sugars (glucose, fructose, sucrose, maltose), artiﬁcial sweeteners (e.g., saccharin, aspartame,
cyclamate), sweet amino acids (D-tryptophan, D-phenylalanine, D-serine), and sweet proteins (monellin,
brazzein, thaumatin) [9]. Binding of a ligand to the sweet taste receptor leads to activation of the
heterotrimeric G-protein α-gustducin. Phospholipase C β2 is subsequently stimulated, leading to
release of intracellular Ca2+ and activation of the transient receptor potential cation channel M5
(TRPM5). This sequence results in the release of ATP, which can then activate adjacent sensory afferent
neurons that send signals to brain centers involved in taste perception (Figure 2) [10].
Taste cells also express bioactive peptides, including glucagon-like peptide-1 (GLP-1), glucagon,
neuropeptide Y, peptide YY (PYY), cholecystokinin (CCK), vasoactive intestinal peptide, and
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ghrelin [11]. Although the function of these peptides in taste buds is still unknown, their presence
suggests a role in the processing and modulation of taste information at the level of the taste bud.

Figure 2. Simpliﬁed model of the taste GPCR signaling pathways involved in chemosensing by taste
receptors of the tongue. Subtypes of the T1R family heterodimerize to detect sweet (T1R2-T1R3) and
umami (T1R1-T1R3). Bitter is detected by the T2R family. Medium-chain and long-chain fatty acids are
detected by FFAR1 and GPR120. Taste receptor binding leads to activation of gustatory G-proteins,
release of intracellular Ca2+ , activation of TRPM5, depolarization, activation of voltage-gated Na+
channels (VGNC), and release of ATP which activates purinergic receptors on afferent ﬁbers leading
to taste perception. ATP, adenosine triphosphate; FFAR1, free fatty acid receptor 1; GPCR, G-protein
coupled receptor; PX-1, pannexin 1-hemichannel; T1R, taste receptor type 1; T1R1, taste receptor type
1 member 1; T1R2, taste receptor type 1 member 2; T1R3, taste receptor type 1 member 3; T2R, taste
receptor type 2; TRPM5, transient receptor potential cation channel M5; VGNC, voltage-gated Na+
channel. Reproduced with permission from [10].

3. Chemosensory Cells in the GI Tract
Although taste receptors were initially discovered in taste buds, a growing number of studies
have demonstrated that sweet taste receptors are expressed throughout the body, including the nasal
epithelium, respiratory system, pancreatic islet cells, and even in sperm and testes [12–14].
In the gut, sweet taste receptors are mainly concentrated on enteroendocrine cells. Although these
cells represent a small proportion of the total number of epithelial cells in the gastrointestinal (GI)
tract, collectively they form the largest endocrine organ in the body [15]. Over 20 different types of
enteroendocrine cell types have been identiﬁed to date, each of which secretes one or more regulatory
peptides or bioactive molecules (Table 1). These hormones can act locally on enteroendocrine cells,
on immune cells, nerve endings, or organs at remote sites including pancreatic islets and the central
nervous system (CNS). This results in changes in appetite and satiety, inhibition of gastric emptying,
stimulation of gastric secretion, pancreatic exocrine and endocrine secretion, induction of nutrient
transporters and digestive enzymes, an increase in intestinal barrier function, and modulation of
immune responses and tissue growth [15–19].
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Table 1. Enteroendocrine cells of the mammalian gastrointestinal tract. Adapted with permission
from [15]. Several of the enteroendocrine cell types, notably A, K, and L cells, have subgroups or
gradients along the intestine that contain different combinations of products; subgroups of I and L cells
contain 5-HT.
Cell

Products

Luminal
Receptors

Locations

A (X-like) cells and
subtypes

Ghrelin, nesfatin-1

T1R1-T1R3; T2Rs

Stomach

Appetite control, growth
hormone release

Enterochromafﬁn
cells *,‡

5-HT (5-HT is also
contained in
subgroups of I, K,
and L cells)

FFARs 2, 3; TRPA1;
toxin receptors;
TLRs

Stomach, small and
large intestine

Facilitation of intestinal
motility reﬂexes and
secretion; triggering of
emesis and nausea in
response to toxins

I cells

CCK (5-HT)

T2Rs; FFA1;
GPR120; LPAR5;
CaSR; TRPA1;
TLRs

Proximal small
intestine

Activation of gallbladder
contraction and
stimulation of pancreatic
enzyme secretion

K cells, and
subtypes

GIP

GPR119, GPR120;
FFAR1

Proximal small
intestine

Stimulation of insulin
release

L cells, and
subtypes ‡

GLP-1, GLP-2, PYY,
oxyntomodulin
(5-HT)

T2Rs; T1R2–T1R3;
FFARs 1–3;
GPR119, LPAR5,
GPR120; CaSR

Distal small
intestine, colon

Stimulation of
carbohydrate uptake,
slowing of intestinal
transit, appetite regulation,
insulin release

P cells

Leptin

Nutrient receptors

Stomach

Principal Effects

Appetite regulation,
reduction of food intake

* ECL cells do not contact the lumen. ‡ Sweet taste receptor molecules have been identiﬁed within L cells and
enterochromafﬁn (EC) cells. Abbreviations: T1R, taste 1 receptor family; T2R, taste 2 receptor family; 5-HT, serotonin;
ECL, enterochromafﬁn-like; FFAR, free fatty acid receptor; TRP, transient receptor potential; TLR, Toll-like receptor;
FFA, free fatty acid; FFARs, free fatty acid receptors; GPR, G protein-coupled receptor; LPAR, lysophosphatidic
acid receptor; CaSR, calcium-sensing receptor; CCK, cholecystokinin; GIP, gastric inhibitory polypeptide; GLP,
glucagon-like peptide; PYY, peptide YY.

The function of the sweet taste receptor system in the gastrointestinal tract is likely involved
in nutrient sensing, glucose homeostasis, as well as secretion of GI peptides. The intestinal mucosa
is highly expressed with taste receptor proteins, including T1R2 and T1R3 [20]. The Na+ /glucose
cotransporter SGLT1 is the major route for transport of dietary sugars from the lumen of the intestine
into enterocytes. Dietary sugar and artiﬁcial sweeteners increased SGLT1 expression in wild-type
mice, but not in T1R3 or α-gustducin knockout mice [21]. Activation of sweet taste receptors on
enteroendocrine cells led to increased GLP-1 and glucagon-like insulinotropic peptide (GIP) release,
which in turn leads to upregulation of SGLT1 expression. Furthermore, there is a signiﬁcant decrease
in transcript levels of T1R2 following jejunal glucose perfusion in mice [22]. This suggests that sweet
taste receptors function as gut luminal nutrient sensors which helps to regulate glucose balance and
nutrient intake.
3.1. L Cells
Sweet taste receptors are expressed by L cells in the distal small intestine. L cells are distributed
throughout the GI tract, with greatest density in the ileum and colon [23]. It has long been known
that orally administered glucose triggers a much higher release of insulin compared with intravenous
injection of glucose. However, the mechanism was largely unknown until Jang et al. demonstrated
that human duodenal L cells express sweet taste receptors that act as glucose sensors in the gut [24].
Activation of L cells by glucose leads to release of hormones, including GLP-1 [25]. GLP-1 leads to
increased satiety signals, stimulates insulin release, suppresses glucagon secretion, and slows gastric
emptying [26,27]. Glucose-stimulated GLP-1 secretion (GSGS) is severely impaired in T1R3-knockout
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rodents but not in T1R2-knockout mice [28]. This suggests that T1R3 can mediate GSGS by itself in the
absence of the full sweet taste receptor heterodimer. Furthermore, SGLT-1-knockout mice show an
80% reduction in GSGS [29]. These data taken collectively suggest that T1R3 and SGLT1 interact in L
cells to produce GLP-1, which stimulates insulin production, regulates glucose absorption, and sends
satiety signals to the brain.
3.2. K Cells
K cells in the proximal intestine secrete glucagon-like insulinotropic peptide (GIP) in the presence
of glucose. GIP is released rapidly postprandially and leads to release of insulin as well as promotes
lipid storage in adipocytes [30]. This process is also SGLT1-dependent but it is not currently known
whether this process involves taste receptors.
3.3. Enterochromafﬁn Cells
Enterochromafﬁn (EC) cells are distributed throughout the GI tract; the EC cells secrete serotonin
(5-HT) to mediate changes in motility and secretion as well as in transduction of visceral stimuli [31].
Sweet taste molecules have been reported in EC cells. Animal studies indicate intestinal EC cells
express α-gustducin and T1R [32,33]. T1R3 and T2R have also been identiﬁed in human small intestinal
EC cells which release 5-HT in response to stimulation with sucralose [34]. This suggests that one
role for EC cells is nutrient sensing in the gut with subsequent release of 5-HT leading to a variety of
downstream effects.
4. Glucose-Sensing by Gut Endocrine Cells
Glucose in the intestinal lumen leads to the release of several regulatory peptides, including
the incretin hormones GIP, GLP-1, and GLP-2 as well as 5-HT [35,36]. Several different mechanisms
may be involved in glucose-sensing by gut enteroendocrine cells. Evidence suggests that glucose is
metabolized, leading to generation of ATP and the closing of KATP channels in the cell membrane,
a process that is similar to insulin release from the pancreatic β cell [37,38].
There is likely an additional mechanism of glucose-sensing in the gut, as GLP-1 is secreted in
response to non-metabolizable sugars. As described above, glucose and non-metabolizable sugars are
transported via SGLT-1. In addition to serving as glucose co-transporters, SGLT-1 and SGLT-3 may
also be involved in glucose-sensing with subsequent release of 5-HT and GLP-1 [39–41].
Taste receptors in the gut may also be responsible for glucose-sensing. Elements of the sweet
taste transduction pathway, including T1R2, T1R3, and α-gustducin are co-expressed in mouse and
human enteroendocrine cells [24,32,42,43]. T1Rs may also play a role in the upregulation of SGLT-1
and GLUT2 in the intestinal epithelium in response to glucose as well as in the regulation of GLP-1
secretion [21,24].
5. Neuroanatomy of Sweet Taste
Upon activation of sweet taste receptors, neural afferents of cranial nerves send gustatory
information to the rostral division of the nucleus tractus solitarius (rNTS) of the medulla (Figure 3) [44].
In rodents, ﬁbers then ascend ipsilaterally to the parabrachial nucleus (PBN) [45]. From the PBN, a
dorsal pathway projects to the parvicellular part of the ventroposteromedial nucleus of the thalamus
(VPMpc, the taste thalamic nucleus) and a ventral pathway to the amygdalar and lateral hypothalamic
areas. Thalamic afferents then project to the primary gustatory cortex, which is deﬁned as the VPMpc
cortical target located within the insular cortex [46]. In primates and humans, rNTS projections bypass
PBN and proceed directly to VPMpc [47].
Imaging studies have indicated that sweet, salty, bitter, and umami tastes activate distinct cortical
ﬁelds in the mammalian primary gustatory cortex and suggest the existence of a gustotopic map in
the brain [48]. A recent study demonstrated that direct activation of the cortical ﬁelds associated with
sweet and bitter tastes elicits speciﬁc behavioral responses in mice using two different tasks [49]. In the
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ﬁrst task, mice were placed into a two-chamber arena and a light stimulus was delivered to the relevant
cortical ﬁeld only when the animals entered a speciﬁc chamber. Mice expressing channelrhodopsin 2
(ChR2) in the sweet cortical ﬁeld showed a preference for the chamber associated with light stimulation.
Meanwhile, mice expressing ChR2 in the bitter cortical ﬁeld demonstrated avoidance of that chamber.
In the second task, mice were trained to lick from a water bottle on presentation of a cue. During
licking, a light stimulus was applied to the relevant cortical ﬁeld. Stimulation of the bitter cortical ﬁeld
in thirsty mice led to a marked reduction in licking. Conversely, light stimulation of the sweet cortical
ﬁeld led to an increase in licking. These ﬁndings demonstrate that activation of a speciﬁc taste cortical
ﬁeld can bring about speciﬁc behaviors that are characteristic of exposure to that taste.

Figure 3. Schematic representation of the taste circuitry. The gustatory system is represented by taste
cells in taste buds and their gustatory nerves. Corresponding to the gastrointestinal system, there
are two enteroendocrine cells (EEC), one that is open to the lumen releasing cholecystokinin (CCK)
and glucagon-like peptide 1 (GLP-1) in response to luminal nutrients and one that is closed. Vagal
ﬁbers are located underneath the GI mucosa in close contact with hormone secretions. The signals
from the gustatory system reach the rostral nucleus of the solitary tract whereas visceral impulses
terminate at the caudal nucleus of the solitary tract. From the nucleus of the solitary tract, gustatory and
visceral information projects to several brain regions including the amygdala, the hypothalamus, and
the ventral posterior nucleus of the thalamus. These regions are involved with ingestive motivation,
physiological reﬂexes, and energy homeostasis. Reproduced with permission from [50].

6. Central Regulation of Food Intake and Energy Balance
Nutrient sensing initially occurs in the GI tract. Signals via vagal afferent neurons are sent directly
to sympathetic neurons in hindbrain nuclei. These nuclei then project to forebrain areas such as the
hypothalamus [51]. The gut thus sends signals to the rest of the body, including the brain, about
current nutritional status by secreting hormones, such as ghrelin, GIP, PYY, CCK, and GLP-1, as well as
neurotransmitters, such as 5-HT, that are important regulators of glucose and energy homeostasis [52].
These signals are then processed in different brain nuclei, including the melanocortin system.
This system is composed of two peptide-expressing populations of neurons in the arcuate nucleus
(ARC) and their downstream targets. One set of ARC neurons express the precursor peptide
pro-opiomelanocortin (POMC), which is transformed into α-melanocyte-stimulating hormone and
serves as an agonist for melanocortin receptor 4 (MC4R). Activation of POMC neurons results in
anorexigenic effects, including decreased food intake and weight loss. The second set of neurons
express neuropeptide Y (NPY) and the MC4R antagonist/inverse agonist agouti-related protein
(AGRP). Activation of NPY-AGRP neurons results in increased food intake and weight gain [53,54].
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Downstream sites for both neurons are located in the hypothalamus, including the paraventricular
nucleus (PVN), ventromedial hypothalamus (VMH), and the lateral hypothalamic area [55].
The POMC and NPY-AGRP expressing neurons receive input from many different sources
(Figure 4). Insulin and leptin may act as adiposity signals, as plasma levels are directly proportional to
the amount of stored fuel in adipose tissue. Furthermore, insulin and leptin receptors are expressed
throughout the hypothalamus, including on POMC and NPY-AGRP neurons in the ARC [56–59].

Figure 4. (a) Multiple peripheral factors have been shown to modify food intake and energy expenditure
through direct effects on the central nervous system. Leptin, which likely acts on sweet taste receptor
cells, is the primary regulator of energy balance and food intake in the hypothalamus. (b) Evidence
suggests that melanocortin signaling regulates these physiological processes by means of distinct
projection patterns originating from pro-opiomelanocortin (POMC) neurons in the arcuate nucleus
(Arc). Sweet taste receptors likely act on neuropeptide Y (NPY) neurons in the hypothalamus to regulate
energy homeostasis. Ultimately, MC4 receptor (MC4R)-expressing neurons downstream of POMC
neurons act to suppress food intake and increase energy expenditure. Hypothalamic NPY/AgRP,
paraventricular nucleus of the hypothalamus (PVH) and VMH neurons, as well as hindbrain dorsal
vagal complex (DVC), parabrachial nucleus (PBN) and spinal cord intermediolateral cell column (IML)
neurons, also regulate or counter-regulate these activities. PP, pancreatic polypeptide; PYY, peptide YY;
3V, third ventricle. Adapted with permission from [60].

Sweet taste receptors also play a role in nutrient sensing in the hypothalamus similar to
mechanisms used in the periphery. Neurons containing T1R2 and T1R3 have been identiﬁed in
the CNS, including the hypothalamus. Recent data suggest that the majority of sweet taste receptor
activity occurs on non-POMC leptin-responding neurons in the hypothalamus [61].
7. Central Actions of Gut Hormones
7.1. Effect of Leptin
Leptin is an anorexigenic hormone that is primarily produced by adipocytes. Leptin is the primary
mediator in the hypothalamus that regulates energy balance and food intake [62]. Leptin acts on a
speciﬁc obese receptor (Ob-R) which is encoded by the db gene [63]. Ob-R is expressed in several
hypothalamic nuclei and leads to increased expression of POMC as well as simultaneous reduction of
NPY-AGRP expression [64,65]. Mutations in leptin (ob/ob) or its receptor (db/db) produce mice that
are hyperphagic and severely obese [66–68].
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7.2. Leptin and Sweet Taste in Mice
Leptin displays a sweet suppressive effect in studies with mutant mice containing a point mutation
of the db gene (db/db mice) that lack a functional leptin receptor (Ob-Rb) [69]. Chorda tympani nerve
responses to various taste stimuli were compared in db/db and lean control mice before and after
intraperitoneal (i.p.) injection of recombinant leptin. The chorda tympani (CT) nerve transmits taste
information from the anterior two-thirds of the tongue [64]. The db/db mice demonstrated greater CT
nerve responses to sweet compounds compared to lean control mice. However, after i.p. injection
of leptin, CT nerve responses to sweet substances were signiﬁcantly suppressed in control mice but
not in db/db mice. Other substances, such as NaCl, HCl, and quinine were not affected by leptin
administration, which suggests that leptin selectively affects sweet taste sensitivity.
Leptin’s target appears to be on sweet taste receptor cells. Studies using real-time polymerase
chain reaction (RT-PCR), in situ hybridization, and immunohistochemistry show that the functional
leptin receptor Ob-Rb is expressed on taste bud cells, with approximately 30–40% of T1R3 expressing
cells co-expressing Ob-Rb (unpublished data) [64]. Further studies show that application of leptin
to isolated taste cells leads to a reduction of cell excitability [69]. This suggests that leptin acting on
Ob-Rb may suppress sweet taste sensitivity by decreasing responsiveness of sweet taste cells.
7.3. Leptin and Sweet Taste in Humans
Plasma leptin levels show a diurnal variation in humans, with levels peaking around midnight
and lowest around noon to mid-afternoon [70]. A study of 91 non-obese subjects demonstrated a link
between plasma leptin levels and sweet taste sensitivity in humans [71]. Recognition thresholds for
sweet, salty, sour, bitter, and umami tastes were measured using different concentrations of sucrose,
glucose, saccharin Na, NaCl, citric acid, quinine HCl, and monosodium glutamate. The authors
demonstrated that recognition thresholds for sweet substances were tightly linked with circulating
leptin levels. This was not seen with other taste stimuli.
7.4. Effect of Endocannabinoids
Cannabinoids, such as Cannabis sativa (marijuana), have long been known to have an
appetite-stimulating effect. However, endogenous endocannabinoids, including anandamide (AEA)
and 2-arachidonoyl glycerol (2-AG), and their speciﬁc receptors, cannabinoid receptor type 1 (CB1)
and cannabinoid receptor 2 (CB2), were only discovered in the 1980s [72,73]. CB1 receptors, which
are located in the hypothalamus as well as peripherally, are likely involved in the orexigenic effects of
endocannabinoids [74,75]. Evidence of these effects are demonstrated by injection of endocannabinoids
in the hypothalamus which stimulates food intake while CB1 deletion in animal models leads to a lean
phenotype and resistance to diet-induced obesity [76,77].
The endocannabinoid system is normally tonically inactive and only becomes transiently activated
when needed. Leptin likely plays an important counter regulatory role. Genetically obese mice deﬁcient
in leptin (ob/ob) who were given a single i.p. injection of rimonabant, a CB1 receptor antagonist, showed
reduced food intake [76]. Subsequent experiments where ob/ob mice were then treated with leptin
demonstrated signiﬁcant decreases in levels of endocannabinoids in the hypothalamus, but not in
the cerebellum.
Recently, the relationship between endocannabinoids and leptin was further clariﬁed. Jo et al.
demonstrated that neurons containing melanin-concentrating hormone (MCH) in the hypothalamus
project to the mesolimbic ventral tegmental area [78]. Thus, the area of the brain controlling appetite
is linked to the region devoted to pleasure and reward. These MCH neurons are tonically inhibited
by γ-aminobutyric acid (GABA) and receive input from the endocannabinoid system as well as
leptin. When these MCH neurons are stimulated, it leads to an increase in intracellular calcium and
release of endocannabinoids. This subsequently leads to the activation of CB1 receptors on GABA
interneurons, which suppresses GABA release, increases excitability of MCH-containing neurons, and
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results in increased food intake. Conversely, when leptin receptors on MCH neurons are activated,
voltage-gated calcium channels are blocked, suppressing endocannabinoid release, and this leads to
an appetite-suppressing effect of leptin.
7.5. Sweet Enhancing Effect of Endocannabinoids
Endocannabinoids also likely enhance taste cell responses to sweeteners. Intraperitoneal
administration of endocannabinoids led to a dose-dependent increase in CT glossopharyngeal nerve
responses to sweeteners in mice [79]. This was not observed for salty, sour, bitter, or umami compounds
or in CB1 knockout mice. These effects were also blocked by administration of AM251, a CB1 receptor
antagonist, but not by AM630, a CB2 receptor antagonist. The authors further demonstrated by
immunohistochemistry that sweet taste cells expressing T1R3 also express CB1 receptors. These
ﬁndings suggest that endocannabinoids may enhance sweet taste response in sweet taste cells
expressing T1R3.
8. Conclusions
Sweet taste receptors and sweet taste molecules are involved in transduction of sweet taste in taste
buds. Furthermore, it is clear that sweet taste pathways are present in the gut and in the CNS, including
the appetite center in the hypothalamus. Accumulating data suggest that these pathways act as nutrient
sensors in the gut and the brain. They also serve to regulate energy balance, glucose homeostasis, and
food intake. Interactions between peripheral and central pathways are carefully regulated with input
from peripheral mediators, such as leptin, ghrelin, insulin, GLP-1, and endocannabinoids. Further
elucidation of these pathways may provide invaluable insight into the pathogenesis of common
diseases, including obesity and type 2 diabetes mellitus.
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Abstract: It has become increasingly clear that maternal nutrition can strongly inﬂuence the
susceptibility of adult offspring to cardiometabolic disease. For decades, it has been thought that
excessive intake of fructose, such as sugar-sweetened beverages and foods, has been linked to
increased risk of obesity, type 2 diabetes, and cardiovascular disease in various populations. These
deleterious effects of excess fructose consumption in adults are well researched, but limited data are
available on the long-term effects of high fructose exposure during gestation, lactation, and infancy.
This review aims to examine the evidence linking early life fructose exposure during critical periods
of development and its implications for long-term cardiometabolic health in offspring.
Keywords: early life; fructose; sugar-sweetened beverages; cardiometabolic health; offspring

1. Introduction
The prevalence of obesity and type 2 diabetes are increasing dramatically throughout the world,
now considered a pandemic non-communicable disease. In 2015, the International Diabetes Federation
estimated that 415 million people worldwide have diabetes, and the number will rise to 642 million by
2040, implying that one in eleven adults will have diabetes. Moreover, one in seven births is affected
by gestational diabetes [1]. As such, type 2 diabetes yields enormous tolls at individual, public health,
and economic levels.
In recent years, it has become increasingly clear that susceptibility to obesity and type 2 diabetes is
strongly inﬂuenced by exposure to an adverse early life development environment during pregnancy
and postnatal life. A combination of human epidemiology studies and rodent studies has clearly
established that maternal environment—especially nutrition during pregnancy and the postnatal
period—are critical factors inﬂuencing the development of cardiometabolic disease, such as obesity,
type 2 diabetes, and cardiovascular diseases in offspring [2–4]. Growing numbers of clinical and
animal studies suggest that maternal consumption of a diet high in fat and other potential nutrients
promotes obesity and increased metabolic risk in offspring. However, little is known about the effects
of fructose exposure during early life development.
2. An Overview of Fructose
2.1. Consumption of Fructose Is Increasing
Fructose, or fruit sugar, is a simple ketonic monosaccharide found in many plants. It is one of
the three dietary monosaccharides, and can be absorbed directly into the bloodstream. Fructose is
Nutrients 2016, 8, 685
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widely used commercially in foods and beverages, due to its low cost and high relative sweetness.
Fructose is the sweetest of all naturally-occurring carbohydrates; however, we rarely consume fructose
in isolation. The major source of fructose in the diet comes from fructose-containing sugars, such
as sucrose and high fructose corn syrup (HFCS) [5]. A national survey in the United States showed
that the mean intake of total fructose increased from 8.1% in 1978 to 9.1% in 2004 as a percentage of
total energy. It is important to note that this increase was greater in adolescents and young adults [6].
The intake of reﬁned sugar—particularly HFCS—has increased from a yearly estimate of 8.1 kg/person
at the beginning of the nineteenth century to a current estimate of 65 kg/person [7]. Sugar-sweetened
beverages (SSBs) are the greatest source of fructose-containing sugars in the diet, and the consumption
of SSBs shows a steady increase in both children and adults [8]. The National Health and Nutrition
Examination Survey showed that one-half of the population consumes SSBs on any given day, and
25% consumes at least 200 kcal in United States [9]. It is noticeable that fructose was primarily from
artiﬁcially sweetened beverages and SSBs, but not from naturally occurring fructose in fruits.
2.2. Adverse Metabolic Effects of Fructose
The consumption of fructose has become a hot topic, due to its multiple metabolic effects [10].
For decades, it has been thought that excessive intake of fructose from SSBs and foods has been linked
to increased risk of obesity, type 2 diabetes, and cardiovascular disease in various populations [11].
One large clinical study showed a close parallel between the rise in HFCS intake and the obesity and
diabetes epidemics in the United States [12]. Excess fructose consumption has been demonstrated to
be a risk factor of insulin resistance [13], elevated low-density lipoprotein cholesterol (LDL-c), and
triglycerides [14], leading to obesity, type 2 diabetes, and cardiovascular disease [15]. The Nurses’
Health Study cohort study showed that women consuming one or more sugar-sweetened soft drinks
per day had an 83% greater risk of developing type 2 diabetes mellitus over the course of eight years
compared with those who consumed less than one of these beverages per month [16]. It also indicated
that a higher level of SSB intake was found to increase the risk of developing nonfatal myocardial
infarction and fatal coronary heart disease, and women who consumed ≥2 SSBs per day had a 35%
greater risk of coronary heart disease, compared to infrequent consumers [17]. One recent meta-analysis
of nine prospective cohort studies with 308,420 participants, conducted in the USA, Japan, Sweden,
and Singapore found a greater risk of myocardial infarction and stroke with incremental increase
in the consumption of SSBs [18]. Therefore, widespread increase in dietary fructose consumption is
associated with the development of chronic cardiometabolic disorders.
3. Early Life Fructose Exposure and Long-Term Cardiometabolic Health
3.1. Implications of Human Studies
The deleterious effects of excess fructose consumption in adults are well researched, but limited
data are available on the long-term effects of high fructose exposure during gestation, lactation, and
infancy. More importantly, emerging research suggests that fructose consumption by both mothers
and their offspring during these stages of early life can lead to persistent metabolic dysfunction. It is
common sense that fresh fruit and vegetable intake during pregnancy has multiple beneﬁts to the
mothers and babies. One clinical cohort study of pregnant women conducted by the Norwegian
Institute of Public Health found that intakes of foods high in natural sugars (such as fresh and dried
fruits) are associated with decreased risk of preeclampsia [19,20]. However, because fructose was
mainly from artiﬁcially sweetened beverages and SSBs and not from natural fruit, most pregnant
women are exposed to the same artiﬁcially sweetened foods and beverages as the general non-pregnant
population. It reported that added sugar represents 14% of the energy intake in diets consumed by
pregnant women [21]. Little clinical research exists addressing the effect of excessive fructose during
pregnancy. One large prospective cohort study of 60,761 pregnant women showed that high intake of
both artiﬁcially sweetened beverages and SSBs during pregnancy were associated with increased risks
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of preterm delivery [22]. Therefore, high intake of fructose from artiﬁcially sweetened beverages and
SSBs will impact pregnancy outcomes.
3.2. Implications of Rodent Experiments
Some rodent experiments have also demonstrated that excessive fructose consumption during
early development can increase the incidence of metabolic disorders Studies in rats have shown
that the adult male offspring suckled by mothers consuming an iso-caloric fructose-rich diet during
lactation displayed increased body weight and food intake, enhanced leptinemia, and impaired insulin
sensitivity, with decreased hypothalamic ob-Rb gene expression and STAT-3 phosphorylation [23].
In rats, dams fed a high fructose (20%) solution during pregnancy and lactation displayed sex-speciﬁc
effects on placental growth and fetal and neonatal metabolic proﬁles [24]. Maternal fructose intake
signiﬁcantly elevated circulating plasma fructose and leptin levels in female fetuses. By postnatal day
10, both male and female neonates born to fructose-fed mothers showed high circulating fructose and
insulin levels, as well as increased leptin content [24]. Additional studies showed that dams with fed
100 g/L fructose ate more food and drank less water. Moreover, the offspring of fructose-fed dams
had almost double the fasting insulin levels at weaning compared with the offspring of glucose-fed
dams [25].
Further experiments revealed that a maternal 60% fructose diet led to increased serum
triglycerides, free fatty acids, and insulin in offspring at 23 weeks old. This was concomitant
with elevated increased expression of carnitine palmitoyltransferase (CPT1a) and acetyl-coenzyme A
carboxylase beta (ACC2), and decreased expression of peroxisome proliferatoractivated receptor-α
(PPARα) and PPAR-gamma coactivator 1-α (PGC1-α) [26]. A recent study showed that maternal
consumption of a high-fructose diet leads to the developmental programming of adverse
cardiometabolic health in offspring at 1 year of age, including obesity, hypertension, insulin resistance,
increased liver fat inﬁltrates, and visceral adipose tissue [27]. Another recent study found that male
offspring exposed to a maternal fructose-rich diet during pregnancy developed severe hyperglycemia,
hypertriglyceridemia, hyperleptinemia, and augmented adipose tissue mass with hypertrophic
adipocytes [28]. Gray et al. showed that excess fructose consumption before and during pregnancy
lead to a marked skew in the secondary sex ratio and reduced fertility, reﬂected as a 50% reduction in
preimplantation and term litter size [29]. They further found that increased fructose in the maternal
diet had lasting effects on offspring cardiovascular function, including hypertension, heart rate, and
relative non-dipping of nocturnal pressure that was sex-dependent and related to the offspring’s
stress–response axis. Up-regulation of vasoconstrictor, anti-natriuretic, or diminished vasodilatory
pathways may be causal [30]. Tain et al. found that maternal high-fructose diet caused increases in
blood pressure in the 12-week-old offspring, and melatonin therapy blunted the high-fructose-induced
programmed hypertension and increased nitric oxide level in the kidney [31]. They further showed
that aliskiren administration prevented high-fructose-induced programmed hypertension in both sexes
of adult offspring, which increased angiotensin-converting enzyme 2 and angiotensin (1–7) receptor
(MAS) protein levels in female kidneys [32]. Together, the above studies (summarized in Table 1)
suggest that excessive fructose exposure during fetal and early postnatal development increases the
susceptibility to hypertension, hypertriglyceridemia, insulin resistance, and possibly other metabolic
disturbances later in life.
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Sprague Dawley rats

60% fructose throughout pregnancy and lactation

12 weeks of age

12 weeks of age

9 to 14 weeks of age

At day 20 gestation

60 days

1 year old

14–23 weeks old

Postweaning day 5

Embryonic day 21 and
postnatal day 10

Between 49–60 days

Age

Increased expression of ACC2 and CPT1α,
and decreased expression of PPARα and
PGC1-α
Increased expression of PTP1B and JNK

Reduced adipocyte precursor cells number

Increased serum
triglycerides, free fatty
acids, and insulin
Hypertension, insulin
resistance, and obesity
Hyperglycemia,
hypertriglyceridemia,
and hyperleptinemia

Hypertension

Hypertension

Hypertension

Hsu et al. [32]

Tain et al. [31]
ACE and MAS

Gray et al. [30]
Nitric oxide and arachidonic acid
metabolites

Gray et al. [29]

Alzamendi et al. [28]

Saad et al. [27]

Ching et al. [26]

Rawana et al. [25]

Vickers et al. [24]

Alzamendi et al. [23]

Reference

Vasoconstrictor, anti-natriuretic,
or diminished vasodilatory pathways

Glycolyzable monosaccharide on the
maternal ovary and/or ovulated oocyte

Elevated phosphoenolpyruvate
carboxykinase

Hyperglycemia and
hyperinsulinemia

Growth, fertility, sex
ratio, and birth order

Placental fructose sensitivity and transfer:
glucose transporter 5 and IGF-1

Elevated circulating
plasma fructose, insulin,
and leptin levels

Potential Mechanism
Disrupted hypothalamic activity:
decreased hypothalamic ob-Rb gene
expression and STAT-3 phosphorylation

Metabolic Disorders
Increased body weight
and food intake,
enhanced leptinemia,
and impaired insulin
sensitivity

STAT-3: signal transducer and activator of transcription-3; IGF-1: insulin-like growth factors-1; ACC2: acetyl-coenzyme A carboxylase beta; CPT1a: carnitine palmitoyltransferase;
PPARα: peroxisome proliferatoractivated receptor-α; PGC1-α: PPAR-gamma coactivator 1-α; PTP1B: protein tyrosine phosphatase 1B; JNK: phosphorylation of c-Jun N-terminal
kinase; ACE: angiotensin-converting enzyme; MAS: angiotensin (1–7) receptor.

Sprague Dawley rats

Sprague Dawley rats

Maternal 10% fructose during pregnancy

60% fructose throughout pregnancy and lactation

C57BL/6J mouse

Maternal 10% fructose during pregnancy

Sprague Dawley rats

Sprague Dawley rats

Maternal 60% fructose throughout pregnancy
and lactation

Maternal 10% fructose before and during gestation
and through lactation

Sprague Dawley rats

Maternal 100 g/L fructose water during pregnancy

Sprague Dawley rats

Wistar rats

Maternal 20% of caloric intake from fructose from
day 1 of pregnancy until postnatal day 10

Maternal 10% fructose during before conception and
during the mating period

Sprague Dawley rats

Species

Maternal iso-caloric 10% fructose rich diet
during lactation

Fructose Exposure

Table 1. Summary of early life fructose exposure and cardiometabolic health in rodents.
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3.3. Potential Mechanisms of Early Life Fructose Exposure and Cardiometabolic Health
Gestation and early postnatal life is a critical time window that can affect the growth and
development of offspring. It is widely accepted that maternal and postnatal nutrition status is a
key determinant of offspring health. The Developmental Origins of Health and Disease (DOHaD)
hypothesis proposes that exposures during early life play a critical role in determining the risk
of developing metabolic diseases in adulthood, and is also known as the “fetal programming
hypothesis” [33]. Although little information is available about the mechanisms between early life
fructose exposure and cardiometabolic health, we speculate that “metabolic programming” is the
underlying mechanism, because it can link maternal nutrition and metabolic health in offspring.
Several potential points could explain the adverse effects of high fructose exposure during these
periods, which are summarized in Figure 1. First, fructose can bypass the main rate-limiting step
of glycolysis at the level of phosphofructokinase and provide lipogenic substrates for conversion to
fatty acids and triglycerides as well as transcription factors and enzymes involved in lipogenesis,
including acetyl-coenzyme A carboxylase and sterol regulatory element binding protein 1c; thus, it
can lead to increased hepatic de novo lipogenesis [5]. Second, a rodent study showed that a maternal
fructose-rich diet during lactation decreased hypothalamic sensitivity to exogenous leptin, enhanced
food intake, and decreased several anorexigenic signals (e.g., corticotropin-releasing hormone,
thyrotropin-releasing hormone, cocaine- and amphetamine-regulated transcript, proopiomelanocortin)
in offspring [23]. Third, fructose is transported passively across membranes by a member of the
facilitative glucose transporter (GLUT) family, named GLUT5 [34]. David et al. showed that GLUT5
expression and function in weaning and post-weaning rats can be markedly enhanced in vivo by
the consumption of high-fructose diets [35]. However, it is still unclear whether the impacts on the
offspring are the direct effects of fructose transfer through the placenta or the mother’s milk, or due to
adaptive responses to altered maternal metabolism. Thus, further studies are urgently warranted to
clarify the underlying mechanisms.

Figure 1. Early life fructose exposure and long-term cardiometabolic health.

4. Conclusions
In summary, pregnancy and early postnatal life are the critical periods of growth and development,
and are sensitive to the environment. One important point that should be taken into consideration
is that early life fructose exposure may determine the susceptibility of long-term metabolic diseases
in offspring. However, limited data suggest that the offspring would be protected from these
well-known adverse effects during early life. More intervention studies are necessary to explore
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the beneﬁcial measures. Moreover, little information is available regarding which period is more
critical to determine the risks of cardiometabolic diseases in offspring. Further investigations are
imperative to determine the effects of excess fructose consumption during critical periods of gestation,
lactation, and early postnatal period. The increasing rates of obesity, prediabetes, and diabetes in
individuals of reproductive age can initiate a vicious cycle, propagating risk to subsequent generations.
A better understanding of the role and mechanism of early life fructose exposure and metabolic health
can provide critical implications for the early prevention of obesity and type 2 diabetes, and ensure a
healthier future for subsequent generations.
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Abstract: Hypertension originates from early-life insults by so-called “developmental origins of
health and disease” (DOHaD). Studies performed in the previous few decades indicate that fructose
consumption is associated with an increase in hypertension rate. It is emerging ﬁeld that tends to
unfold the nutrient–gene interactions of maternal high-fructose (HF) intake on the offspring which
links renal programming to programmed hypertension. Reprogramming interventions counteract
disturbed nutrient–gene interactions induced by maternal HF intake and exert protective effects
against developmentally programmed hypertension. Here, we review the key themes on the effect of
maternal HF consumption on renal transcriptome changes and programmed hypertension. We have
particularly focused on the following areas: metabolic effects of fructose on hypertension and kidney
disease; effects of maternal HF consumption on hypertension development in adult offspring; effects
of maternal HF consumption on renal transcriptome changes; and application of reprogramming
interventions to prevent maternal HF consumption-induced programmed hypertension in animal
models. Provision of personalized nutrition is still a faraway goal. Therefore, there is an urgent need
to understand early-life nutrient–gene interactions and to develop effective reprogramming strategies
for treating hypertension and other HF consumption-related diseases.
Keywords: developmental programming; developmental origins of health and disease (DOHaD);
fructose; hypertension; kidney; next-generation sequencing; reprogramming; transcriptome

1. Introduction
Fructose consumption has grown over the past several decades and its growth has been paralleled
by an increase in hypertension [1–3]. Nutrition during pregnancy and lactation exerts long-term effects
on the health of offspring. Developmental origins of health and disease (DOHaD) is an emerging
branch of science that assesses the effects of these early insults on the health of offspring [4]. Adult-onset
hypertension develops from nutritional insults in early life [5]. Because the developing kidney is
particularly vulnerable to insults of programming in early life, renal programming plays an essential
role in the developmental programming of hypertension [6]. The DOHaD concept offers a novel
approach to prevent programmed hypertension through reprogramming [7].
This review provides an overview of maternal high-fructose (HF) consumption-induced gene–diet
interactions in the offspring kidneys that affect programmed hypertension, with an emphasis
on the following areas: metabolic effects of fructose on hypertension and the kidney; effects of
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maternal HF consumption on programmed hypertension; effects of maternal HF consumption on
renal transcriptome changes; and application of reprogramming interventions to prevent maternal
HF-induced programmed hypertension.
2. Metabolic Effects of Fructose on Renal Biology and Hypertension
Fructose is a monosaccharide naturally present in honey, fruits, and vegetables. In our body,
fructose is endogenously produced from glucose through aldose reductase pathway and is also
obtained through exogenous supply [8]. Because the food industry reﬁnes fructose and adds it
to various processed foods, our fructose consumption has increased dramatically in the past few
decades [2]. Most of our daily fructose comes from HF corn syrup and reﬁned sugar (e.g., table sugar).
Fructose is absorbed in the intestine through speciﬁc glucose transporters such as glucose transporter 5
(Glut 5) and Glut 2. The liver is the major site of fructose metabolism. Fructose is converted into
glucose, lactate, and fatty acids [8]. Fructose metabolism differs markedly from glucose metabolism
because these two sugars require different enzymes in the initial steps of metabolism. Fructose is
oxidized to CO2 and is then converted to lactate and glucose; moreover, fructose leads to ATP depletion
and uric acid production and does not induce insulin release [8].
Limited epidemiological data indicate that fructose exerts pressor effects, thus increasing blood
pressure (BP) [9,10]. Although human experimental studies have reported the acute effects of dietary
fructose on BP [11–13], its chronic effects have not been established to date. Moreover, although
the kidneys are particularly sensitive to the effects of fructose, only a few epidemiological studies
have examined the relationship between fructose consumption and renal disease [11]. Thus, human
studies have not yet established the direct cause-and-effect relationship between excessive fructose
consumption and hypertension and kidney disease. HF diets have been used to generate animal
models of hypertension and kidney disease [14–16]. Similar to the results of human studies [17,18],
results of animal studies indicate that rats fed HF diet develop various features of metabolic syndrome,
including hypertriglyceridemia, insulin resistance, obesity, hyperinsulinemia, and hypertension [16,19].
Adverse effects of fructose feeding depend on the amount and duration of fructose consumption.
Because rats express uricase (which degrades uric acid) and because they develop early phenotypes
after exposure to high fructose concentrations, most studies on rats have been performed using diets
containing 50%–60% fructose [16]. Although most studies on fructose-induced hypertension have
used fructose doses amounting to ~60% of the total energy requirement [16], evidence indicates
that 20% fructose diet signiﬁcantly increases BP in rats after 8 months [20]. Fructose induces renal
hypertrophy and tubulointerstitial disease in the rat kidneys [21]. Numerous pathways have been
proposed to induce fructose-induced hypertension, including oxidative stress, increased sodium
absorption, endothelial dysfunction, nitric oxide (NO) deﬁciency, renin-angiotensin system (RAS)
activation, and sympathetic nervous system stimulation [16,22]. Fructose increases the reabsorption
of salt and water in the kidneys; thus, a combination of fructose and salt exerts synergistic effect on
hypertension development [23].
3. Effect of Maternal Fructose Consumption on Programmed Hypertension
Although numerous studies have assessed the effect of fructose on adult metabolism, limited
studies have explored the effects of maternal fructose consumption on fetus and disease risk in
offspring. Thus far, only a limited number of human studies have shown an association between
excessive sweetened food and beverage consumption and poor pregnancy outcome [24]. Animal
studies have shown that fructose alone alters fetal and offspring metabolism [24]. However, several
animal studies have often used fructose as a part of diet along with sucrose, fat, and salt.
Several studies have shown that HF diet induces hypertension in adult rats, which have been
well reviewed elsewhere [16,22,25]. However, limited data are available at present on the effects of
maternal fructose consumption on the BP of adult offspring. Studies listed in Table 1 indicate that
consumption of HF alone or as a part of diet by rodent mothers induces programmed hypertension
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in adult offspring [26–33]. We found that adult offspring of mothers exposed to 60% HF diet during
pregnancy and lactation developed hypertension [26], which is consistent with the results of earlier
studies involving fructose-fed adult rats [16,19]. “Western diet” is characterized by the high intake
of high-sugar drinks, high-fat products, and excess salt. Therefore, it is important to consider the
potential interactions and programmed processes between fructose, fat, and salt. Animal studies
examining the combined effects of maternal fructose consumption and other key components of the
Western diet (e.g., high fat and high salt) have shown their synergistic effects on the elevation of BP in
adult offspring [29,30].
Table 1. Maternal high-fructose (HF) consumption exerts programming effects on blood pressure (BP)
in rodent models.

Types of Fructose Intake

Strain

Programming Effects

Age at Which the
Effects Were
Measured

References

10% w/v fructose plus 4% NaCl in
drinking water 28 days before
conception and throughout gestation
and lactation

Male Sprague–
Dawley rats

↑ systolic BP, ↑ mean arterial BP

At 9 weeks of age

[26]

60% HF diet throughout pregnancy
and lactation

Male Sprague–
Dawley rats

↑ systolic BP, ↑ mean arterial BP

At 12 weeks of age

[27–29]

60% HF diet throughout pregnancy
and lactation

Male and female
Sprague–
Dawley rats

↑ systolic BP

At 12 weeks of age

[30]

60% HF diet throughout pregnancy
and lactation plus 1% NaCl in
drinking water from weaning to 3
months of age

Male Sprague–
Dawley rats

↑ systolic BP, ↑ mean arterial BP;
postnatal high-salt aggravates
prenatal HF-induced
programmed hypertension

At 12 weeks of age

[31]

56.7% HF/high-fat diet throughout
pregnancy and lactation

Male Sprague–
Dawley rats

↑ mean arterial BP

At 16 weeks of age

[32]

10% w/v fructose in drinking water
throughout pregnancy and lactation

C57BL/6J mice

↑ mean arterial BP, obesity,
metabolic dysfunction

At 12 months of age

[33]

Studies have been tabulated according to the age at which the effects were measured.

In adult rats, HF intake for >8 weeks induces renal damage [16]. However, our recent data indicate
that rats receiving HF diet do not develop renal damage until 3 months of age. Unlike fructose-induced
uric acid generation that induces oxidative stress and NO deﬁciency in adult rats [14,16,22], maternal
HF consumption-induced programmed hypertension does not induce these abnormalities in adult
offspring [27]. These data suggest that mechanisms underlying maternal HF consumption-induced
programmed hypertension in offspring are different from those underlying fructose feeding-induced
programmed hypertension adult rats.
4. HF Consumption Induces Renal Transcriptome Changes
Notably, almost entire oral fructose consumed by pregnant mother rats is converted to glucose,
glycogen, fat, and lactate in the liver and is released into circulation [8]. Because fructose can be
transported across the human placenta [34] and because human placenta generates endogenous
fructose [35], it can be suggested that the key fetal programming process is driven by both fructose
and its metabolites. Nutrigenomics has been introduced to understand existing reciprocal interactions
between genes and nutrients [36]. Among different molecular nutrition approaches, transcriptomics
provides information on mechanisms and physiological signals of a particular diet at a molecular
level [36]. Recent advances in next-generation sequencing (NGS) allow us to monitor gene-diet
interactions at a genome-wide level. The nutrigenomics approach indicates that fructose consumption
leads to signiﬁcant transcriptome changes in the brain of rats [37]. However, only limited studies
have analyzed the transcriptome of the kidneys isolated from rodent models of maternal fructose
consumption. We performed NGS by using RNA isolated from a 1-day-old offspring to analyze
transcriptome changes in response to maternal HF consumption [28,38]. We found that in addition
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to genes associated with fructose metabolism, genes associated with other metabolic pathways
such as glycolysis/gluconeogenesis, fatty acid metabolism, and insulin signaling were differential
expressed (Table 2). Expression of genes encoding liver-type 6-phosphofructokinase (Pfkl), peroxisome
proliferator-activated receptor gamma coactivator 1-α (Ppargc1a), glucose transporter 1 (Slc2a1), insulin
receptor substrate 2 (Irs2), lactate dehydrogenase A (Ldha), and sterol regulatory element-binding
transcription factor 1 (Srebf1) was upregulated in the kidneys. We also examined major organs that
control BP, including the heart and brain, and observed that maternal HF consumption increased
the mRNA levels of Pfkl, hexokinase 2 (Hk2), 6-phosphofructo-2-kinase/fructose-2,6-biphosphatase 3
(Pfkfb3), suppressor of cytokine signaling 3 (Socs3), NFκB inhibitor α (Nfkbia), Ppargc1a, liver glycogen
phosphorylase (Pygl), and forkhead box protein O1 (Foxo1) in the heart. However, mRNA expression
of only Slc2a1 and short/branched chain speciﬁc acyl-CoA dehydrogenase (Acadsb) was upregulated,
whereas that of Socs3 was downregulated in the brain. Moreover, in contrast to the tightly regulated
glucose metabolism in the brain, insulin signaling was perturbed in the kidneys and heart. Thus,
our data suggest that different organs react differently to developmental programming, leading to
organ-speciﬁc transcriptional modiﬁcation of gene cascades.
Table 2. Changes in the expression of shared differential expressed genes (DEGs) associated with
fructose metabolism in the kidneys, brain, and heart of offspring exposed to maternal HF diet at 1 day
of age.
Gene ID

Symbol

Kidney

Brain

Heart

2.3
1.8
1.8

1.5
ND
ND

2.2
2.1
4.5

1.6
1.9
2.3
3.0
2.1

0.5
1.9
1.6
2.3
ND

3.9
3.5
2.7
ND
1.6

Pfkl
Hk2
Ldha

2.3
1.8
2.2

1.5
ND
ND

2.2
2.1
1.6

Acadsb

1.9

2.0

ND

Socs3
Ppargc1a
Pygl
Hk2
Irs2
Srebf1
Foxo1

1.6
2.3
1.9
1.8
2.1
2.1
1.8

0.5
1.6
ND
ND
ND
ND
ND

3.9
2.7
3.2
2.1
1.6
1.6
2.2

Fructose and mannose metabolism
ENSRNOG00000001214
ENSRNOG00000006116
ENSRNOG00000018911

Pfkl
Hk2
Pfkfb3

Adipocytokine signaling pathway
ENSRNOG00000002946
ENSRNOG00000007390
ENSRNOG00000004473
ENSRNOG00000007284
ENSRNOG00000023509

Socs3
Nfkbia
Ppargc1a
Slc2a1
Irs2

Glycolysis/Gluconeogenesis
ENSRNOG00000001214
ENSRNOG00000006116
ENSRNOG00000013009
Fatty acid metabolism
ENSRNOG00000020624
Insulin signaling pathway
ENSRNOG00000002946
ENSRNOG00000004473
ENSRNOG00000006388
ENSRNOG00000006116
ENSRNOG00000023509
ENSRNOG00000003463
ENSRNOG00000013397

Gene expression was quantiﬁed as reads per kilobase of exon per million mapped reads (RPKM). Genes that
changed by RPKM of >0.3 and ≥2-fold differences between HF vs. control. Signiﬁcant results are highlighted in
bold. ND, not detectable.

Our data showed that maternal HF consumption elicited different metabolic pathways in the
developing kidney and heart. A schematic representation of maternal HF consumption-induced
transcriptome changes in fructose metabolism, glycolysis/gluconeogenesis, fatty acid metabolism,
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and insulin signaling is shown in Figure 1. Fructose and related sugars, amino acids, and fatty acids
are important cellular nutrients. Speciﬁc nutrients function as signaling molecules that transmit and
translate dietary signals into changes in gene expression through appropriate sensing mechanisms
(also known as nutrient-sensing pathway) [39]. Transcription factors are the main agents through
which nutrients inﬂuence gene expression. Nuclear receptor superfamily of transcription factors is the
most important group of nutrient sensors. For example, peroxisome proliferator-activated receptors
(PPARs) interact with other nutrient-sensing signals to trigger renal programming and hypertension
in response to maternal nutritional insults [40]. Our NGS data suggest that the nutrient-sensing
pathway is crucial for the response of different organs of offspring to maternal HF consumption for
programming differential phenotypes of metabolic syndrome, including hypertension.

Figure 1. Schematic representation of changes in the expression of genes regulating glucose metabolism,
fatty acid metabolism, and insulin signaling in the kidneys of offspring exposed to maternal HF
diet. Solid lines with arrowheads indicate known signaling events and interactions between glucose
metabolism, fatty acid metabolism, and insulin signaling. Dashed lines with arrowheads denote
proposed mechanisms contributing to maternal HF consumption-induced programmed hypertension.
Solid square boxes indicate DEGs identiﬁed by next-generation sequencing (NGS).

Our NGS data identiﬁed 10 signiﬁcantly related Kyoto Encyclopedia of Genes and Genomes
(KEGG) pathways shared by 3 different developmental windows in the kidneys of offspring exposed
to maternal HF diet [28]. These KEGG pathways include complement and coagulation cascades;
PPAR signaling; hematopoietic cell lineage; circadian rhythm; fatty acid metabolism; valine, leucine
and isoleucine degradation; cell adhesion molecules; adipocytokine signaling pathway; arachidonic
acid metabolism; and butanoate metabolism. Of these, the complement and coagulation cascade
pathway is signiﬁcantly regulated by maternal HF consumption, which is consistent with the results
of a previous study involving a rat model of intrauterine growth retardation [41]. Arachidonic acid
metabolism is another signiﬁcant maternal HF consumption-related KEGG pathway. Arachidonic acid
is metabolized by cytochrome P450, cyclooxygenase, or lipoxygenase to prostaglandins and related
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compounds [42]. We recently reported that arachidonic acid metabolites are the key components
involved in hypertension development in various animal models [43].
In total, 20 DEGs in the kidneys of 1-day-old offspring exposed to maternal HF diet are associated
with BP regulation [24]. Of these, Adra2b, Bdkrb2, Col1a2, Hmox1, Ptgs2, and Tbxa2r are associated
with endothelium-derived hyperpolarizing factors (EDHFs). Because EDHFs play a crucial role in
maintaining maternal and fetal circulation, our data suggest that early-life fructose exposure prevents
interrelated EDHFs from adapting during nephrogenesis, leading to programmed hypertension
in later life. Furthermore, our NGS data suggest that nutrigenomics approach can identify renal
programming-associated genes and pathways that can be used as potential therapeutic targets for
prevent maternal HF consumption-induced programmed hypertension in adult offspring.
Epigenetic regulation may induce programmed hypertension [6,7]. We used a maternal HF
consumption model to analyze ﬁve groups of epigenetic regulators in the kidneys of 1-day-old
offspring. Of these, expression of seven genes, namely, Dnmt3l, Hdac9, Hdac11, Chd2, Brdt, Brwd1, and
Myst2, were found to be signiﬁcantly regulated [28]. However, additional nutrigenomics studies are
needed to determine whether fructose-induced epigenetic regulation, including DNA methylation,
histone acetylation, and microRNA interference, is involved in maternal HF consumption-induced
programmed hypertension.
5. Reprogramming Strategy to Prevent Maternal HF Consumption-Induced
Programmed Hypertension
Several intervention strategies, including taurine, arginine, resveratrol, grape-derived polyphenols,
sardine protein, vitamin E, and α-lipoic acid, have been used to prevent the adverse metabolic
effects of excess fructose consumption in adults [44]. However, none of these strategies has been
examined as a candidate reprogramming strategy for preventing maternal HF consumption-induced
programmed hypertension.
Our data suggest that programmed processes promoting maternal HF consumption-induced
programmed hypertension are different from those promoting fructose feeding-induced programmed
hypertension in adult rats. Different mechanisms have been proposed to induce programmed
hypertension, such as epigenetic regulation, glucocorticoid effects, RAS and sodium transporter
alterations, oxidative stress, and nephron number reduction; these mechanisms can serve as
potential targets for preventing maternal HF consumption-induced programmed hypertension [7,45].
The renal transcriptome is greatly altered in the adult offspring of various models of programmed
hypertension [39,40]. We prevented hypertension development in adult offspring exposed to maternal
HF diet by using three deprogramming approaches, namely, melatonin [27], soluble epoxide hydrolase
(SEH) inhibitor [28], and renin inhibitor aliskiren.
Most reprogramming strategies have focused on restoring the balance of NO and reactive oxygen
species (ROS) to prevent hypertension [7]. Melatonin is an endogenously produced indoleamine that
exerts pleiotropic effects, including antioxidant effects [46]. We observed that maternal melatonin
treatment prevented HF consumption-induced programmed hypertension and increased NO levels in
the offspring kidneys [27]. Thus, reprogramming strategies that restore the NO–ROS balance can be
applied in a broad range of prohypertensive developmental conditions.
Our NGS data indicate that the arachidonic acid metabolism pathway is involved in maternal
HF consumption-induced renal programming and programmed hypertension [27,28]. Analysis by
using two models of programmed hypertension indicated Ephx2 expression and SEH (encoded by
Ephx2) activity played a direct role in renal programming [43]. Our recent studies indicate that early
postnatal treatment targeting the arachidonic acid metabolism pathway by using an SEH inhibitor
12-(3-adamantan-1-yl-ureido)-dodecanoic acid (AUDA) ameliorates hypertension in both maternal HF
consumption-induced and prenatal dexamethasone-induced hypertension models [29,47]. Moreover,
AUDA is effective in reprogramming BP in female spontaneously hypertensive rats (SHRs) but not in
male SHRs [48]. Thus, reprogramming interventions for preventing hypertension may affect pathways
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that are common to nutrition and genetic models. However, it would be interesting to see whether
SEH inhibition also prevents programmed hypertension in other models of nutritional programming.
RAS plays an essential role in BP control and nephrogenesis. Blockade of RAS with an
angiotensin-converting enzyme inhibitor captopril, angiotensin receptor blocker losartan, or renin
inhibitor aliskiren in young offspring from age 2 to 4 weeks of various animal models of hypertension
counteracts programming effects [49–51]. We recently found that aliskiren administration during
early postnatal life prevented maternal HF consumption-induced programmed hypertension in adult
offspring of both the sexes [30]. We also observed that maternal HF consumption induced higher
changes in the renal transcriptome of female rats than in that of male rats at 1 week of age [29].
Because sex differences exist in experimental models and human studies of hypertension [52], future
studies should be aimed at identifying fundamental sex-speciﬁc mechanisms to provide a novel
reprogramming strategy for achieving maximal optimization in both the sexes.
6. Conclusions
Diet is a major environmental factor in gene–environment interactions underlying the DOHaD
concept. Maternal nutrition and its association with nutrient–gene interactions remains a challenging
area of research. Although results obtained using animal models indicate that maternal HF
consumption plays a role in the developmental programming of hypertension, early-life fructose–gene
interactions in humans might be more complex and multifactorial. However, results of animal
studies indicate that downstream pathways are largely reprogrammable irrespective of their upstream
stimuli. This is fortunate because identiﬁcation of upstream stimuli is often difﬁcult in humans with
programmed hypertension. Applications of newly developed high-throughput tools in nutrigenomics
will allow us to identify genes or metabolites that are altered during prehypertension and will help in
characterizing pathways regulated by dietary fructose. These tools can also help in developing early
diagnostic methods and effective reprogramming strategies for treating HF diet-related diseases such
as hypertension and metabolic syndrome. These new ﬁndings should be conﬁrmed in further studies
to develop personalized nutrition for health promotion and disease prevention.
Acknowledgments: This work was supported by a Grant MOST 104-2314-B-182-056-MY3 from the Ministry of
Science and Technology, Taiwan, and Grants CMRPG8D0271 and CMRPG8F0021 from Chang Gung Memorial
Hospital, Kaohsiung, Taiwan.
Author Contributions: You-Lin Tain: concept generation, data interpretation, manuscript drafting, critical
manuscript revision, and article approval; Julie Y. H. Chan: concept generation, data interpretation, manuscript
drafting, critical manuscript revision, and article approval; Chien-Ning Hsu: concept generation, data
interpretation, critical manuscript revision, and article approval.
Conﬂicts of Interest: The authors declare no conﬂict of interest.

References
1.

2.
3.
4.
5.
6.

Johnson, R.J.; Segal, M.S.; Sautin, Y.; Nakagawa, T.; Feig, D.I.; Kang, D.H.; Gersch, M.S.; Benner, S.;
Sánchez-Lozada, L.G. Potential role of sugar (fructose) in the epidemic of hypertension, obesity and the
metabolic syndrome, diabetes, kidney disease, and cardiovascular disease. Am. J. Clin. Nutr. 2007, 86,
899–906. [PubMed]
Marriott, B.P.; Cole, N.; Lee, E. National estimates of dietary fructose intake increased from 1977 to 2004 in
the United States. J. Nutr. 2009, 139, 1228S–1235S. [CrossRef] [PubMed]
Egan, B.M.; Zhao, Y.; Axon, R.N. US trends in prevalence, awareness, treatment, and control of hypertension,
1988–2008. JAMA 2010, 303, 2043–2050. [CrossRef] [PubMed]
Haugen, A.C.; Schug, T.T.; Collman, G.; Heindel, J.J. Evolution of DOHaD: The impact of environmental
health sciences. J. Dev. Orig. Health Dis. 2015, 6, 55–64. [CrossRef] [PubMed]
Bagby, S.P. Maternal nutrition, low nephron number, and hypertension in later life: Pathways of nutritional
programming. J. Nutr. 2007, 137, 1066–1072. [PubMed]
Kett, M.M.; Denton, K.M. Renal programming: Cause for concern? Am. J. Physiol. Regul. Integr. Comp. Physiol.
2011, 300, R791–R803. [CrossRef] [PubMed]
91

Nutrients 2016, 8, 757

7.
8.
9.

10.

11.

12.

13.

14.
15.
16.
17.

18.

19.
20.

21.

22.
23.
24.
25.

Tain, Y.L.; Joles, J.A. Reprogramming: A preventive strategy in hypertension focusing on the kidney. Int. J.
Mol. Sci. 2015, 17, E23. [CrossRef] [PubMed]
Tappy, L.; Lê, K.A. Metabolic effects of fructose and the worldwide increase in obesity. Physiol. Rev. 2010, 90,
23–46. [CrossRef] [PubMed]
Chen, L.; Caballero, B.; Mitchell, D.C.; Loria, C.; Lin, P.H.; Champagne, C.M.; Elmer, P.J.; Ard, J.D.; Batch, B.C.;
Anderson, C.A.; et al. Reducing consumption of sugar-sweetened beverages is associated with reduced
blood pressure: A prospective study among United States adults. Circulation 2010, 121, 2398–2406. [CrossRef]
[PubMed]
Brown, I.J.; Stamler, J.; van Horn, L.; Robertson, C.E.; Chan, Q.; Dyer, A.R.; Huang, C.C.; Rodriguez, B.L.;
Zhao, L.; Daviglus, M.L.; et al. Sugar-sweetened beverage, sugar intake of individuals, and their blood
pressure: International study of macro/micronutrients and blood pressure. Hypertension 2011, 57, 695–701.
[CrossRef] [PubMed]
Brown, C.M.; Dulloo, A.G.; Yepuri, G.; Montani, J.P. Fructose ingestion acutely elevates blood pressure in
healthy young humans. Am. J. Physiol. Regul. Integr. Comp. Physiol. 2008, 294, R730–R737. [CrossRef]
[PubMed]
Perez-Pozo, S.E.; Schold, J.; Nakagawa, T.; Sánchez-Lozada, L.G.; Johnson, R.J.; Lillo, J.L. Excessive fructose
intake induces the features of metabolic syndrome in healthy adult men: Role of uric acid in the hypertensive
response. Int. J. Obes. 2010, 34, 454–461. [CrossRef] [PubMed]
Le, M.T.; Frye, R.F.; Rivard, C.J.; Cheng, J.; McFann, K.K.; Segal, M.S.; Johnson, R.J.; Johnson, J.A. Effects
of high-fructose corn syrup and sucrose on the pharmacokinetics of fructose and acute metabolic and
hemodynamic responses in healthy subjects. Metabolism 2012, 61, 641–651. [CrossRef] [PubMed]
Johnson, R.J.; Sanchez-Lozada, L.G.; Nakagawa, T. The effect of fructose on renal biology and disease. J. Am.
Soc. Nephrol. 2010, 21, 2036–2039. [CrossRef] [PubMed]
Karalius, V.P.; Shoham, D.A. Dietary sugar and artiﬁcial sweetener intake and chronic kidney disease:
A review. Adv. Chronic Kidney Dis. 2013, 20, 157–164. [CrossRef] [PubMed]
Tran, L.T.; Yuen, V.G.; McNeill, J.H. The fructose-fed rat: A review on the mechanisms of fructose-induced
insulin resistance and hypertension. Mol. Cell Biochem. 2009, 332, 145–159. [CrossRef] [PubMed]
Kelishadi, R.; Mansourian, M.; Heidari-Beni, M. Association of fructose consumption and components of
metabolic syndrome in human studies: A systematic review and meta-analysis. Nutrition 2014, 30, 503–510.
[CrossRef] [PubMed]
Jayalath, V.H.; de Souza, R.J.; Ha, V.; Mirrahimi, A.; Blanco-Mejia, S.; Di Buono, M.; Jenkins, A.L.; Leiter, L.A.;
Wolever, T.M.; Beyene, J.; et al. Sugar-sweetened beverage consumption and incident hypertension:
A systematic review and meta-analysis of prospective cohorts. Am. J. Clin. Nutr. 2015, 102, 914–921.
[CrossRef] [PubMed]
Toop, C.R.; Gentili, S. Fructose beverage consumption induces a metabolic syndrome phenotype in the rat:
A systematic review and meta-analysis. Nutrients 2016, 8, E577. [CrossRef] [PubMed]
Glushakova, O.; Kosugi, T.; Roncal, C.; Mu, W.; Heinig, M.; Cirillo, P.; Sánchez-Lozada, L.G.; Johnson, R.J.;
Nakagawa, T. Fructose induces the inﬂammatory molecule ICAM-1 in endothelial cells. J. Am. Soc. Nephrol.
2008, 19, 1712–1720. [CrossRef] [PubMed]
Sánchez-Lozada, L.G.; Tapia, E.; Jiménez, A.; Bautista, P.; Cristóbal, M.; Nepomuceno, T.; Soto, V.;
Avila-Casado, C.; Nakagawa, T.; Johnson, R.J.; et al. Fructose-induced metabolic syndrome is associated
with glomerular hypertension and renal microvascular damage in rats. Am. J. Physiol. Ren. Physiol. 2007, 292,
F423–F429. [CrossRef] [PubMed]
Klein, A.V.; Kiat, H. The mechanisms underlying fructose-induced hypertension: A review. J. Hypertens.
2015, 33, 912–920. [CrossRef] [PubMed]
Madero, M.; Perez-Pozo, S.E.; Jalal, D.; Johnson, R.J.; Sánchez-Lozada, L.G. Dietary fructose and hypertension.
Curr. Hypertens. Rep. 2011, 13, 29–35. [CrossRef] [PubMed]
Regnault, T.R.; Gentili, S.; Sarr, O.; Toop, C.R.; Sloboda, D.M. Fructose, pregnancy and later life impacts.
Clin. Exp. Pharmacol. Physiol. 2013, 40, 824–837. [CrossRef] [PubMed]
Dornas, W.C.; de Lima, W.G.; Pedrosa, M.L.; Silva, M.E. Health implications of high-fructose intake and
current research. Adv. Nutr. 2015, 6, 729–737. [CrossRef] [PubMed]

92

Nutrients 2016, 8, 757

26.

27.

28.
29.

30.

31.

32.
33.

34.
35.
36.

37.

38.

39.
40.
41.

42.
43.
44.

45.

Gray, C.; Gardiner, S.M.; Elmes, M.; Gardner, D.S. Excess maternal salt or fructose intake programmes
sex-speciﬁc, stress- and fructose-sensitive hypertension in the offspring. Br. J. Nutr. 2016, 115, 594–604.
[CrossRef] [PubMed]
Tain, Y.L.; Leu, S.; Wu, K.L.; Lee, W.C.; Chan, J.Y. Melatonin prevents maternal fructose intake-induced
programmed hypertension in the offspring: Roles of nitric oxide and arachidonic acid metabolites.
J. Pineal Res. 2014, 57, 80–89. [CrossRef] [PubMed]
Tain, Y.L.; Wu, K.L.; Lee, W.C.; Leu, S.; Chan, J.Y. Maternal fructose-intake-induced renal programming in
adult male offspring. J. Nutr. Biochem. 2015, 26, 642–650. [CrossRef] [PubMed]
Tain, Y.L.; Lee, W.C.; Wu, K.L.; Leu, S.; Chan, J.Y. Targeting arachidonic acid pathway to prevent programmed
hypertension in maternal fructose-fed male adult rat offspring. J. Nutr. Biochem. 2016, 38, 86–92. [CrossRef]
[PubMed]
Hsu, C.N.; Wu, K.L.; Lee, W.C.; Leu, S.; Chan, J.Y.; Tain, Y.L. Aliskiren administration during early
postnatal life sex-speciﬁcally alleviates hypertension programmed by maternal high fructose consumption.
Front. Physiol. 2016, 7, 299. [CrossRef] [PubMed]
Yamada-Obara, N.; Yamagishi, S.I.; Taguchi, K.; Kaida, Y.; Yokoro, M.; Nakayama, Y.; Ando, R.; Asanuma, K.;
Matsui, T.; Ueda, S.; et al. Maternal exposure to high-fat and high-fructose diet evokes hypoadiponectinemia
and kidney injury in rat offspring. Clin. Exp. Nephrol. 2016, in press. [CrossRef] [PubMed]
Tain, Y.L.; Lee, W.C.; Leu, S.; Wu, K.; Chan, J. High salt exacerbates programmed hypertension in maternal
fructose-fed male offspring. Nutr. Metab. Cardiovasc. Dis. 2015, 25, 1146–1151. [CrossRef] [PubMed]
Saad, A.F.; Dickerson, J.; Kechichian, T.B.; Yin, H.; Gamble, P.; Salazar, A.; Patrikeev, I.; Motamedi, M.;
Saade, G.R.; Costantine, M.M. High-fructose diet in pregnancy leads to fetal programming of hypertension,
insulin resistance, and obesity in adult offspring. Am. J. Obstet. Gynecol. 2016, 215, e1–e6. [CrossRef]
[PubMed]
Holmberg, N.G.; Kaplan, B.; Karvonen, M.J.; Lind, J.; Malm, M. Permeability of human placenta to glucose,
fructose, and xylose. Acta Physiol. Scand. 1956, 36, 291–299. [CrossRef] [PubMed]
Hagerman, D.D.; Roux, J.; Villee, C.A. Studies of the mechanism of fructose production by human placenta.
J. Physiol. 1959, 146, 98–104. [CrossRef] [PubMed]
Norheim, F.; Gjelstad, I.M.; Hjorth, M.; Vinknes, K.J.; Langleite, T.M.; Holen, T.; Jensen, J.; Dalen, K.T.;
Karlsen, A.S.; Kielland, A.; et al. Molecular nutrition research: The modern way of performing nutritional
science. Nutrients 2012, 4, 1898–1944. [CrossRef] [PubMed]
Meng, Q.; Ying, Z.; Noble, E.; Zhao, Y.; Agrawal, R.; Mikhail, A.; Zhuang, Y.; Tyagi, E.; Zhang, Q.; Lee, J.H.;
et al. Systems nutrigenomics reveals brain gene networks linking metabolic and brain disorders. EBioMedicine
2016, 7, 157–166. [CrossRef] [PubMed]
Chao, Y.M.; Tain, Y.L.; Leu, S.; Wu, K.L.; Lee, W.C.; Chan, J.Y. Developmental programming of the metabolic
syndrome: Next-generation sequencing analysis of transcriptome expression in a rat model of maternal high
fructose intake. Sheng Li Xue Bao 2016, 68, 557–567. [PubMed]
Efeyan, A.; Comb, W.C.; Sabatini, D.M. Nutrient-sensing mechanisms and pathways. Nature 2015, 517,
302–310. [CrossRef] [PubMed]
Tain, Y.L.; Hsu, C.N.; Chan, J.Y. PPARs link early life nutritional insults to later programmed hypertension
and metabolic syndrome. Int. J. Mol. Sci. 2015, 17, E20. [CrossRef] [PubMed]
Buffat, C.; Boubred, F.; Mondon, F.; Chelbi, S.T.; Feuerstein, J.M.; Lelièvre-Pégorier, M.; Vaiman, D.;
Simeoni, U. Kidney gene expression analysis in a rat model of intrauterine growth restriction reveals
massive alterations of coagulation genes. Endocrinology 2007, 148, 5549–5557. [CrossRef] [PubMed]
Campbell, W.B.; Falck, J.R. Arachidonic acid metabolites as endothelium-derived hyperpolarizing factors.
Hypertension 2007, 49, 590–596. [CrossRef] [PubMed]
Tain, Y.L.; Huang, L.T.; Chan, J.Y.; Lee, C.T. Transcriptome analysis in rat kidneys: Importance of genes
involved in programmed hypertension. Int. J. Mol. Sci. 2015, 16, 4744–4758. [CrossRef] [PubMed]
Sloboda, D.M.; Li, M.; Patel, R.; Clayton, Z.E.; Yap, C.; Vickers, M.H. Early life exposure to fructose
and offspring phenotype: Implications for long term metabolic homeostasis. J. Obes. 2014, 2014, 203474.
[CrossRef] [PubMed]
Paixão, A.D.; Alexander, B.T. How the kidney is impacted by the perinatal maternal environment to develop
hypertension. Biol. Reprod. 2013, 89, 1–10. [CrossRef] [PubMed]

93

Nutrients 2016, 8, 757

46.
47.

48.

49.

50.
51.

52.

Tain, Y.L.; Huang, L.T.; Chan, J.Y. Transcriptional regulation of programmed hypertension by melatonin:
An epigenetic perspective. Int. J. Mol. Sci. 2014, 15, 18484–18495. [CrossRef] [PubMed]
Lu, P.C.; Sheen, J.M.; Yu, H.R.; Lin, Y.J.; Chen, C.C.; Tiao, M.M.; Tsai, C.C.; Huang, L.T.; Tain, Y.L. Early
postnatal treatment with soluble epoxide hydrolase inhibitor or 15-deoxy-Δ(12,14)-prostagandin J2 prevents
prenatal dexamethasone and postnatal high saturated fat diet induced programmed hypertension in adult
rat offspring. Prostaglandins Other Lipid Mediat. 2016, 124, 1–8. [CrossRef] [PubMed]
Koeners, M.P.; Wesseling, S.; Ulu, A.; Sepúlveda, R.L.; Morisseau, C.; Braam, B.; Hammock, B.D.; Joles, J.A.
Soluble epoxide hydrolase in the generation and maintenance of high blood pressure in spontaneously
hypertensive rats. Am. J. Physiol. Endocrinol. Metab. 2011, 300, E691–E698. [CrossRef] [PubMed]
Sherman, R.C.; Langley-Evans, S.C. Early administration of angiotensin-converting enzyme inhibitor
captopril, prevents the development of hypertension programmed by intrauterine exposure to a maternal
low-protein diet in the rat. Clin. Sci. 1998, 94, 373–381. [CrossRef] [PubMed]
Sherman, R.C.; Langley-Evans, S.C. Antihypertensive treatment in early postnatal life modulates prenatal
dietary inﬂuences upon blood pressure in the rat. Clin. Sci. 2000, 98, 269–275. [CrossRef] [PubMed]
Hsu, C.N.; Lee, C.T.; Huang, L.T.; Tain, Y.L. Aliskiren in early postnatal life prevents hypertension and
reduces asymmetric dimethylarginine in offspring exposed to maternal caloric restriction. J. Renin Angiotensin
Aldosterone Syst. 2015, 16, 506–513. [CrossRef] [PubMed]
Sandberg, K.; Ji, H. Sex differences in primary hypertension. Biol. Sex Differ. 2012, 3, 7. [CrossRef] [PubMed]
© 2016 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

94

nutrients
Article

High Dietary Fructose Intake on Cardiovascular
Disease Related Parameters in Growing Rats
SooYeon Yoo 1 , Hyejin Ahn 1 and Yoo Kyoung Park 1,2, *
1
2

*

Department of Medical Nutrition, Kyung Hee University, 1732 Deogyeong-daero, Giheung-gu,
Yongin 17104, Korea; sooyeon928@hanmail.net (S.Y.Y.); hjahn@khu.ac.kr (H.A.)
Research Institute of Medical Nutrition, Kyung Hee University, 26, Kyungheedae-ro, Dongdaemun-gu,
Seoul 02447, Korea
Correspondence: ypark@khu.ac.kr; Tel.: +82-31-201-3816; Fax: +82-31-203-3816

Received: 29 October 2016; Accepted: 15 December 2016; Published: 26 December 2016

Abstract: The objective of this study was to determine the effects of a high-fructose diet
on cardiovascular disease (CVD)-related parameters in growing rats. Three-week-old female
Sprague Dawley rats were randomly assigned to four experimental groups; a regular diet group
(RD: fed regular diet based on AIN-93G, n = 8), a high-fructose diet group (30Frc: fed regular diet
with 30% fructose, n = 8), a high-fat diet group (45Fat: fed regular diet with 45 kcal% fat, n = 8) or a
high fructose with high-fat diet group (30Frc + 45Fat, fed diet 30% fructose with 45 kcal% fat, n = 8).
After an eight-week treatment period, the body weight, total-fat weight, serum glucose, insulin, lipid
proﬁles and pro-inﬂammatory cytokines, abdominal aortic wall thickness, and expressions of eNOS
and ET-1 mRNA were analyzed. The result showed that total-fat weight was higher in the 30Frc,
45Fat, and 30Frc + 45Fat groups compared to the RD group (p < 0.05). Serum triglyceride (TG) levels
were highest in the 30Frc group than the other groups (p < 0.05). The abdominal aorta of 30Frc, 45Fat,
and 30Frc + 45Fat groups had higher wall thickness than the RD group (p < 0.05). Abdominal aortic
eNOS mRNA level was decreased in 30Frc, 45Fat, and 30Frc + 45Fat groups compared to the RD
group (p < 0.05), and also 45Fat and 30Frc + 45Fat groups had decreased mRNA expression of eNOS
compared to the 30Frc group (p < 0.05). ET-1 mRNA level was higher in 30Frc, 45Fat, and 30Frc + 45Fat
groups than the RD group (p < 0.05). Both high fructose consumption and high fat consumption in
growing rats had similar negative effects on CVD-related parameters.
Keywords: high fructose diet; cardiovascular disease (CVD); growing rat

1. Introduction
Sugar-sweetened beverages and processed foods are the main source of fructose [1]. According to
The Korea National Health and Nutrition Examination Survey (KNHNES) [2], consumption of beverage
products increased 3.7 folds from 1998 (45.5 ± 2.0 g) to 2014 (167.4 ± 5.2 g). Based on data collected
from a 2010 study from The Korea Health Industry Development Institute (KHIDI) [3], consumption
of sugar-sweetened beverages and processed foods in adolescents were higher than in the adult group.
Recently, a considerable volume of research was performed in both animals and humans dedicated
to clarify the link between dietary fructose and health risk markers such as obesity and cardiovascular
disease. Consumption of sugar-sweetened beverages has a positive correlation with body weight
gain [4,5] in human, and in animals [6–8]. Bocarsly et al. [9] reported that rats fed with water
containing high fructose corn syrup for eight weeks had increased body weight and body fat,
and Crescenzo et al. [10] showed signiﬁcant increases in body fat in rats that consumed fructose
for eight weeks, with no signiﬁcant difference in body weight. These observations are particularly
important because accumulation of body fats leads to an increase of pro-inﬂammatory cytokines
(TNF-α, IL-6, PAI-1) [11].
Nutrients 2017, 9, 11
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In addition, a high fructose diet is known to lead hypertension and insulin resistance in
animals [12,13]. Insulin resistance has been proposed as an underlying mechanism that links
endothelial dysfunction factors such as endothelial nitric oxide synthase (eNOS) and Endothelin-1
(ET-1) [14]. Also, chronic exposure of dyslipidemia has a major effect on cardiovascular disease
(CVD) [15]. De Castro et al. [16] reported that rats fed with a high fructose diet had signiﬁcantly
increased levels of in serum total-cholesterol and triglyceride. These changes are signiﬁcantly
associated with an increased incidence of cardiovascular disease [17].
Changes of CVD-related parameters in childhood is correlated with development into CVD
which affects CVD risks later in life [18]. Although high-fructose affects CVD-related parameters in
adult human and animals, these effects have not been investigated in adolescent or growing animals.
Therefore, this study investigates the effects of a high-fructose diet and compares the results with a
high-fat diet on CVD-related parameters in growing rats.
2. Materials and Methods
2.1. Experimental Design and Diet
The experimental protocol was approved by the Animal Care Use Review Committee of Kyung
Hee University (IACUC, protocol number: KHP-2014-01-1). Three-week-old female Sprague-Dawley
rats (n = 32) were provided by SLC, Inc. (Shizuoka, Japan). Rats were housed individually in
polycarbonate cages in temperature-controlled rooms (22 ± 2 ◦ C) with a relative humidity of 55% ± 5%,
and a 12-h light/dark cycle. The rats were fed a pellet chow diet, and given water ad libitum for
an adaptation period of 10 days. All rats were weighed weekly, and food intake was measured
daily. After a 10-day adaption period, animals were randomized selected into the four different
groups: regular diet group (RD) (n = 8) rats were fed an AIN-93G (D10012G, Research Diets Inc.,
New Brunswick, NJ, USA) diet, high fructose diet group (30Frc) (n = 8) rats were fed a 30% fructose
(D14010101, Research Diets Inc.) diet, high fat diet group (45Fat) (n = 8) rats were fed a 45 kcal%
fat as soy bean oil and lard (D14010102, Research Diets Inc.) diet, and high fat diet with high
fructose diet group (30Frc + 45Fat) (n = 8) rats were fed a diet with 30% fructose and 45 kcal% fat
(D14010103, Research Diets Inc.). All animals were maintained on these diets ad libitum for eight
weeks. Composition of experimental diets is shown in Table 1.
Table 1. Ingredient composition of experimental diets.
RD

30Frc

45Fat

30Frc + 45Fat

%

g

kcal

g

kcal

g

kcal

g

kcal

Protein
Carbohydrate
Fat
Total
kcal/gm

20
64
7

20
64
16
100

20
64
7

20
64
16
100

24
41
24

20
35
45
100

24
41
24

20
35
45
100

4.0

Ingredient

g

kcal

g

kcal

g

kcal

g

kcal

Casein, 80 Mesh
L -Cystine
Corn Starch
Maltodextrin 10
Sucrose
Fructose
Cellulose
Soybean Oil
t-Butylhydroquinone
Lard
Mineral Mix
Vitamin Mix
Choline Bitartrate
Total

200
3
397.5
132
100
0
50
70
0.014
0
35
10
2.5
1000

800
12
1590
528
400
0
0
630
0
0
0
40
0
4000

200
3
229.5
100
0
300
50
70
0.014
0
35
10
2.5
1000

800
12
918
400
0
1200
0
630
0
0
0
40
0
4000

200
3
137
100
100
0
50
26
0.014
174
35
10
2.5
837.5

800
12
548
400
400
0
0
234
0
1566
0
40
0
4000

200
3
0
37
0
300
50
26
0.014
174
35
10
2.5
837.5

800
12
0
148
0
1200
0
234
0
1566
0
40
0
4000

4.0

4.8

4.8

RD: rats received a regular diet based on AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet
based on regular diet (4.0 kcal/g diet); 45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat:
rats received a 45 kcal% fat -diet with 30% fructose (4.8 kcal/g diet).
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2.2. Body Weight, Food Consumption, and Fat Mass
Body weights and food consumption were measured weekly and daily, respectively.
The food efﬁciency ratio (FER) was calculated using the following formula: (weight gain
(g)/week)/(food consumed (kcal)/week). At the end of the eight-week experimental period, total fat
was removed and weighed immediately after killing. The total fat was measured by combining the
weight of subcutaneous fat and visceral fat.
2.3. Analysis of Blood Parameters
Blood was collected at the end of experiment, following a 12-h overnight fast. Rats were
anesthetized with a small amount of ethyl ether, and blood samples were taken by heart puncture.
Blood samples were immediately collected into serum-separating tubes (SST) and were centrifuged
at 3000 rpm for 15 min at 4 ◦ C. Serum was stored at −70 ◦ C until used in assays. Serum triglyceride
(TG), Total cholesterol (T-Chol), HDL-cholesterol (HDL-C), and glucose levels were determined using
commercial kits (Asan Co. Ltd., Seoul, Korea). Atherogenic Index (AI) was calculated using the
following formula: AI = (total cholesterol − HDL-cholesterol)/HDL-cholesterol. Serum Insulin
concentrations were determined using an ELISA rat/mouse insulin kit (ALPCO Diagnostics, Salem,
NH, USA). Insulin resistance was calculated by a homeostasis assessment model (HOMA-IR) and
calculated from fasting insulin and glucose concentration according to the formula: (fasting insulin
(ng/mL) × fasting glucose (mg/dL))/22.5. Quantitative insulin sensitivity check index (QUICKI) was
also calculated using the following formula: QUICKI = 1/(log fasting insulin (mg/dL) + log fasting
glucose(mg/dL)). Pro-inﬂammatory cytokines (TNF-α, IL-6, and PAI-1) were measured in duplicate
using Milipore’s MILLIPLEX rat CVD cytokine panel (Millipore, Billerica, MA, USA).
2.4. Analysis of Abdominal Aorta
Abdominal aorta samples were obtained after rats were sacriﬁced at the end of
experiment. The abdominal aortas were ﬁxed in a 4% formalin solution, followed by sequential
dehydration (70% ethanol, 100% ethanol, and acetone), xylene clearance, and parafﬁn embedding.
The parafﬁn-embedded aortas were cut into 5-micron slices with a microtome (820 II; Reichert-Jung,
Bensheim, Germany). Then the sliced aortas were stained with Harris hematoxylin and eosinY
(H & E). Wall thickness and lumen diameter of abdominal aortas were determined on ﬁve isotropic
uniform random sections per animal at a magniﬁcation of 500:1 and phase contrast. All sections were
photographed using a microscope (model Axiovert S100, Zeiss, Oberkochen, Germany) connected to a
camera (model AxioCam, Zeiss) and MetaMorph software (Molecular Devices, Sunnyvale, CA, USA).
Wall thickness and lumen diameter were determined as the mean of the minimal and maximal value.
2.5. Quantitative Real-Time Polymerase Chain Reaction (PCR)
Total RNA was extracted from abdominal aorta using an RNeasy mini kit (Qiagen, Gaithersburg,
MD, USA) according to the manufacturer’s instructions. Real-time quantitative PCR was
performed using an Applied Bio-systems (Applied Bio-systems, Foster City, CA, USA); 1 μL
with 100 nM of each primer (forward and reverse) reaction consisted of 10 μL of the SYBR
Green Super-mix (iQ SYBR Green Super-mix, Bio-Rad Laboratories Inc. Hercules, CA, USA),
according to the manufacturer’s instructions. Thermal cycling was initiated by denaturation
at 95 ◦ C for 10 min, followed by 40 cycles of 95 ◦ C for 15 s and 60 ◦ C for 30 s, then an
annealing step was performed at adequate temperature in function of the primers and 72 ◦ C
for 30 s for extension. After the ﬁnal cycle, melting curves were monitored from 55 to 65 ◦ C
(0.05 ◦ C/s). The primer sequences were: rat eNOS, 5 -CAACAAACCGAGGCAATCTTC-3 (forward),
5 -CCCGGCCAGCGTAGCT-3 (reverse), and rat ET-1, 5 -TGGACATCATCTGGGTCAACA-3
(forward), 5 -GCTTAGACCTAGAAGGGCTTCCTAGT-3 (reverse), and rat glyceraldehyde
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3 -phosphate dehydrogenase (GAPDH), 5 -TGGCCTCCAAGGAGTAAGAAAC-3 (forward),
5 -GGCCTCTCTCTTGCTCTCAGTATC-3 (reverse). The detected genes were eNOS and ET-1.
2.6. Statistical Analysis
All measurements were performed in duplicate, and statistical calculations were performed with
Statistical Package for the social Sciences (SPSS, version 20.0, IBM Corp., Armonk, NY, USA) software.
All data were presented as mean ± SD. Differences in measured parameters among the experimental
groups were analyzed by the one-way ANOVA and Duncan’s multiple range tests. The respective
effects of operation and diet were analyzed by two-way ANOVA. The differences were considered to
be signiﬁcant when the p value was less than 0.05.
3. Results
3.1. Body Weights, Food Intakes, Calorie Intakes, and Food Efﬁciency Ratios
The effect of the diet on body weight, body weight gain, food intake, calorie intake, and food
efﬁciency ratio is shown in Table 2.
Table 2. Body weights, food intakes, calorie intakes, and food efﬁciency ratio.

Initial body weight (g)
Final body weight (g)
Weight gain (g)
Food intake (g/day)
Calorie intake (kcal/day)
Food efﬁciency ratio

RD
(n = 8)

30Frc
(n = 8)

45Fat
(n = 8)

30Frc + 45Fat
(n = 8)

74.6 ± 2.6
251.3 ± 9.6 b
177.2 ± 9.8 b
12.5 ± 0.8 a
49.8 ± 2.9
0.05 ± 0.00

74.9 ± 5.0
263.3 ± 15.0 a,b
188.0 ± 13.4 a,b
13.2 ± 0.9 a
52.4 ± 4.4
0.05 ± 0.00

74.5 ± 4.71
278.1 ± 22.1 a
204.3 ± 22.6 a
11.3 ± 0.9 b
53.8 ± 4.6
0.05 ± 0.01

74.4 ± 4.1
277.2 ± 16.6 a
201.9 ± 17.7 a
11.5 ± 0.8 b
54.7 ± 4.7
0.05 ± 0.00

All values are presented as means ± standard deviation (SD). RD: rats received a regular diet based on
AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet);
45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet with
30% fructose (4.8 kcal/g diet); Food efﬁciency ratio = (weight gain (g)/week)/(food consumed (kcal)/week).
Statistical differences between the experimental groups were based on one-way ANOVA and Duncan’s multiple
range tests at p < 0.05. Means with different alphabetical superscripts are signiﬁcantly different (p < 0.05).

The initial body weights were not signiﬁcantly different among the experimental groups.
Feeding of high fat diet groups (45Fat, 30Frc + 45Fat) resulted in a signiﬁcantly higher body weight
than the RD and 45Fat groups (278.1 ± 22.1 g, 277.2 ± 16.6 g vs. 251.3 ± 9.6 g, 263.3 ± 15.0 g, p < 0.05).
The food intake was signiﬁcantly higher in the RD (12.5 ± 0.8 g/day) and 30Frc (13.2 ± 1.0 g/day)
groups compared to that of 45Fat (11.3 ± 0.9 g/day) and 30Frc + 45Fat (11.5 ± 0.8 g/day) groups
(p < 0.05). However, total calorie intakes and food efﬁciency ratios were not signiﬁcantly different
among the experimental groups. Total calorie was calculated from food intake (g) × calorie
density (kcal/g).
3.2. Total-Fat Weights
The total-fat weights of the experimental groups are shown in Figure 1.
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Figure 1. Total-fat weight in the experimental groups. RD: rats received a regular diet based on
AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet);
45Fat: rats a received 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet
with 30% fructose (4.8 kcal/g diet). Statistical differences between the experimental groups were based
on one-way ANOVA and Duncan’s multiple range tests at p < 0.05. Means with different alphabetical
letters are signiﬁcantly different (p < 0.05).

The average total-fat weights were 15.2 ± 3.6, 22.2 ± 3.8, 25.1 ± 3.5, and 25.0 ± 2.4 g in the RD,
30Frc, 45Fat, and 30Frc + 45Fat groups. The total-fat weights were signiﬁcantly higher in 30Frc, 45Fat,
and 30Frc + 45Fat groups than the RD group (p < 0.05).
3.3. Serum Levels of Glucose and Insulin, HOMA-IR, and QUICKI
The blood glucose and insulin levels, HOMA-IR, and QUICKI are shown in Table 3. The serum
glucose and insulin levels did not differ among the experimental groups. Also, no differences were
observed in HOMA-IR and QUICKI among groups.
Table 3. Serum levels of glucose and insulin.

Glucose (mg/dL)
Insulin (ng/mL)
HOMA-IR
QUICKI

RD
(n = 8)

30Frc
(n = 8)

45Fat
(n = 8)

30Frc + 45Fat
(n = 8)

143.6 ± 10.3
1.2 ± 1.4
8.1 ± 9.1
0.5 ± 0.07

142.0 ± 9.2
2.2 ± 1.7
12.7 ± 11.7
0.4 ± 0.07

141.4 ± 14.9
0.9± 0.3
5.9± 2.4
0.5± 0.05

136.6 ± 15.8
1.3 ± 0.9
8.3 ± 6.2
0.5 ± 0.07

All values are presented as means ± standard deviation (SD). RD: rats received a regular diet based on
AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet);
45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet with
30% fructose (4.8 kcal/g diet), HOMA-IR: homoeostasis model assessment of insulin resistance was calculated
by (fasting insulin (ng/mL); QUICKI: 1/(log(fasting insulin ng/mL) + log(fasting glucose mg/dL)) × fasting
glucose (mg/dL))/22.5. There were no signiﬁcant differences among groups according to ANOVA and Duncan’s
multiple range tests.

3.4. Serum Levels of Lipid Proﬁles
The serum lipid proﬁle levels are shown in Table 4. Serum Total-C, HDL-C, and atherogenic
index were not different among groups. However, the serum TG levels in the 30Frc group
(108.6 ± 25.2 mg/dL) were signiﬁcantly higher than the RD, 45Fat, and 30Frc + 45Fat groups
(71.4 ± 19.8, 88.6 ± 26.9, and 93.9 ± 24.1 mg/dL, respectively) (p < 0.05).
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Table 4. Serum levels of lipid proﬁles.

TG (mg/dL)
Total-C (mg/dL)
HDL-C (mg/dL)
AI

RD
(n = 8)

30Frc
(n = 8)

45Fat
(n = 8)

30Frc + 45Fat
(n = 8)

71.4 ± 19.8 b
107.9 ± 19.7
98.1 ± 12.4
0.09 ± 0.07

108.6 ± 25.2 a
114.6 ± 17.5
103.8 ± 10.9
0.10 ± 0.05

88.6 ± 26.9 a,b
97.8 ± 15.4
92.1 ± 13.4
0.06 ± 0.03

93.9 ± 24.1 a,b
96.3 ± 18.4
91.8 ± 14.7
0.05 ± 0.05

All values are presented as means ± standard deviation (SD). RD: rats received a regular diet based on
AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet);
45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet
with 30% fructose (4.8 kcal/g diet); TG: Triglyceride; Total-C: Total cholesterol; AI: Atherogenic index
= (total cholesterol − HDL-cholesterol)/HDL-cholesterol. Statistical difference between the experimental
groups were based on one-way ANOVA and Duncan’s multiple range tests at p < 0.05. Means with different
alphabetical superscripts are signiﬁcantly different (p < 0.05).

3.5. Serum Levels of Pro-Inﬂammatory Cytokines
The serum pro-inﬂammatory cytokines levels are shown in Table 5. The mean levels of serum
pro-inﬂammatory cytokines levels (TNF-α, IL-6, PAI-1) did not differ among the experimental groups.
Table 5. Serum levels of pro-inﬂammatory cytokines.

TNF-α (pg/mL)
IL-6 (pg/mL)
PAI-1 (pg/mL)

RD
(n = 8)

30Frc
(n = 8)

45Fat
(n = 8)

30Frc + 45Fat
(n = 8)

55.1 ± 4.9
11.6 ± 4.2
100.8 ± 13.3

51.5 ± 5.5
18.2 ± 11.6
101.5 ± 9.4

47.0 ± 4.8
12.6 ± 4.0
96.0 ± 4.8

48.3 ± 10.9
15.5 ± 8.3
99.4 ± 20.5

All values are presented as means ± standard deviation (SD). RD: rats received a regular diet based on AIN-93G
(4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet); 45Fat: rats
received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet with 30% fructose
(4.8 kcal/g diet); TNF-α: Tumor Necrosis α; IL-6: Interleukin-6; PAI-1: Plasminogen activator inhibitor-1.
There were no signiﬁcant differences among groups according to ANOVA and Duncan’s multiple range tests.

3.6. Analysis of Abdominal Aorta Wall Thickness and Lumen Diameter
The abdominal aorta wall thickness and lumen diameter are shown in Table 6 and Figure 2.
The aorta wall thickness was signiﬁcantly increased in 30Frc, 45Fat, and 30Frc + 45Fat groups
(23.6 ± 0.9 μm, 23.7 ± 2.8 μm, and 22.5 ± 2.2 μm, respectively, p < 0.05) than the RD group
(18.5 ± 0.5 μm). The lumen diameter was not different among the groups. The wall thickness:lumen
ratio was increased in 30Frc, 45Fat and 30Frc + 45Fat groups (0.096 ± 0.001 μm, 0.098 ± 0.014 μm,
and 0.085 ± 0.005 μm, respectively, p < 0.05) than the RD group (0.061 ± 0.009 μm).
Table 6. Abdominal aorta wall thickness and lumen diameter.
RD
(n = 8)

30Frc
(n = 8)

45Fat
(n = 8)

30Frc + 45Fat
(n = 8)

Wall thickness (μm)

18.5 ± 0.5 b

23.6 ± 0.9 a

23.7 ± 2.8 a

22.5 ± 2.2 a

Lumen diameter (μm)

306.8 ± 54.4

Wall thickness/
Lumen ratio (μm/μm)

0.061 ± 0.009

248.4 ± 25.1
b

0.096 ± 0.001

243.9 ± 29.4
a

0.098 ± 0.014

266.9 ± 29.0
a

0.085 ± 0.005 a

All values are presented as means ± standard deviation (SD). RD: rats received a regular diet based on AIN-93G
(4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet); 45Fat: rats
received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet with 30% fructose
(4.8 kcal/g diet). Statistical differences between the experimental groups were based on one-way ANOVA
and Duncan’s multiple range tests at p < 0.05. Means with different alphabetical superscripts are signiﬁcantly
different (p < 0.05).
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Figure 2. Abdominal aortic wall thickness and lumen diameter taken at eight weeks, pertaining to
the respective groups (A) RD; (B) 30Frc; (C) 45Fat; (D) 30Frc + 45Fat. Hematoxylin and eosin (H & E)
stained abdominal aorta × 500. Magniﬁcation bars 50 μm. RD: rats received a regular diet based on
AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet (4.0 kcal/g diet);
45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet
with 30% fructose (4.8 kcal/g diet).

3.7. Abdominal Aortic eNOS and ET-1 mRNA Expression Measured by qRTPC
The abdominal aortic eNOS and ET-1 mRNA expression of the experimental groups are shown
in Figures 3 and 4. The aortic eNOS mRNA expression was signiﬁcantly decreased in 45Fat and
30Frc + 45Fat groups (0.3 ± 0.06 and 0.4 ± 0.07, respectively, p < 0.05) compared to the RD and 30Frc
groups (1.0 ± 0.00 and 0.7 ± 0.05, respectively). Also, for the 30Frc group that was fed the high fructose
diet constantly, the aortic eNOS mRNA expression was signiﬁcantly decreased compared to the RD
group (p < 0.05). The aortic ET-1 mRNA expression of the 30Frc + 45Fat group was the highest among
the four groups (10.3 ± 1.8 vs. 1.0 ± 0.4, 3.3 ± 0.3, and 7.4 ± 0.7, respectively, for the RD, 30Frc,
and 45Fat groups, p < 0.05).

ȱ
Figure 3. Aortic eNOS mRNA expression measured by quantitative real-time polymerase chain reaction
(qRTPCR). RD: rats received a regular diet based on AIN-93G (4.0 kcal/g diet); 30Frc: rats received
a 30% fructose-diet based on control-diet (4.0 kcal/g diet); 45Fat: rats received a 45 kcal% fat-diet
(4.8 kcal/g diet); 30Frc + 45Fat: rats received a 45 kcal% fat-diet with 30% fructose (4.8 kcal/g diet).
Statistical differences between the experimental groups were based on one-way ANOVA and Duncan’s
multiple range tests at p < 0.05. Means with different alphabetical letters are signiﬁcantly different
(p < 0.05).
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Figure 4. Aortic ET-1 mRNA expression measured by qRTPCR. RD: rats received a regular diet
based on AIN-93G (4.0 kcal/g diet); 30Frc: rats received a 30% fructose-diet based on control-diet
(4.0 kcal/g diet); 45Fat: rats received a 45 kcal% fat-diet (4.8 kcal/g diet); 30Frc + 45Fat: rats received a
45 kcal% fat-diet with 30% fructose (4.8 kcal/g diet). Statistical differences between the experimental
groups were based on one-way ANOVA and Duncan’s multiple range tests at p < 0.05. Means with
different alphabetical letters are signiﬁcantly different (p < 0.05).

4. Discussion
The purpose of this study was to determine the effects of a high-fructose diet on cardiovascular
disease (CVD)-related parameters in growing rats.
It was known that rats fed high-fat diets increased body weight and body fat [19,20]. The present
study showed that the consumption of a high-fat diet (45Fat, 30Frc + 45Fat) in growing rats
signiﬁcantly increased body weight and body fat compared to regular diet and high-fructose diet
groups. The high-fructose diet did not affect the body weight, whereas it signiﬁcantly increased the
weight of body fat compared to the regular diet fed group. The previous study reported that rats fed
with the high-fructose diet (60%) for 10 weeks increased body weight [7]. However, Crescenzo et al. [10]
showed increased white adipose tissue (WAT) in rats fed fructose (60%), despite no difference in body
weight gain. An increase in body weight alone does not necessarily indicate obesity, it has to be
considered along with other factors, such as changes in body composition [21]. The increase in body
fat reﬂected the obesogenic property. This suggests that obesity can be induced by high-fructose diet,
as well as high-fat diet.
Dyslipidemia, especially hypertriglyceridemia and insulin resistance are major factors associated
with CVD in rats fed a high-fructose diet (60%) [22,23]. Our data showed that the 30Frc group
had signiﬁcantly increased serum TG levels compared to the other groups. In the liver, fructose is
divided into glyceraldehyde and dihydroxyacetone phosphate, ultimately becoming triglyceride [24].
Therefore, exposure to high fructose levels to rapidly increased levels of triglyceride synthesis.
We consider that excessive fructose consumption can lead to dyslipidemia and obesity; these changes
are caused CVD.
Insulin resistance is closely linked to dyslipimenia [25]. Many previous studies have reported
that the high-fructose diet can induce hyperglycemia (35%, 66%) [26,27]. However, this study showed
no difference in serum glucose and insulin levels. The previous study suggested that although
fructose does not appear to acutely increase insulin levels, chronic exposure seems to indirectly
cause insulin resistance and obesity through other mechanisms, such as GLUT5 fructose transporters
and inﬂammation [28]. Iida et al. [29] reported that rats fed 40% fructose for eight weeks displayed
no difference in serum insulin levels. Another study showed that rats fed with 66% fructose for
two weeks increased plasma TG, even though there was no change in plasma glucose, insulin, and body
weight [30]. Increased triglyceride levels in response to high-fructose diet could have resulted in insulin
resistance by reducing the insulin signaling pathway [27]. Our data, together with the previously
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established literature showed, suggest that chronic exposure to a high-fructose diet can result in
hypertriglycemia, and that this change could cause insulin resistance.
Enlarged body fat induces the expression of pro-inﬂammatory cytokines [11]. A previous study
reported that a high fructose diet can increase hepatic mRNA expression of TNF-α, IL-6, and the weight
of epididymal fat pads in rats [31]. However, the present study had shown that rats fed a high-fructose
diet signiﬁcantly increased the total body fat, but the serum pro-inﬂammatory cytokines (TNF-α, IL-6,
PAI-1) did not change in between groups. Chronic inﬂammation is an important pathogenic factor
in the development of CVD [32,33]. Large amounts of markers for inﬂammatory cytokines can be
released from the adipose tissue [34]. Yudkin et al. [35] reported that adipose tissue can also synthesize
pro-inﬂammatory cytokines such as TNF-α and IL-6. In this way, increased body fat itself promotes
inﬂammation. According to this hypothesis, high fructose consumption leads to increased body fat
and obesity, which can cause changes to inﬂammatory cytokines. In the present study we showed
that rats fed a high-fructose diet signiﬁcantly increased their total-fat weight, although the serum
pro-inﬂammatory cytokines did not change.
Changes in the aorta wall thickness is signiﬁcantly associated with serum lipid proﬁles and
hypertension, which begins in childhood and may develop into cardiovascular disease [35–38].
According to a previous study, the tunica intima-media layer was increased in the high-fructose
diet group [31]. Autopsy studies have reported that the ﬁrst atherosclerotic lesions actually begin to
develop in the abdominal aorta [39]. Therefore, we chose the abdominal aorta to conduct the present
experiment. In the present study we showed that the abdominal aorta of high-fructose diet and high
fat diet rats were thicker in comparison to the regular diet group. We consider that high-fructose
consumption as well as high-fat consumption, can have a signiﬁcant effect on abdominal aorta wall
thickness in the growing rats. These early changes can possibly lead to endothelial dysfunction.
Endothelial dysfunction is a systemic disorder in the pathogenesis of atherosclerosis [40],
which plays an important role in hypertension [41] and CVD [42]. The endothelium maintains the
balance between vasoconstriction and vasodilation, but when this balance is disrupted, endothelial
dysfunction occurs which can be lead to CVD [43]. A major vasodilator NO is synthesized by nitric
oxide synthases [44]. Endothelial dysfunction may occur as a result of decreased eNOS activity
or reduced bioavailability of NO [14]. The endothelium also produces vasoconstrictors, such as
endothelin and angiotension II. Endothelin is the most potent endogenous vasoconstrictor [43].
As such, in this study, we analyzed vasodilator eNOS and vasoconstrictor ET-1. A previous study
showed that NO synthesis inhibited rats had elevated blood pressure [45]. Endemann et al. [14]
reported that the eNOS activity of rats fed high-fructose diet decreased in the aorta. In the present
study, mRNA expression of eNOS in the abdominal aorta in 45Fat and 30Frc + 45Fat groups was
signiﬁcantly decreased in comparison to those of the other groups. Additionally, the 30Frc group had
signiﬁcantly decreased mRNA expression of eNOS compared to the RD group. ET-1 is an important
vasoconstrictor produced by endothelial cells that contributes to enhanced blood pressure [43,46].
A previous study reported that rats fed a high-fructose diet for nine weeks had increased ET-1
levels [47]. Similarly, our study showed that the abdominal aortic ET-1 mRNA expression in 30Frc,
45Fat, and 30Frc + 45Fat groups were signiﬁcantly higher than the RD group. Our data, together
with the previously established literature, suggest that high-fructose diet, as well as the high-fat diet,
negatively affected endothelium-derived relaxing and contracting factors. These changes are important
factors for the development of hypertension and vascular dysfunction.
5. Conclusions
Collectively, the high-fructose diets increased the total-fat weight and serum TG levels in
growing rats. Additionally, it had negative effects on abdominal aortic thickness and eNOS,
ET-1 mRNA expression.
The strength of our study is that we fed 30% fructose-diets to the animals. Numerous animal
studies have used extreme doses of ~60% fructose, which, as White [48] suggested, show results that
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are not physiological, and likely cause abnormal metabolism, and therefore cannot be depended on to
assess human risk. In the present study we were able to show that 30% fructose can induce total-fat
weight gain, increase aorta wall thickness, and affect eNOS and ET-1 mRNA expression, which are
related to CVD risk factors. One potential limitation in the present study was that the sample size was
small, which may lessen the signiﬁcance of the results.
In conclusion, we conﬁrmed high fructose consumption, as well as high fat consumption,
in growing rats had negative effects on CVD-related parameters, such as total-fat weight, serum TG,
aorta wall thickness, and eNOS, ET-1 mRNA expression of abdominal aorta.
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Abstract: Dietary sugars have been shown to promote excess adiposity among children and adults;
however, no study has examined fructose in human milk and its effects on body composition during
infancy. Twenty-ﬁve mother–infant dyads attended clinical visits to the Oklahoma Health Sciences
Center at 1 and 6 months of infant age. Infants were exclusively breastfed for 6 months and sugars
in breast milk (i.e., fructose, glucose, lactose) were measured by Liquid chromatography-mass
spectrometry (LC-MS/MS) and glucose oxidase. Infant body composition was assessed using
dual-energy X-ray absorptiometry at 1 and 6 months. Multiple linear regression was used to examine
associations between breast milk sugars and infant body composition at 6 months of age. Fructose,
glucose, and lactose were present in breast milk and stable across visits (means = 6.7 μg/mL,
255.2 μg/mL, and 7.6 g/dL, respectively). Despite its very low concentration, fructose was the
only sugar signiﬁcantly associated with infant body composition. A 1-μg/mL higher breast milk
fructose was associated with a 257 g higher body weight (p = 0.02), 170 g higher lean mass (p = 0.01),
131 g higher fat mass (p = 0.05), and 5 g higher bone mineral content (p = 0.03). In conclusion,
fructose is detectable in human breast milk and is positively associated with all components of body
composition at 6 months of age.
Keywords: breastfeeding; breast milk; maternal programming; added sugars; fructose

1. Introduction
Added sugar is an established risk factor for obesity as well as related metabolic diseases including
type 2 diabetes, cardiovascular disease and non-alcoholic fatty liver [1–5]. Fructose appears to be at least
partially responsible for this detrimental relationship, as fructose metabolism is unregulated [6,7] and
fructose has been linked to greater adiposity and metabolic disturbances compared to other sugars that
appear to be especially important during critical periods of growth and development [8]. While many
studies have examined the impact of fructose and other sugars on body weight in childhood,
few studies have examined the impact of early exposures to these sugars during infancy [9,10].
One of the most direct routes by which infants may be exposed to fructose and other sugars is
through breastfeeding. During the ﬁrst six months of life, many infants obtain their nourishment
predominately if not exclusively from breast milk, which contains a variety of macronutrients and other
relevant factors (e.g., cytokines, appetite hormones) [11–13]. While this exclusive breastfeeding period
would appear to preclude any access to fructose exposure in early-life, studies have shown that the
composition of breast milk is shaped by the maternal diet [14,15]. Therefore, breast milk may contain
Nutrients 2017, 9, 146
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varying levels of maternal dietary macronutrients that have the potential to contribute to childhood
obesity and future metabolic disease risk [16–19]. For instance, in infants born to mothers diagnosed
with gestational diabetes (GDM), consuming greater volumes of ‘diabetic’ milk in the ﬁrst week of
life has been found to be associated with a 2-fold increased risk of being overweight at age 2 [20].
This effect is attributed, in part, to the higher levels of glucose and insulin observed in the breast milk of
mothers with GDM [21,22]. Breast milk concentrations of glucose and insulin have also been found to
positively predict adiposity in infants born to non-diabetic mothers [12]. Recent research suggests that
even non-nutritive carbohydrates found in breast milk (i.e., human milk oligosaccharides) have the
potential to contribute to infant growth and body composition in infancy [23]. Together, these studies
highlight the need to better understand the composition of breast milk and whether macronutrient
composition affects infant growth and development.
The ﬁrst aim of this study was to determine whether fructose was detectable in human breast
milk. The second aim was to examine if fructose in breast milk was associated with infant weight and
body composition at six months of age. We tested this hypothesis within a cohort of 25 mother-infant
pairs where infants were exclusively breastfed, analyzing relationships between breast milk sugar
composition and infant growth and body composition. To our knowledge, this study is the ﬁrst to
examine the associations between breast milk fructose and infant body composition.
2. Methods
2.1. Study Overview
Thirty-seven mother-infant dyads were enrolled at 1-month (±5 days) of age for participation in
a 6-month longitudinal exclusively breastfeeding growth study. Of the 37 mother-infant pairs initially
enrolled in this study, 25 were retained in this analysis. Eleven participants were excluded due to loss
of follow-up for milk analyses (either due to dropping out or declining to produce a milk sample)
and another participant was excluded because they did not produce enough breast milk for analysis.
The overall study design and preliminary results were described in a previous study that examined
the relationships between breast milk hormones and inﬂammatory markers [12]. The data reported
here describe relationships between infant body composition and breast milk sugar content that were
not explored in the previous work. In brief, participants were instructed to arrive at the University
of Oklahoma approximately between 8:00 a.m. and 10:00 a.m. with the mother fasted at least 3 h.
Upon arrival, a single breast-milk expression was obtained from the mother with a whole-body dual
energy X-ray absorptiometry (DXA) scan conducted on the infant. Measurements were performed
when the infant was 1 month of age (used as baseline covariates in this analysis) and were repeated
at 6-months of age (all visits were ± 5 days). All subjects gave their informed consent for inclusion
prior to participating in the study. The study was conducted in accordance with the Declaration of
Helsinki, and the protocol was approved by the Ethics Committee of the University of Oklahoma
Health Sciences Center (IRB #4426 and 5297).
2.2. Participants
The 25 mother-infant dyads were exclusively breast-fed (deﬁned <8 ounces of formula a week
though no subject consumed any formula past 7 days of age) with the following inclusion criteria
used: (a) maternal age at delivery between 18 and 45 years old; (b) gestation ≥37 weeks; (c) singleton
birth; and (d) a postpartum hospital stay for mother and infant less than 3 days. Participants were
excluded for any of the following: (a) maternal use of tobacco; (b) mothers’ alcohol consumption
exceeding one drink per week; (c) type 1 or 2 diabetes prior to or during pregnancy; or (d) the infant
was born with presumed or known congenital birth defects. All maternal demographic information
(age, parity, pre-pregnancy weight and gestational weight gain) was collected by medical chart
abstraction when possible.
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2.3. Anthropometric and Body Composition Variables
Crown-to-heel length was measured in duplicate using a Seca 416 infantometer (Seca, Hamburg,
Germany) with both measures being within 0.1 cm. Nude body weight was measured in duplicate
with a Seca 728 scale (Seca, Hamburg, Germany) with both measures being within 10 g. On the rare
occasion these measures exceeded the criteria set forth, a third measure was obtained and the two
closest values averaged. Weight-for-length z-scores were calculated using World Health Organization
data. Total adiposity (% fat), fat mass (g), lean mass (g), bone mineral density (g/cm2 ), and bone
mineral content (g) were collected using a Lunar iDXA (General Electric, Fairﬁeld, CT, USA) scanner
as described previously [12]. During the scan, the infant wore only a diaper and was swaddled in
a light blanket. The principal investigator (DAF) positioned all infants and performed subsequent
scan analyses.
2.4. Breast-Milk Collection
Mothers came to the University of Oklahoma Health Sciences center for their study visits typically
arriving between 8:00 a.m. and 10:00 a.m. The laboratory provided a hospital-grade breast pump for
pumping (Symphony® Breast Pump, Medela Inc., McHenry, IL, USA) while the mother was encouraged
to completely empty the right breast for the quantiﬁcation of breast milk sugars. While mothers were
encouraged to pump from the right breast for uniformity, each mother was allowed to decide from
which breast she pumped.
2.5. Breast-Milk Analyses
Preparation of Fructose Quantiﬁcation Sample
The protein was removed by precipitating from the breast milk (50 μL) with addition of 200 μL of
acetonitrile containing 10 μg of carbon-13 labeled (13 C6 )-fructose as the internal standard for natural
fructose quantiﬁcation in the breast milk. The supernatant, which contained natural fructose as well as
13 C -fructose, was collected after centrifugation of the protein precipitated breast milk for MS analysis.
6
The 5-point calibration samples were prepared for absolute quantiﬁcation of fructose in the breast milk.
QC (quality control) samples were also prepared from pooling some of individual supernatants for
monitoring on analytical performance throughout fructose analysis.
Preparation of lactose quantiﬁcation sample: The original breast milk was initially diluted by
100-fold with water. Then, 5 μL of the diluted breast milk was again diluted by 200-fold with 995 μL
of water, containing 5 μg of 13 C12 -lactulose as the internal standard. The 4-point calibration samples
were prepared for absolute quantiﬁcation of lactose in the breast milk. QC samples were prepared for
lactose analysis.
LC-MS/MS Analyses: The fructose and lactose analyses were performed with a Shimadzu
20AD HPLC system (Shimadzu USA, Columbia, MD, USA) and a Leap PAL (Palparts) autosampler
(Leap Technologies, Carrboro, NC, USA) coupled to a triple quadrupole mass spectrometer
(API (Atmospheric Pressure Ionization) -4000: Applied Biosystems, Foster City, CA, USA). Initially,
3 μL of fructose and lactose samples were separately injected onto an Imtakt UK-amino HPLC column
(3 × 100 mm, 3 μm: Imtakt USA, Portland, OR, USA) with the following mobile phases: (a) 10 m
mole ammonium acetate in water; (b) acetonitrile at a ﬂow rate of 1 mL/min. The column was
heated at 60 ◦ C throughout the analyses. The positive ion ESI MRM mode was used for detection
of fructose (Q1/Q3:198/145) and lactose (Q1/Q3:360/163) as well as 13 C6 fructose (Q1/Q3:204/151)
and 13 C12 -lactulose (Q1/Q3:372/169). Data processing was conducted with Analyst 1.5.1 (Applied
Biosystems, Foster City, CA, USA). Unlike GC-MS (Gas Chromotrography-Mass Spectrometry)
quantiﬁcation of fructose [24] that can sometimes overestimate concentrations due to incomplete
derivatization (see Supplementary Materials Figure S1), our LC-MS/MS method does not require the
derivatization of fructose and lactose at all and, thus, is not subject to these concerns.
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Glucose and insulin quantiﬁcation: Milk fat was separated from the aqueous phase by
centrifugation with the resulting skimmed milk assayed using commercially available immunoassay
kits for insulin described by our group previously [12]. Glucose was measured using the
glucose oxidase method (2300 STAT Plus, Yellow Springs Instruments, YSI Incorporated,
Yellow Spring, OH, USA).
2.6. Statistical Analysis
Paired t-tests were used to assess the change in infant growth and breast milk sugar content from
1 to 6 months. These t-tests indicated that sugar and insulin levels in the milk did not signiﬁcantly
vary between 1 and 6 months; thus, all statistical models were conducted using the average of these
two values (e.g., average glucose, fructose, lactose, and insulin).
To examine how breast milk levels of fructose, glucose, lactose, and insulin relate to infant
growth, separate hierarchical regression models were conducted predicting infant weight, length,
weight-for-length z-score, fat mass, lean mass, bone mineral density (BMD), bone mineral content
(BMC), and overall percent adiposity at 6 months of age. A priori covariates included mothers’
pre-pregnancy body mass index (BMI), 1-month infant weight (g), and infant sex. Pearson correlation
coefﬁcients conducted during data exploration indicated that 1-month weight was highly correlated
with 1-month length (r = 0.71), 1-month fat mass (r = 0.90), 1-month fat free mass (r = 0.95), and 1-month
overall adiposity (r = 0.68). Thus, for simplicity and to avoid multicollinearity among predictors,
only 1-month weight was retained in the base model. Thus, Step 1 of the hierarchical model consisted
of our base model (infant sex, infant 1-month weight, mother prepregnancy BMI) and Step 2 introduced
the particular milk component of interest (e.g., average fructose, glucose, lactose, insulin concentration).
This approach allowed us to examine the contribution of milk sugar content towards explaining the
variance in infant growth after controlling for known predictors of infant weight outcomes. Results are
presented as the mean ± standard deviation (M ± SD). Unless otherwise stated, models were conducted
with the continuous predictor variables centered on the mean; unstandardized beta coefﬁcients (β) are
reported. All assumptions of multiple linear regression were satisﬁed. Analyses were performed in
SPSS version 22 with a priori signiﬁcance level set at p < 0.05 (SPSS, IBM, Armonk, NY, USA).
3. Results
3.1. Variation in Breast Milk Sugar Composition within the First Six Months of Life
The characteristics of the 25 mother–infant pairs enrolled in the study are shown in Table 1.
As expected, infants’ weight, length, lean mass, fat mass, and overall adiposity signiﬁcantly increased
over the six-month study period (p < 0.001). The milk sugar concentration at both one and six months
are reported in Table 2. As shown in Figure 1, we were able to accurately measure fructose content
in breast milk using LC-MS/MS, displayed as typical chromatographic traces. Milk sugar remained
constant over time, as indicated by non-signiﬁcant t-tests comparing one and six months.
Table 1. Participant characteristics.
6 Months

Change a

7250.84 (1243.35)
65.38 (2.92)
4880.05 (749.21)
2485.08 (642.27)

2484.48 (736.89) ‡
9.56 (2.07) ‡
1126.72 (494.44) ‡
1262.24 (462.29) ‡

1 Month
Mother
Age (years)
BMI (kg/m2 )
Infant
Age (days)
Sex (F/M)
Weight (g)
Length (cm)
Lean Mass (g) b
Fat Mass (g)

29.64 (4.87)
28.14 (7.32)
39.28 (3.51)
8/17
4766.36 (765.45)
55.82 (2.44)
3753.32 (476.02)
1222.84 (309.11)
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Table 1. Cont.

Infant
Adiposity (%) c
BMC (g)
BMD (g/cm2 )

1 Month

6 Months

Change a

23.96 (3.02)
93.2 (17.85)
0.37 (0.04)

32.74 (3.75)
134.45 (21.0)
0.36 (0.03)

8.79 (3.26) ‡
41.28 (19.92) ‡
−0.002 (0.03)

Mean (SD) for the 25 mother-infant pairs included in this study. a Signiﬁcance assessed with paired t-tests between
1 and 6 months; b Lean mass reﬂects fat-free mass minus BMC (lean tissue only, excluding bone mass); c Adiposity
calculated as percent of fat mass (g) to total mass (g). SD, standard deviation; BMI, body mass index; F/M,
females/male; BMC, bone mineral content; BMD, bone mineral density. * p < 0.05, ‡ p < 0.001.

a

2.08

Intensity, cps
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4

Fructose in Breast Milk
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2.0
Time, min
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3.0

4.0

2.08

Intensity, cps

3.0x105

2.0x10 5
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0

1.0

2.0
Time, min

Figure 1.
LC-MS/MS (Liquid Chromatography-Mass Spectrometry/Mass Spectrometry)
chromatographic traces conﬁrming fructose content in breast milk. (a) Natural fructose in breast
milk (sample # 108-1); (b) Spiked Carbon-13 labeled 13 C6 -fructose as the internal standard (10 μg in
50 μL of breast milk).
Table 2. Changes in milk composition.

Insulin (pg/mL) c
Fructose (μg/mL)
Glucose (μg/mL)
Lactose (g/dL) d

1 Month

6 Month a

Average b

641.0 (638.0)
7.2 (1.72)
263.6 (87.5)
7.8 (0.8)

640.8 (533.7)
6.3 (1.7)
246.8 (76.8)
7.5 (0.7)

640.9 (469.5)
6.7 (1.3)
255.2 (75.3)
7.6 (0.6)

Mean (SD) for 25 mothers included in this study. a Change from baseline assessed with paired t-test at * p < 0.05.
All were NS; b The average value of each sugar (between 1 and 6 months) was used in all statistical models reported;
c One participant excluded for extreme hyperinsulinemia; n = 24; d Data represented in g/dL due to its high
concentration in milk.
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3.2. Relationships between Breast Milk Sugar Content and Infant Growth
Given that the breast milk concentrations of each sugar did not vary between one and six months,
the average concentration of each sugar was calculated and entered into separate hierarchical regression
models predicting infant body composition at 6 months of infant age. These results are displayed in
Table 3. Even after adjusting for baseline covariates (ome-month infant weight, infant sex, and maternal
BMI), breast milk fructose accounted for an additional 8% of the variance in infant weight (p = 0.02),
an additional 9% of the variance in infant lean mass (p = 0.01), an additional 7% of the variance in
infant fat mass (p = 0.05), and an additional 9% of the variance in infant bone mineral content (p = 0.03)
at 6 months of age. As shown in Figure 2, each 1-μg/mL increase in fructose was associated with a
257 g increase in body weight (β = 256.9, p = 0.02), 170 g increase in lean mass (β = 170.1, p = 0.01), 131 g
increase in fat mass (β = 130.8, p = 0.05), and 5 g increase in bone mineral content (β = 4.7, p = 0.03).
A positive relationship was also observed for fructose predicting increased weight-for-length z-scores
(β = 0.3, p = 0.02). There was no evidence that infant growth was related to mothers’ pre-pregnancy
BMI (largest p = 0.59; from base model) or to any of the other breast milk components.
Table 3. Relationships between breast milk sugars and infant body composition at 6 months of age a .
β

ΔR2

ΔR2 p Value

Weight (g)

Base Model
Fructose
Lactose
Glucose
Insulin

256.9 *
26.2
−0.9
0.04

0.70
0.08
<0.01
<0.01
<0.01

0.00
0.02
0.92
0.73
0.91

Length (cm)

Base Model
Fructose
Lactose
Glucose
Insulin

0.4
−1.1
−0.01
<0.01

0.56
0.03
0.04
0.03
0.03

0.00
0.28
0.15
0.23
0.21

Weight-for-Length
z-score

Base Model
Fructose
Lactose
Glucose
Insulin

0.3 *
0.5
<0.01
<0.01

0.52
0.12
0.05
0.01
0.02

0.00
0.02
0.14
0.54
0.39

Lean Mass (g) b

Base Model
Fructose
Lactose
Glucose
Insulin

170.1 *
224.3
−1.8
0.30

0.66
0.09
0.03
0.02
0.03

0.00
0.01
0.18
0.27
0.23

Fat Mass (g)

Base Model
Fructose
Lactose
Glucose
Insulin

130.8 *
−31.7
−0.2
−0.13

0.59
0.07
0.00
<0.01
0.01

0.00
0.05
0.84
0.88
0.51

Adiposity (%) c

Base Model
Fructose
Lactose
Glucose
Insulin

0.5
−1.5
0.01
<0.01

0.35
0.04
0.05
0.01
0.09

0.03
0.29
0.20
0.56
0.10

BMC (g)

Base Model
Fructose
Lactose
Glucose
Insulin

4.7 *
<0.01
<0.01
<0.01

0.59
0.09
0.01
<0.01
<0.01

0.00
0.03
0.57
0.76
0.71

Infant Outcome

Model
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Table 3. Relationships between breast milk sugars and infant body composition at 6 months of age a .
Infant Outcome

BMD (g/cm2 )

Model
Base Model
Fructose
Lactose
Glucose
Insulin

β

ΔR2

ΔR2 p Value

<0.01
<0.01
<0.01
<0.01

0.47
0.03
0.01
0.07
0.01

0.00
0.32
0.62
0.09
0.60

Hierarchical linear regression was used to examine the change in R2 with the addition of each sugar. The base
model included infant sex, 1-month infant weight, and maternal BMI. R2 is reported for the base model and the
change in R2 is reported in response to adding each sugar to the base model. a Insulin analyses exclude one
participant who was extremely hyperinsulinemic; n = 24; b Lean mass reﬂects fat-free mass minus BMC (lean tissue
only, excluding bone mass); c Adiposity calculated as percent of fat mass (g) to total mass (g). β, unstandardized
regression coefﬁcient; BMC, bone mineral content; BMD, bone mineral density.* p <0.05.

Figure 2. Breast milk fructose is positively associated with infant body composition at 6 months of age.
Figures display the unadjusted values for breast milk fructose relative to (a) body weight; (b) lean mass;
(c) fat mass; and (d) bone mineral content. Hierarchical linear regression was performed to obtain the
parameter estimates (b) after adjusting for infant sex, one-month infant weight, and maternal body
mass index (n = 25).

4. Discussion
The detrimental effects of fructose are well documented in children and adults, but no study
that we are aware of has examined whether fructose is detectable in human breast milk, and whether
this might be associated with growth and body composition, particularly adiposity in infancy.
These associations were observed even though the level of fructose in breast milk was extremely
low (7 μg/mL), approximately 1/30th the level of glucose. Despite this very low concentration,
fructose levels in breastmilk appeared to be biologically relevant. Each 1-μg/mL higher fructose was
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associated with a 257 g higher body weight, 170 g higher lean mass, 131 g higher fat mass, and 5 g
higher bone mineral content at six months of age in our sample. These effects remained signiﬁcant
even after accounting for covariates known to impact infant growth, such as sex, baseline weight,
and maternal BMI prior to pregnancy and were not apparent for glucose levels in breastmilk.
In this small proof of concept study, we observed that fructose was signiﬁcantly associated with
higher body weight, and that this effect was distributed across all components of body composition
(i.e., fat mass, lean mass, and bone mass). It is important to note that these observed associations do
not necessarily imply causation. Further work is needed to examine the possibility that even these
very small amounts of fructose can affect musculoskeletal development as well as adipose tissue
development in infancy and early life, which is a rapid growth period where signiﬁcant changes in
muscular and skeletal growth are occurring. Indeed, although evidence investigating age-related
changes are generally lacking in this area, our results are consistent with a recent paper which found
that a high fructose diet led to increased skeletal density and increased length in adolescent rats [25].
Further research is needed examining the effects of fructose in early life, including at low doses,
in order to draw more causative conclusions about the speciﬁc impact of fructose on infant adiposity
and tissue development.
Since human milk does not naturally contain fructose [26], our ﬁndings highlight maternal intake
of fructose-containing products, such as sugar sweetened beverages, as a targetable intervention for
reducing exposure to fructose in early life. While previous studies have shown that fructose can be
transmitted in utero through the placenta [27,28], our ﬁndings extend this literature by identifying
breast milk as a potential route of fructose transmission in the postnatal period. Assuming 800 mL daily
intake of breast milk, the concentration we observed in our sample would represent approximately
5 mg/day fructose consumption—an amount roughly equal to 1 mg per kg of body weight for a
one-month old infant. We recognize that this amount of fructose is very low and far outside the range
where fructose is currently known to have physiological effects. Although very small, this concentration
could have meaningful effects in developing infants. For example, fructose may be obesogenic in low
concentrations in infants where there can be increased susceptibility to chemicals in the environment,
including those delivered indirectly as a result of maternal transmission [29–31]. There is some
evidence that fructose may induce obesogenic effects at very low levels of concentration similar to
what we have detected in human breastmilk. For example, in a dose-response study, fructose was
shown to increase adipogenesis and induce gene expression in cultured pre-adipocytes, with effects
seen at levels as low as 55 μM [32]. This concentration is equivalent to 10 μg/mL, which is only slightly
above the concentrations in breast milk that we observed. Of particular signiﬁcance, even the lowest
fructose concentration (10 μg/mL) led to a highly signiﬁcant and four-fold increase in GluT4 expression
in pre-adipocytes, a marker of adipogenesis [32]. Collectively, this study supports the idea that even
very low levels of fructose could potentially prime pre-adipocytes towards an adipogenic fate.
Unlike glucose, the metabolism of fructose in unregulated by the liver and affects brain
development [8]. Studies have shown that increased levels of fructose can contribute to liver fat,
resulting in insulin resistance as well as alterations in insulin and glucose metabolism. However,
the dose-response of these effects are completely unknown in infants. The ﬁrst year of life is a critical
developmental period, where even small levels of fructose may have detrimental effects on infant
metabolism. In addition, it is possible that the very low levels of fructose reported here are indicating
“basal” levels, and higher levels of fructose might be delivered via breast milk to the infant when the
mother is consuming sugars during the time of feeding. It is also possible that the detected fructose
levels are serving as a proxy measure for some other factor affecting infant growth. More studies are
needed to examine the pharmacokinetics of fructose transmission through breast milk in response
to maternal consumption. Unfortunately, dietary data were not collected as part of this study; thus,
it is not possible to formally determine whether mothers’ habitual consumption of fructose was
positively associated with the level of fructose detected in their breast milk. Future studies examining
the relationship between maternal diet and breast milk sugar concentrations will be important for
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informing guidelines for monitoring sugar and fructose intake during the lactation period, and for
determining how the Western diet typically affects breast milk composition and infant growth.
Previous studies have shown that higher breast milk glucose concentrations were associated with
greater adiposity in infants [12,20]. In the current study, breast milk glucose levels were not related to
infant measures of adiposity. It is possible that this discrepancy may be explained by different study
designs, or interactions with maternal factors that were not present in our cohort (i.e., gestational
diabetes). Ultimately, more studies are needed to determine whether the effects of breast milk sugars
are robust and replicable across a variety of infant cohorts and future studies should consider the
potential effects of both fructose and glucose in breast milk.
Limitations of the present study include the small sample size in this proof-of-concept study,
limited length of follow-up (six months of age), and a lack of dietary intake data that could help
explain the relationship between fructose and breast milk sugar composition. Although women were
instructed to exclusively breastfeed, it is possible that food introduction may have occurred in some
infants during the study period and contributed to growth and body composition, particularly if
infants were given access to fructose-containing food products. Indeed, a recent study which evaluated
the sugar content of commercial infant and toddler food products found that between 30% and 50%
of snacks, desserts, and juices/drinks targeted at infants contain at least one added sugar, with high
fructose corn syrup being present in 2%–4% of these items [33]. Many of these items contain sugars
in amounts that differ from nutrition labels and often in excess of recommended daily levels [34].
Together, these ﬁndings indicate that it is highly likely that infants are exposed to fructose in the
ﬁrst few months of life (e.g., during breastfeeding and/or weaning when complementary foods are
introduced to the diet), highlighting the need for further research into the effects of these sugars on
child development. Another potential limitation is that we have limited metabolic variables in the
mothers. Although we did exclude mothers with type 1 or 2 diabetes based on standard clinical criteria,
we were unable to assess prediabetes in this sample. Therefore, it may be possible that mothers with
prediabetes had increased levels of insulin and sugars in breast milk. However, breast milk levels of
insulin and glucose were not associated with infant growth and body composition.
5. Conclusions
Overall, this study suggests a novel mechanism by which infants may be inadvertently exposed
to fructose through breast milk, before sugar sweetened beverages and other fructose-containing foods
are introduced to the infant diet. This work also opens the door for interventions aimed towards
decreased consumption of added sugars while lactating. Future work should be performed with
larger samples with longer follow-up (>6 months) in order to establish whether the relationships
observed between fructose exposure and infant growth meaningfully impact the development of
obesity phenotypes in later childhood and to investigative the mechanism of such an effect at very low
levels of fructose. In conclusion, we provide preliminary evidence that fructose is present in breast
milk and may be transmitted to the infant, impacting growth and body composition by 6 months
of age.
Supplementary Materials: The following are available online at http://www.mdpi.com/2072-6643/
9/2/146/s1, Figure S1: Fructose Derivatization Scheme with Methoxyamine (NH2 O-Me) and
N-methyl-N-(trimethylsily)-triﬂuroacetamide (MSTFA) for Gas Chromatography-Mass Spectrometry (GC-MS).
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Abstract: The need to reﬁne rodent models of human-related disease is now being recognized,
in particular the rearing environment that can profoundly modulate metabolic regulation. Most
studies on pregnancy and fetal development purchase and transport young females into the research
facility, which after a short period of acclimation are investigated (Gen0). We demonstrate that female
offspring (Gen1) show an exaggerated hyperinsulinemic response to pregnancy when fed a standard
diet and with high fructose intake, which continues throughout pregnancy. Markers of maternal
hepatic metabolism were differentially inﬂuenced, as the gene expression of acetyl-CoA-carboxylase
was raised in Gen1 given fructose and controls, whereas glucose transporter 5 and fatty acid synthase
expression were only raised with fructose. Gen1 rats weighed more than Gen0 throughout the study,
although fructose feeding raised the percent body fat but not body weight. We show that long-term
habituation to the living environment has a profound impact on the animal’s metabolic responses
to nutritional intervention and pregnancy. This has important implications for interpreting many
studies investigating the inﬂuence of maternal consumption of fructose on pregnancy outcomes and
offspring to date.
Keywords: fructose; development; pregnancy; metabolism; type II diabetes

1. Introduction
Diabetes and metabolic syndrome are normally considered to result from exposure to an
obesogenic environment together with an individual’s genotype [1]. It is also recognized that in
populations that migrate to more afﬂuent countries, it is the next generation that is at greater risk of
becoming diabetic, in part due to early life exposures [2,3]. These factors are seldom considered in
animal models of diabetes, especially those examining the impact of exposure to an adverse maternal
nutritional environment on the offspring. Although there is increasing awareness of the role of
high intakes of fructose in metabolic syndrome–associated diseases, such as non-alcoholic fatty liver
disease [4], coronary artery disease [5] and type II diabetes [6], and a growing body of literature
covering high intakes of fructose during pregnancy [7–10], there is still a lack of longer-term rodent
studies following the offspring into adulthood and pregnancy. Rodent studies have demonstrated
Nutrients 2017, 9, 327

118

www.mdpi.com/journal/nutrients

Nutrients 2017, 9, 327

that fructose in pregnancy can signiﬁcantly reduce the weight of the placenta [11], and increase the
expression of genes related to lipogenesis in the offspring liver [12].
Rodent models of nutritional programming usually use young females that are shipped into
a research facility and, after a brief period of acclimation, are exposed to a dietary intervention.
This experimental approach seldom accounts for the fact that the mothers experienced a signiﬁcant
change in environment while offspring were not moved from their home environment. Failure to
account for these differences could mask important adverse consequences that are expressed only in
subsequent generations that are fully habituated to their living environment. This could account for
how diet-induced maternal obesity can result in glucose intolerance in the offspring in some [13,14] but
not all studies [15,16]. We therefore examined whether offspring born and reared in a single research
facility (Gen1) exhibit a more pronounced diabetes-related phenotype than their mothers (Gen0). Half
of the animals were given fructose (F) in drinking water as a 10% solution (vs. distilled water) prior to
and during pregnancy to establish whether fructose would amplify these effects. Fructose was chosen
since it produces a gestational diabetes mellitus (GDM)-type phenotype of metabolic dysfunction in the
adult offspring [8,11,17]. A 10% solution was chosen to more closely mimic fructose consumption in
humans (i.e., as an added sweetener), and previous work has shown this concentration has signiﬁcant
metabolic effects in rodents [18]. The extent to which metabolic outcomes differ between generations
has not been previously examined.
2. Materials and Methods
2.1. Animals and Diets
Seven-week-old female Wistar rats (Charles River Canada, Montreal, Quebec, Canada) were
pair-housed in shoebox cages in a temperature-controlled room (21–23 ◦ C; 40%–70% humidity) with
a 12 h light:dark cycle. All rats were allowed access to food ad libitum (Purina 5001; Purina Mills,
St. Louis, MO, USA) throughout the study and distilled water was available to all rats during the
standard one week acclimation period. At eight weeks of age, rats were randomly assigned to receive
either a 10% fructose solution (w/v in distilled water, Amresco, Solon, OH, USA; Gen0-F, n = 15) or
distilled water (Gen0-C, n = 15). At 11 weeks of age, they were co-housed with males which had been
maintained on distilled water. Pregnancy was conﬁrmed by vaginal lavage and a positive sperm test
was considered gestational day (GD) 0. Animals remained on this intervention for three weeks prior
to mating and during mating and pregnancy. Ten Gen0-C and 10 Gen0-F were euthanized at GD 21
(details described below). The remaining pregnant dams were left to litter out and all litters were
culled to 10–12 pups/litter at birth. Dams continued their assigned diet during lactation (until 21 days
after delivery), at which point two female pups were randomly selected to remain in the study as
offspring. Eight-week-old female offspring were placed on the same diet as their dams (either 10%
fructose solution (Gen1-F, n = 10) or distilled water (Gen1-C, n = 10). These diets continued through
mating and pregnancy. Pregnant offspring were euthanized at GD 21. The study was approved by the
Research Ethics Ofﬁce of the University of Alberta.
2.2. Regular Monitoring of Body Weight and Plasma Metabolites
Body weights were recorded weekly during the study, beginning at eight weeks of age and
in early (GD4-7), mid (GD14-17) and late pregnancy (GD19-20). Morning blood samples were also
collected, mixed with anti-coagulant (K2 EDTA, BD, Franklin Lakes, NJ, USA) and remained on ice
until centrifugation (Eppendorf Centrifuge 5415C, Germany, 16,000× g, 5 min). Plasma was stored at
−20 ◦ C until being analyzed for glucose (Trinder assay kit, Genzyme Diagnostics, Charlottetown, PEI,
Canada), insulin (Rat Ultrasensitive ELISA Immunoassay kit, ALPCO Diagnostics, Salem, NH, USA),
and triglycerides (Triglyceride-SL assay kit, Genzyme Diagnostics, Cambridge, MA, USA).
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2.3. Oral Glucose Tolerance Tests (OGTT)
OGTT were carried out on GD19 after a 4 h fast, this was chosen both to avoid inducing a
starvation state overnight [19,20] and to avoid the stress fasting places on pregnant rodents due to
their increased glucose utilization [21]. Following collection of a baseline blood sample a 3 g·kg–1
glucose solution was administered by gavage. Blood samples were collected at 15, 30, 45, 60 and
90 min after glucose administration. Plasma was separated and stored as above before assaying for
glucose and insulin. The incremental area under the curve (IAUC) for glucose and insulin from 0 to
90 min was calculated.
2.4. Determination of Body Composition and Tissue Collection
On GD 21 the proportions of fat and lean tissue of each animal were measured using quantitative
magnetic resonance imaging (EchoMRI LLC 4-in-1 whole-body composition analyzer; Echo Medical
Systems, Houston, TX, USA). Following euthanasia, the liver was excised from each rat, snap-frozen
in liquid nitrogen and stored at −80 ◦ C until analysis. Placentae and fetuses were dissected from the
uterus, counted, individually weighed, and the placental:fetal weight ratio calculated.
2.5. RNA Extraction and Determination of Hepatic Gene Expression
Total RNA was extracted from frozen liver that had been homogenized in TRI Reagent
(Ambion Diagnostics, Austin, TX, USA), using the RNeasy Mini Kit (Qiagen N.V., Hilden, Germany).
RNA concentration and purity were conﬁrmed using a Nanodrop spectrophotometer (Thermo
Scientiﬁc, Waltham, MA, USA), and reverse transcription PCR was carried out using the High Capacity
cDNA reverse transcription kit (Applied Biosystems, Waltham, MA, USA). Quantitative polymerase
chain reaction (qPCR) was carried out using SYBR Green dye and the StepOne Plus PCR machine
(Applied Biosystems). Primers were designed using Primer3 [22] to the rat genome; primer sequences
and GenBank references are included in Supplementary Table S1. Primers were designed to be
intron-spanning to avoid ampliﬁcation of genomic DNA. Product sizes and primer speciﬁcity were
conﬁrmed using classical PCR and gel electrophoresis before qPCR and melt-curves following qPCR.
All qPCR results were adjusted to two reference genes (RPLP0 and GAPDH) using GeNorm for
Microsoft Excel [23] and are presented as fold change in arbitrary units relative to the Gen0-C group,
according to the 2−ΔΔCT method [24].
2.6. Statistical Analysis
Following a Shapiro Wilk test for normality all data were compared using unpaired t-tests, with a
Bonferroni correction applied where necessary for multiple comparisons. Analyses were carried out
using SPSS (version 23, IMB Corp., Armonk, NY, USA).
3. Results and Discussion
Fructose feeding caused hyperinsulinemia to a greater extent in Gen1 than in Gen0 (Figure 1A).
Hyperinsulinemia began prior to pregnancy, was exacerbated during pregnancy, and was also observed
during the OGTT at the end of pregnancy (Figure 1B). This suggests increased insulin resistance in
Gen1 that is exacerbated by a high intake of fructose and was corroborated by the fact that the insulin
IAUC was greater in Gen1 than in Gen0 and exaggerated in Gen1-F. Consistent with evidence in
humans and rats [25,26], circulating triglycerides were higher in Gen0-F and Gen1-F prior to and
during pregnancy, and more so in Gen1.
Body weight was raised in Gen1, but composition did not differ between generations. Fructose
enhanced the proportion of fat in Gen0 and Gen1 (Table 1). Litter size was not different between
generations or diet groups but fetal weight was reduced in Gen0-F and Gen1-F, and placentae were
smaller in Gen1-F (Table 1). Reductions in placental but not fetal weight following fructose intake have
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been previously demonstrated [11]. Further investigation into the generational effects of fructose on
placental blood ﬂow and nutrient transport would be worthwhile.
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Figure 1. (A) Plasma glucose, insulin and triglyceride concentrations measured regularly throughout
the study. Gen0-C n = 15, Gen0-F n = 15, Gen1-C n = 10, Gen1-F n = 10. Time points were
as follows: PD/pre-diet treatment = eight weeks of age, PM/pre-mating = 11 weeks, EP/early
pregnancy = 12 weeks/gestational day (GD) 4–7, MP/mid pregnancy = 13 weeks/GD14–17. Whole
blood was collected from non-fasted rats and plasma was separated and stored at −20 ◦ C before
analysis. (B) Oral glucose tolerance tests (OGTT) were conducted on GD19. Rats were fasted for 4 h.
Following collection of a baseline blood sample 3 g·kg–1 body weight of glucose was administered
by gavage. Blood samples were collected at 15, 30, 45, 60 and 90 min post glucose bolus. * p < 0.05,
Gen0-C vs. Gen0-F, or Gen1-C vs. Gen1-F (effect of diet) and † p < 0.05, Gen0-C vs. Gen1-C and
Gen0-F vs. Gen1-F (effect of generation), unpaired t-test with a Bonferroni correction applied for
multiple comparisons.

Given the importance of the liver in responding to high fructose intake [27], we examined the
mRNA abundance of genes involved in liver glucose and fructose transport [28,29]. Though GLUT2
expression was raised by fructose in Gen0 and GLUT5 was raised in Gen0 and Gen1, neither was
affected by generation (Figure 2). Generational effects were observed in FAS and ACC1 expression,
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and FAS expression also displayed a fructose effect. This suggests an upregulation in lipid metabolism
in Gen1 that is more pronounced with fructose intake.
Table 1. Body weights (g) before and throughout pregnancy, and body composition and feto-placental
unit near to term.
Gen0-C

Gen0-F

Gen1-C

Gen1-F

Body Weight (g)
Week 8/Pre-diet
Week 9
Week 10
Week 11/Pre-mating
Week 12/ Early pregnancy
Week 13/ Mid pregnancy
Week 14/ Late pregnancy

Age/Pregnancy Stage

200.6 ± 3.3
227.0 ± 2.0
247.3 ± 2.3
261.5 ± 3.0
290.5 ± 2.3
329.4 ± 5.1
386.5 ± 5.4

204.1 ± 3.1
238.3 ± 2.9
257.2 ± 3.1
277.7 ± 4.7
304.9 ± 5.3
337.6 ± 5.9
403.1 ± 6.7

225.1 ± 6.3 †
254.5 ± 6.6 †
280.7 ± 6.8 †
305.5 ± 7.4 †
332.2 ± 6.8 †
383.8 ± 7.6 †
428.7 ± 12.3 †

226.4 ± 5.7 †
252.3 ± 6.5 †
285.9 ± 7.7 †
316.3 ± 9.3 †
352.3 ± 12.9 †
393.3 ± 14.3 †
444.4 ± 15.6 †

Body Composition (%)
Fat mass at GD21

11.2 ± 0.7

15.2 ± 1.0 *

11.4 ± 0.5

16.7 ± 1.3 *

Feto-placental unit
Number of pups
Placental weight (g)
Fetal weight (g)
The ratio of placental:fetal weight

15.5 ± 1.7
0.53 ± 0.02
3.88 ± 0.19
0.14 ± 0.01

16.0 ± 3.2
0.48 ± 0.02
3.36 ± 0.14 *
0.15 ± 0.01

16.3 ± 2.3
0.57 ± 0.02
4.07 ± 0.05
0.14 ± 0.00

17.0 ± 3.3
0.47 ± 0.01 *
3.57 ± 0.09 *
0.13 ± 0.01

All values are means ± SEM. Gen0-C n = 10, Gen0-F n = 10, Gen1-C n = 10, Gen1-F n = 10. * p < 0.05, Gen0-C vs.
Gen0-F, or Gen1-C vs. Gen1-F (effect of diet) and † p < 0.05, Gen0-C vs. Gen1-C and Gen0-F vs. Gen1-F (effect of
generation), unpaired t-test with a Bonferroni correction applied for multiple comparisons.
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Figure 2. Hepatic gene expression. Gen0-C n = 10, Gen0-F n = 10, Gen1-C n = 10, Gen1-F n = 10. Livers
were excised on gestational day 21 and snap frozen before RNA extraction and cDNA production
by reverse transcription PCR. Expression of glucose transporter 2 (GLUT2) (A), fructose transporter
GLUT5 (B), fatty acid synthase (FAS) (C) and acetyl-CoA-carboxylase (ACC1) (D) were measured by
real-time PCR, relative to the reference genes glyceraldehyde-3-phosphate dehydrogenase (GAPDH)
and 60 s acidic ribosomal protein P0 (RPLP0) using GeNorm [15] and the 2−ΔΔCT method [16]. * p < 0.05,
Gen0-C vs. Gen0-F, or Gen1-C vs. Gen1-F (effect of diet) and † p < 0.05, Gen0-C vs. Gen1-C and
Gen0-F vs. Gen1-F (effect of generation), unpaired t-test with a Bonferroni correction applied for
multiple comparisons.
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The substantial difference in insulin resistance and hypertriglyceridemia through pregnancy
between Gen0 dams that were recently transported to the facility and Gen1 dams that were born and
maintained in the same environment for their life has not been previously demonstrated. Moreover, the
nutritional intervention negatively impacted insulin resistance and triglyceride concentrations before
and through pregnancy, and these responses were enhanced in Gen1. This is consistent with previous
work, which suggests that intake of fructose inversely correlates with insulin receptor expression in a
number of organs [30]. To our knowledge, no previous studies have compared the insulin response to
fructose in pregnancy between dams and their offspring. The fact that insulin responses were higher
in both groups of offspring, who were heavier and fatter than their mothers, suggests that body weight
and adiposity could play a role. Previous reports on fructose consumption leading to hyperleptinemia
support this [27,31]. The ampliﬁed insulin response to glucose in Gen1 has clear implications for the
interpretation of studies previously conducted examining the impact of maternal diet on long-term
outcomes in offspring. It also highlights the importance of thoroughly characterizing both the mother
and her offspring so that true programming effects can be identiﬁed. It is likely that in studies in which
young rodents were shipped to a research facility and studied a few weeks later, animals were still
adapting to this transition. Based on our ﬁndings, we suggest that the negative impact of nutritional
programming on offspring glucose and lipid homeostasis mediated by fructose feeding [11,12,32] has
been signiﬁcantly underestimated.
A primary factor in enabling us to identify the profound effect on insulin and lipid proﬁles was
our focus on pregnancy as a major physiological challenge. As expected, plasma insulin became raised
during pregnancy, but this adaptation was greatly ampliﬁed by fructose exposure. At the start of the
study (i.e., when the animals were eight weeks old), age-matched offspring were heavier than their
dams, and interestingly, the increased Gen1 body weight was not accompanied with greater adiposity,
although it was raised in both groups by fructose (Table 1). The impact of adding puriﬁed fructose to the
diet in human beings remains controversial due in part to the inconsistency in metabolic outcomes [33].
Studying animals which have recently been subjected to the combined stress of transportation and a
new living environment may mask many of the metabolic consequences of fructose.
4. Conclusions
In conclusion, substantial adaptations in metabolic proﬁles through pregnancy are seen between
generations that are greatly ampliﬁed when offspring are maintained in the research environment as
opposed to being transported into the facility and then studied. The magnitude of this adaptation is
most apparent in the regulation of plasma insulin and lipids and is exacerbated when the animals are
allowed ad libitum access to a fructose solution. It is therefore likely that many studies examining the
impact of dietary modulation through pregnancy underestimate the magnitude of the effect on both
the mother and her offspring.
Supplementary Materials: The following are available online at www.mdpi.com/1999-4907/9/04/327/s1,
Table S1: Primer sequences.
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Abstract: Peak exogenous carbohydrate oxidation rates typically reach ~1 g·min−1 during exercise
when ample glucose or glucose polymers are ingested. Fructose co-ingestion has been shown to
further increase exogenous carbohydrate oxidation rates. The purpose of this study was to assess the
impact of fructose co-ingestion provided either as a monosaccharide or as part of the disaccharide
sucrose on exogenous carbohydrate oxidation rates during prolonged exercise in trained cyclists.
Ten trained male cyclists (VO2 peak: 65 ± 2 mL·kg−1 ·min−1 ) cycled on four different occasions for
180 min at 50% Wmax during which they consumed a carbohydrate solution providing 1.8 g·min−1
of glucose (GLU), 1.2 g·min−1 glucose + 0.6 g·min−1 fructose (GLU + FRU), 0.6 g·min−1 glucose
+ 1.2 g·min−1 sucrose (GLU + SUC), or water (WAT). Peak exogenous carbohydrate oxidation
rates did not differ between GLU + FRU and GLU + SUC (1.40 ± 0.06 vs. 1.29 ± 0.07 g·min−1 ,
respectively, p = 0.999), but were 46% ± 8% higher when compared to GLU (0.96 ± 0.06 g·min−1 :
p < 0.05). In line, exogenous carbohydrate oxidation rates during the latter 120 min of exercise were
46% ± 8% higher in GLU + FRU or GLU + SUC compared with GLU (1.19 ± 0.12, 1.13 ± 0.21, and
0.82 ± 0.16 g·min−1 , respectively, p < 0.05). We conclude that fructose co-ingestion (0.6 g·min−1 )
with glucose (1.2 g·min−1 ) provided either as a monosaccharide or as sucrose strongly increases
exogenous carbohydrate oxidation rates during prolonged exercise in trained cyclists.
Keywords: substrate utilization; stable isotopes; metabolism; sugar

1. Introduction
It has been well established that carbohydrate ingestion during prolonged moderateto high-intensity endurance-type exercise increases exercise capacity and performance [1–3].
The observed improvements in performance with carbohydrate ingestion have been attributed to
maintenance of plasma glucose concentrations and high rates of carbohydrate oxidation during the
latter stages of exercise [1,4].
Glucose ingestion during exercise results in a maximal exogenous carbohydrate oxidation rate of
~1 g·min−1 [5,6]. The rate of exogenous glucose oxidation appears limited by intestinal glucose
absorption [5,7]. The intestinal sodium-dependent glucose transporter 1 (SGLT1) may become
saturated when large amounts of glucose or glucose polymers are ingested [7,8]. Interestingly,
the intestine contains a distinct class of carbohydrate transporters, glucose transporter 5 (GLUT5),
that absorbs fructose and most likely fructose released during the hydrolysis from the disaccharide
sucrose [9–11]. More recently, other intestinal carbohydrate transporters have been implicated in
Nutrients 2017, 9, 167
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glucose (GLUT2) and fructose (GLUT2, GLUT8, GLUT 12) absorption [12–14]. Because of the distinct
transport routes for glucose and fructose, higher total intestinal carbohydrate absorption rates can be
expected when glucose and fructose are co-ingested. In agreement, combined glucose and fructose
ingestion has been shown to enhance intestinal carbohydrate absorption rates and results in higher
exogenous carbohydrate oxidation rates during exercise compared with an equivalent amount of
glucose [8,15,16].
Sucrose combines glucose and fructose monomers, and its hydrolysis is typically not rate-limiting
for intestinal absorption [15,17]. In addition, recent work suggests that intact sucrose can also be
transported as a disaccharide across the intestinal membrane [18]. Therefore, sucrose may represent
an (even more) effective dietary source of fructose co-ingestion. In agreement, sucrose co-ingestion
has been shown to further increase exogenous carbohydrate oxidation rates during exercise compared
to glucose only [19,20]. However, sucrose co-ingestion during exercise does not seem to elevate
exogenous carbohydrate oxidation rates beyond 1.2–1.3 g·min−1 [19,20], which is typically lower than
1.3–1.8 g·min−1 when fructose is co-ingested with glucose during exercise [8,16,21,22]. Exogenous
carbohydrate oxidation rates do not appear to level off when increasing amounts of fructose are
co-ingested [21]. In contrast, exogenous carbohydrate oxidation rates have been shown to plateau
when moderate amounts of sucrose are co-ingested [19]. This may suggest that sucrose digestion
and/or absorption becomes a limiting factor when large amounts of sucrose are co-ingested. Therefore,
it remains unclear whether sucrose co-ingestion can be as effective as fructose co-ingestion to
further augment exogenous carbohydrate oxidation rates when glucose ingestion is increased above
1.0–1.1 g·min−1 .
We have recently shown that endurance-type exercise induces splanchnic hypoperfusion,
resulting in a rapid increase in plasma I-FABP, a novel biomarker of intestinal damage [23].
Hypoperfusion-induced intestinal compromise may hamper athletic performance and can jeopardize
early post-exercise recovery [24]. Meal ingestion and intestinal nutrient supply have the ability to
increase the superior mesenteric artery blood ﬂow and, hence, splanchnic perfusion [25,26]. Therefore,
carbohydrate ingestion during endurance-type exercise may represent an effective nutritional strategy
to attenuate splanchnic hypoperfusion and, as such, prevent exercise-induced gastrointestinal injury.
The present study assesses the impact of the combined ingestion of fructose or sucrose with
glucose on exogenous carbohydrate oxidation rates. We hypothesized that both fructose and sucrose
co-ingestion augment exogenous carbohydrate oxidation rates during exercise when compared to an
isoenergetic amount of glucose. Furthermore, we hypothesized that fructose provided as part of the
disaccharide sucrose is less effective as the same amount of fructose provided as a monosaccharide to
further augment exogenous carbohydrate oxidation rates during exercise. We tested our hypothesis by
subjecting 10 male cyclists to a 180 min exercise bout on four occasions, during which they ingested
GLU (1.8 g·min−1 glucose), GLU + FRU (1.2 g·min−1 glucose + 0.6 g·min−1 fructose), GLU + SUC
(0.6 g·min−1 glucose + 1.2 g·min−1 sucrose), or WAT (water placebo).
2. Materials and Methods
2.1. Subjects
Ten trained male cyclists or triathletes participated in this study (age: 26 ± 1 years, body
weight: 74.8 ± 2.1 kg, body mass index: 21.5 ± 0.5 kg·m−2 , maximal workload capacity (Wmax ):
5.5 ± 0.1 W·kg−1 , peak oxygen consumption (VO2 peak): 65 ± 2 mL·kg−1 ·min−1 ). Subjects cycled at
least 100 km·wk−1 and had a training history of >3 years. Subjects were fully informed on the nature
and possible risks of the experimental procedures before their written informed consent was obtained.
The study was approved by the Medical Ethical Committee of the Maastricht University Medical
Centre, The Netherlands and conformed to standards for the use of human subjects in research outlined
in the most recent version of the Helsinki Declaration. This trial was registered at clinicaltrials.gov
as NCT0109617.
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2.2. Pretesting
Baseline characteristics were determined during screening. Subject’s maximal workload
capacity (Wmax ) and peak oxygen consumption (VO2 peak) were determined while performing a
stepwise exercise test to exhaustion on an electronically braked cycle (Lode Excalibur, Groningen,
The Netherlands), using an online gas-collection system (Omnical, Maastricht University, Maastricht,
The Netherlands). After a 5 min warm up at 100 W, workload was set at 150 W and increased 50 W
every 2.5 min until exhaustion. VO2 peak was deﬁned as the median of the highest consecutive
values over 30 s. Maximal workload capacity was calculated as the workload in the last completed
stage + workload relative to the time spent in the last incomplete stage: (time in seconds)/150 × 50 (W).
2.3. Diet and Activity before Testing
Subjects recorded their food intake and activity pattern 2 days before the ﬁrst experimental exercise
trial and followed the same diet and exercise activities prior to the other three trials. In addition,
5–7 days before each experimental testing day, subjects performed an intense exercise training session
to deplete (13 C-enriched) glycogen stores. Subjects were further instructed not to consume any food
products with a high natural 13 C abundance (carbohydrates derived from C4 plants: maize, sugar cane)
at least 1 week before and during the entire experimental period to minimize any shift in background
13 CO enrichment.
2
2.4. Experimental Design
Each subject performed four exercise trials which consisted of 180 min of cycling at 50% Wmax
while ingesting a glucose drink (GLU), an isoenergetic glucose + fructose drink (GLU + FRU),
an isoenergetic glucose + sucrose drink (GLU + SUC), or plain water (WAT). To quantify
exogenous carbohydrate oxidation rates, corn-derived glucose monohydrate (Cargill, Sas van Gent,
The Netherlands), crystalline fructose and sugar cane-derived sucrose (Rafti Sugar Solutions BV,
Wijchen, The Netherlands) were used, all of which have a high natural 13 C abundance (−11.2, −11.4
and −11.2 δ vs. Pee Dee Bellemnitella (PDB), respectively). The 13 C enrichment of the ingested
glucose, fructose, and sucrose were determined by gas chromatography-combustion-isotope ratio mass
spectrometry (GC/C/IRMS; Agilent 7890A/GC5975C; MSD, Wilmington, DE, USA). To all drinks
20 mmol·L−1 of sodium chloride was added. The order of the experimental drinks was randomly
assigned in a cross-over double-blinded design. Experimental trials were separated by 7–28 days.
2.5. Protocol
Subjects reported to the laboratory in the morning at 08:00 a.m. after an overnight fast (10 h) and
having refrained from any strenuous activity or drinking any alcohol in the previous 24 h. On arrival in
the laboratory, a Teﬂon catheter was inserted in an antecubital vein of an arm to allow repeated blood
sampling during exercise. The subjects then mounted a cycle ergometer and a resting breath sample
was collected in 10 mL Exetainer tubes (Labco Limited, Lampeter, UK), which were ﬁlled directly from
a mixing chamber in duplicate to determine the 13 C/12 C ratio in the expired CO2 . Next a resting blood
sample (10 mL) was taken. Subjects then started a 180-min exercise bout at a work rate equivalent to
50% Wmax . Blood samples were collected at 30-min intervals throughout the 180 min exercise period.
Expired breath samples were collected every 15 min until cessation of exercise. Measurements of
oxygen consumption (VO2 ), carbon dioxide production (VCO2 ) and respiratory exchange ratio (RER)
were obtained every 15 min for periods of 4 min through the use of a respiratory facemask, connected
to an online gas-collection system [27].
During the ﬁrst 3 min of exercise, subjects drank an initial bolus (600 mL) of one of the four
experimental drinks: GLU, GLU + FRU, GLU + SUC, or WAT. Thereafter, every 15 min a beverage
volume of a 150 mL was provided. The total ﬂuid provided during the 180 min-exercise bout was
2.25 L. The GLU, GLU + FRU, and GLU + SUC drinks provided 1.8 g carbohydrate·min−1 . The GLU
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drink provided 1.8 g·min−1 glucose, the GLU + FRU drink provided 1.2 g·min−1 glucose + 0.6 g·min−1
fructose, and the GLU + SUC drink provided 0.6 g·min−1 glucose + 1.14 g·min−1 sucrose. The amount
of sucrose (1.14 vs. 1.2 g·min−1 ) was selected to allow exactly the same equimolar amounts of glucose
and fructose provided in the GLU + SUC, GLU and GLU + FRU drinks.
Subjects were asked to rate their perceived exertion (RPE) every 30 min on a scale from 6 to 20
using the Borg category scale [28]. In addition, subjects were asked every 30 min to ﬁll in questionnaire
to rate possible gastrointestinal (GI) problems using a ten-point scale (1 = no complaints at all, 10 = very
severe complaints). The questions consisted of six questions related to upper GI symptons (nausea,
general stomach problems, belching, urge to vomit, heartburn, and stomach cramps), four questions
related to lower GI complaints (ﬂatulence, urge to defecate, intestinal cramps, and diarrhea), and four
questions related to central or other symptoms (dizziness, headache, urge to urinate, and bloated
feeling). All exercise tests were performed under normal and standard environmental conditions
(18–22 ◦ C dry bulb temperature and 55%–65% relative humidity). During the exercise trials, subjects
were cooled with standing ﬂoor fans.
2.6. Analyses
Blood samples (10 mL) were collected in EDTA-containing tubes and centrifuged at 1000× g
and 4 ◦ C for 10 min. Aliquots of plasma were frozen in liquid nitrogen and stored at −80 ◦ C until
analysis. Plasma glucose and lactate were analyzed with a COBAS FARA semiautomatic analyzer
(Roche). Plasma insulin concentrations were analyzed using commercially available kits (Elecsys
Insulin assay, Roche, Ref: 12017547122; Mannheim, Germany). Plasma I-FABP levels were measured
using an in-house developed enzyme-linked immunosorbent assay. The detection window of the
I-FABP assay is 12.5–800 pg·mL−1 , with an intra-assay and inter-assay coefﬁcient of variation of 4.1%
and 6.2%, respectively [23,29]. Breath samples were analyzed for 13 C/12 C ratio by gas chromatography
continuous ﬂow isotope ratio mass spectrometry (GC/C/IRMS; Finnigan, Bremen, Germany). From
indirect calorimetry (VO2 and VCO2 ) and stable isotope measurements (breath 13 CO2 /12 CO2 ratio),
oxidation rates of total fat, total carbohydrate and exogenous carbohydrate were calculated.
2.7. Calculations
From VCO2 and VO2 (L·min−1 ), total carbohydrate and fat oxidation rates (g·min−1 ) were
calculated using the stoichiometric equations of Frayn [30] with the assumption that protein oxidation
during exercise was negligible:
Carbohydrate oxidation = 4.55 VCO2 − 3.21 VO2

(1)

Fat oxidation = 1.67 VO2 − 1.67 VCO2

(2)

The isotopic enrichment was expressed as δ per mil difference between the 13 C/12 C ratio of the
sample and a known laboratory reference standard according to the formula of Craig [31]:

δ13 C =

13 C/12 C
13 C/12 C

sample
standard




− 1 · 103

(3)

The δ13 C was then related to an international standard (PDB-1). In the GLU, GLU + FRU, and
GLU + SUC treatments, the rate of exogenous carbohydrate oxidation was calculated using the
following [32]:

Exogenous glucose oxidation = VCO2 ·
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δ Exp − δ Expbkg  1 
δ Ing − δ Expbkg
k

(4)
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in which δ Exp is the 13 C enrichment of expired air during exercise at different time points, δ Ing is the
enrichment of the ingested carbohydrate solution, δ Expbkg is the 13 C enrichment of expired air in
the WAT treatment (background) at different time points and k is the amount of CO2 (in L) produced
by the oxidation of 1 g of glucose (k = 0.7467 L of CO2 ·g−1 of glucose).
A methodological consideration when using 13 CO2 in expired air to calculate exogenous substrate
oxidation is the trapping of 13 CO2 in the bicarbonate pool, in which an amount of CO2 arising from
decarboxylation of energy substrates is temporarily trapped [33]. However, during exercise the CO2
production increases several-fold so that a physiological steady state condition will occur relatively
rapidly, and 13 CO2 in the expired air will be equilibrated with the 13 CO2 /H13 CO3 − pool, respectively.
Recovery of the 13 CO2 from oxidation will approach 100% after 60 min of exercise when dilution in
the bicarbonate pool becomes negligible [33,34]. As a consequence of this, calculations on substrate
oxidation were performed over the last 120 min of exercise (60–180 min).

13 C

2.8. Statistical Analyses
Plasma and substrate utilization parameters are expressed as means ± SEM, RPE and GI distress
scores are expressed as median and interquartile range. A sample size of 10 was calculated with a power
of 80% and an alpha level of 0.05 to detect a ~20% difference in exogenous carbohydrate oxidation
between treatments [20]. For all data, the normality of the distribution was conﬁrmed after visual
inspection and the use of Shapiro-Wilk tests. A one-way repeated measures ANOVA with treatment as
factor was used to compare differences in substrate utilization parameters between treatments. In case
of signiﬁcant F-ratios, Bonferroni post-hoc tests were applied to locate the differences. A two-way
repeated measures ANOVA with time and treatment as factors was used to compare differences in
plasma parameters between treatments and over time. In case of signiﬁcant F-ratios, paired t-tests
were used to locate the differences. A Friedman test was performed to compare RPE and GI distress
scores between treatments. In case of signiﬁcant χ2 , post hoc analysis with Wilcoxon signed-rank test
was conducted. Data evaluation was performed using SPSS (version 21.0, IBM Corp., Armonk, NY,
USA). Statistical signiﬁcance was set at p < 0.05.
3. Results
3.1. Indirect Calorimetry
Data for VO2 , RER, and total carbohydrate and fat oxidation rates over the 60 to 180 min exercise
period are presented in Table S1. VO2 did not differ between the four experimental treatments
(p = 0.301). RER in WAT was lower compared with GLU + FRU and GLU + SUC (p < 0.05). Total
carbohydrate oxidation rates were lower in WAT compared with GLU + FRU and GLU + SUC
treatments (p < 0.05). No signiﬁcant differences in total carbohydrate oxidation rates were observed
between GLU, GLU + FRU and GLU + SUC (pairwise comparisons: all p ≥ 0.172). Total fat oxidation
rates were higher in WAT compared to GLU + SUC (p = 0.010). No signiﬁcant differences in total fat
oxidation rates were observed between GLU, GLU + FRU and GLU + SUC (pairwise comparisons: all
p ≥ 0.443).
3.2. Stable-Isotope Measurements
Changes in isotopic composition of expired CO2 in response to exercise with ingestion of GLU,
GLU + FRU, GLU + SUC or WAT are presented in Figure 1A. Resting breath 13 CO2 enrichments
did not differ between treatments, and averaged −26.55 ± 0.13, −26.86 ± 0.16, −26.69 ± 0.14,
−26.83 ± 0.18 δ versus PDB for WAT, GLU, GLU + FRU, and GLU + SUC, respectively. No signiﬁcant
increases in expired breath 13 CO2 enrichments were observed in the water only treatment (WAT;
p = 0.096). In contrast, expired breath 13 CO2 enrichments strongly increased to up to −22.36 ± 0.33,
−20.70 ± 0.18, and −20.97 ± 0.34 δ versus PDB in the GLU, GLU + FRU, and GLU + SUC treatments,
respectively (time x treatment, p < 0.001). The slight shift in expired breath 13 CO2 enrichments in the
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WAT treatment was used as a background correction for the calculation of exogenous carbohydrate
oxidation rates in the GLU, GLU + FRU and GLU + SUC treatments.

Figure 1. Breath 13 CO2 enrichments (A) and exogenous carbohydrate oxidation rates (B) during
exercise without ingestion of carbohydrate (WAT), with the ingestion of glucose (GLU), with the
ingestion of glucose and fructose (GLU + FRU), or with the ingestion of glucose and sucrose
(GLU + SUC). Data were analsysed with a two-way repeated measures ANOVA (time-treatment). Data
are presented as means ± SEM. N = 10. a, denotes GLU signiﬁcantly different from WAT; b, denotes
GLU + FRU signiﬁcantly different from WAT; c, denotes GLU + SUC signiﬁcantly different from WAT;
d, denotes GLU + FRU signiﬁcantly different from GLU; e, denotes GLU + SUC signiﬁcantly different
from GLU (p < 0.05).

3.3. Exogenous and Endogenous Carbohydrate Oxidation Rates
In the GLU, GLU + FRU, and GLU + SUC treatments, the calculated exogenous carbohydrate
oxidation rates increased signiﬁcantly over time (Figure 1B, p < 0.001). Peak exogenous carbohydrate
oxidation rates were 51% ± 9% and 40% ± 12% higher in GLU + FRU and GLU + SUC when compared
to GLU (1.40 ± 0.06 and 1.29 ± 0.07 vs. 0.96 ± 0.06 g·min−1 , respectively: p < 0.05). Peak exogenous
carbohydrate oxidation rates did not differ between GLU + FRU and GLU + SUC (p = 0.999). Assessed
over the last 120 min of exercise, average exogenous carbohydrate oxidation rates were higher in the
GLU + FRU and GLU + SUC treatments compared to the GLU treatments (1.19 ± 0.12, 1.13 ± 0.21, and
0.82 ± 0.16 g·min−1 , respectively: p < 0.05). No differences were observed in exogenous carbohydrate
oxidation rates between GLU + FRU and GLU + SUC (p = 0.999). No signiﬁcant differences in
endogenous carbohydrate oxidation rates were observed between treatments (p = 0.112). The relative
contribution of substrates to total energy expenditure during exercise is presented in Figure 2.

Figure 2. Relative contribution of substrates to total energy expenditure calculated for the 60- to
180 min period of exercise without the ingestion of carbohydrate (WAT), with the ingestion of glucose
(GLU), with the ingestion of glucose and fructose (GLU + FRU), or with the ingestion of glucose and
sucrose (GLU + SUC). Data were analsysed with a repeated measures ANOVA (treatment). Data are
presented as means ± SEM. N = 10; b, denotes GLU + FRU signiﬁcantly different from WAT; c, denotes
GLU + SUC signiﬁcantly different from WAT; d, denotes GLU + FRU signiﬁcantly different from GLU;
e, denotes GLU + SUC signiﬁcantly different from GLU (p < 0.05).
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3.4. Plasma Metabolites
Plasma glucose, insulin, and lactate concentrations are shown in Figure 3. Plasma glucose
concentrations showed a transient increase at t = 30 min in the GLU, GLU + FRU and GLU + SUC
treatments, but plasma glucose concentrations at t = 30 min were only signiﬁcantly higher in
GLU + SUC compared to WAT (p = 0.028). Plasma glucose concentrations decreased in the WAT
treatment compared to the GLU, GLU + FRU and GLU + SUC treatments (time x treatment interaction:
p < 0.001). Plasma glucose concentrations were signiﬁcantly lower in the WAT treatment compared
to the GLU, GLU + FRU and GLU + SUC treatments from t = 90 min onwards (p < 0.05). Plasma
insulin concentrations increased in the GLU, GLU + FRU and GLU + SUC treatments, peaking at t = 30
after glucose ingestion (8.2 ± 1.2, 8.3 ± 1.1, and 10.6 ± 2.2 mU·L−1 , respectively), and then declined
throughout exercise. In contrast, plasma insulin concentrations declined throughout the entire exercise
bout in the WAT treatment (time x treatment interaction: p < 0.001).
Plasma lactate concentrations increased in all treatments, but this increase was much greater
in the GLU + FRU and GLU + SUC treatments when compared with the WAT and GLU treatments
(time x treatment interaction: p < 0.001). Plasma I-FABP levels, depicted as a percentage change from
individual baseline values, did not change signiﬁcantly over time (p = 0.764; Figure 4A). Area under
the curve (AUC) calculations of the percentage change from individual I-FABP baseline values did not
differ between treatments (p = 0.101; Figure 4B).

Figure 3. Plasma glucose (A), insulin (B), and lactate (C) concentrations during exercise without
ingestion of carbohydrate (WAT), with the ingestion of glucose (GLU), with the ingestion of glucose and
fructose (GLU + FRU), or with the ingestion of glucose and sucrose (GLU + SUC). Data were analsysed
with a two-way repeated measures ANOVA (time-treatment). Data are presented as means ± SEM.
N = 10; a, denotes GLU signiﬁcantly different from WAT; b, denotes GLU + FRU signiﬁcantly different
from WAT; c, denotes GLU + SUC signiﬁcantly different from WAT; d, denotes GLU + FRU signiﬁcantly
different from GLU; e, denotes GLU + SUC signiﬁcantly different from GLU (p < 0.05).
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Figure 4. Plasma I-FABP concentrations during exercise (A) and (area under the curve (AUC) of
percentage I-FABP change during exercise (B) without ingestion of carbohydrate (WAT), with the
ingestion of glucose (GLU), with the ingestion of glucose and fructose (GLU + FRU), or with the
ingestion of glucose and sucrose (GLU + SUC). Plasma I-FABP (A) was analsysed with a two-way
repeated measures ANOVA (time-treatment). Plasma I-FABP iAUC was analysed with a repeated
measures ANOVA (treatment). Data are presented as means ± SEM. N = 10. Differences between
treatments did not reach statistical signiﬁcance (p > 0.05).

3.5. Gastrointestinal Distress and Rating of Percieved Exertion
Total upper GI distress scores were 62 (53–83), 109 (67–147), 69 (57–96) and 74 (53–79), in the
WAT, GLU, GLU + FRU, GLU + SUC treatments, respectively, and were signiﬁcantly higher in the
GLU compared to the WAT, GLU + FRU, and GLU + SUC treatments (p < 0.05). Low GI distress
scores were observed for other symptons, with the exception of urge to urinate which did not differ
between treatments (p = 0.455). Ratings of perceived exertion did not differ between treatments and
averaged 13 (11–14), 14 (13–14), 13 (12–13), and 13 (12–14) for WAT, GLU, GLU + FRU, and GLU + SUC,
respectively (p = 0.056).
4. Discussion
The present study shows that the combined ingestion of glucose and fructose (1.2 g·min−1 glucose
plus 0.6 g·kg−1 fructose or 0.6 g·min−1 glucose plus 1.2 g·min−1 sucrose) further increases exogenous
carbohydrate oxidation rates compared to the ingestion of an isocaloric amount of glucose only.
Furthermore, combined ingestion of glucose plus fructose or sucrose resulted in less GI complaints
when compared with the ingestion of glucose only.
Previous work suggests that exogenous glucose oxidation rates are limited by intestinal glucose
absorption [5,7]. Because fructose is absorbed through a different intestinal transport route, higher total
intestinal carbohydrate absorption rates can be expected when glucose and fructose are co-ingested.
Therefore, we hypothesized that fructose co-ingestion with glucose would increase total carbohydrate
oxidation rates during prolonged exercise. Furthermore, we hypothesized that fructose provided
as part of the disaccharide sucrose is less effective as the same amount of fructose provided as a
monosaccharide to further augment exogenous glucose oxidation rates during exercise.
In the present study, we observed that the ingestion of an ample amount of glucose only results
in peak exogenous carbohydrate oxidation rates of 0.96 ± 0.06 g·min−1 (Figure 1). These rates are
in line with previous work and conﬁrm that exogenous glucose oxidation rates will not rise above
1.0–1.1 g·min−1 when only glucose is ingested during exercise [7,16,22,35,36]. Combined ingestion
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of glucose plus fructose or glucose plus sucrose in the present study resulted in peak exogenous
carbohydrate oxidation rates of 1.40 ± 0.06 and 1.29 ± 0.07 g·min−1 , respectively (Figure 1). These
data conﬁrm previous observations showing 35%–55% higher exogenous carbohydrate oxidation rates
following fructose co-ingestion when compared to the ingestion of glucose only during exercise [8,16].
While sucrose co-ingestion has also been shown to increase exogenous carbohydrate oxidation
rates [19,20], maximal exogenous carbohydrate oxidation rates appear lower when sucrose [19,20] as
opposed to fructose [8,16,21,22] is co-ingested during exercise (1.2–1.3 vs. 1.3–1.8 g·min−1 , respectively).
In the present study, we compared the impact of equimolar amounts of fructose co-ingestion provided
as its monosaccharide or provided as sucrose on exogenous carbohydrate oxidation rates during
exercise in the same cohort of athletes. We extend on previous work by showing no signiﬁcant
differences in peak exogenous carbohydrate oxidation rates between the GLU + FRU and GLU + SUC
treatments (p = 0.999). These results suggest that sucrose intestinal digestion and/or absorption are
not rate-limiting for subsequent oxidation. Consequently, we demonstrate that fructose co-ingestion
provided as part of the disaccharide sucrose does not differ from an equivalent amount of fructose
provided as a monosaccharide to augment exogenous carbohydrate oxidation rates during endurance
type exercise.
The ingestion of glucose only resulted in substantially higher GI distress when compared to the
WAT, GLU + FRU and GLU + SUC treatments (p < 0.05). The lower total GI distress with fructose or
sucrose co-ingestion seems to suggest that these treatments result in less carbohydrate accumulation
in the GI tract, possibly caused by more rapid intestinal carbohydrate absorption when compared
with the ingestion of glucose only [37]. To further evaluate potential underlying mechanisms of the
GI discomfort, we also measured plasma I-FABP as a marker of intestinal damage. Previous work
has shown that exercise resulted in a rapid appearance of this marker in blood, which correlated
with splanchnic hypoperfusion [23]. Though not signiﬁcant, we observed lower I-FABP release in the
GLU, GLU + FRU, and GLU + SUC groups compared with the WAT treatment (p = 0.101, Figure 4).
The observed increase in plasma I-FABP in the WAT treatment was lower when compared to our
previous work [29]. This may be explained by differences in the exercise protocols. In our previous
work, subjects cycled for 60 min at 70% Wmax vs. 180 min at 50% Wmax in the current study. This
suggests that exercise intensity may be a more important modulator of peak plasma I-FABP levels
than exercise duration. It remains to be established whether carbohydrate ingestion may reduce
exercise-induced GI compromise during higher intensity exercise.
After ingestion and intestinal absorption, fructose is metabolized in the liver and subsequently
released in the systemic circulation as lactate or converted to glucose via gluconeogenesis, which
is mainly released or used for liver glycogen synthesis depending on the need to maintain plasma
glucose levels [38]. We observed no signiﬁcant differences in plasma glucose concentrations between
the GLU, GLU + FRU, and the GLU + SUC treatments (Figure 3). We have recently shown that
sucrose ingestion does not preserve liver glycogen concentrations more than glucose ingestion during
exercise [39]. Therefore, it seems unlikely that hepatic glycogenesis was a major fate of the ingested
fructose during exercise. We did observe elevated plasma lactate concentrations in the GLU + FRU
and GLU + SUC treatments when compared to the GLU treatment. Fructose co-ingestion has been
shown to increase plasma lactate production and oxidation, with a minimal amount of fructose being
directly oxidized [40]. Therefore, fructose or sucrose co-ingested with glucose appears to be effectively
absorbed in the intestine and transported to the liver where it is metabolized to lactate, released in the
circulation and subsequently oxidized.
Exogenous glucose oxidation rates have been shown to correlate with exercise performance
during prolonged, moderate- to high-intensity exercise [2]. Fructose co-ingestion further improves
exogenous carbohydrate oxidation rates and has shown to improve exercise performance compared to
an isocaloric amount of glucose [8,14,16,22,41–43]. The latter has been attributed to a combination of
higher exogenous carbohydrate oxidation rates and decreased GI distress [41,43]. Although we did
not assess exercise performance, we observed increased exogenous carbohydrate rates and lower GI
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distress following fructose co-ingestion. Furthermore, exogenous carbohydrate oxidation rates and
GI distress levels did not differ between the GLU + FRU and GLU + SUC treatments. Therefore, our
data suggest that both fructose and sucrose represents proper ingredients for sports drinks to further
increase exogenous carbohydrate oxidation rates during exercise.
This study presents several limitations. First, we assessed whole-body exogenous carbohydrate
oxidation rates following fructose co-ingestion, which does not provide insight in the speciﬁc site
of oxidation. The increased exogenous carbohydrate oxidation rates following fructose co-ingestion
is likely largely attributed to increased lactate oxidation in muscle [40,44]. However, hepatic
fructose conversion into glucose and/or lactate costs energy [45], thereby decreasing energy
efﬁciency and possibly increasing hepatic carbohydrate oxidation rates. Therefore, the observed
46% ± 8% higher exogenous carbohydrate oxidation rates following fructose co-ingestion may slightly
overestimate increased energy availability and exogenous carbohydrate oxidation rates in muscle.
Secondly, we cannot exclude the possibility that sucrose co-ingestion is less effective at increasing
exogenous carbohydrate oxidation when compared to fructose monosaccharide co-ingestion when
total carbohydrate ingestion rates are higher than provided in the current study. It has been suggested
that sucrose digestion and/or absorption becomes a limiting factor to further increase exogenous
carbohydrate oxidation rates when total carbohydrate intakes levels exceed 1.8 g·min−1 [19]. However,
such carbohydrate ingestion rates may be impractically high and result in GI distress that may be
detrimental to exercise performance [43]. Therefore, we provided total carbohydrate ingestion rates
that are more practical and have shown to increase performance [42].
5. Conclusions
We conclude that fructose co-ingestion provided either as a monosaccharide or as sucrose strongly
increases exogenous carbohydrate oxidation rates during prolonged exercise in trained cyclists. When
ingesting large amounts of carbohydrates during exercise, co-ingestion of fructose or sucrose will
lower GI distress and increase the capacity for exogenous carbohydrate oxidation.
Supplementary Materials: The following are available online at http://www.mdpi.com/2072-6643/9/2/167/s1,
Table S1: Oxygen uptake (VO2 ), respiratory exchange ratio (RER), total carbohydrate (CHO) oxidation (CHOtot),
total fat oxidation (FATtot), endogenous carbohydrate (Endogenous CHO), exogenous carbohydrate (Exogenous
CHO) oxidation and peak exogenous carbohydrate oxidation (peak exogenous CHO) rates during cycling exercise
with ingestion of GLU, GLU + FRU, and GLU + SUC, and WAT.
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Abstract: This paper aims to compare the metabolic effects of glucose-fructose co-ingestion (GLUFRU)
with glucose alone (GLU) in exercising individuals with type 1 diabetes mellitus. Fifteen male individuals
with type 1 diabetes (HbA1c 7.0% ± 0.6% (53 ± 7 mmol/mol)) underwent a 90 min iso-energetic
continuous cycling session at 50% VO2max while ingesting combined glucose-fructose (GLUFRU)
or glucose alone (GLU) to maintain stable glycaemia without insulin adjustment. GLUFRU and
GLU were labelled with 13 C-fructose and 13 C-glucose, respectively. Metabolic assessments included
measurements of hormones and metabolites, substrate oxidation, and stable isotopes. Exogenous
carbohydrate requirements to maintain stable glycaemia were comparable between GLUFRU and GLU
(p = 0.46). Fat oxidation was significantly higher (5.2 ± 0.2 vs. 2.6 ± 1.2 mg·kg−1 ·min−1 , p < 0.001) and
carbohydrate oxidation lower (18.1 ± 0.8 vs. 24.5 ± 0.8 mg·kg−1 ·min−1 p < 0.001) in GLUFRU compared
to GLU, with decreased muscle glycogen oxidation in GLUFRU (10.2 ± 0.9 vs. 17.5 ± 1.0 mg·kg−1 ·min−1 ,
p < 0.001). Lactate levels were higher (2.2 ± 0.2 vs. 1.8 ± 0.1 mmol/L, p = 0.012) in GLUFRU, with
comparable counter-regulatory hormones between GLUFRU and GLU (p > 0.05 for all). Glucose
and insulin levels, and total glucose appearance and disappearance were comparable between
interventions. Glucose-fructose co-ingestion may have a beneﬁcial impact on fuel metabolism in
exercising individuals with type 1 diabetes without insulin adjustment, by increasing fat oxidation
whilst sparing glycogen.
Keywords: carbohydrates; glucose; fructose; type 1 diabetes; exercise; glycaemia; substrate oxidation

1. Introduction
The beneﬁcial effects of exercise on cardiovascular health and general well-being in patients with
type 1 diabetes are well documented [1,2], however, maintaining glycaemic control during exercise
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remains complex and demanding. The use of exogenous insulin which leads to supraphysiological
peripheral insulin levels, in addition to the exercise-induced increase in muscle glucose uptake,
predisposes to hypoglycaemia (e.g., dangerous fall in blood glucose levels, below the normal
physiological range). Consequently, fear of exercise-related hypoglycaemia is an important factor
deterring patients with type 1 diabetes from exercising, despite the fact that many of these individuals
are physically ﬁt and wish to be active [3].
Current exercise management guidelines provide pragmatic recommendations, such as adjusting
insulin doses and/or increasing the amount of carbohydrates (CHO) ingested before, during, or after
exercise [4]. However, simple reduction of insulin dosages require pre-planning and may not always
achieve desired results [5]. Several studies have evaluated the dosing and administration schedules of
CHO to mitigate against hypoglycaemia [6,7]. The metabolic effects of differing types of CHO in the
context of physical activity, however, remain under-studied, particularly in individuals with type 1
diabetes. Although the glycaemic effects of different types of CHO under conditions of insulin dose
adjustment have been studied [8–11], the metabolic responses under usual insulin dose conditions
remain unclear.
Fructose is a monosaccharide with a considerably different metabolism from that of glucose.
Orally-ingested fructose is absorbed via speciﬁc intestinal transporter (GLUT5) [12] and is then almost
completely extracted by the liver and metabolized by a speciﬁc set of enzymes [13]. Fructose, as a
subsidiary energy source, is converted to primary energy substrates such as lactate, glucose, and
lipids which can either be released into circulation and used by other organs (e.g., the exercising
muscle) or stored in the liver [13]. Fructose may therefore act as an alternative to glucose in meeting
energy requirements, without the need for insulin, thereby being of particular interest to patients with
type 1 diabetes. While the co-ingestion of glucose and fructose under exercise conditions has been
previously investigated in healthy non-diabetic individuals [14–16], there is no systematic analysis to
date in patients with type 1 diabetes. Therefore, we aimed to investigate the effects of glucose-fructose
co-ingestion (GLUFRU) compared to glucose alone (GLU) in exercising type 1 diabetes individuals, on
glycaemic stability and exercise-associated metabolism.
2. Material and Methods
2.1. Inclusion Criteria
Fifteen recreationally active male adults with well-controlled type 1 diabetes were recruited for
this study. Eleven participants were insulin pump users and four were multiple daily injection users.
Volunteers were eligible if they had undetectable C-peptide (<100 pmol/L with concomitant blood
glucose ≥4 mmol/L), had no known diabetes-related complications, were on stable insulin regime
for at least three months prior to the study, and were not on any medications other than insulin.
All participants signed informed consent prior to the start of study-related procedures. The study was
approved by the Ethics Committee Bern (KEK 001/14).
2.2. Experimental Design and Protocol
This was a prospective non-randomised cross-over design study. Baseline study visits included
indirect calorimetry to determine basal metabolic rate (BMR), bioimpedance analysis for lean body
mass calculation (BIA 101, Akern, Pontassieve FI, Italy), and a stepwise incremental exercise test
on a bicycle ergometer with breath-to-breath spiroergometry (Cardiovit AT-104 PC; Schiller, Baar,
Switzerland), as previously described [17].
A 1:1 glucose-fructose mixture (GLUFRU) or glucose alone (GLU) was given orally to maintain
stable glycaemia over a 90 min cycling session at 50% VO2max . GLUFRU and GLU consisted
of 20% (1:1 glucose-fructose) and 10% CHO solution (Glucosum monohydricum, Hänseler AG,
Herisau, Switzerland, D-Fructose, Fluka Analytic, Sigma Aldrich, Buchs, Switzerland), respectively.
The concentration of GLUFRU solution was higher compared to GLU to ensure that both solutions
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provided comparable immediate glycaemic effects at the same volume. GLUFRU or GLU were
provided based on personalised CHO-intake regimens which were pre-determined during the
familiarisation period (90 min cycling session) in order to account for variable individual responses.
The primary outcome of the study was the CHO requirements to maintain stable glycaemia during the
ﬁnal 30 min of the exercise period. Secondary endpoints included assessment of whole body substrate
oxidation, glucose turnover, as well as measurements of metabolites and hormones. Ten participants
underwent GLU ﬁrst, followed by GLUFRU. Conversely, ﬁve participants underwent GLUFRU ﬁrst,
followed by GLU.
2.3. Pre-Study Standardization Procedures
Participants consumed a standardized diet with a pre-deﬁned daily CHO quantity corresponding
to 50% of their calculated energy expenditure 48 h before the main study intervention day. The diet
was replicated prior to the second intervention. Foods naturally-enriched in 13 C-CHO were avoided to
limit baseline shifts in expired 13 CO2 [18]. Participants were additionally requested to avoid strenuous
exercise (pedometer record <5000 steps per day), alcohol, and caffeine. Patients adhered to their usual
insulin regime, and daily glycaemia levels were assessed using a continuous glucose monitor (CGM)
and capillary glucose measurements. On the main study day, participants were given a standardized
breakfast containing one-sixth of each individual’s estimated daily CHO amount at 0700, for which
participants bolused according to their carbohydrate-to-insulin ratio. Participants were admitted to the
research facility at 0930. Basal insulin delivery was not adjusted prior to exercise, and kept identical
during both study interventions.
2.4. Sampling Procedures for Metabolites and Hormones
An 18 G cannula was inserted into the antecubital vein of each forearm upon arrival to the
research facility. Blood glucose was measured every 10 min (YSI 2300; Yellow Springs Instruments,
Yellow Springs, OH, USA). Blood sampling for insulin, counter-regulatory hormones (catecholamines,
growth hormone (GH), glucagon, cortisol) and metabolites (lactate, non-esteriﬁed fatty acids (NEFAs))
was performed 50 min prior to exercise, at 10, 30, 60, and 80 min of exercise, as well as in the
recovery phase (120 min after exercise completion). Insulin, GH, and cortisol were measured
using commercially available immunoassay kits (insulin: Architect, Abbott, Baar, Switzerland;
GH: Immulite, Siemens, Zurich, Switzerland; cortisol: Modular, Roche, Rotkreuz, Switzerland).
Glucagon was measured using a double radioimmunoassay (Siemens, Zurich, Switzerland) in
ethylenediaminetetraacetic acid (EDTA) plasma mixed with aprotinin, immediately cooled and frozen
after separation. NEFA levels were assessed using a kit from Wako Chemicals (Dietikon, Switzerland).
Lactate and pH were determined electrochemically using the ABL 835/837 FLEX (Radiometer,
Thalwil, Switzerland) analyser. Plasma catecholamines were quantiﬁed using ultraperformance liquid
chromatography-tandem mass spectrometry (Waters Acquity UPLC/TQD, Manchester, UK) [19].
2.5. Respiratory Gas Exchange, Cardiopulmonary Monitoring, and Substrate Oxidation
VCO2 and VO2 were measured immediately before, during, and 120 min after exercise completion.
The 90 min exercise session involved six spirometric recording phases, each performed over 5 min
periods at 15, 35, 55, 65, 75, and 85 min of exercise. Net substrate oxidation and energy expenditure
were calculated from standard indirect calorimetry equations [20].
Heart rate was recorded continuously by a portable three channel electrocardiogram (ECG)
(Lifecard CF, Del Mar Reynolds Medical Inc., Irvine, CA, USA). Rate of perceived exertion (RPE) was
assessed by the Borg scale every 10 min.
2.6. Stable Isotopes
Orally supplied CHO solutions were labelled with 0.5% U-13 C6 -fructose for GLUFRU and 0.5%
U-13 C6 -glucose for GLU. 6,6-2 H2 -glucose (Cambridge Isotope Laboratories, Tewksbury, MA, USA)
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was infused for both interventions. Double background enrichment measurements (blood and breath
samples) were taken immediately after intravenous cannulation. Twenty minutes before exercise,
a primed (0.6 mg·kg−1 (mmol/L)−1 ) constant infusion of 30 μg 6,6-2 H2 -glucose kg−1 ·min−1 was
initiated. At the onset of exercise, the 6,6-2 H2 -glucose infusion rate was quadrupled to minimize
changes in enrichment [21]. Blood and breath samples were obtained during exercise at 59, 69, 79,
and 89 min. Plasma 6,6-2 H2 -glucose and 13 C-glucose isotopic enrichment (IE) were measured using
gas-chromatography mass-spectrometry (GC-MS) (Hewlett-Packard Instruments, Palo Alto, CA, USA)
in chemical ionization mode, as previously described [22]. 13 CO2 -IE was measured by isotope-ratio
mass spectrometry (SerCon, Crewe, UK). Plasma fructose concentrations were measured using a
previously published protocol from Petersen and colleagues [23].
2.7. Calculations of Glucose and Fructose Turnover
Glucose and fructose turnover were computed during the last 30 min of exercise, to ensure
plateau enrichment was achieved. The rate of glucose appearance (Ra ) and disappearance (Rd ) were
calculated from 6,6-deuterated glucose dilution using Steele’s equation for non-steady state conditions,
assuming an effective fraction of 0.65 and a distribution volume of 0.22 L/kg [24]. Glucose metabolic
clearance rate (MCR) was calculated as Rd /glucose concentration. Muscle glycogen oxidation was
estimated as the difference between net CHO oxidation and glucose Rd , assuming that 100% of plasma
glucose uptake was oxidized during exercise [25]. Gluconeogenesis from fructose was assessed by the
product of Ra and isotope enrichment ratio of plasma glucose (M + 3) and ingested fructose (M + 6).
The ratio of 13 C-abundance in the expired air and ingested glucose and fructose, using a recovery factor
of 1.0, provided an estimate of the oxidised amount of fructose (GLUFRU) and glucose (GLU) [26].
A bicarbonate correction factor, assuming a bicarbonate pool of 14.2 mmol/kg, was applied to estimate
13 C-fructose/glucose oxidation [27].
2.8. Statistical Analysis
We estimated that twelve participants would provide 95% power to detect a mean difference of
8.2 g of glucose given during the last 30 min, at a level of 5% signiﬁcance [15]. Assuming a SD of 7 g
(based on previous metabolic studies in participants with type 1 diabetes with inherent glycaemic
variability [28]), we estimated a sample size of 12, which was increased to 15 to account for drop outs
(related to the complexity of study procedures and visits). Data were analysed using Stata 13.0 (Stata
Corporation, College Station, TX, USA), Matlab R2015a (The MathWorks, Inc., Natick, MA, USA), and
GraphPad Prism software 5.0 (GraphPad Software Inc., San Diego, CA, USA). Differences in hormones,
metabolites, and substrate oxidation were evaluated using paired comparisons of area under the
curve. Glucose turnover was compared using values obtained during the last 30 min of exercise.
Continuous variables were analysed for normality using the Shapiro-Wilk test and qq-plots. Student’s
paired t tests were used to identify differences for normally distributed variables, and Wilcoxon’s
signed rank tests were used for non-normally distributed variables. A p-value <0.05 was considered
statistically signiﬁcant. Values are expressed as mean ± standard error of the mean (SEM), unless
otherwise speciﬁed.
3. Results
3.1. Baseline Characteristics and Pre-Study Conditions
Baseline characteristics are shown in Table 1. Total daily CHO intake and insulin dosage were
similar for GLUFRU and GLU during the 48 h prior to the main study intervention (CHO: 353 ± 13 vs.
351 ± 11 g/day, p = 0.83; insulin dose: 71 ± 4 vs. 70 ± 3 U/day, p = 0.49).
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Table 1. Baseline characteristics. Data presented as mean (SD).
n = 15
26.1 ± 4.8
80.4 ± 10.7
1.81 ± 0.08
24.5 ± 3.2
78.8 ± 7.1
8.3 ± 0.9
47 ± 9
13.3 ± 6.7
7.0 ± 0.6
53 ± 7
0.7 ± 0.1

Age (years)
Weight (kg)
Height (m)
BMI (kg/m2 )
Fat-free mass (%)
BMR (MJ/day)
VO2max (mL·(kg·body·weight)−1 ·min−1 )
Diabetes duration (years)
Haemoglobin A1c (%)
Haemoglobin A1c (mmol/mol)
Total average daily insulin (U·kg−1 ·day−1 )

BMI = body mass index. BMR = basal metabolic rate. VO2max = maximal oxygen uptake.

3.2. CHO Requirements
The primary endpoint (CHO requirements within the last 30 min of exercise) did not differ
signiﬁcantly between interventions: 7.7 ± 2.9 vs. 14.1 ± 3.2 g (p = 0.14) in GLUFRU and GLU,
respectively. Total CHO requirements to maintain stable glycaemia over the whole exercise period
were similar (34.0 ± 2.9 g in GLUFRU and 37.8 ± 5.3 g in GLU, p = 0.46). Notably, half of the supplied
CHO in GLUFRU consisted of fructose (17 g) (Figure 1).

ȱ
Figure 1. Carbohydrate administration during ﬁrst, second, and third 30 min-intervals of exercise.
GLUFRU (glucose-fructose co-ingestion) = dark grey bar and GLU (glucose alone ingestion) = light
grey bar. Results are expressed as mean ± SEM.

3.3. Energy Expenditure
Total energy expenditure during exercise was 3.3 ± 0.2 and 3.2 ± 0.1 MJ (p = 0.34), in GLUFRU
and GLU, respectively. Average heart rate did not differ between GLUFRU and GLU (138.6 ± 3.1
vs. 133.4 ± 3.1 beats per minutewhich corresponded to 73% ± 2% and 71% ± 2% of maximal heart
rate, respectively (p = 0.12). The measured oxygen consumption was similar during both GLUFRU
(24 ± 1 mg·kg−1 ·min−1 ) and GLU (23 ± 1 mg·kg−1 ·min−1 ), which corresponded to 53% ± 2% VO2max
and 51% ± 3% VO2max , respectively (p = 0.20).
3.4. Glycaemia and Insulin Levels
During exercise, glucose (8.1 ± 0.3 vs. 7.7 ± 0.2 mmol/L, p = 0.67) and insulin (138.3 ± 0.8
vs. 141.8 ± 0.9 pmol/L, p = 0.23) levels were not signiﬁcantly different between GLUFRU and
GLU (Figure 2). Insulin levels 120 min after exercise were 106.7 ± 32.6 pmol/L in GLUFRU
and 103.2 ± 18.7 pmol/L in GLU (p = 0.89). Corresponding glucose levels were 8.7 ± 0.7 and
8.9 ± 0.6 mmol/L for GLUFRU and GLU, respectively (p = 0.72) (Figure 2).
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Figure 2. Measured blood glucose and insulin during GLUFRU (black circle) and GLU (white circle).
Left to right: blood glucose, p = 0.67; insulin, p = 0.89. Results are expressed as mean ± SEM.

3.5. Metabolites and Counter-Regulatory Hormones
Measured metabolites and hormones are shown in Figure 3. During exercise, lactate levels were
signiﬁcantly higher (2.2 ± 0.2 vs. 1.8 ± 0.1 mmol/L, p = 0.012), but not at 120 min after exercise
completion (p = 0.58), in GLUFRU compared to GLU. No differences in pH levels were observed
between GLUFRU and GLU (7.39 ± 0.01 vs. 7.38 ± 0.00, p = 0.33). NEFA levels during exercise were
0.5 ± 0.04 mmol/L in GLUFRU and 0.4 ± 0.03 mmol/L in GLU (p = 0.43). During exercise, mean
glucagon levels were 10.7 ± 0.6 and 11.6 ± 0.6 pmol/L (p = 0.16) in GLUFRU and GLU, respectively.
Mean GH levels (9.7 ± 1.1 vs. 10.8 ± 1.1 ng/mL, p = 0.50), noradrenaline (5.9 ± 0.3 vs. 5.5 ± 0.3 nmol/L,
p = 0.45), adrenaline (0.6 ± 0.1 nmol/L vs. 0.6 ± 0.1 nmol/L, p = 0.39), and cortisol (417.6 ± 28.2 and
436.8 ± 23.1 nmol, p = 0.54) were comparable between GLUFRU and GLU. Dopamine levels were
signiﬁcantly higher in GLUFRU compared to GLU (0.13 ± 0.02 vs. 0.08 ± 0.02 nmol/L, p = 0.037).

Figure 3. Cont.
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Figure 3. Measured hormones and metabolites during GLUFRU (black circle) and GLU (white circle).
Clockwise from top left: lactate, p = 0.012; non-esteriﬁed fatty acids (NEFAs), p = 0.43; growth hormone,
p = 0.50; adrenaline, p = 0.39; dopamine, p = 0.037; cortisol, p = 0.54; noradrenaline, p = 0.45; glucagon,
p = 0.16. Results are expressed as mean ± SEM.

3.6. Substrate Oxidation and Turnover
Substrate oxidation is outlined in Figure 4 and Table 2. Fat (1.5 ± 0.1 and 1.6 ± 0.2 mg·kg−1 ·min−1 ,
p = 0.69) and CHO (1.7 ± 0.5 and 2.5 ± 0.3 mg·kg−1 ·min−1 , p = 0.10) oxidation at baseline
were comparable between GLUFRU and GLU. During the 90 min exercise period, fat oxidation
was signiﬁcantly higher and CHO oxidation lower in GLUFRU compared to GLU (5.2 ± 0.2 vs.
2.6 ± 1.2 mg·kg−1 ·min−1 and 18.1 ± 0.8 mg·kg−1 ·min−1 vs. 24.5 ± 0.8 mg·kg−1 ·min−1 , p < 0.001
for both). Respiratory exchange ratio was lower during GLUFRU compared to GLU (0.86 ± 0.01 vs.
0.93 ± 0.00, p < 0.001). Fat oxidation contributed to 45.8% ± 1.8% of overall energy production
in GLUFRU, and 25.5% ± 1.4% in GLU (p < 0.001). Energy yield contribution from CHO
oxidation was 54.2% ± 1.8% in GLUFRU and 74.8% ± 1.4% in GLU (p = 0.02). Fat (1.9 ± 0.21 vs.
1.7 ± 0.2 mg·kg−1 ·min−1 , p = 0.41) and CHO (0.5 ± 0.3 vs. 1.2 ± 0.4 mg·kg−1 ·min−1 , p = 0.09)
oxidation were comparable 120 min after exercise completion between GLUFRU and GLU.

Figure 4. Carbohydrate (CHO) and fat oxidation during GLUFRU (black circle) and GLU (white circle).
Results are expressed as mean ± SEM. Left to right: CHO oxidation, p < 0.001; fat oxidation, p < 0.001.
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Table 2. Metabolic measures during last 30 min of exercise in GLUFRU and GLU. Values are mean
(SEM). GLUFRU = glucose-fructose co-ingestion, GLU = glucose alone ingestion.

Carbohydrate requirements (g)
Carbohydrate oxidation (mg·kg−1 ·min−1 )
Fat oxidation (mg·kg−1 ·min−1 )
Glucose appearance, Ra (mg·kg−1 ·min−1 )
Glucose disappearance, Rd (mg·kg−1 ·min−1 )
Metabolic clearance rate, MCR (mg·kg−1 ·min−1 )

GLUFRU (n = 15)

GLU (n = 15)

p Value

34.0 ± 2.9
18.1 ± 0.8
5.2 ± 0.2
7.0 ± 0.4
7.8 ± 0.3
6.0 ± 0.3

37.8 ± 5.3
24.5 ± 0.8
2.6 ± 1.2
7.3 ± 0.4
7.6 ± 0.5
5.9 ± 0.4

0.46
<0.001
<0.001
0.53
0.57
0.80

There was no signiﬁcant difference in glucose turnover between GLUFRU and GLU during
the last 30 min of exercise (Table 2). Ra was 7.0 ± 0.4 vs. 7.3 ± 0.4 mg·kg−1 ·min−1 (p = 0.53) in
GLUFRU and GLU, respectively. Rd and MCR were comparable between GLUFRU and GLU (7.8 ± 0.3
vs. 7.6 ± 0.5 mL·kg−1 ·min−1 and 6.0 ± 0.3 vs. 5.9 ± 0.4 mL·kg−1 ·min−1 ; p = 0.57 and p = 0.80,
respectively). Estimated muscle glycogen oxidation was signiﬁcantly lower in GLUFRU compared to
GLU (10.2 ± 0.9 vs. 17.5 ± 1.0 mg·kg−1 ·min−1 , p < 0.001).
Gluconeogenesis from fructose in GLUFRU was 0.9 ± 0.1 mg·kg−1 ·min−1 , contributing to
12.1% ± 1.1% of total Ra. Plasma fructose concentration in the last 30 min of exercise in GLUFRU was
154.7 ± 8.4 μmol/L.
13 C-isotopic enrichment in breath samples showed exogenous fructose and glucose oxidation
rates of 1.5 ± 0.1 mg·kg−1 ·min−1 in GLUFRU and 3.0 ± 0.3 mg·kg−1 ·min−1 in GLU, in concordance
with the 50% lower administered amount of 13 C-labeled CHO in GLUFRU when compared to GLU
(0.09 vs. 0.19 g).
4. Discussion
The metabolic and hormonal effects of two different CHO supplementation approaches during
exercise in patients with type 1 diabetes under identical insulin levels were compared in this study:
glucose-fructose co-ingestion (GLUFRU) and glucose alone (GLU). Although the total amount of
exogenous CHO needed to maintain stable glycaemia during the whole exercise period did not differ
signiﬁcantly, there was a tendency towards lower CHO requirements during GLUFRU (approximately
50% lower amounts compared to GLU) within the last 30 min of exercise (primary outcome). In daily
clinical settings, this may have practical implications as the frequency of CHO supplementation
could be reduced when using GLUFRU, thereby potentially providing convenience and safety to the
exercising individual with type 1 diabetes.
GLUFRU resulted in signiﬁcantly higher fat oxidation and lower CHO oxidation, and this was
related to lower muscle glycogen oxidation in GLUFRU. Although identical exercise protocols were
followed, GLUFRU increased lactate levels, suggesting that ingested fructose was partially converted
into lactate. Thus, the beneﬁts of GLUFRU supplementation in exercising individuals with type 1
diabetes may be its more sustainable glycaemic effect, in conjunction with increased fat utilization and
sparing of muscle glycogen.
To our knowledge, this is the ﬁrst study in type 1 diabetes to investigate the metabolic effects
of fructose when used in combination with glucose as a CHO supplementation to maintain stable
glycaemia during exercise. The observed higher fat oxidation in GLUFRU compared to GLU is in line
with a previous study in type 1 diabetes comparing a single oral load of 75 g glucose with an equivalent
amount of isomaltulose (a disaccharide of glucose and fructose linked by an alpha-1,6-glycosidic bond),
covered with identical insulin boluses 2 h pre-exercise. The authors observed lower CHO oxidation
and greater lipid oxidation when 45 min of treadmill running was performed at 80% VO2max [10]. Most
studies assessing the effects of glucose-fructose ingestion compared to glucose alone, however, were
performed in healthy non-diabetic individuals [15,29]. These studies adopted notably higher CHO
feeding rates than those used in the present study (up to 2.4 g/min vs. 0.45 g/min), to maximize CHO
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absorption, which is the limiting factor for glucose-only supplementation regimes [30]. The authors
were able to conﬁrm their hypothesis that glucose-fructose co-ingestion increased total CHO absorption,
and consequently metabolic substrate availability, which translated to greater exogenous CHO
oxidation and improved endurance performance. Findings related to net substrate oxidation have
been inconsistent, however, with some showing either similar [14] or higher [15,31] CHO oxidation
with glucose-fructose co-ingestion, whereas others showed tendency to lower CHO oxidation [16].
Direct comparison between type 1 diabetes and healthy non-diabetic individuals is challenging, as
CHO intake elicits endogenous insulin secretion in the latter, which is the main determinant in fuel
selection [32]. Therefore, studies in individuals with type 1 diabetes, if performed under standardized
conditions with identical insulinemia, may offer a unique opportunity to investigate isolated metabolic
effects of fructose in an exercise context.
Our ﬁnding of increased lactate levels for GLUFRU is in line with other studies reporting partial
conversion of ingested fructose into lactate following ﬁrst pass hepatic metabolism [33–36]. It has been
well reported that lactate is readily oxidized by the working muscle [37], therefore fructose-derived
lactate may provide an efﬁcient fuel during exercise. This statement is supported by a study comparing
glucose-fructose co-ingestion with glucose alone in exercising healthy non-diabetic individuals, which
showed that fructose-derived lactate oxidation and fructose-derived glucose oxidation each accounted
for approximately 50% of net fructose oxidation [15]. Notably, the present study observed a net
13 C-fructose oxidation of 1.5 mg·kg−1 ·min−1 in conjunction with a gluconeogenesis from fructose
of 0.9 mg·kg−1 ·min−1 , suggesting that the difference (approximately 0.6 mg·kg−1 ·min−1 ) may be
accounted for by fructose-derived lactate oxidation.
The ﬁndings of higher fat oxidation and lower CHO oxidation under GLUFRU in the present
study were unexpected, given the comparable levels of insulin, blood glucose, and gluco-regulatory
hormones. The CHO concentration (20% vs. 10% solutions) and administration regime (tendency
towards lower CHO supply in GLUFRU within last 30 min of exercise) were the only accountable
differences between GLUFRU and GLU. The resulting differences in CHO intake-related glucose
appearance is further compounded by the two-step metabolisation of fructose, which requires initial
conversion into primary energy substrates such as glucose and lactate, for it to be used as fuel in the
working muscle.
Could one therefore hypothesise that the observed increased fat oxidation may be related to
an increased utilization of fructose-derived lactate? Continuous low rate of fructose-derived lactate
oxidation through lactate dehydrogenase reaction increases the NADH/NAD+ ratio, which then
may lower pyruvate dehydrogenase (PDH) activity, thereby favouring acetyl-CoA production by
β-oxidation [38]. At a certain level of β-oxidation, associated energy provision becomes self-sustaining
as the generated acetyl-CoA and NADH further diminish PDH activity [39]. Testing this hypothesis,
however, is beyond the scope of the present work and would need further investigation. Despite
differences in fat oxidation, NEFA levels were comparable between GLUFRU and GLU. Such a
constellation (higher fat oxidation despite comparable NEFA levels) has also been reported by
others [10,40] and may suggest that differences in fat utilization may be attributable to intramyocellular
lipid (IMCL), rather than peripheral adipose tissue lipolysis. This is further supported by the
well-known fact that in comparison to peripheral lipolysis, intramyocellular hormone-sensitive
lipase is not suppressed by the relatively high and constant exogenous insulin levels in our study
population [41]. However, we acknowledge that the lack of IMCL assessment in the present study
precludes statements regarding intramyocellular lipid utilization.
Interestingly, dopamine levels were signiﬁcantly higher in GLUFRU compared to GLU in the
present study. Due to the standardized setting dietary effects are unlikely to have contributed to this
this ﬁnding. Although it is known that renal tubular cells can metabolize fructose [42], there is no
data suggesting that this could alter the clearance of dopamine leading to higher circulating levels.
We acknowledge that the observed difference in dopamine may entirely be due to chance. Although
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there is limited evidence suggesting dopamine to increase fat oxidation, further studies are needed to
validate this hypothesis [43,44].
Post-exercise glycogen repletion has been shown to be related to a decline in blood glucose
levels and, consequently, an increased risk for hypoglycaemia in exercising individuals with type 1
diabetes [45]. Therefore, the higher fat oxidation and glycogen-sparing effect observed in GLUFRU
may be particularly beneﬁcial for these individuals, pointing towards a potential role of fructose
as a supplementary CHO for exercising individuals with type 1 diabetes. Of note, concerns have
emerged related to adverse metabolic effects of fructose, albeit in sedentary individuals with relatively
high intake of fructose-enriched diet [46–48]. These adverse metabolic effects have been shown to be
potentially reversed by physical activity [49,50]. This is in line with the present ﬁndings that oxidation
is the predominant metabolic fate of ingested fructose which thereby serves as an efﬁcient fuel under
exercising conditions.
The strengths of the present study are its standardized design, which comprehensively combines
independent techniques to investigate exercise-related fuel metabolism in a commonly encountered
clinical situation (e.g., performing exercise without adjustment of insulin doses). The adoption of the
study intervention in daily practice is feasible, and potentially provides metabolic beneﬁts to exercising
individuals with type 1 diabetes.
Due to the complexity of the chosen technical approach, this study has several limitations, and
therefore our results will need to be interpreted with caution. The non-signiﬁcant difference of the
primary endpoint may have been related to the relatively small sample size, and the variability in
carbohydrate absorption. In addition, the study had a non-randomised design, and the exclusive
recruitment of well-controlled male participants may have limited the generalizability of our ﬁndings.
The latter was to mitigate against metabolic differences related to sex hormones [51,52]. Larger
randomised studies will be needed to validate ﬁndings from the present study. The tracer calculations
used were based on a one compartment model [53], which may not be fully appropriate for non-steady
state conditions. Muscle glycogen oxidation may have been underestimated if less than 100% of glucose
Rd was oxidised. However, the probability that a major amount of glucose may have been oxidised in
non-muscle tissue under exercise conditions is low. Of note, the metabolic fate of co-ingested glucose
could not be determined during GLUFRU, as only fructose was labelled. Additionally, for logistical
reasons the amount of fructose disposed though systemic lactate was not measured by our tracer
methods, as this would have required duplication of tests for each participant to separately monitor
glucose and lactate kinetics.
5. Conclusions
In conclusion, the present study shows that GLUFRU is equally effective as GLU in stabilizing
glycaemia in type 1 diabetes during exercise, and induces a shift towards higher fat oxidation with
concomitant glycogen-sparing effect in the working muscle. These ﬁndings corroborate the ﬂexibility
of exercise-related fuel metabolism in type 1 diabetes, indicating that glucose-fructose co-ingestion
may be a promising strategy to optimise fuel metabolism during exercise in type 1 diabetes. Further
studies are needed to explore the related mechanisms in more detail, such as evaluating different
fructose intake doses and schedules under reduced insulin doses, as per clinical guidelines [4].
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Abstract: Carbohydrate availability in the form of muscle and liver glycogen is an important
determinant of performance during prolonged bouts of moderate- to high-intensity exercise.
Therefore, when effective endurance performance is an objective on multiple occasions within
a 24-h period, the restoration of endogenous glycogen stores is the principal factor determining
recovery. This review considers the role of glucose–fructose co-ingestion on liver and muscle
glycogen repletion following prolonged exercise. Glucose and fructose are primarily absorbed
by different intestinal transport proteins; by combining the ingestion of glucose with fructose, both
transport pathways are utilised, which increases the total capacity for carbohydrate absorption.
Moreover, the addition of glucose to fructose ingestion facilitates intestinal fructose absorption via
a currently unidentiﬁed mechanism. The co-ingestion of glucose and fructose therefore provides
faster rates of carbohydrate absorption than the sum of glucose and fructose absorption rates
alone. Similar metabolic effects can be achieved via the ingestion of sucrose (a disaccharide of
glucose and fructose) because intestinal absorption is unlikely to be limited by sucrose hydrolysis.
Carbohydrate ingestion at a rate of ≥1.2 g carbohydrate per kg body mass per hour appears to
maximise post-exercise muscle glycogen repletion rates. Providing these carbohydrates in the form
of glucose–fructose (sucrose) mixtures does not further enhance muscle glycogen repletion rates
over glucose (polymer) ingestion alone. In contrast, liver glycogen repletion rates are approximately
doubled with ingestion of glucose–fructose (sucrose) mixtures over isocaloric ingestion of glucose
(polymers) alone. Furthermore, glucose plus fructose (sucrose) ingestion alleviates gastrointestinal
distress when the ingestion rate approaches or exceeds the capacity for intestinal glucose absorption
(~1.2 g/min). Accordingly, when rapid recovery of endogenous glycogen stores is a priority, ingesting
glucose–fructose mixtures (or sucrose) at a rate of ≥1.2 g·kg body mass−1 ·h−1 can enhance glycogen
repletion rates whilst also minimising gastrointestinal distress.
Keywords: carbohydrates; glycogen; liver; metabolism; muscle; resynthesis; sports nutrition; sucrose

1. Introduction
Carbohydrates are a major substrate for oxidation during almost all exercise intensities [1].
The main determinants of carbohydrate utilisation during exercise are the intensity and duration of
exercise [1,2], followed by training and nutritional status [3,4]. In the fasted state, the main forms
of carbohydrate utilised during exercise are skeletal muscle glycogen and plasma glucose (derived
primarily from liver glycogen and gluconeogenesis) [1]. Compared to fat stores, the capacity for
humans to store carbohydrates is limited; >100,000 kcal stored as fat versus <3000 kcal stored as
carbohydrate in a typical 75-kg person with 15% body fat [5]. Therefore, glycogen stores can be almost
Nutrients 2017, 9, 344
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entirely depleted within 45–90 min of moderate- to high-intensity exercise [6,7], with the occurrence of
fatigue strongly associated with the depletion of endogenous carbohydrate stores [8–10]. Nutritional
strategies to complement or replace endogenous carbohydrate stores as a fuel during exercise have
been studied for decades [9,11]. It is now well established that carbohydrate ingestion during exercise
improves endurance performance and delays fatigue in events requiring a sustained moderate to high
intensity for more than 45 min [12]. Due to the strong relationship between replenishment of liver and
skeletal muscle glycogen stores with subsequent exercise tolerance [7,10], the main factor determining
recovery time is the rate of glycogen repletion. This is especially relevant when optimal performance
is required on more than one occasion with a limited interval between bouts, such as during intensive
training periods, stage races (e.g., Tour de France) and tournament-style competitions. In the hours
following exercise, carbohydrate ingestion is a requirement for substantial replenishment of skeletal
muscle glycogen stores [13], and the appropriate dose of carbohydrate (or co-ingestion of protein
with suboptimal carbohydrate intake) can accelerate the replenishment of skeletal muscle glycogen
contents [14,15].
In recent years, there has been an increasing appreciation of the different types of carbohydrates
that can be ingested during and after exercise. When large amounts of carbohydrate are ingested
(>1.4 g·min−1 ) the combined ingestion of glucose and fructose can improve performance by ~1–9%
over the ingestion of glucose (polymers) alone [16]. The performance beneﬁts of glucose–fructose
co-ingestion are likely due to more rapid digestion and absorption of the carbohydrate, providing
exogenous fuel at a faster rate than glucose ingestion alone. Faster digestion and absorption rates
of carbohydrates during recovery from exercise may also have beneﬁts for more rapid recovery of
glycogen stores post-exercise [15,17]. With this in mind, this review provides an overview of dietary
carbohydrates, glycogen stores and exercise capacity, before focussing on the role of glucose–fructose
mixtures in post-exercise recovery of skeletal muscle and liver glycogen stores.
2. Dietary Carbohydrates for Sport Nutrition
Dietary carbohydrates come in many forms, comprising monosaccharides such as glucose,
fructose and galactose; disaccharides such as maltose, sucrose and lactose; and polysaccharides
such as maltodextrin and starch (Table 1). The rates of digestion, intestinal absorption and hepatic
metabolism of carbohydrates are key determinants of carbohydrate delivery to skeletal muscle tissue.
These factors are therefore important considerations when choosing a nutritional strategy to optimize
carbohydrate delivery during and after exercise.
Table 1. Common dietary carbohydrates, their constituent monomers and major intestinal
transport proteins.
Carbohydrate

Chain Length

Constituent Monomers

Bonds

Glucose

1

-

-

Fructose

1

-

-

Galactose
Maltose

1
2

Glucose + Glucose

α-1,4-glycosidic

Sucrose

2

Glucose + Fructose

α-1,2-glycosidic

Isomaltulose

2

Glucose + Fructose

α-1,6-glycosidic

Lactose
Maltodextrin

2
~3–9

Glucose + Galactose
Glucose + Glucose . . .

Starch

>9 (typically >300)

Glucose + Glucose . . .

β-1,4-glycosidic
α-1,4-glycosidic
α-1,4- and
α-1,6-glycosidic

Apical Membrane Intestinal
Transport Protein(s)
SGLT1; GLUT2; GLUT12
GLUT5; GLUT2; GLUT7;
GLUT8; GLUT12
SGLT1; GLUT2
SGLT1; GLUT2; GLUT8/12
SGLT1; GLUT5; GLUT2; GLUT7;
GLUT8 GLUT12
SGLT1; GLUT5; GLUT2; GLUT7;
GLUT8 GLUT12
SGLT1; GLUT2; GLUT12
SGLT1; GLUT2; GLUT12
SGLT1; GLUT2; GLUT12

Major transport proteins are highlighted in bold. GLUT, glucose transporter; SGLT, sodium-dependent glucose
transporter. Table comprised using information from references [18–23].
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Glucose is a constituent of most disaccharides and polysaccharides and is therefore the most
ubiquitous carbohydrate in most people’s diets (Table 1). Glucose is also the primary cellular fuel
source in almost all human tissues. Carbohydrates must ﬁrst be hydrolysed into their constituent
monomers before being absorbed across the intestine and entering the systemic circulation [23].
Therefore, most dietary carbohydrates are broken down into glucose, fructose and/or galactose
prior to their subsequent absorption. The major intestinal absorption route of glucose involves
sodium-dependent glucose transporter 1 (SGLT1), which transports glucose from the intestinal lumen
into the enterocyte [23]. Other putative routes include transport by glucose transporter 2 (GLUT2) and
GLUT12, although these are yet to be clearly established in humans [24], and are likely to play only
minor roles in intestinal glucose absorption [23]. Whilst fructose has an identical chemical formula to
glucose (C6 H12 O6 ), glucose has an aldehyde group at position 1 of its carbon chain, whereas fructose
possesses a keto group in position two of its carbon chain [25]. A notable difference in the handling of
fructose compared to most other carbohydrates is the primary intestinal transport protein responsible
for transporting fructose from the intestinal lumen to within the enterocyte: GLUT5 (Table 1). Other
fructose transporters may also be involved in fructose absorption, but again are likely to play minor
roles in comparison to GLUT5 [22].
When ingested alone, the hydrolysis of most carbohydrates is rapid and does not limit the rate of
digestion and absorption. Therefore, the rate at which glucose polymers such as maltose, maltodextrin
and starch can be digested, absorbed and used as a fuel source is not substantially slower than that of
glucose [26–28]. Furthermore, the hydrolysis of sucrose (by sucrase) is also rapid and exceeds the rate
of intestinal absorption of glucose and fructose [29]. An exception to this rule is isomaltulose. Due to
the different bond linking glucose and fructose, the hydrolysis rate of isomaltulose (by isomaltase)
is drastically slower than that of sucrose [20,30]. Isomaltulose thereby produces a lower glycaemic
and insulinaemic response following ingestion, and suppresses fat oxidation to a lesser extent than
sucrose [31]. However, presumably due to this slow rate of digestion and absorption, isomaltulose
exacerbates gastrointestinal distress when consumed in large amounts during exercise [32].
After intestinal absorption, the metabolism of various dietary carbohydrates also differs.
In contrast to glucose, which can bypass the liver and enter the systemic circulation, fructose and
galactose are almost completely metabolised upon ﬁrst pass of the liver [25,33]. This splanchnic
sequestration appears to be enhanced by the co-ingestion of glucose [33]. Fructose and galactose are
converted in the liver into glucose, lactate, glycogen and lipids, which subsequently appear in the
circulation [25,33]. The energy cost of converting fructose into glucose and other substrates is likely to
account for the greater postprandial thermogenesis seen with fructose versus glucose ingestion [34].
Because of this hepatic metabolism, the blood glucose and insulin responses to fructose or galactose
ingestion are attenuated when compared to glucose ingestion [35,36]. This lower insulin response may
have implications for glycogen storage in recovery from exercise.
Hepatic fructose metabolism also differs from hepatic glucose metabolism in its regulation by
insulin. Both glucose and fructose enter the liver via the insulin-independent transporter, GLUT2.
However, hepatic glucose metabolism is then regulated by insulin and the cellular energy status [5,25].
Insulin, ATP and citrate concentrations regulate glucose ﬂux to pyruvate via modulating the activity
of hexokinase IV and glycolytic enzymes [37]. Hepatic fructose metabolism on the other hand,
is independent of insulin and does not display negative feedback inhibition by ATP nor citrate [25].
3. Endogenous Carbohydrate Stores and Exercise Performance
3.1. Muscle Glycogen
The reintroduction of the muscle biopsy technique to exercise physiology in the 1960s clearly
demonstrated the heavy reliance on skeletal muscle glycogen as a fuel source during exercise [8,38].
There is a strong relationship between baseline skeletal muscle glycogen contents and subsequent
endurance exercise capacity [8]. Furthermore, the capacity for exercise is severely compromised when
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skeletal muscle glycogen stores are depleted, even when other substrate sources are available in
abundance [9]. The deﬁned mechanisms that link skeletal muscle glycogen contents and exercise
tolerance are incompletely understood. It is thought that skeletal muscle glycogen is more than just a
fuel source, and that glycogen also acts as a signalling molecule to control skeletal muscle cell function
and regulate exercise capacity [39].
Skeletal muscle glycogen provides a rapid and efﬁcient (energy yield per unit oxygen) fuel source
for energy expenditure, such that when skeletal muscle glycogen stores are depleted, the rate of
energy production is severely compromised. Clear support for the important role of glycogen as a
substrate in supporting energy requirements to allow intense exercise is provided by observations
of individuals with McArdle’s disease (glycogen storage disease type V; GSD5). These individuals
display high skeletal muscle glycogen concentrations but an inability to utilise this glycogen as a
substrate source [40], and subsequently can also display extreme intolerance to intense exercise [41].
This is partly due to glycogen oxidation resulting in maximal ATP re-synthesis rates that are >2-fold
greater than fat or plasma glucose oxidation [42,43]. Therefore, when high rates of ATP re-synthesis
are required over a prolonged duration, it would appear there is no substitute for glycogen as a fuel.
Furthermore, the oxidation of carbohydrates is more oxygen efﬁcient than that of fat, deriving more
energy per litre of oxygen consumed [44]. Consequently, oxidising carbohydrates over fats provides
an advantage in sports where the rate of oxygen delivery to active muscle is limiting to performance.
A reduced ability of glycogen to fuel metabolism may not fully account for the exercise
intolerance with low skeletal muscle glycogen content. Low glycogen contents are still associated
with impaired skeletal muscle function, even when ATP concentrations would be normalised [45].
Therefore, it has recently been proposed that glycogen is also an important signalling molecule
that regulates sarcoplasmic reticulum calcium release rates and thus skeletal muscle function [39].
Accordingly, adequate skeletal muscle glycogen availability appears to be critically important
(via multiple mechanisms) in maintaining optimal performance during prolonged bouts of moderateto high-intensity exercise.
3.2. Liver Glycogen
Liver glycogen plays a central role in blood glucose homeostasis during conditions such as exercise,
fasting and feeding [5]. After an overnight fast (e.g., 12 h), ~50% of plasma glucose appearance at rest
is accounted for by liver glycogen utilisation, with the remainder provided by gluconeogenesis [46].
Even resting metabolic requirements can therefore deplete liver glycogen stores almost entirely within
48 h of carbohydrate restriction [47].
Plasma glucose is constantly utilised as a fuel source at rest and during almost all exercise
intensities [1]. During exercise in a fasted state, plasma glucose that is taken up by skeletal muscle is
continuously replaced by gluconeogenesis and glycogen degradation, predominantly derived from
the liver [48]. In the absence of carbohydrate ingestion liver glycogen stores can be rapidly depleted
(by ~40%–60%) within 90 min of moderate- to high-intensity (~70% VO2 peak) exercise [6,7,49]. The rate
of liver glycogen depletion during exercise in a fasted state will depend primarily on the intensity
of exercise and the training status of the individual; higher exercise intensities are associated with
higher rates of liver glycogen utilisation, particularly in untrained individuals [5]. Endurance-trained
athletes do not appear to store more liver glycogen than untrained individuals but endurance-type
exercise training is associated with a lower rate of liver glycogen utilisation during exercise (at the
same absolute or relative intensity) [5]. Therefore, endurance athletes can exercise at a given exercise
intensity for longer before liver glycogen contents will reach a critically low level [5].
Few studies have directly measured the relationship between liver glycogen contents and exercise
tolerance in humans. One of the only studies to have performed concomitant measures of liver
glycogen content and exercise capacity demonstrated a modest positive relationship between liver
glycogen repletion after an initial bout of exercise, and subsequent endurance capacity [7]. Furthermore,
in this study the correlation between muscle glycogen repletion and subsequent endurance capacity
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was weaker than that with liver glycogen repletion, and the addition of muscle glycogen repletion
to liver glycogen repletion did not further improve the relationship between liver glycogen repletion
and exercise capacity [7]. Consequently, post-exercise recovery of liver glycogen stores may be at
least as important as muscle glycogen stores for subsequent endurance capacity. The mechanisms
by which liver glycogen contents regulate exercise capacity currently remain unknown, but given
the fundamental role of hepatic metabolism in glucose homeostasis, low liver glycogen stores are
likely to inhibit exercise capacity (at least in part) via a reduction in blood glucose availability and
premature hypoglycaemia [5]. Liver glycogen may also act as a biological signal to regulate metabolism
(and potentially exercise capacity). Rodent data suggest that liver glycogen contents modulate fatty
acid availability via a liver–brain–adipose tissue axis [50]. Therefore, brain sensing of liver glycogen
contents could regulate metabolism (and theoretically fatigue) during exercise.
It has been suggested that it may take longer to recover liver, compared to muscle glycogen stores
post-exercise, in humans [5], which is likely due to changes in splanchnic handling of glucose in the
post-exercise period. Splanchnic glucose output of an oral glucose load is ~30% at rest, but can double
to ~60% post-exercise [51]. This may be partly due to greater post-exercise increases in blood ﬂow
to muscle [52], compared to the liver, resulting in relatively more ingested glucose made available
to the muscle. On this basis, nutritional strategies to optimise short-term recovery from prolonged
exercise should focus on both liver and muscle glycogen repletion, since both display limitations
in their capacity to replenish carbohydrate stores and either could be instrumental to optimizing
subsequent performance.
4. Physiological Rationale for Glucose–Fructose Co-Ingestion in Post-Exercise Recovery
Alongside insulin concentrations, carbohydrate delivery to the liver and skeletal muscle can be
a rate limiting step in post-exercise glycogen re-synthesis, as demonstrated by >2-fold higher glycogen
repletion rates with glucose infusion [53,54] compared to the highest rates ever reported with oral
carbohydrate ingestion [55]. During exercise, exogenous carbohydrate oxidation can differ depending
on the type of carbohydrates ingested [56]. These differences may be attributable to differences in
carbohydrate digestion and absorption kinetics during exercise [56,57]. It could be hypothesised that
these differences are also evident during post-exercise recovery, implying that rapidly digested and
absorbed carbohydrates may accelerate recovery of endogenous glycogen stores.
To obtain insight into the role of glucose–fructose co-ingestion on carbohydrate digestion,
absorption and utilisation kinetics during exercise, we performed a literature search (PubMed, February
2017). This included the search terms “exogenous”, “carbohydrate”, “glucose”, “fructose”, “sucrose”
and “oxidation”. This search was complemented by a manual search of references within papers.
In order to minimize the potential for inter-subject and inter-laboratory variability, studies were
limited to peer-reviewed published articles to date that have directly compared glucose (polymer)
ingestion alone with glucose–fructose (sucrose) co-ingestion and determined exogenous carbohydrate
oxidation rates during exercise. When ingesting glucose(polymers) during exercise, the maximal rate
of exogenous carbohydrate oxidation increases in a curvilinear fashion with carbohydrate ingestion
rate, reaching a peak exogenous oxidation rate of ~1.2 g·min−1 (Figure 1) [26,27,58–69]. The primary
limitation in the rate of exogenous carbohydrate oxidation is thought to be intestinal absorption, since
gastric emptying rates of glucose during exercise have been reported to exceed 1.5 g·min−1 [70], and
when the intestine and liver are bypassed with intravenous glucose infusion, exogenous oxidation
rates of 2 g·min−1 can be achieved [57]. Furthermore, maximal intestinal glucose absorption rates
at rest have been estimated to be ~1.3 g·min−1 [71]. Exercise up to an intensity of 70% VO2 peak
does not alter the intestinal absorption of glucose [72]. Therefore, it is reasonable to assume that this
~1.3 g·min−1 limit also applies during most exercise intensities, suggesting that intestinal absorption
rather than liver glucose metabolism is the primary limitation to exogenous glucose oxidation during
exercise (Figure 2) [73]. Nevertheless, this remains speculative in the absence of direct measures of
intestinal absorption.
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Figure 1. Peak exogenous carbohydrate oxidation rates during exercise in studies that directly
compared glucose (polymer) ingestion alone (GLU), vs. either glucose plus fructose co-ingestion
(GLU + FRU), or sucrose ingestion (SUC). Each symbol represents the mean from a single study.
The light grey shaded area represents the 95% conﬁdence intervals for GLU and the dark grey
shaded area represents the 95% conﬁdence intervals for GLU + FRU and SUC. Data extracted from
references [22,23,55–66].

Figure 2. Putative limitations in carbohydrate delivery to skeletal muscle during exercise with
glucose–fructose (or sucrose) co-ingestion. When large amounts of glucose (>1.5 g·min−1 ) and
fructose (>0.8 g·min−1 ) are ingested during prolonged, moderate- to high-intensity (50%–70%
VO2 peak) exercise, the rate of gastric emptying is unlikely to be limiting, since gastric emptying
rates of glucose are in the region of 1.7 g·min−1 [67]. Rates of intestinal glucose absorption are
~1.3 g·min−1 [68]. Rates of glucose appearance into the peripheral circulation and subsequently
oxidised are ~1.2 g·min−1 [58,70]. Rates of fructose (and sucrose) gastric emptying and intestinal
absorption must be at least 0.5 g·min−1 since the appearance rate into the peripheral circulation of
fructose derived carbohydrate is ~0.5 g·min−1 [71], with ~50% in the form of glucose and 50% in the
form of lactate, that are subsequently oxidised by skeletal muscle at a rate of ~0.5 g·min−1 [71].

When fructose is co-ingested with glucose during exercise, exogenous carbohydrate oxidation
rates of ~1.7 g·min−1 can be achieved; substantially higher than that seen with glucose ingestion
alone (Figure 1) [26,27,58–69]. Whether glucose and fructose are ingested as sucrose or as free
monosaccharides does not appear to inﬂuence the rate of exogenous carbohydrate oxidation (Figure 1).
This is consistent with observations that the rate of digestion and intestinal absorption of glucose
and fructose does not differ when ingested as sucrose or as co-ingestion of free glucose and free
fructose [29]. Therefore, the hydrolysis of sucrose does not appear to be rate limiting to absorption
of its monosaccharide products and can be used as an alternative to free glucose and free fructose.
In a systematic assessment of optimal fructose:glucose ratios using dual-isotope labelling, it is apparent
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that a fructose:glucose ratio of 0.8-1.0-1.0 (0.67 g·min−1 fructose plus 0.83 g·min−1 glucose (polymers))
provides the greatest exogenous carbohydrate oxidation efﬁciency and endurance performance [74].
Fructose metabolism differs markedly from glucose metabolism. Firstly, fructose is primarily
absorbed across the apical membrane of the intestinal enterocytes by different transport proteins
(GLUT5, as opposed to SGLT1). Secondly, plasma fructose concentrations remain relatively low
(<0.5 mmol·L−1 ) following fructose ingestion [75]. It is commonly reported that human skeletal muscle
cannot directly oxidise fructose. This is based on human skeletal muscle lacking ketohexokinase (the
enzyme responsible for catalysing the phosphorylation of fructose to fructose-1-phosphate). However,
in addition to phosphorylating glucose, hexokinase is also able to phosphorylate fructose [76] and
when fructose is infused (achieving plasma fructose concentrations of ~5.5 mmol·L−1 ) during exercise,
then quantitatively important amounts of fructose (0.3–0.4 g·min−1 ) are likely to be directly oxidised
by skeletal muscle [77]. Of course, this is of little relevance to sports nutrition because oral ingestion
of fructose rarely results in plasma fructose concentrations exceeding ~0.4 mmol·L−1 and thus direct
oxidation of fructose is negligible. The reason for a relatively low systemic fructose concentration after
fructose ingestion is that fructose is rapidly converted in the intestine and liver to glucose and lactate,
which then enter the systemic circulation and delivered to peripheral tissues [78] and/or contribute to
liver glycogen synthesis.
When fructose is co-ingested with glucose in large amounts (>0.8 g·min−1 each) during exercise,
systemic appearance of fructose derived carbohydrate is ~0.5 g·min−1 (equally split between
fructose-derived glucose and fructose-derived lactate) [78], and the subsequent oxidation of this
fructose derived glucose and lactate by skeletal muscle can thus fully account for the higher exogenous
carbohydrate oxidation rates seen with glucose–fructose mixtures (sucrose) over glucose alone
(Figures 1 and 2). It is unclear what the rate-limiting step in exogenous fructose oxidation is
when co-ingested with glucose during exercise, although intestinal absorption is a probable factor.
The capacity for humans to absorb dietary fructose is comparatively limited when ingested in isolation.
Approximately 60% of individuals display fructose malabsorption after ingestion of large (50 g)
fructose loads, with this proportion halved if co-ingested with glucose [79]. Similarly, only 11% of
people exhibit fructose malabsorption when ingesting a lower dose of fructose (25 g), with appropriate
absorption in almost all cases if that lower dose is ingested with glucose or as sucrose [79]. Therefore,
not only does the addition of fructose to glucose ingestion takes advantage of an additional intestinal
transport pathway, the ingestion of glucose alongside fructose enhances fructose absorption (via a
currently unidentiﬁed mechanism) providing a dual mechanism for enhanced carbohydrate delivery.
High-fructose diets have been shown to increase intestinal GLUT5 protein content in mice [80].
Therefore, it could be speculated that regularly consuming fructose may enhance the maximal capacity
for intestinal fructose absorption, but this remains to be tested in humans.
For athletes, the primary beneﬁt of ingesting glucose–fructose mixtures during exercise is an
ability to absorb a greater amount of exogenous carbohydrate to the systemic circulation. This can
then be used immediately as a fuel and/or to maintain endogenous carbohydrate stores. More rapid
digestion and absorption is also a likely cause of the lower gastrointestinal distress observed with
high ingestion rates of isocaloric glucose–fructose mixtures over glucose alone. Lower gastrointestinal
distress could, in part, account for some of the performance beneﬁts seen with glucose–fructose
co-ingestion [16,81]. The high rates of carbohydrate absorption with glucose–fructose co-ingestion also
raise the possibility of enhancing the rate of recovery of endogenous carbohydrate stores post-exercise.
5. Glucose–Fructose Co-Ingestion and Recovery from Exercise
5.1. Muscle Glycogen Repletion
Glucose and lactate are the primary substrates for muscle glycogen re-synthesis; the latter is able to
account for at least 20% of total muscle glycogen re-synthesis following intense exhaustive exercise [82].
Therefore, the availability of carbohydrates (glucose and lactate) to muscle is an important factor in
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maximising the rate of muscle glycogen repletion and reducing recovery time. Alongside insulinotropic
properties, the rate of digestion, intestinal absorption and hepatic metabolism of nutrients are thus
important considerations for optimising sports nutrition for rapid post-exercise recovery. Insulin
availability is also important for post-exercise glycogen re-synthesis. Insulin increases blood ﬂow
to muscle, GLUT4 translocation to the plasma membrane, hexokinase II and glycogen synthase
activity [83–86], all of which contribute to enhanced muscle glucose uptake and glycogen synthesis.
A further consideration in the post-exercise period is that elevated catecholamine concentrations may
be inhibiting the rise in blood ﬂow and some aspects of insulin signalling in muscle [85,87]. Based on
the metabolism of glucose and fructose during exercise (Figures 1 and 2) it could be hypothesised that
the greater carbohydrate availability to muscle with ingestion of large amounts of glucose–fructose
(sucrose) mixtures could augment post-exercise muscle glycogen repletion rates over isocaloric glucose
ingestion alone. In line with this, rates of post-exercise muscle glycogen repletion increase as the
rate of carbohydrate ingestion increases, up until ~1 g carbohydrate·kgBM−1 ·h−1 . This is equivalent
to ~1.2 g·min−1 for a 72-kg athlete and is therefore in good agreement with the maximal rate of
glucose (polymer) digestion and intestinal absorption during exercise (Figure 2). This provides further
support for the rationale that carbohydrate delivery to muscle (controlled by digestion, absorption
and hepatic metabolism) could be a limiting factor in post-exercise muscle glycogen repletion with
carbohydrate feedings.
Studies that have directly compared the ingestion glucose–fructose mixtures (or sucrose) vs.
glucose (polymers) alone on post-exercise muscle glycogen repletion, have employed carbohydrate
ingestion rates ranging from 0.25 to 1.5 g·kgBM−1 ·h−1 , across two to six hours of recovery [7,88–92].
Across this wide range of carbohydrate ingestion rates, post-exercise ingestion of glucose–fructose
(sucrose) mixtures do not appear to accelerate muscle glycogen repletion when compared to
glucose (polymer) ingestion alone (Figure 3A). However, lower insulinaemia was reported with
glucose–fructose (sucrose) co-ingestion in most [7,88–90], but not all [91,92] studies. Therefore, similar
muscle glycogen storage appears possible with glucose plus fructose ingestion, compared to glucose
ingestion alone, even when insulin availability is lower. It has been suggested that due to the hepatic
metabolism of fructose, less glucose may be retained in the liver with glucose–fructose (sucrose)
mixtures and more glucose is made available for muscle to be utilised for glycogen re-synthesis, thus
offsetting the lower insulin concentrations [89].

Figure 3. Post-exercise skeletal muscle (A) and liver (B) glycogen repletion rates in all published
studies that have directly compared glucose (polymer) ingestion alone (GLU), vs. either glucose plus
fructose co-ingestion (GLU+FRU), or sucrose ingestion (SUC). Bars represent means ± 95% conﬁdence
intervals (calculated when sufﬁcient data were available). Data extracted from references [7,85–89,92].

A further addition to this hypothesis could be that fructose co-ingestion with glucose also provides
lactate as an additional fuel source for muscle. Lactate can then be used for muscle glycogen synthesis
and/or be oxidised [93], directing more glucose towards muscle glycogen synthesis. Consistent with
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this, plasma lactate concentrations are higher with glucose–fructose (sucrose) ingestion in post-exercise
recovery, when compared to glucose alone, in all [88,90–92] but the lowest [7] carbohydrate ingestion
rates. This raises the question as to whether providing additional substrate for liver glycogen
synthesis (e.g., via galactose co-ingestion) and/or stimulating insulinaemia (e.g., via amino acid
co-ingestion) can further accelerate muscle glycogen repletion rates with glucose–fructose mixtures
over glucose (polymers) alone. One study has directly compared protein plus sucrose co-ingestion
vs. sucrose ingestion alone with high carbohydrate ingestion rates (~1.25 g·kgBM−1 ·h−1 ) and found
no difference in muscle glycogen repletion rates. However, arterial glucose concentrations were
lower in the protein–sucrose co-ingestion trial [13]. This suggests that either gastric emptying was
delayed, and/or splanchnic glucose retention was enhanced with protein co-ingestion. It is therefore
currently unknown whether the addition of insulinotropic amino acids [that do not delay gastric
emptying [94]] to glucose–fructose (sucrose) mixtures may augment muscle glycogen re-synthesis at
high carbohydrate ingestion rates (1.5 g·kgBM−1 ·h−1 ). Combining amino acids with high ingestion
rates of glucose–fructose mixtures could take better advantage of high rates of intestinal absorption
and the capacity to deliver exogenous carbohydrate to the circulation in combination with higher
insulin availability (Figure 2).
Whilst current evidence does not indicate that post-exercise muscle glycogen repletion is
accelerated by glucose–fructose co-ingestion over glucose alone, this is achieved with lower
gastrointestinal issues. Ingestion of large amounts of carbohydrates is associated with gastrointestinal
distress. This could directly reduce the capacity to perform optimally in a subsequent bout of exercise
and/or reduce the capacity to tolerate large amounts of carbohydrate ingestion to achieve a muscle
glycogen repletion target. The ingestion of isocaloric amounts of glucose–fructose (or sucrose) mixtures,
compared to glucose (polymers) alone, reduces ratings of gastrointestinal distress when large amounts
of carbohydrate (1.5 g·kgBM−1 ·h−1 ) are ingested over a short-term recovery period (5 h) [90,92].
5.2. Liver Glycogen Repletion
In contrast to muscle, the liver is able to synthesize glucose in meaningful quantities from
3-carbon precursors such as glucogenic amino acids, galactose, fructose, glycerol, pyruvate and
lactate, in addition to the direct pathway involving intact hexose units [5]. With this in mind, there is
potentially a stronger hypothesis for glucose–fructose co-ingestion accelerating liver glycogen repletion
over glucose ingestion alone. In addition to higher rates of carbohydrate digestion and absorption,
the liver could make use of the ingested fructose for liver glycogen synthesis. Few studies have
directly compared glucose plus fructose (sucrose) ingestion with glucose (polymer) ingestion alone,
on post-exercise liver glycogen repletion (Figure 3B) [7,90,95]. From these studies, it is apparent that
when glucose is ingested alone, the rate of post-exercise liver glycogen repletion is ~3.6 g·h−1 . Based
on the limited number of studies available this does not appear to be dependent on the ingestion rate
of glucose (Figure 3B). This may be due to differences in the degree of post-exercise liver glycogen
depletion, which appears to be a major driver of liver glycogen synthesis rates [5]. Furthermore,
there is large inter-individual variability in basal liver glycogen concentrations [49] and therefore it is
recommended that within-subject designs are used to clearly establish the dose-response relationship
between post-exercise carbohydrate ingestion and liver glycogen repletion.
When fructose is co-ingested with glucose (either as free glucose plus free fructose, or as sucrose),
the rate of liver glycogen repletion is typically ~7.3 g·h−1 , approximately double the rate seen with
glucose ingestion alone (Figure 3B). This effect is clearest when the carbohydrate ingestion rate
exceeds 0.9 g·kg body mass−1 ·h−1 (Figure 3B). Furthermore, the accelerated liver glycogen repletion
rate is consistent when glucose and fructose are either co-ingested as their free monomers, or as
the disaccharide sucrose (Figure 3B). The majority of these studies again report lower insulinaemia
during post-exercise recovery with glucose–fructose co-ingestion vs. glucose ingestion alone [7,90,95].
It is currently unknown whether the addition of insulinotropic proteins to carbohydrate ingestion
can augment post-exercise liver glycogen repletion. It has been speculated that the co-ingestion of
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protein and fat could also accelerate liver glycogen repletion by increasing gluconeogenic precursor
availability [5]. However, on the basis that dietary fat can delay gastric emptying [96], rapidly absorbed
amino acids/proteins would be preferable to fat as an option to explore in post-exercise recovery.
Only one study to date has determined post-exercise muscle and liver glycogen repletion with the
ingestion of large amounts of carbohydrate (>1 g·kgBM−1 ·h−1 ) [90]. Over a ﬁve-hour recovery period,
~560 g of carbohydrate was consumed as either glucose (polymers) or sucrose. Based on the maximal
rates of digestion, absorption and hepatic release (Figure 2) it could be expected that glucose ingestion
would deliver ~360 g to the circulation over the recovery period, compared to ~510 g with sucrose
ingestion. In spite of this theoretical 150 g surplus of carbohydrate, only an extra 17 g of glycogen was
stored (net) in the liver, and no additional glycogen was stored (net) in muscle (numerical difference
of <0.9 g·kg muscle−1 ). It could be speculated that the additional carbohydrate was either oxidised,
converted to lipid and/or stored in minor amounts in other glycogen containing tissues such as the
kidneys, brain, heart and even adipose tissue [97–99]. Fructose plus glucose ingestion accelerates liver
glycogen repletion rates over glucose ingestion alone. This acceleration is likely due to the preferential
hepatic metabolism of fructose and/or faster digestion and absorption kinetics with glucose plus
fructose ingestion, when compared to glucose ingestion.
6. Conclusions and Recommendations
The rapid recovery of both muscle and liver glycogen stores after prolonged exercise are important
determinants of the capacity to perform a subsequent bout of moderate- to high- intensity exercise.
The repletion of liver and muscle glycogen stores is limited by the systemic availability of carbohydrates
and glucogenic precursors, along with insulinaemia, the balance of which varies depending on the
scenario. The rate of appearance of ingested glucose in the circulation appears to be limited by the
capacity of intestinal transporters. Since intestinal fructose absorption utilises a different transport
mechanism, combining the ingestion of fructose and glucose takes advantage of both transport
mechanisms, thereby increasing the total capacity to absorb carbohydrates. Post-exercise muscle
glycogen repletion rates can be maximised by frequent ingestion of carbohydrate throughout recovery
at a rate of ≥1.2 g·kg body mass−1 every hour, with no further acceleration of glycogen repletion rates
if fructose (or sucrose) forms part of the ingested carbohydrate. However, when sufﬁcient carbohydrate
is consumed to maximise muscle glycogen replenishment after exercise, the ingestion of glucose plus
fructose (sucrose) can minimise gastrointestinal distress. The combined ingestion of glucose plus
fructose (or sucrose) during post-exercise recovery strongly enhances liver glycogen repletion rates,
but there is currently insufﬁcient evidence to provide guidelines on the carbohydrate ingestion rates
required to speciﬁcally maximize liver glycogen repletion. When rapid recovery from prolonged
exercise is a key objective, and maximal performance is required within 24 h, it is advised to consume
more than 1 g carbohydrate−1 ·kg body mass−1 ·h−1 , starting as soon as possible after exercise and
at frequent intervals thereafter (i.e., every 30 min). When ingested in the form of glucose–fructose
mixtures (or sucrose), not only is this ingestion rate more tolerable due to lower gut discomfort but
total body glycogen status can also be enhanced over glucose (polymer) ingestion alone, due to greater
liver glycogen repletion.
Conﬂicts of Interest: The authors declare no conﬂicts of interest.
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Abstract: Glucose-fructose ingestion increases glucose and lactate oxidation during exercise.
We hypothesized that training with glucose-fructose would induce key adaptations in lactate
metabolism. Two groups of eight sedentary males were endurance-trained for three weeks while
ingesting either glucose-fructose (GF) or water (C). Effects of glucose-fructose on lactate appearance,
oxidation, and clearance were measured at rest and during exercise, pre-training, and post-training.
Pre-training, resting lactate appearance was 3.6 ± 0.5 vs. 3.6 ± 0.4 mg·kg−1 ·min−1 in GF and C,
and was increased to 11.2 ± 1.4 vs. 8.8 ± 0.7 mg·kg−1 ·min−1 by exercise (Exercise: p < 0.01). Lactate
oxidation represented 20.6 ± 1.0% and 17.5 ± 1.7% of lactate appearance at rest, and 86.3 ± 3.8% and
86.8 ± 6.6% during exercise (Exercise: p < 0.01) in GF and C, respectively. Training with GF increased
resting lactate appearance and oxidation (Training × Intervention: both p < 0.05), but not during
exercise (Training × Intervention: both p > 0.05). Training with GF and C had similar effects to increase
lactate clearance during exercise (+15.5 ± 9.2 and +10.1 ± 5.9 mL·kg−1 ·min−1 ; Training: p < 0.01;
Training × Intervention: p = 0.97). The ﬁndings of this study show that in sedentary participants,
glucose-fructose ingestion leads to high systemic lactate appearance, most of which is disposed
non-oxidatively at rest and is oxidized during exercise. Training with or without glucose-fructose
increases lactate clearance, without altering lactate appearance and oxidation during exercise.
Keywords: glucose; fructose; lactate; lactate metabolism; substrate oxidation; carbohydrate; exercise

1. Introduction
During moderate and high intensity exercise, muscle energy needs are essentially met by
carbohydrate oxidation [1] and muscle performance is dependent on both muscle glycogen and
plasma glucose concentrations [2–4]. Plasma glucose entry into skeletal muscle is activated by
contraction [5] and depends on systemic glucose appearance, i.e., the sum of endogenous glucose
production (hepatic glycogen breakdown and gluconeogenesis) and gut glucose absorption [1,6].
Accordingly, whole-body and muscle glucose oxidation can be enhanced by glucose ingestion that
increases plasma glucose appearance and muscle glucose uptake [6]. A portion of glucose is actually
made indirectly available through glycolytic lactate production in some muscle ﬁbers, followed
by lactate uptake and oxidation in other ﬁbers [7]. These lactate “shuttles” may possibly increase
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muscle energy substrates provision when glucose transport and/or glycolytic capacity is saturated.
Endurance training has also been well-established to increase the expression of proteins involved in
lactate transport and metabolism [8], suggesting that lactate can be a major energy substrate for the
trained muscle [7,9]. Alternatively, lactate can also be recycled into glucose (gluconeogenesis), with
recent indications that this can be altered in trained subjects [10,11].
The oxidation rate of exogenous glucose increases dose-dependently up to ≈1 g·min−1 , but then
plateaus at higher glucose ingestion rates [4]. Co-ingestion of glucose and fructose can further increase
exogenous [12] and net carbohydrate oxidations [13], and can also improve exercise performance [14].
This has been attributed to glucose and fructose being absorbed through distinct transporter proteins
in the apical membrane of enterocytes, thus allowing for a higher rate of total gut carbohydrate
absorption [4]. In addition, a substantial portion of ingested fructose is converted into lactate in the
liver, to increase plasma lactate concentration and lactate delivery as an energy substrate to working
muscle [15,16].
Fructose absorption is poor when it is ingested alone, but is markedly enhanced by glucose
co-ingestion [17]. Furthermore, gut fructose transport is potently induced by fructose itself,
and fructose absorption increases within a few days upon chronic fructose ingestion [9]. One may
therefore suspect that the beneﬁcial effects of ingesting glucose and fructose mixtures during exercise
may depend on their chronic use during training. In addition, hyperlactatemia is thought to be
instrumental in training-induced increase in lactate clearance by the stimulation of muscle lactate
transporters [9]. We therefore postulated that the combined, repeated effects of exercise and
glucose-fructose ingestion may signiﬁcantly impact training-induced adaptation of muscle lactate
metabolism. To assess this hypothesis, we enrolled two groups of healthy sedentary males in a 3-week
training program during which they consumed glucose-fructose drinks (GF intervention) or plain
water as a control (C intervention) during training sessions.
2. Materials and Methods
2.1. Participants
Sixteen healthy young males (mean ± standard error (SEM) age: 25 ± 1 years; weight:
73.2 ± 2.0 kg; body mass index: 22.9 ± 0.4 kg·m−2 ) completed this study. One additional volunteer
dropped out prior to the interventions and was hence removed from all analyzes. At inclusion,
all participants were sedentary and low-sugar consumers (exercise: <1 h·week−1 and sugar intake:
<60 g·day−1 ) and were asked to maintain their lifestyle with the exception of the supervised exercise
sessions prescribed in the study protocol. They were fully informed of the nature and risks involved
by the procedures, in accordance with the 1983 revision of the Declaration of Helsinki. All experiments
were performed at the Clinical Research Center, Lausanne, Switzerland, after approbation by the local
ethics committee. This study was registered at ClinicalTrials.gov database as NCT01610986.
2.2. Study Design
Prior to the 3-week exercise training program, participants underwent two pre-training visits
to determine baseline characteristics. Maximal oxygen consumption (VO2max ), maximal aerobic
workload (Wmax ), and workload eliciting the lactate turnpoint (WLT ) were assessed at the ﬁrst visit.
At a second visit 48 h later, plasma glucose and lactate metabolism were investigated at rest and
during moderate-intensity exercise when fed glucose-fructose (metabolic evaluation). Participants
were then separated into two parallel groups, and both groups performed 15 sessions of supervised
moderate-intensity laboratory cycling on an ergometer (60 min each; 5 day·week−1 ) either with
glucose-fructose drinks in GF or water in C. Finally, preliminary visits were repeated post-training
(beginning 48–72 h after the last training session) to assess the effect of exercise training with
glucose-fructose ingestion on metabolic response to these drinks, at rest and during exercise (Figure 1).

167

Nutrients 2017, 9, 411

To assume comparable glycogen concentrations between interventions, participants ﬁlled food diaries
and were instructed to repeat dietary intake and physical activity patterns the 48 h prior to each visit.

Figure 1. Study design (a) and description of the metabolic evaluations (b). Drinks containing 19 g
glucose and 12 g fructose were administered at time 0, 30 and 60 min at rest, and at 20 min intervals
during exercise. Primed-continuous infusions of (6,6-2 H2 )-D-(+)-glucose and Na-(3-13 C1 )-L-(+)-lactate
were started at time 0, and resting measurements were obtained after 60 min equilibration. Continuous
infusion rates were upgraded at the beginning of exercise at time 100 min (see methods for further
details). GF: intervention in which glucose-fructose drinks were provided during training sessions;
C: control intervention in which plain water was provided during training sessions.

2.3. Incremental Exercise-Testing
Overnight fasted participants performed an incremental test to exhaustion on a cycle ergometer
(Ergoselect 100, Ergoline GmbH, Bitz, Germany) pre-training and post-training. Respiratory gas
exchanges (SensorMedics Vmax; Sensormedics Corp., Yorba Linda, CA, USA) and heart-rate
(Polar S810; Polar Electro Oy, Kempele, Finland) were continuously monitored throughout the test.
Brieﬂy, after a resting period of 5 min and a warm-up of 5 min at 40 W, ergometer workload was
increased by 25 W every 3 min. As VCO2 exceeded VO2 , ergometer workload was increased by
25 W every minute until volitional exhaustion. VO2max and Wmax were determined as previously
described [13] and used to determine training intensities. Earlobe blood lactate concentration was
measured at the end of each step (Lactate Pro, Arkray, Kyoto, Japan). Participants were then
familiarized to the endurance capacity task (pre-training) or could leave the laboratory (post-training).
2.4. Metabolic Evaluations
Participants were instructed to remain sedentary, ﬁlled food diaries and had to avoid caffeine,
alcohol and 13 C-rich foods the 48 h before metabolic evaluations. Overnight-fasted participants
reported to the metabolic unit at 0700 h and, after a void, were weighed and installed on a bed.
One indwelling venous cannula was then inserted into an antecubital vein for blood sampling.
This forearm was then constantly placed under a heating pad to open arteriovenous anastomoses,
allowing for accurate determination of substrate exchanges in arterialized venous blood [18]. Another
cannula was inserted into a vein of the opposite forearm for the infusion of stable isotopes tracers
(Cambridge Isotope Lab., Andover, MT, USA). After background sampling at 0800 h (time = 0 min),
a labelled-bicarbonate bolus (Na-H13 CO3 : 3.05 g) and primed continuous infusions of glucose
((6,6-2 H2 )-D-(+)-glucose; prime: 2 mg·kg−1 ; continuous: 0.02 mg·kg−1 ·min−1 ) and sodium lactate
(Na-(3-13 C1 )-L-(+)-lactate; prime: 0.4 mg·kg−1 ; continuous: 0.02 mg·kg−1 ·min−1 ) were started.
Infusion rates were tripled during exercise to account for increased substrate kinetics.
The metabolic evaluation consisted of a resting period (time = 0–90 min) in which participants
remained in the supine position, followed by a continuous exercise session (time = 100–190 min) at 45%
pre-training VO2max (i.e., at the same workload pre-training and post-training). This intensity aimed
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to elicit the greatest effect of endurance-training on lactate metabolic clearance [19]. Glucose-fructose
sweetened drinks (193 mL of a 9.8% glucose, 6.2% fructose drink ﬂavored with 2% lemon juice and
1.17 g·L−1 NaCl) were provided at time = 0 then every 30 min at rest, and every 20 min during exercise.
Blood and expired air samples were collected at time = 0, 30, 60, 75, and 90 min (rest), then 130, 145, 160,
175 and 190 min (exercise). Energy expenditure and substrate oxidation were measured by open-circuit
indirect calorimetry (Quark RMR, Cosmed, Roma, Italia) in the last 30 min of rest and for 5 min
intervals during exercise (SensorMedics Vmax; Sensormedics Corp, Yorba Linda, CA, USA). After
190 min, infusions were stopped and participants’ urine was collected to estimate protein oxidation.
Twenty-ﬁve minutes later, ergometer workload was set at 85% of the current VO2max and
participants were asked to cycle at 60 rpm until exhaustion to measure endurance capacity.
2.5. Training Intervention
Starting 48–72 h after the pre-training evaluation, participants entered a supervised
endurance-training program of 1 session·d−1 , 5 day·week−1 over 3 weeks. Each session consisted of
60 min cycling at a constant workload, with intensities set as 50% (sessions 1–3), 55% (sessions 4–6),
60% (sessions 7–9), and 65% (sessions 10–15) of pre-training VO2max . Experimental interventions
differed by the drinks provided during sessions: the GF group ingested three 163 mL doses of
glucose-fructose drinks provided −20, 0, and +20 min referred to exercise onset, while the C group
correspondingly received water. Participants were instructed to have their last meal at least two
hours before exercise onset. Earlobe blood lactate concentration was measured at 0, 30 and 60 min
(Lactate Pro, Arkray, Japan).
2.6. Analytical Procedures
Arterialized venous blood samples were collected on lithium heparin for measurement of glucose,
lactate, fructose, and tracers, with ethylenediaminetetraacetic acid (EDTA)-coated tubes for free
fatty acids, triglycerides and insulin or with trasylol-EDTA for glucagon. Plasma was immediately
separated by centrifugation (10 min; 2800× g; 4 ◦ C), and aliquots were stored at −20 ◦ C until analyzed.
Plasma glucose, lactate, free fatty acids, and urinary nitrogen concentrations were determined using
a semi-automated clinical chemistry analyzer (RX Monza, Randox Laboratories Ltd., Crumlin, UK).
Insulin and glucagon concentrations were obtained by radioimmunoassay using commercial kits
(Merck Millipore, Billerica, MA, USA).
Expired air 13 CO2 isotopic enrichments were obtained by isotope-ratio mass spectrometry (IRMS)
(SerCon Ltd., Crewe, UK), as previously described [13]. Gas chromatography-mass spectrometry
(GCMS) (Hewlett-Packard Instruments, Palo Alto, CA, USA) was used to measure plasma fructose
concentration [13] and plasma (13 C1 )lactate and (2 H2 )glucose isotopic enrichments [20,21]. Plasma
(13 C)glucose enrichments were measured by GC/C/IRMS [22] (Thermo Scientiﬁc, Bremen, Germany).
2.7. Calculations
Energy expenditure and substrate oxidation were calculated from respiratory gas exchanges using
standard equations [23]. When exceeding VO2 , VCO2 values were set as corresponding to VO2 to
reﬂect aerobic metabolism, and 13 CO2 isotopic enrichment was corrected for bicarbonate retention [24].
Rates of plasma glucose and lactate appearance, disposal, and metabolic clearance were calculated
using Steele’s equations for non-steady state using a volume of distribution of 180 mL·kg−1 for both
substrates [25]. Plasma lactate oxidation, non-oxidative lactate disposal (NOLD), and gluconeogenesis
from lactate were calculated as:
Lactate oxidation =

lactate disposal·VCO2 ·13 CO2
(mg·kg−1 ·min−1 )
F·k·89.08

NOLD = lactate disposal − lactate oxidation (mg·kg−1 ·min−1 )
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Gluconeogenesis from lactate =

(13 C )glucose·6·glucose appearance
(mg·kg−1 ·min−1 )
(13 C )lactate

(3)

where 13 CO2 and (13 C)glucose represent 13 carbon isotopic enrichments in expired CO2 (atom% excess)
and plasma glucose (atom% excess), (13 C)lactate is (M+1)lactate isotopic enrichment (mol% excess),
F is (3-13 C1 )lactate infusion rate, k is a correction factor for 13 C losses in body pools during substrate
oxidation [24] (rest: k = 0.8; exercise: k = 1.0), 89.08 is the molar weight of lactate and 6 is the number
of mole of CO2 per mole of glucose. To minimize tracer assumptions, mean values of the last 30 min
of rest (time = 60, 75 and 90 min) and exercise (time = 160, 175 and 190 min) are reported in ﬁgures
(see results). Lactate turnpoint was obtained by the D-max method [18].
2.8. Statistics
Interventions allocation was determined by random generation of four-sequence blocks. A sample
size of 16 participants was estimated (1-β: 90%; α = 0.05) to detect ≈15% difference in lactate clearance
gain between GF and C. Normality and homoscedasticity were ﬁrst checked visually, then using
Shapiro-Wilk and Bartlett tests. Data were transformed in their square root when appropriate
(plasma lactate, fructose, free fatty acids and insulin concentrations, carbohydrate and lipid oxidations,
endurance capacity). Baseline values were compared using Student’s t-tests. Evolving data were
analyzed using mixed-models, with training (T) and intervention (I) as ﬁxed effects and random effects
for participant-speciﬁc intercepts and slopes. The training and intervention interaction (T × I), baseline
(B) and exercise (E) effects were included in models whenever improving goodness of ﬁt. Paired
contrasts were used to determine differences between pre-training vs. post-training (symbol: #) and rest
vs. exercise periods (symbol: $), and unpaired contrasts to compare GF vs. C interventions (symbol: *).
Analyses were run on R version 3.1.3 (R Foundation for Statistical Computing, Vienna, Austria).
p < 0.05 was considered signiﬁcant. Data are presented as mean ± SEM.
3. Results
3.1. Participants Characteristics and Training Effectiveness
This study was completed between April 2012 and December 2014. All participants reported to
have followed dietary instructions, completed every exercise session under investigators’ supervision
and remained weight-stable throughout the experiments (T effect: p = 0.66; T × I effect: p = 0.54).
Plasma lactate concentration was monitored immediately before and during training sessions.
Ingestion of GF increased pre-session lactate as compared to C. Lactate was then increased by exercise
but, interestingly, mean concentrations after 30 and 60 min exercise were not different (Figure 2: rest:
p < 0.01; exercise: both p > 0.05).

Figure 2. Changes over time of earlobe blood lactate concentration in GF and C groups during training
sessions. GF received glucose-fructose drinks and C received water −20, 0, and +20 min relative to
exercise onset. Effects of exercise (E) and intervention (I) were compared using a mixed-model analysis.
Paired and unpaired contrasts were used to determine differences between rest and exercise (E effect:
time = 0 min vs. time = 30–60 min: $: p < 0.01) and GF vs. C (I effect: *: p < 0.05). Mean ± SEM for n = 8
participants in all groups.
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Training was effective in both GF and C and increased VO2max , Wmax and WLT to similar extents
(Table 1: all T effects: p < 0.01; T × I effects: p > 0.05). Consistent with improved conditioning, the ﬁxed
workload of the metabolic evaluation corresponded to lower relative exercise intensities post-training
(GF and C, respectively 41% and 42% VO2max ) than pre-training (45% VO2max by design). Heart rate
was decreased similarly in GF and C (all T effects: p < 0.01; all T × I effects: p > 0.05).
Table 1. Participants’ body weight and performance parameters.

Body weight (kg)
VO2max (mL·kg−1 ·min−1 )
Wmax (W)
WLT (W)
Endurance capacity (s)

GF Pre

GF Post

C Pre

C Post

73.7 ± 3.0
44.3 ± 2.3
249 ± 20
156 ± 15
663 ± 110

73.6 ± 2.8
48.4 ± 2.0 #
281 ± 19 #
180 ± 15 #
1134 ± 163 #

72.9 ± 2.9
46.4 ± 2.2
249 ± 16
156 ± 12
687 ± 177

73.1 ± 3.0
49.4 ± 2.1 #
287 ± 21 #
181 ± 14 #
1455 ± 293 #

Changes of participants’ body weight and performance parameters. Baseline values were compared using
an unpaired Student’s t-test. Effects of training interventions were compared using a mixed-model analysis.
Paired contrasts were used to determine differences between pre- vs. post-training (T effect: #: p < 0.01).
GF: glucose-fructose intervention; C: control intervention; Pre: pre-training; Post: post-training; VO2max : maximal
oxygen consumption; Wmax : maximal workload; WLT : workload at lactate turnpoint. SEM: standard error of the
mean; Mean ± SEM for n = 8 participants in all groups.

3.2. Metabolic Evaluation: Plasma Substrates and Hormones
In overnight-fasted participants, training increased fasting glucose similarly in GF and C
(Figure 3a: T effect: p < 0.01; T × I effect: p = 0.69), but did not affect plasma fructose, lactate,
insulin and glucagon concentrations (Figure 3b,c, Figure S1a,b for insulin and glucagon: all effects:
p > 0.05). Fasting free fatty acids concentration was decreased after training only in C (Figure S1c:
T × I effect: p = 0.02).
With repeated ingestion of glucose-fructose drinks, glucose, lactate and fructose concentrations
(Figure 3a–c) rapidly increased to stabilize in the last part of the resting period (time = 60–90 min).
Plasma insulin followed the same time course, whereas glucagon decreased and free fatty acids were
decreased below detectable values (Figure S1a–c; all T effect: p < 0.01). Regarding the effects of the
interventions, plasma glucose was not affected by training (Figure 3a: T effect: p = 0.86; T × I effect:
p = 0.56), while plasma lactate was decreased post-training compared to pre-training in both GF and
C (Figure 3b: T effect: p = 0.02; T × I effect: p = 0.18). Plasma fructose tended to be increased in GF
and decreased in C (Figure 3c: T effect: p = 0.39; T × I effect: p = 0.06) and other parameters were not
altered by the interventions (Figure S1a–c: all T and T × I effects: p > 0.05).
As compared to rest, exercise then decreased glucose, lactate and insulin and increased fructose
and glucagon concentrations (all E effects: p < 0.01) to new steady-state values in the last part of the
exercise period (time = 160–190 min). However, free fatty acids concentrations remained below the
detection limit (Figure S1c: E effect: p > 0.05). Plasma lactate was decreased post-training compared to
pre-training in both GF and C (Figure 3b: T effect: p < 0.01; T × I effect: p = 0.13), while plasma glucose,
fructose, free fatty acids, insulin and glucagon were unaffected by the interventions (Figure 3a,b,
Figure S1a–c for insulin, glucagon and free fatty acids: all effects: p > 0.05).
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Figure 3. Changes over time of plasma (a) glucose, (b) lactate and (c) fructose concentrations in GF
(left) and C (right) participants during metabolic evaluations. Glucose-fructose drinks were provided
both at rest (time = 0–90 min) and during exercise (time = 100–190 min) in all tests. GF pre-training
(GF Pre) and C pre-training (C Pre) is indicated in white, GF post-training (GF Post) in black and C
post-training (C Post) in grey. Effects of exercise and interventions were compared using a mixed-model
analysis. Paired contrasts were used for rest vs. exercise periods (E effect: $: p < 0.01) and pre- vs.
post-training (T effect: #: p < 0.05; ##: p < 0.01). Dashed zones: Measures considered for tracer
calculations. Mean ± SEM for n = 8 participants in all groups.

3.3. Metabolic Evaluation: Isotopic Enrichments
Glucose, lactate and CO2 isotopic enrichments (Figure 4) of the last 30 min of rest
(time = 60–90 min) and exercise (time = 160–190 min) were selected to determine glucose and lactate
metabolisms at rest and during exercise. Mean (2 H2 )glucose and (13 C)glucose isotopic enrichments
were increased from rest to exercise, but were not affected by both GF and C interventions (Figure 4a,b:
E effects: p < 0.01; all T and T × I effects: p > 0.05). At rest, (13 C)lactate isotopic enrichment was
distinctly affected after GF and C (Figure 4c: T effect: p = 0.89; T × I effect: p = 0.02), and the difference
was no longer signiﬁcant during exercise (Figure 4c: T effect: p =0 .61; T × I effect: p = 0.18). 13 CO2
isotopic enrichment was increased from rest to exercise, without being affected by GF or C (Figure 4d:
E effect: p < 0.01; all T and T × I effects: p > 0.05).
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Figure 4. Changes over time of plasma (a) (2 H2 )glucose, (b) (13 C)glucose, (c) (13 C1 )lactate and
(d) expired air 13 CO2 isotopic enrichments in GF (left) and C (right) participants during metabolic
evaluations. Glucose-fructose drinks were provided in all tests, both during rest (time = 0–90 min) and
exercise (time = 100–190 min) periods. GF pre-training (GF Pre) and C pre-training (C Pre) is indicated
in white, GF post-training (GF Post) in black and C post-training (C Post) in grey. Effects of exercise
and training interventions were compared using a mixed-model analysis. Paired contrasts were used
for rest vs. exercise periods (E effect: $: p < 0.01) and training × interventions (T × I effect: *: p < 0.05).
Dashed zones: Measures considered for tracer calculations. Mean ± SEM for n = 8 participants in
all groups.

3.4. Metabolic Evaluation: Glucose Metabolism
Summarized as mean values for selected periods of rest and exercise (Table 2), glucose appearance
was similar in GF pre-training, GF post-training, C pre-training and C post-training at rest (T effect:
p = 0.19; T × I effect: p = 0.99), then was increased to the same extent by exercise in all evaluations
(E effect: p < 0.01; T effect: p = 0.71; T × I effect: p = 0.98). Glucose disposal was also similarly
increased by exercise (rest: T effect: p = 0.19; T × I effect: p = 0.62; exercise: E effect: p < 0.01; T effect:
p = 0.38; T × I effect: p = 0.90). Glucose clearance was also increased by exercise as compared to rest
and remained constant after training in both GF and C (rest: T effect: p = 0.70; T × I effect: p = 0.74;
exercise: E effect: p < 0.01; T effect: p = 0.78; T × I effect: p = 0.86).
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Table 2. Glucose and lactate ﬂuxes in the resting and exercise periods
GF Pre

GF Post

C Pre

C Post

Glucose appearance
(mg·kg−1 ·min−1 )

Rest
Exercise

5.6 ± 0.3
10.8 ± 0.6 $

5.8 ± 0.2
10.9 ± 0.5 $

5.1 ± 0.4
10.5 ± 0.3 $

5.4 ± 0.4
10.7 ± 0.3 $

Lactate (mg·kg−1 ·min−1 )

Rest
Exercise

0.5 ± 0.1
1.2 ± 0.2 $

0.7 ± 0.1 *
1.1 ± 0.2 $

0.3 ± 0.0
0.7 ± 0.1 $

0.3 ± 0.1 *
0.7 ± 0.2 $

Other (mg·kg−1 ·min−1 )

Rest
Exercise

5.1 ± 0.3
9.6 ± 0.6 $

5.1 ± 0.2
9.8 ± 0.6 $

4.8 ± 0.5
9.8 ± 0.3 $

5.1 ± 0.4
9.9 ± 0.3 $

Glucose disposal
(mg·kg−1 ·min−1 )

Rest
Exercise

6.2 ± 0.5
10.8 ± 0.7 $

6.4 ± 0.4
11.2 ± 0.5 $

5.5 ± 0.6
10.5 ± 0.3 $

6.0 ± 0.5
10.8 ± 0.3 $

Glucose clearance
(mL·kg−1 ·min−1 )

Rest
Exercise

5.0 ± 0.5
11.2 ± 0.9 $

5.0 ± 0.4
11.5 ± 0.7 $

4.4 ± 0.6
11.5 ± 0.6 $

4.7 ± 0.4
11.5 ± 0.3 $

Lactate appearance
(mg·kg−1 ·min−1 )

Rest
Exercise

3.6 ± 0.5
11.2 ± 1.4 $

5.2 ± 0.7 **
12.1 ± 1.5 $

3.6 ± 0.4
8.8 ± 0.7 $

2.6 ± 0.5 **
8.3 ± 0.9 $

Lactate disposal
(mg·kg−1 ·min−1 )

Rest
Exercise

3.4 ± 0.5
11.3 ± 1.4 $

5.0 ± 0.7 **
12.1 ± 1.5 $

3.2 ± 0.4
9.1 ± 0.7 $

2.5 ± 0.4 **
8.4 ± 1.0 $

Oxidation (mg·kg−1 ·min−1 )

Rest
Exercise

0.7 ± 0.1
9.7 ± 1.4 $

0.9 ± 0.1 *
10.6 ± 1.7 $

0.6 ± 0.1
7.9 ± 1.0 $

0.4 ± 0.1 *
7.3 ± 1.1 $

NOLD (mg·kg−1 ·min−1 )

Rest
Exercise

2.7 ± 0.4
1.5 ± 0.3 $

4.1 ± 0.6 **
1.5 ± 0.4 $

2.7 ± 0.4
1.2 ± 0.6 $

2.0 ± 0.4 **
1.0 ± 0.5 $

Lactate clearance
(mL·kg−1 ·min−1 )

Rest
Exercise

17.8 ± 3.0
75.5 ± 8.7 $

26.9 ± 4.9 *
91.0 ± 9.6 $#

16.0 ± 2.6
47.6 ± 4.7 $

13.1 ± 2.6 *
57.6 ± 7.0 $#

Mean values during rest (time = 60–90 min) and exercise (time = 160–190 min) periods of metabolic evaluations
performed pre-training (Pre) and post-training (Post). Effects of exercise and training interventions were compared
using a mixed-model analysis. Paired and unpaired contrasts were used for rest vs. exercise periods (E effect:
$: p < 0.01), pre- vs. post-training (T effect: #: p < 0.01) and training × interventions (T × I effect: *: p < 0.05;
**: p < 0.01). NOLD: non-oxidative lactate disposal. Mean ± SEM for n = 8 participants in all groups.

3.5. Metabolic Evaluation: Lactate Metabolism
Distinctly from glucose metabolism, lactate metabolism was affected by GF and C interventions.
Post-training, mean lactate appearance was increased in GF and decreased in C at rest (T effect: p = 0.56;
T × I effect: p < 0.01). Lactate appearance was then signiﬁcantly increased by exercise and, interestingly,
the difference between GF and C interventions was no longer signiﬁcant during exercise (E effect:
p < 0.01; T effect: p = 0.68; T × I effect: p = 0.16). Lactate disposal was also differently affected by GF
and C interventions at rest (T effect: p = 0.41; T × I effect: p < 0.01) and was increased by exercise
(E effect: p < 0.01) during which differences between interventions were no longer signiﬁcant (T effect:
p = 0.91; T × I effect: p = 0.12). Lactate clearance followed the same trend at rest in which it was also
differently affected by GF and C (T effect: p = 0.30; T × I effect: p = 0.02) and was then increased by
exercise as compared to rest (E effect: p < 0.01). During exercise, lactate clearance was interestingly
enhanced post-training compared to pre-training, but to similar extents in both GF and C (T effect:
p < 0.01; T × I effect: p = 0.53).
3.6. Metabolic Evaluation: Lactate Disposal
The use of (13 C1 )lactate allowed to investigate several of its fates. Consistent with the effects of
interventions on lactate metabolism, lactate oxidation (T effect: p = 0.60; T × I effect: p = 0.01), NOLD
(T effect: p = 0.40; T × I effect: p < 0.01) and gluconeogenesis from lactate (T effect: p = 0.57; T × I effect:
p = 0.01) measured during the resting period were all distinctly affected by GF and C interventions.
Despite absolute values being affected by the interventions, lactate oxidation still represented a stable
proportion of lactate disposal at rest (GF: 20.6 ± 1.0% to 18.6 ± 0.6% vs. C: 17.5 ± 1.7% to 17.7 ± 0.8%;
T effect: p = 0.20; T × I effect: p = 0.52). In contrast, resting gluconeogenesis from lactate represented a
larger part of glucose production after GF than after C (GF: 8.2 ± 1.5% to 11.9 ± 1.6% vs. C: 5.7 ± 1.2%
to 5.0 ± 1.0%: T effect: p = 0.21; T × I effect: p = 0.01).
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Compared to rest, exercise increased lactate oxidation, decreased NOLD and increased
gluconeogenesis from lactate (all: E effects: p < 0.01). There were no more signiﬁcant differences
between GF and C interventions for absolute values of lactate oxidation (T effect: p = 0.74; T × I
effect: p = 0.14), NOLD (T effect: p = 0.60; T × I effect: p = 0.77) and gluconeogenesis from lactate
(T effect: p = 0.86; T × I effect: p = 0.99). Lactate oxidation represented a signiﬁcantly higher part
(and NOLD a lower part) of lactate disposal during exercise than at rest, yet without effect of GF or
C interventions (lactate oxidation: GF: 86.3 ± 3.8% to 87.6 ± 4.9% vs. C: 86.8 ± 6.6% to 87.6 ± 6.6%;
E effect: p < 0 .01; T effect: p = 0.99; T × I effect: p = 0.83). Similarly, no training effect was observed on
fractional gluconeogenesis from lactate measured during exercise after both GF and C (GF: 10.7 ± 1.9%
to 10.4 ± 1.6% vs. C: 7.0 ± 1.2% to 6.8 ± 1.5%; E effect: p = 0.06; T effect: p = 0.87; T × I effect: p = 0.97).
3.7. Metabolic Evaluation: Substrate Oxidation and Exercise Capacity
Carbohydrates provided most of the substrates to be oxidized throughout the evaluations (Table 3).
Accordingly, lipid oxidation and protein oxidation (from urinary nitrogen collected during both
periods) were low at rest and during exercise. In contrast, energy expenditure, total carbohydrate,
lactate and other carbohydrate oxidations were all markedly increased during exercise as compared to
the resting period (all E effects: p < 0.01).
Table 3. Fuel Selection in the Resting and Exercise Periods of Metabolic Evaluations.
GF Pre

GF Post

C Pre

C Post

1.5 ± 0.1
8.3 ± 0.5 $

1.5 ± 0.0
8.4 ± 0.6 $

1.4 ± 0.1
8.9 ± 0.5 $

1.4 ± 0.1
9.0 ± 0.6 $

Both

0.8 ± 0.0

0.8 ± 0.1

0.8 ± 0.1

0.8 ± 0.1

Lipid (mg·kg−1 ·min−1 )

Rest
Exercise

0.8 ± 0.1
0.8 ± 0.3

0.8 ± 0.1
0.5 ± 0.3

0.6 ± 0.1
0.4 ± 0.2

0.6 ± 0.2
0.8 ± 0.3

Carbohydrate (mg·kg−1 ·min−1 )

Rest
Exercise

2.8 ± 0.4
27.6 ± 2.4 $

2.8 ± 0.3
28.5 ± 2.6 $

2.9 ± 0.4
30.6 ± 1.7 $

2.8 ± 0.4
30.0 ± 1.7 $

Lactate (mg·kg−1 ·min−1 )

Rest
Exercise

0.7 ± 0.1
9.7 ± 1.4 $

0.9 ± 0.1 *
10.6 ± 1.7 $

0.6 ± 0.1
7.9 ± 1.0 $

0.4 ± 0.1 *
7.3 ± 1.1 $

Other (mg·kg−1 ·min−1 )

Rest
Exercise

2.1 ± 0.4
17.8 ± 1.5 $

1.8 ± 0.4
17.9 ± 1.4 $

2.4 ± 0.5
22.7 ± 1.4 $

2.3 ± 0.4
22.7 ± 1.8 $

Energy expenditure

(kcal·min−1 )

Protein (mg·kg−1 ·min−1 )

Rest
Exercise

Mean values during rest (time = 60–90 min) and exercise (time = 160–190 min) periods of metabolic evaluations
performed pre-training (Pre) and post-training (Post). Effects of exercise and training interventions were compared
using a mixed-model analysis. Paired and unpaired contrasts were used for rest vs. exercise periods (E effect:
$: p < 0.01) and training × interventions (T × I effect: *: p < 0.05). Mean ± SEM for n = 8 participants in all groups.

As reported, at rest, lactate oxidation was increased post-training as compared to pre-training
in GF, but not in C (T effect: p = 0.55; T × I effect: p = 0.01). Yet, this occurred within a stable total
carbohydrate oxidation (T effect: p = 0.75; T × I effect: p = 0.61) and reﬂected an increasing proportion
of carbohydrate oxidation coming from lactate oxidation after GF, but not after C (GF: 30 ± 6% to
38 ± 7% vs. C: 22 ± 4% to 15 ± 2%; T effect: p = 0.89; T × I effect: p < 0.01).
During exercise, there were no longer differences in lactate oxidation (T effect: p = 0.73; T × I
effect: p = 0.11), total carbohydrate oxidation (T effect: p = 0.15; T × I effect: p = 0.71), or the fraction of
total carbohydrate oxidation as lactate (GF: 35 ± 4% to 36 ± 4% vs. C: 26 ± 3% to 24 ± 3%; T effect:
p = 0.92; T × I effect: p = 0.22) after interventions.
Finally, training with GF was hypothesized to speciﬁcally increase endurance capacity at 85% of
current VO2max . Yet, time-to-exhaustion was similarly improved by GF and C interventions (Table 1:
T effect: p < 0.01; T × I effect: p = 0.19).
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4. Discussion
4.1. Efﬁciency of the Training Programs
Pre-training, participants’ VO2max were in the middle range of normal values [26]. The exercise
training programs were effective, and produced a +8% VO2max increase similar to results from previous
studies using a comparable training load [19,27]. Similar to other works comparing the effects of
training with or without carbohydrate ingestion [27,28], no difference in performance gain was
observed between GF and C.
4.2. Lactate Appearance and Energy Metabolism before Training
The initial metabolic evaluation involved the ingestion of repeated glucose-fructose drinks by both
groups of participants at rest and during exercise. Since this visit was performed prior to intervention,
results were expectedly similar in GF and C. In all participants, glucose-fructose ingestion increased
blood lactate concentration compared to fasting values. Plasma lactate appearance, presumably from
fructose in splanchnic tissues [29], but also resulting from glucose/glycogen degradation in various
tissues including skeletal muscle, amounted to 3.6 mg·kg−1 ·min−1 in both GF and C. We did not
measure fasting lactate appearance, but it was previously estimated as ≈1.4 mg·kg−1 ·min−1 in resting
subjects [30]. This is consistent with GF being responsible for a substantial increase in lactate production.
Our tracer approach does not allow the relative contributions of glucose and fructose to total lactate
appearance to be estimated. Published human reports, however, indicate that intravenous fructose
essentially stimulated splanchnic lactate release at rest [31] and during exercise [15], while animal
studies suggest that glucose stimulated extra-splanchnic (presumably muscle) lactate production [32].
Gluconeogenesis from lactate was also minimal, most likely because it was inhibited by
hyperinsulinemia induced by glucose ingestion [6]. Interestingly, lactate oxidation represented only
≈20% of lactate disposal, and the remaining ≈80% was metabolized non-oxidatively. Since there is no
substantial lactate and glucose stores in the human body, this most likely corresponded to liver and/or
muscle glycogen synthesis. In support of this hypothesis, we recently reported that post-exercise
muscle glycogen resynthesis was quantitatively similar when subjects were fed glucose or fructose,
and that lactate concentrations elicited by fructose ingestion were positively correlated with muscle
glycogen resynthesis [33].
During exercise, lactate appearance increased to ≈10 mg·kg−1 ·min−1 , of which ≈30% may have
derived from fructose contribution, according to a previous study using comparable glucose-fructose
drinks [13]. Relative to resting conditions, plasma lactate concentrations decreased, reﬂecting the effect
of exercise to increase muscle lactate uptake and hence lactate clearance [30]. In addition, exercise
directed ≈90% of lactate appearance toward oxidation, representing a much larger fraction than at rest.
This is consistent with previous investigations of lactate metabolism in unfed individuals [10,11,34],
conﬁrming that lactate disposal between oxidative and non-oxidative fates is largely dictated by
metabolic rate [7], also with glucose-fructose ingestion. We postulate that the transfer of lactate from
splanchnic organs to working muscle after glucose-fructose ingestion (i.e., “reverse Cori cycle”) is
the result of two simultaneous processes: ﬁrst, an increase of splanchnic lactate production pushed
by fructose lacticogenesis increasing intrasplanchnic lactate concentration, and thus lactate efﬂux;
second, an increased muscle lactate uptake pulled by low intramuscular lactate concentration due to
continuous lactate removal toward oxidation.
4.3. Evolution of Plasma Lactate Concentration during Training Sessions
There was no detailed metabolic evaluation during training sessions. However, plasma lactate
concentration was measured throughout the training program at rest and during exercise. At rest,
plasma lactate concentration was higher in the GF group than in the C group, reﬂecting the well-known
increase in plasma lactate induced by fructose ingestion [29,35]. During exercise, interestingly, plasma
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lactate concentration was similar in both groups, suggesting that the effect of glucose-fructose drinks
was minor compared to that of exercise per se [30].
4.4. Lactate Appearance and Disposal after Training
All participants returned at the end of the training program for a second evaluation with
glucose-fructose ingestion at rest and during exercise. The resting period revealed differences after GF
and C interventions. Interestingly, unlike C that induced a decrease in lactate metabolism, conﬁrming
previous reports [19,34,36], GF differed by increasing lactate appearance. This may derive from an
enhanced capacity to digest, absorb and metabolize fructose [29,37] or reﬂect the increased lactate
appearance observed in fasted individuals after a few days of fructose exposure [38]. The mechanisms
of such adaptations remain to be elucidated. Lactate clearance was increased in GF only, while
lactate oxidative and non-oxidative disposal remained remarkably stable after training. Interestingly,
resting lactate metabolism was increased by GF along with an unchanged glucose metabolism and
carbohydrate oxidation, consistent with considerations that lactate may be preferred over other
substrates for energy or glucose production [7].
In contrast to the resting period, lactate appearance measured during exercise was unaltered by
training. Lactate clearance, however, increased by ≈20% in both GF and C, and plasma lactate
concentration decreased. This can be attributed to an enhanced expression of muscle lactate
transporters and lactate metabolizing enzymes [8]. However, and contrary to our hypothesis, training
with glucose-fructose did not potentiate the effects of training alone. This observation is in line with
the fact that lactate concentration was similar during training sessions with or without glucose-fructose
drinks, and suggests that any additional effect of glucose-fructose ingestion during exercise was
minimal compared to the effects of exercise training on lactate metabolism.
4.5. Limitations
First, glucose-fructose drinks were used as a tool to change lactate metabolism through effects
on lactate concentration. While measuring blood lactate concentration during training sessions, our
experimental protocol did not allow to assess intrasplanchnic and intramuscular lactate concentrations.
Second, participants’ diet was not entirely controlled during the training period and we cannot
ascertain how glucose-fructose drinks modiﬁed total sugars intake in GF and C interventions. Third,
our choice of tracers did not allow endogenous glucose appearance to be distinguished from exogenous
glucose appearance, nor lactate appearance from fructose and from glucose-lactate shuttles. Four, the
small sample size may have prevented the detection of still meaningful differences.
5. Conclusions
Ingestion of glucose-fructose drinks increase lactate appearance, metabolism and plasma lactate
concentration above fasting values. This lactate is then mainly metabolized non-oxidatively at rest
(presumably ending up in glycogen stores [33]) and oxidatively during exercise [13]. After having
completed the 3-week training program, the ingestion at rest of glucose-fructose drinks increased
lactate appearance and oxidation more in subjects who had received glucose-fructose during sessions
than in those who had received water. This suggests that repeated glucose-fructose ingestion during
training upregulated fructose absorption and splanchnic lacticogenesis from fructose. During exercise,
however, lactate appearance and oxidation remained unchanged compared to pre-training conditions,
indicating that neither training nor glucose-fructose consumption had a major impact on splanchnic
lacticogenesis from fructose.
Supplementary Materials:
The following are available online at www.mdpi.com/2072-6643/9/4/411/s1,
Figure S1: Changes over time of plasma insulin, glucagon free fatty acids concentrations during
metabolic evaluations.
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VO2
VCO2
Na-H13 CO3
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NaCl
EDTA

Control intervention in which plain water was provided
during training sessions
Intervention in which glucose-fructose drinks were provided
during training sessions
Maximal oxygen consumption during incremental tests
Maximal workload during incremental tests
Workload eliciting lactate turnpoint during incremental tests
Oxygen consumption
Carbon dioxide production
Sodium bicarbonate with its carbon being a carbon-13
Non-oxidative lactate disposal
D -(+)-glucose deuterated twice on 6th carbon
L -(+)-lactate with its 3rd carbon being a carbon-13
Sodium chloride
Ethylenediaminetetraacetic acid

References
1.

2.
3.
4.
5.

6.

7.
8.

9.

Romijn, J.A.; Coyle, E.F.; Sidossis, L.S.; Gastaldelli, A.; Horowitz, J.F.; Endert, E.; Wolfe, R.R. Regulation of
endogenous fat and carbohydrate metabolism in relation to exercise intensity and duration. Am. J. Physiol.
1993, 265, E380–E391. [PubMed]
Coyle, E.F.; Coggan, A.R.; Hemmert, M.K.; Ivy, J.L. Muscle glycogen utilization during prolonged strenuous
exercise when fed carbohydrate. J. Appl. Physiol. (1985) 1986, 61, 165–172.
Cermak, N.M.; van Loon, L.J. The use of carbohydrates during exercise as an ergogenic aid. Sports Med. 2013,
43, 1139–1155. [CrossRef] [PubMed]
Jeukendrup, A.E.; Jentjens, R. Oxidation of carbohydrate feedings during prolonged exercise: Current
thoughts, guidelines and directions for future research. Sports Med. 2000, 29, 407–424. [CrossRef] [PubMed]
Ploug, T.; van Deurs, B.; Ai, H.; Cushman, S.W.; Ralston, E. Analysis of glut4 distribution in whole skeletal
muscle ﬁbers: Identiﬁcation of distinct storage compartments that are recruited by insulin and muscle
contractions. J. Cell Biol. 1998, 142, 1429–1446. [CrossRef] [PubMed]
Jeukendrup, A.E.; Raben, A.; Gijsen, A.; Stegen, J.H.; Brouns, F.; Saris, W.H.; Wagenmakers, A.J. Glucose
kinetics during prolonged exercise in highly trained human subjects: Effect of glucose ingestion. J. Physiol.
1999, 515 Pt 2, 579–589. [CrossRef] [PubMed]
Brooks, G.A. Cell-cell and intracellular lactate shuttles. J. Physiol. 2009, 587, 5591–5600. [CrossRef] [PubMed]
Dubouchaud, H.; Butterﬁeld, G.E.; Wolfel, E.E.; Bergman, B.C.; Brooks, G.A. Endurance training, expression,
and physiology of ldh, mct1, and mct4 in human skeletal muscle. Am. J. Physiol. Endocrinol. Metab. 2000, 278,
E571–E579. [PubMed]
Thomas, C.; Bishop, D.J.; Lambert, K.; Mercier, J.; Brooks, G.A. Effects of acute and chronic exercise on
sarcolemmal mct1 and mct4 contents in human skeletal muscles: Current status. Am. J. Physiol. Regul. Integr.
Comp. Physiol. 2012, 302, R1–R14. [CrossRef] [PubMed]

178

Nutrients 2017, 9, 411

10.

11.

12.
13.

14.
15.
16.
17.
18.
19.
20.
21.

22.

23.
24.
25.
26.
27.

28.

29.
30.
31.

Emhoff, C.A.; Messonnier, L.A.; Horning, M.A.; Fattor, J.A.; Carlson, T.J.; Brooks, G.A. Gluconeogenesis and
hepatic glycogenolysis during exercise at the lactate threshold. J. Appl. Physiol. (1985) 2013, 114, 297–306.
[CrossRef] [PubMed]
Emhoff, C.A.; Messonnier, L.A.; Horning, M.A.; Fattor, J.A.; Carlson, T.J.; Brooks, G.A. Direct and indirect
lactate oxidation in trained and untrained men. J. Appl. Physiol. (1985) 2013, 115, 829–838. [CrossRef]
[PubMed]
Jentjens, R.L.; Jeukendrup, A.E. High rates of exogenous carbohydrate oxidation from a mixture of glucose
and fructose ingested during prolonged cycling exercise. Br. J. Nutr. 2005, 93, 485–492. [CrossRef] [PubMed]
Lecoultre, V.; Benoit, R.; Carrel, G.; Schutz, Y.; Millet, G.P.; Tappy, L.; Schneiter, P. Fructose and glucose
co-ingestion during prolonged exercise increases lactate and glucose ﬂuxes and oxidation compared with an
equimolar intake of glucose. Am. J. Clin. Nutr. 2010, 92, 1071–1079. [CrossRef] [PubMed]
Currell, K.; Jeukendrup, A.E. Superior endurance performance with ingestion of multiple transportable
carbohydrates. Med. Sci. Sports Exerc. 2008, 40, 275–281. [CrossRef] [PubMed]
Ahlborg, G.; Bjorkman, O. Splanchnic and muscle fructose metabolism during and after exercise. J. Appl.
Physiol. (1985) 1990, 69, 1244–1251.
Tappy, L.; Rosset, R. Fructose metabolism from a functional perspective: Implications for athletes. Sports Med.
2017, 47, 23–32. [CrossRef] [PubMed]
Truswell, A.S.; Seach, J.M.; Thorburn, A.W. Incomplete absorption of pure fructose in healthy subjects and
the facilitating effect of glucose. Am. J. Clin. Nutr. 1988, 48, 1424–1430. [PubMed]
Goodwin, M.L.; Harris, J.E.; Hernandez, A.; Gladden, L.B. Blood lactate measurements and analysis during
exercise: A guide for clinicians. J. Diabetes Sci. Technol. 2007, 1, 558–569. [CrossRef] [PubMed]
MacRae, H.S.; Dennis, S.C.; Bosch, A.N.; Noakes, T.D. Effects of training on lactate production and removal
during progressive exercise in humans. J. Appl. Physiol. (1985) 1992, 72, 1649–1656.
Tounian, P.; Schneiter, P.; Henry, S.; Delarue, J.; Tappy, L. Effects of dexamethasone on hepatic glucose
production and fructose metabolism in healthy humans. Am. J. Physiol. 1997, 273, E315–E320. [PubMed]
Novel-Chate, V.; Rey, V.; Chiolero, R.; Schneiter, P.; Leverve, X.; Jequier, E.; Tappy, L. Role of Na+ -K+ -Atpase
in insulin-induced lactate release by skeletal muscle. Am. J. Physiol. Endocrinol. Metab. 2001, 280, E296–E300.
[PubMed]
Sauvinet, V.; Gabert, L.; Qin, D.; Louche-Pelissier, C.; Laville, M.; Desage, M. Validation of
pentaacetylaldononitrile derivative for dual 2 H gas chromatography/mass spectrometry and 13 C gas
chromatography/combustion/isotope ratio mass spectrometry analysis of glucose. Rapid Commun.
Mass Spectrom. 2009, 23, 3855–3867. [CrossRef] [PubMed]
Frayn, K.N. Calculation of substrate oxidation rates in vivo from gaseous exchange. J. Appl. Physiol. Respir.
Environ. Exerc. Physiol. 1983, 55, 628–634. [PubMed]
Van Hall, G. Correction factors for 13 C-labelled substrate oxidation at whole-body and muscle level.
Proc. Nutr. Soc. 1999, 58, 979–986. [CrossRef] [PubMed]
Steele, R.; Wall, J.S.; De Bodo, R.C.; Altszuler, N. Measurement of size and turnover rate of body glucose
pool by the isotope dilution method. Am. J. Physiol. 1956, 187, 15–24. [PubMed]
Schneider, J. Age dependency of oxygen uptake and related parameters in exercise testing: An expert opinion
on reference values suitable for adults. Lung 2013, 191, 449–458. [CrossRef] [PubMed]
Cox, G.R.; Clark, S.A.; Cox, A.J.; Halson, S.L.; Hargreaves, M.; Hawley, J.A.; Jeacocke, N.; Snow, R.J.;
Yeo, W.K.; Burke, L.M. Daily training with high carbohydrate availability increases exogenous carbohydrate
oxidation during endurance cycling. J. Appl. Physiol. (1985) 2010, 109, 126–134. [CrossRef] [PubMed]
De Bock, K.; Derave, W.; Eijnde, B.O.; Hesselink, M.K.; Koninckx, E.; Rose, A.J.; Schrauwen, P.; Bonen, A.;
Richter, E.A.; Hespel, P. Effect of training in the fasted state on metabolic responses during exercise with
carbohydrate intake. J. Appl. Physiol. (1985) 2008, 104, 1045–1055. [CrossRef] [PubMed]
Sun, S.Z.; Empie, M.W. Fructose metabolism in humans—What isotopic tracer studies tell us. Nutr. Metab.
2012, 9, 89. [CrossRef] [PubMed]
Van Hall, G. Lactate kinetics in human tissues at rest and during exercise. Acta Physiol. 2010, 199, 499–508.
[CrossRef] [PubMed]
Bjorkman, O.; Gunnarsson, R.; Hagstrom, E.; Felig, P.; Wahren, J. Splanchnic and renal exchange of infused
fructose in insulin-deﬁcient type 1 diabetic patients and healthy controls. J. Clin. Investig. 1989, 83, 52–59.
[CrossRef] [PubMed]
179

Nutrients 2017, 9, 411

32.
33.

34.

35.
36.
37.
38.

Youn, J.H.; Bergman, R.N. Conversion of oral glucose to lactate in dogs. Primary site and relative contribution
to blood lactate. Diabetes 1991, 40, 738–747. [CrossRef] [PubMed]
Rosset, R.; Lecoultre, V.; Egli, L.; Cros, J.; Dokumaci, A.S.; Zwygart, K.; Boesch, C.; Kreis, R.; Schneiter, P.;
Tappy, L. Postexercise repletion of muscle energy stores with fructose or glucose in mixed meals. Am. J.
Clin. Nutr. 2017, 105, 609–617. [CrossRef] [PubMed]
Bergman, B.C.; Wolfel, E.E.; Butterﬁeld, G.E.; Lopaschuk, G.D.; Casazza, G.A.; Horning, M.A.; Brooks, G.A.
Active muscle and whole body lactate kinetics after endurance training in men. J. Appl. Physiol. (1985) 1999,
87, 1684–1696.
Mayes, P.A. Intermediary metabolism of fructose. Am. J. Clin. Nutr. 1993, 58, 754S–765S. [PubMed]
Holloszy, J.O. Muscle metabolism during exercise. Arch. Phys. Med. Rehabil. 1982, 63, 231–234. [PubMed]
Douard, V.; Ferraris, R.P. The role of fructose transporters in diseases linked to excessive fructose intake.
J. Physiol. 2013, 591, 401–414. [CrossRef] [PubMed]
Abdel-Sayed, A.; Binnert, C.; Le, K.A.; Bortolotti, M.; Schneiter, P.; Tappy, L. A high-fructose diet impairs basal
and stress-mediated lipid metabolism in healthy male subjects. Br. J. Nutr. 2008, 100, 393–399. [CrossRef]
[PubMed]
© 2017 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

180

nutrients
Review

Chronic Fructose Ingestion as a Major Health
Concern: Is a Sedentary Lifestyle Making It Worse?
A Review
Amy J. Bidwell
Department of Health Promotion and Wellness, State University of New York at Oswego, 105G Park Hall,
Oswego, NY 13027, USA; Amy.bidwell@oswego.edu; Tel.: +1-315-569-3543
Received: 21 March 2017; Accepted: 25 May 2017; Published: 28 May 2017

Abstract: Obesity contributes to metabolic abnormalities such as insulin resistance, dyslipidemia,
hypertension, and glucose intolerance, all of which are risk factors associated with metabolic
syndrome. The growing prevelance of metabolic syndrome seems to be an end result of our current
lifestyle which promotes high caloric, high-fat foods and minimal physical activity, resulting in a state
of positive energy balance. Increased adiposity and physical inactivity may represent the beginning
of the appearance of these risk factors. Understanding the metabolic and cardiovascular disturbances
associated with diet and exercise habits is a crucial step towards reducing the risk factors for metabolic
syndrome. Although considerable research has been conducted linking chronic fructose ingestion to
the increased prevalence of obesity and metabolic syndrome risk factors, these studies have mainly
been performed on animals, and/or in a post-absorptive state. Further, the magnitude of the effect of
fructose may depend on other aspects of the diet, including the total amount of carbohydrates and
fats in the diet and the overall consumption of meals. Therefore, the overall aim of this review paper
is to examine the effects of a diet high in fructose on postprandial lipidemia, inﬂammatory markers
and glucose tolerance, all risk factors for diabetes and cardiovascular disease. Moreover, an objective
is to investigate whether increased physical activity can alter such effects.
Keywords:
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1. Introduction
The prevalence of obesity and obesity-related diseases in the United State and worldwide is
increasing rapidly, with 67% of the population considered overweight and 33% obese [1]. Moderate
obesity can contribute to chronic metabolic abnormalities characteristic of metabolic syndrome which
include insulin resistance, dyslipidemia and hypertension [2]. Increased consumption of added sugar,
speciﬁcally in the form of high-fructose corn syrup (HFCS) and sucrose, has paralleled the increased
prevalence of metabolic abnormalities, and may be a contributing factor to the rise in the incidence of
such disease-related risk factors [2].
The addition of fructose in the food supply became popular in the 1970s when fructose was used
to produce high fructose corn syrup HFCS. HFCS can contain up to 90% fructose, however, most of the
HFCS that is commercially sold contains 55% fructose and 45% glucose [2]. HFCS is frequently used
as a sweetener in the food industry because it is cheaper to produce, has a long shelf-life, maintains
long-lasting moisturization in industrial bakeries, and is sweeter than most other sugars [3].
There has been an increased interest in the potential role of these added sugars as a contributing
factor to metabolic syndrome. When consumed in elevated concentrations, fructose can promote
metabolic changes that may contribute to risk factors associated with metabolic syndrome as well as
hyperuricemia, inﬂammation, and alterations in various metabolic hormones [4]. Today, the average
Nutrients 2017, 9, 549
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American consumes ~94 g of added sugar per day. These values are signiﬁcantly higher than the
new dietary guidelines that state that no more than 25 g of added sugar should be consumed per day.
The following review of literature will present evidence that fructose, either in the form of sucrose
or HFCS, may cause substantial alterations in the risk factors associated with metabolic syndrome.
Furthermore, partaking in an inactive lifestyle will also be addressed as increased physical inactivity
may attenuate such risk factors.
2. Fructose Intake, Absorption and Metabolism
2.1. Fructose Intake
In recent years, manufacturers have been replacing HFCS with sucrose or other types of sugars,
which is sometimes confusing the consumer, as one may think the product is somehow healthier
than it really is. Sucrose, or table sugar, is a disaccharide composed of one glucose molecule and
one fructose molecule, making it 50% fructose and 50% glucose [5]. Because sucrose has slightly
lower concentrations of fructose compared to the 55/45 ratio of fructose to glucose in HFCS, often
manufacturers will put more sucrose in the product in order to have it taste similar to products
containing HFCS. Added sugar can be disguised as cane juice, evaporated cane juice, cane juice
solids, cane juice crystals, or dehydrated cane juice, all made from sugar cane, therefore making them
potentially as harmful as the now frowned upon HFCS.
2.2. Fructose Absorption
Fructose enters the brush border of the stomach in the form of either pure fructose, HFCS
or as sucrose [6]. When fructose is ingested as a disaccharide in the form of sucrose, the sucrose
must ﬁrst be cleaved, via sucrose, into one molecule of glucose and one molecule of fructose before
being metabolized. Fructose is then absorbed and transported through the enterocytes to the portal
bloodstream by a fructose-speciﬁc hexose transporter, glucose transporter 5 (GLUT 5). Unlike glucose,
which uses a sodium- and protein-based transporter molecule to assist the glucose with transport out
of the enterocytes, the activation of GLUT 5 transporters is sodium–independent and does not require
ATP hydrolysis [6]. Once inside the enterocytes, fructose diffuses across the basolateral pole of the
enterocytes and into the portal circulation via glucose transporter 2 (GLUT 2) transporters [7].
Unlike glucose, fructose is incompletely absorbed in the enterocytes. The absorption capacity of
fructose is limited to approximately 5–50 g at one time before some individuals suffer from symptoms
of diarrhea and ﬂatulence [8]. Ushijima et al. [9] showed that 80% of healthy adults experienced
incomplete absorption when given 50 g of fructose, yet when fructose is consumed with glucose,
the rate of absorption is increased [10]. Thus, when fructose is consumed as sucrose or as HFCS, more
fructose is absorbed through the enterocytes. The improved absorption of fructose in conjunction
with glucose may be due to the up-regulation of GLUT 5 receptors which is stimulated by elevated
glucose absorption [8]. Once within the enterocytes, fructose can be easily converted into triglycerides
(TGs). Speciﬁcally, intestinal TGs, in the form of chylomicrons, have been apparent in hamsters fed
a high-fructose diet in as little as three weeks [11]. Moreover, chronic fructose feeding seems to be
associated with increases in intracellular apoprotein-B48 (apoB-48) and enhanced intestinal enterocyte
de novo lipogenesis (DNL) [11]. The intestinal overproduction of apoB-48-containing lipoproteins may
be an important contributor to the elevation of circulating TG-rich lipoproteins, which may potentially
lead to atherosclerosis.
2.3. Fructose Metabolism
Although fructose can be lipogenic within the enterocytes, fructose is also readily absorbed and
stimulates lipogenesis within the hepatocytes [6]. Once fructose travels through the enterocytes and
into the portal vein, it is readily absorbed by the liver via GLUT 2 transporters. Due to the high
concentration of GLUT 2 transporters and fructokinase, there is a high afﬁnity for fructose uptake in
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the liver [6]. Within the liver, fructose is rapidly converted to fructose-1-phospate via fructokinase.
Fructokinase has a low afﬁnity for fructose, resulting in rapid metabolism of fructose by the liver
cells. Fructose is further metabolized into triose phosphates, glyceraldehyde and dihydroxyacetone
phosphate [12]. The triose phosphate that is produced can then be converted to pyruvate and oxidized
into carbon dioxide and water in the citric acid cycle or a portion of the triose phosphate can be
converted to lactate and released into the systemic circulation [6]. A portion of the carbon derived from
the triose phosphates can also enter the gluconeogenic pathway where it can be stored as glycogen to
be later released as glucose [12]. This gluconeogenic process results in a small but measurable increase
in systemic glucose concentrations [6].
Within the liver, fructose metabolism differs substantially from glucose metabolism in that entry
of glucose into the glycolytic pathway is under the control of glucokinase which has a low afﬁnity for
glucose within the hepatocytes, and is dependent on the concentration of glucose [6]. Therefore, the rate
of glucose phosphorylation varies with changes in glucose concentrations. Moreover, downstream,
when fructose-6-phosphate is converted to fructose 1,6-bisphosphate, this reaction is catalyzed by
phosphofructokinase (PFK), an enzyme regulated by the energy status of the cell. In particular,
PFK is inhibited by elevations in ATP and citrate. This inhibition allows for a close regulation of
glycolysis based on the energy status of the cell [12]. On the contrary, fructose is phosphorylated to
fructose-1-phoshpate by fructokinase, but this rate-limiting enzyme does not have the tight regulation
as seen with PFK [3]. Figure 1 depicts the metabolic fate of fructose within the hepatocytes. When
acetyl-CoA combines with oxaloacetate to form citrate in the mitochondria, the carbon atoms can be
used for DNL and then form long-chained fatty acids that are eventually esteriﬁed into TGs [12]. This
large source of unregulated TG formation is unlike that of glucose metabolism which has a rate-limiting
step to regulate it, preventing such effects.
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Figure 1. Metabolic fate of hepatic fructose. Fructose provides a high concentration of unregulated
acetyl-CoA which can be converted to very-low density lipoprotein-triglyceride (VLDL-TG), glucose
and/or lactate. (Figure adapted from Le and Tappy, 2006 [13]). GLUT: glucose transporter;
PFK: phosphofructokinase.

3. Fructose-Induced Lipogenesis
The most detrimental aspect of fructose is its ability to be converted to fatty acids within the
hepatocytes via DNL, as pictured in Figure 1. In rodents, a high-fructose diet (60% fructose) has
been shown to increase intra-hepatocellular lipids as well as stimulate hepatic DNL within a few
days [14]. When such diets are sustained over a prolonged period of time, high fructose or sucrose
diets will induce hepatic stenosis and whole-body insulin resistance with a concomitant accumulation
of intramyocellular lipids [15].
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To date there is an abundance of research indicating that acute and/or chronic ingestion of fructose
causes hyperlipidemia in rats [14,16,17] and in humans [18–21]. Faeh et al. [21] discovered that after
six days of fructose loading, subjects’ plasma triglyceride concentrations were increased by 79% from
baseline values, possibly due to the six-fold increase in fractional DNL [21]. It should be noted that
the fructose load that was given (~210 g/day) in this study was an extremely high load and therefore
may not be clinically relevant. Using a more clinically relevant fructose load, Swanson et al. [22]
discovered that serum total and low-density lipoprotein (LDL) cholesterol levels were 9% and 11%
higher, respectively, when consuming a high fructose diet compared to an isocaloric starch diet [22].
Furthermore, within the ﬁrst 24 h, serum triglyceride levels in the fructose-fed group were signiﬁcantly
higher than the starch group, indicating that fructose induced hyperlipidemia can occur in as little as
24 h after the ﬁrst fructose load [22]. In a slightly longer intervention, Bantle et al. [23] compared similar
effects and found that a diet consisting of either 17% of energy from fructose or 17% glucose for six
weeks was associated with elevations in fasting and postprandial TG concentrations [23]. These results
were similar to those obtained by Schwarz et al. [24] in which elevated liver DNL was apparent in eight
healthy men consuming 25% fructose/25% glucose mixture compared to a 50% complex carbohydrate
mixture. It is important to mention that the above-mentioned study was one of the ﬁrst studies to
indicate an increase in DNL during a weight-neutral period, therefore demonstrating that the changes
in DNL are not the result of increased weight but are from increased fructose consumption [24].
Although the research regarding fructose ingestion and fasting and postprandial lipogenesis
is apparent in normal weight individuals, research is more limited in the obese population.
Swarbrick et al. [18] investigated the metabolic effects of a high-fructose diet in seven overweight,
post-menopausal women who consumed standardized, energy-balanced meals for 14 weeks. After
two weeks on the diet, triglyceride area under the curve (AUC) was unchanged, however after week
ten, triglyceride AUC values were 141% higher than at baseline. Additionally, fasting apolipoprotein B
concentrations were increased by 19% compared to baseline. The authors speculated that the increases
in fasting and postprandial TG concentrations were most likely due to stimulation of TG synthesis [18].
Likewise, Stanhope et al. [19] also investigated the overweight/obese population. After studying
18 post-menopausal women for 12 weeks, the high fructose group had elevated fasting and 24-h
postprandial TG concentrations compared to the isocaloric glucose group [19]. Post-intervention,
fasting apolipoprotein B, low-density lipoproteins (LDLs), small-dense LDLs, and oxidized LDLs were
signiﬁcantly higher in the fructose group compared to the glucose group. This study reitorates the
fact that long-term consumption of fructose of ≥2 weeks negatively alters lipid remodeling in obese,
post-menopausal women [19]. It seems that the mechanism by which fructose-induced lipemia occurs is
a result of the carbon atoms from fructose being converted to fatty acids, skipping the rate-limiting step
in glycolysis. Fructose increases DNL by increasing hepatic TG formation, however, fructose-induced
hepatic DNL may also limit fatty acid oxidation as well. Fructose increases acetyl-CoA concentrations
in the liver, subsequently leading to increased production of malonyl CoA, which inhibits the entry of
fatty acids into the mitochondria [3]. Taken together, fructose indirectly inhibits fatty acid oxidation by
increasing production of malonyl CoA, which decreases fatty acid transport into the mitochondria [3].
Malonyl CoA is an important intermediate to fructose-induced lipogenesis because acetyl CoA is
added to long-chained fatty acids via malonyl CoA, therefore allowing fructose to provide carbon
atoms for both glycerol, and the acyl portion of the acylglycerol molecule [3].
To better understand the hypothesis that fructose ingestion may also inhibit fat oxidation,
Abdel-Sayed et al. [25] investigated whether a high-fructose diet (234 g) impaired lipid metabolism.
After seven days on the high fructose diet, basal non-esteriﬁed fatty acid (NEFA) concentrations
signiﬁcantly decreased by 19.5%, net lipid oxidation by 21.3% and plasma β-hydroxybutyrate
concentrations by 78.2%. After a period of lipid loading, the increase in net lipid oxidation and
exogenous lipid oxidation were comparable between the two groups. However, after the mental
stress, there was a markedly blunted stimulation of plasma NEFA and β-hydroxybutyrate release
in the fructose group. The lower basal plasma NEFA concentrations indicated that an inhibition of
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adipose tissue lipolysis occurred after the high fructose diet. This phenomenon suggests that the
decreased NEFA seen with the high-fructose diet was likely related to fructose-induced stimulation of
hepatic DNL lipogenesis, and not secondary to an increased hepatic re-esteriﬁcation. Additionally,
the inhibition of lipolysis may, in turn, be directly responsible for lower whole-body net lipid oxidation
following fructose loading since NEFA concentrations are the main determinant in this process [25].
4. Fructose and Postprandial Lipemia
Although research regarding fasting hyperlipidemia and fructose consumption has been well
established, high postprandial triglyceride levels have been associated with the risk of coronary artery
disease [26]. Hence, there is growing evidence linking increased postprandial TG concentrations with
a pro-atherogenic state. This link may be due to lipoprotein remodeling induced by increased levels of
very-low density lipoproteins (VLDLs) and mediated by cholesteryl ester transfer protein (CETP) and
hepatic lipase. Both increased VLDLs and CEPT resulted in increased concentrations of small-dense
lipoproteins and remnant-like lipoproteins [26].
When in the blood, TGs can be referred to as “triglyceride-rich lipoproteins” (TRLs) and consist
of two main components: very-low density lipoproteins (VLDL) and chylomicrons. Very low-density
lipoproteins are a result of hepatic synthesis and chylomicrons are produced by the gut postprandially
in order to transport dietary lipids from the intestines to other locations in the body [26]. Therefore,
TRLs can be produced exogenously from the diet or endogenously from the liver. Chylomicrons
and VLDLs can then form intermediate-density lipoproteins catalyzed by lipoprotein lipase (LPL),
an enzyme released from the capillary beds of adipose tissue and skeletal muscle [26]. Lipoprotein
lipase, situated in the capillary endothelial, is responsible for hydrolyzing the TG into NEFA [27].
This pathway is up-regulated by insulin, which increases rapidly in response to a carbohydrate meal.
In a fructose-rich diet, due to the suppression of insulin, reduced insulin concentrations may contribute
to lower postprandial LPL activity. Research has indicated that glucose has a signiﬁcantly greater
postprandial LPL response than fructose [19], signifying that reduced TG clearance with chronic
fructose ingestion might also contribute to the fructose-induced postprandial hypertriglyceridemia
that is often evident in fructose-fed individuals [19]. Other studies have shown similar results in that
fructose, not glucose, leads to an attenuated LPL response which potentiated postprandial lipidemia as
the TG-VLDL and TG-rich chylomicron levels were signiﬁcantly higher than in the glucose group [28].
The lower insulin concentrations seen with the fructose load led to a decreased production of LPL,
resulting in impaired triacylglycerol clearance [28].
Often, consumption of fructose occurs in a postprandial state as the average Western diet is
consumed every 3–6 h. Previous research has shown that a bolus of fructose in the morning with a
subsequent meal at lunch stimulates lipogenesis and seems to be dose-dependent [20]. This same
study found TG incremental AUC to be higher after a fructose bolus than a glucose bolus, signifying
that fructose acutely and signiﬁcantly increases lipogenesis in the morning and meals thereafter.
The fructose-induced increase in lipogenesis displaced the use of stored TG for VLDL synthesis and the
stimulation of lipogenesis represents an intracellular signal for the liver to esterify fatty acids from any
source into TGs [20]. Similar results can be found in overweight and obese individuals [19]. Based on
these ﬁndings, DNL and decreased lipoprotein lipase-mediated clearance may be a contributing factor
to fructose-induced postprandial hypertriglyceridemia [19,20]. Although more research needs to be
conducted in the postprandial state, when fructose is consumed in the morning, the succeeding meal
will augment the postprandial lipidemia induced during the prior meal [20]. Possible mechanisms
involved in the stimulation of fructose-induced postprandial lipidemia are: (1) the liver being the
main site of fructose metabolism; (2) fructose bypassing the main rate limiting step of glycolysis, thus
providing unregulated amounts of lipogenic substrates such as acetyl-CoA and glycerol-3-phosphate;
and (3) fructose enhancing DNL when subsequent meals were ingested [19,20].
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5. Fructose and Insulin Resistance
Type 2 diabetes is a progressive disorder that begins with the development of insulin resistance
and potentially ends with pancreatic β-cell failure [29]. A dietary recommendation often proposed
for patients suffering from type 2 diabetes is to ingest foods that do not cause an acute rise in insulin
levels, therefore preventing over-stimulation of insulin secretion from the pancreas. Initially, fructose
was a popular macronutrient choice for individuals with type 2 diabetes because fructose does not
cause an acute rise in insulin due to the low glycemic index related to fructose. Although there
is a blunted insulin response, fructose consumption has been associated with increased hepatic
VLDL triglyceride secretion, and possibly decreased extra-hepatic clearance of very-low density
lipoprotein-triglyceride (VLDL-TG), both of which are associated with the development of hepatic and
adipose tissue insulin resistance. The VLDL-TG formed from fructose-induced hepatic DNL can be
released into the systemic circulation, consequently leading to an increase in the levels of fatty acids in
the circulation. Signaling abnormalities in adipocytes can also trigger lipolysis of TG stores and efﬂux
of NEFA into the bloodstream, augmenting the problem [30]. NEFA in the bloodstream as a result of
increased fructose-induced lipidemia may be a key mechanistic link between fructose consumption
and insulin resistance, type 2 diabetes and metabolic dyslipidemia. These conditions are a result of
increased ectopic storage of NEFA by non-adipose tissues such as liver and skeletal muscle where
they are stored as TG or diacylglycerol. The exposure of these organs to increased concentrations of
NEFA from fructose ingestion may reduce insulin sensitivity by increasing the intramyocellular lipid
content [31]. Once stored as ectopic lipids, the fatty acids can interfere with the metabolic pathways of
that tissue, resulting in fructose-induced insulin resistance [30].
In a healthy adult, insulin suppresses hepatic gluconeogenesis and glycogenolysis, however,
in the insulin-resistant state, this suppression no longer occurs, causing a subsequent increase in
glucose output from the liver [29]. Insulin resistance in fat cells reduces the normal effects of insulin
on lipids and results in reduced uptake of circulating lipids and increased hydrolysis of stored TG.
Increased mobilization of stored lipids in these cells elevates free fatty acids in the blood plasma,
leading to reduced muscle glucose uptake and increased liver glucose production, all of which
contribute to elevated blood glucose levels [32]. This chronic state of excess fatty acid release into
the circulation can induce lipotoxicity, or pancreatic β-cell death. To compensate for the increased
peripheral insulin resistance, the pancreatic β-cells increase in mass and secrete more insulin, resulting
in hyperinsulinemia. Since the β-cells cannot compensate for the resistant state, hyperglycemia occurs.
Hyperglycemia further damages the β-cells, resulting in glycotoxicity, leading to a progressive loss of
the pancreatic islet β-cells manifesting into type 2 diabetes [29].
The molecular mechanisms underlying fructose-induced insulin resistance are not completely
understood but may be similar to that of a high-fat diet. Both high-fructose and high-fat diets interfere
with insulin signaling at common steps in skeletal muscle [13]. In liver cells, both high fructose and
high-fat diets elicit hepatic stress responses and activation of pro-inﬂammatory cascades that lead
to insulin resistance. Sucrose-fed rats demonstrate an early alteration of hepatic VLDL-TG secretion,
leading to impaired insulin-mediated suppression of glucose production in hepatic tissues after
1–2 weeks, but show no changes in extra-hepatic insulin sensitivity after this time period [33]. After
4–6 weeks, impaired extra-hepatic insulin sensitivity, in conjunction with muscle lipids occurs [33].
The mechanism by which intercellular lipids cause insulin resistance in both liver and muscle
is through diacylclycerol (DAG)-induced activation of novel protein kinase C (nPKC) [34]. DAG
is a known activator of nPKC, and both DAG and nPKC are associated with lipid-induced insulin
resistance in humans [34]. Activation of nPKC causes a decrease in insulin receptors or insulin receptor
substrate 1 (IRS1) tyrosine phosphorylation [13]. This IRS-1 inhibition decreases insulin-stimulated
glucose transporter (GLUT 4) activity resulting in reduced glucose uptake into the cell [35]. Increases
in DAG also activate several other serine/threonine kinases such as inhibitory κβ kinase β (IKKβ) and
nuclear factor κB (NF-κB). These inﬂammatory markers are also activated by tumor necrosis factor-α
(TNF-α) and interleukin 6 (IL-6), both known to down-regulate IRS-1 phosphorylation [35]. This is in
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contrast to a healthy cell in which case insulin binds to its receptor, and causes auto-phosphorylation
of the receptors. The phosphorylated receptor then phosphorylates the IRS on the tyrosine residues.
The phosphorylated IRS recruits a variety of second messenger proteins, initiating a complex signaling
cascade which involves Akt/PKB (protein kinase B) stimulation of glucose uptake into the cell. Insulin
sensitivity is thus maintained as a result of enhanced glycogen synthesis, suppression of hepatic
gluconeogenesis, increased fatty acid and triglyceride synthesis and suppression of lipolysis in adipose
tissue [36]. Cortright et al. [37] found in isolated human skeletal muscles strips and adipocytes that
activation of PKC reduced insulin-stimulated glucose uptake; whereas pharmacological inhibition of
PKC activity increased insulin-stimulated glucose uptake by 2-fold. This increase was associated with
elevated insulin receptor tyrosine phosphorylation of (phosphatidylinositide 3-kinases (PI 3-kinase)
activity. Hence, inappropriate activation of PKC may interfere with insulin action by promoting
serine/threonine phosphorylation of IRS-1, resulting in prevention of tyrosine phosphorylation of
these proteins that is necessary for adequate function on the insulin-signaling pathway [37].
Human research investigating the effects of fructose on insulin sensitivity is limited but the animal
literature is more extensive. Speciﬁcally, when rats consumed 35% energy as fructose for four weeks,
reduced insulin sensitivity associated with impaired hepatic insulin action and whole-body glucose
disposal occurred [38]. Although fructose does not increase insulin acutely, the long-term consumption
of fructose seems to result in insulin resistance [38,39]. Similarly, rats fed 15% energy from fructose for
15 months displayed elevated fasting serum insulin and glucose concentrations. These results were in
conjunction with a more recent animal study in which mice were fed an isocaloric, standard diet; a 60%
glucose diet; or a 60% fructose diet for twelve weeks. Glucose disposal was reduced in the fructose fed
animals, which resulted in a 1.3-fold lower glucose-stimulated increase in insulin. From these results,
and more recent research by Yoo et al [39], a high-fructose diet results in a reduced glucose-stimulated
insulin release and impaired glucose disposal [39,40].
In humans, there is limited research conﬁrming the negative effects of fructose on insulin
sensitivity and glucose intolerance in adults and adolescents. Sunehag et al. [41] discovered no
change in insulin sensitivity or secretion in obese subjects on a high fructose diet, however, the subjects
were insulin resistant to start with. In order to maintain substrate homeostasis, normal rates of glucose
production, gluconeogenesis, lipolysis and appropriate substrate oxidation, the obese subjects required
a more than 2-fold increase in their insulin secretion as compared to what would have been needed had
lean adolescents been studied [41]. Similarly, Le et al. [15] found that moderate fructose (1.5 g/kg of
body weight) intake for four weeks in seven male subjects induced signiﬁcant increases in plasma TGs,
and VLDL-TG with no change in insulin sensitivity or ectopic fat deposition. The authors speculated
that the duration of fructose consumption may need to be longer than 4 weeks in order for the increases
in plasma TGs and VLDL-TGs to affect insulin sensitivity [15]. In contrast, Dirlewanger et al. [42]
investigated the effects of an acute fructose infusion on hepatic insulin sensitivity during moderate
hyperglycemic conditions in ten healthy adults. The infusion with fructose resulted in alterations in
endogenous glucose production such that insulin requirements increased 2.3-fold above the two other
infusions in order to maintain blood glucose levels [42]. The increased total glucose output indicated
that the absolute rate of glucose-6-phosphate hydrolysis and release of free glucose from the liver cells
was increased during fructose infusion. Simultaneously, glucose cycling was increased, indicating
enhanced reuptake and phosphorylation of glucose by the liver cells. Therefore, an acute fructose
infusion induces both extrahepatic and hepatic insulin resistance, with the latter being secondary to
an increased intrahepatic glucose 6-phosphate synthesis [42]. Researchers have proposed that the
increased hepatic lipid accumulation resulting from fructose-induced DNL would lead to hepatic
insulin resistance by increasing levels of DAG. Increases in both DAG and novel PKC are associated
with lipid-induced insulin resistance [19,42]. After assessing insulin sensitivity with deuterated glucose
disposal prior to and after the 10-week intervention, Stanhope et al. [19] determined that the fructose
group had signiﬁcantly higher fasting insulin and glucose levels as well as increased insulin excursions
and endogenous glucose production as compared to the glucose group. Additionally, DNL was
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signiﬁcantly higher in the fructose-fed group than the glucose-fed group after the 10-week intervention.
These results indicated that hepatic insulin resistance was most likely due to increased DNL from
increased DAG and novel PKC [19].
The most commonly proposed mechanism for the fructose-induced insulin resistance appears to
be the diminished ability of insulin to suppress hepatic glucose output and decrease insulin receptor
density apparent in skeletal muscle and liver [43]. Catena et al. [43] found that insulin receptor
number and messenger RNA (mRNA) levels were signiﬁcantly decreased in skeletal muscle and
liver of fructose-fed rats (66% fructose) after two weeks when compared to control rats. These
ﬁndings suggested that a down-regulation of insulin receptor gene expression is a possible molecular
mechanism for insulin resistance. Moreover, abnormalities in insulin action at a post-receptor level in
muscles and liver with fructose consumption may also occur, such as decreased phosphorylation of
IRS-1 and decreased associated of IRS-1 with PI 3-kinase [44]. This evidence shows that these early
steps in insulin signaling are important for insulin’s metabolic effect [43,44]. Therefore, it is concluded
that the mechanisms behind fructose-induced insulin resistance are possibly due to the combination of
various factors such as a reduction in the number of insulin receptors in skeletal muscle and liver as
well as decreased phosphorylation, both caused by increased fat production [43–45].
6. Fructose and Inﬂammation
Tumor necrosis factor (TNF)-α, interleukin (IL)-6 and c-reactive protein (CRP), are important
pro-inﬂammatory cytokines induced by elevated triglyceride concentrations which have been linked
to insulin resistance [46]. Increases in postprandial TGs and glucose stimulate the activation of
neutrophils, leading to an increase in pro-inﬂammatory cytokines such as IL-6 and TNF-α [47]. IL-6
leads to increased insulin resistance by blocking the IRS-mediated insulin signaling in hepatocytes
and muscle cells causing impaired insulin-stimulated glucose uptake into muscle cells [48]. Although
the exact mechanism as to how IL-6 affects IRS receptors is not completely understood, it could
involve the activation of tyrosine phosphatase or an interaction between suppressor of cytokine
signaling (SOCS) proteins and the insulin receptor itself [49]. One of the primary effects of IL-6 is to
induce the production of hepatic CRP, which is a known independent risk factor of cardiovascular
disease [46]. CRP is an acute phase reactant inﬂammatory protein which reﬂects systemic low-grade
inﬂammation [50]. Elevated levels of IL-6 and CRP levels among individuals with features of the
insulin resistance and type 2 diabetes have been apparent [51]. Given IL-6’s position in the cytokine
cascade as a key mediator of downstream inﬂammatory processes including activation of coagulation,
hepatic release of acute phase reactant proteins, IL-6 may have a potential causal role in metabolic risk
factors associated with type 2 diabetes and cardiovascular disease.
Previous studies have shown that increased consumption of fructose results in hyperlipidemia
accompanied by insulin resistance and elevated plasma TGs, all leading to increased
inﬂammation [21,52,53]. Speciﬁcally, rats fed a diet of 30% fructose for eight weeks experienced
increased lipid peroxidation and elevated hepatic TNF-α mRNA expression when compared to all
other conditions [53]. Lipid peroxidation led to induction of nitric oxide synthase (NOS) and TNF-α
expression in the liver when exposed to high levels of fructose. Moreover, the chronic intake of
fructose, and to a lesser extent sucrose, caused signiﬁcant liver stenosis and increased neutrophil
production [53]. Additionally, phosphorylation status of Akt in the liver was altered in mice fed the
fructose solution; however, a similar effect of fructose feeding was not found in the TNF-α knockout
mice. This implies that TNF-α may be critical in mediating insulin resistance in mice chronically
fed fructose [53]. It has been suggested that an induction of TNF-α may suppress the activation of
AMP-activated protein kinase (AMPK) in the liver [54]. Kanuri et al. [52] found similar results when
wild-type mice or TNF-α knockout mice were fed a 30% fructose solution or tap water for eight
weeks. The fructose-fed, wild-type mice had signiﬁcantly higher TG accumulation, which resulted
in a 5-fold increase from baseline values. Moreover, the fructose-fed mice had signiﬁcantly higher
neutrophil inﬁltration; whereas in the fructose-fed TNF-α knockout mice, the neutrophil inﬁltration
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was similar to in the water-fed controls [52]. In the fructose-fed TNF-α knockout mice, hepatic stenosis
and neutrophil inﬁltration was attenuated, which resulted in increased phosphorylation of AMPK and
Akt, similar to the water-fed controls. Since phosphorylation status of Akt in the liver was altered
in the fructose-fed mice wild-type mice and not the TNF-α knockout mice, it was concluded that
TNF-α and its receptor 1 may be critical in mediating insulin resistance in the mice chronically fed
fructose [52,55]. In a longer duration study, Sanchez-Lozada et al. [56] investigated whether a drink
containing 30% glucose with 30% fructose or 60% sucrose induced fatty liver when compared to rats
fed a standard chow diet for 16 weeks [56]. Liver inﬂammation was induced as a result of elevated
TNF-α with both the fructose + glucose diet as well as the sucrose diet when compared to the control
group (standard chow). The increases in inﬂammatory markers signiﬁcantly correlated with increases
TG levels as well [56].
The aforementioned studies [52–56] have indicated that increases in inﬂammatory markers
such as TNF-α can create changes in insulin signaling which can be exacerbated with fructose
ingestion. Although there is a lack of direct experimental evidence linking fructose and inﬂammation,
the process of lipid accumulation within the liver may induce a sub-acute inﬂammatory response
that is similar to that seen in obesity-related inﬂammation within adipocytes. TNF-α, IL-6 and IL-1β,
all pro-inﬂammatory markers, are overproduced in fatty liver and participate in the development of
insulin resistance and activate hepatic macrophages called Kupffer cells [57]. Unlike adipose tissue in
which macrophages are relatively sparse in a basal state and increase with increased adiposity, the liver
is densely populated with Kupffer cells. Toll-like receptor 4 (TLR4) and cluster of differentiation
14 ( CD14, receptors on the Kupffer cell that internalize endotoxins activate the transcription of
pro-inﬂammatory cytokines such as TNFα and interleukins [57]. More research needs to be conducted
to fully elucidate the impact that fructose has on inﬂammation.
7. Physical Inactivity and Fructose Consumption
7.1. Physical Inactivity
Physical inactivity and poor cardiovascular ﬁtness has been consistently associated with
an increased risk of chronic diseases such as type 2 diabetes and cardiovascular disease [58].
Being physically inactive and/or unﬁt is associated with many health consequences and is an
important component of a comprehensive approach to disease prevention and health promotion [59].
Observational studies have demonstrated that the most unﬁt individuals are at the greatest risk
of chronic diseases and all-cause mortality regardless of their gender, race, ethnic background or
weight [60]. Therefore, preventing metabolic risk factors such as coronary artery disease, type 2
diabetes and hyperlipidemia can be accomplished by incorporating moderate activity into a person’s
daily routine in order to avoid the ill effects of physical inactivity [61,62].
In 1953, Morris et al. [63] determined that workers who were seated most of the day, such as bus
drivers and telephonists, were twice as likely to develop cardiovascular disease than workers who stand
or are ambulatory most of the work day such as mail carriers. This study was reproduced more recently
in 2005 [64] in an epidemiologic study of 73,743 postmenopausal women from the Woman’s Health
Initiative Study in which those who were inactive had increased risk of cardiovascular disease, and this
was reversed with increased physical activity [64]. The Australian Diabetes, Obesity and Lifestyle
Study also reported that sitting time and self-reported television viewing was positively correlated
with undiagnosed abnormal glucose metabolism [65]. These results persisted after adjustment for
sustained and moderate-intensity leisure-time physical activity. A subsequent study from the same
Australian cohort found that individuals who reported having participated in the required dose of
weekly physical activity (30 min/day, 5 times/week) still had detrimental waist circumference, systolic
blood pressure, and 2-hour plasma glucose after correcting for such variables with television viewing
time [66]. Clearly, this indicates that focusing on acquiring the recommended dose of exercise is not
a strong enough of a stimulant to completely protect the body from physical inactivity the other 23+
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h/day. In this same cohort, 1958 adults over the age of 60 years who reported high levels of sedentary
behavior, had a greater prevalence of developing metabolic syndrome [67]. This data provides evidence
that reducing prolonged overall sitting time may reduce metabolic disturbances. Hence, there is a need
for more speciﬁc sedentary behavior recommendations and health guidelines for adults in addition
to the current recommendations on physical activity [66]. Data from the Medical Expenditure Panel
Survey indicated that both physical inactivity and obesity are strongly and independently correlated
with diabetes and cardiovascular disease [68]. According to the survey, the likelihood of having
diabetes increases with physical inactivity regardless of body mass index (BMI), indicating that it is
better to be active than inactive. Hence, both physical inactivity and obesity seem to be independently
associated with diabetes and diabetes-related risk factors [68]. Moreover, Healy et al. [61] discovered
that adults participating in minimal physical activity had higher glucose concentrations compared to
more active individuals, reiterating the ﬁndings that physical inactivity alters glucose homeostasis [61].
Not only does prolonged inactivity decrease the opportunity for cumulative energy expenditure
resulting from numerous muscle contractions [60], physical inactivity also induces molecular changes.
Within six to eight hours of physical inactivity, the suppression of skeletal muscle LPL activity and
reduced muscle glucose uptake occur, resulting in elevated plasma TG and reduced high density
lipoprotein (HDL)levels [60]. Lipoprotein lipase is an important enzyme involved in the molecular
alterations, affecting physical inactivity [69]. LPL is the main enzyme responsible for the breakdown
of VLDL-TGs and chylomicrons on the endothelial. LPL also enhances the removal of VLDL by the
VLDL receptor and indirectly plays a role in maintaining high levels of plasma HDL cholesterol.
Hence, low LPL is associated with blunted plasma TG uptake as well as reduced HDL levels [60].
Local regulation of LPL provides a means of generating a concentrated source of fatty acids as
well as other lipoprotein-derived lipids [69]. Moreover, LPL is involved in the regulation of gene
expression of inﬂammatory markers which lead to cardiovascular disease [69]. Because physical
inactivity regulates LPL activity in the vasculature and skeletal muscle, reduced physical activity can
decrease LPL activity 10–20 fold [62]. However, such decreases can be reversed within several hours
of ambulatory contractions, implying that a reduction in contractile activity is a potent physiological
factor determining LPL activity [69]. Lipoprotein lipase response to physical inactivity and plasma lipid
in the microvasculature of skeletal muscle can best be described by ﬁrst understanding the mechanisms
behind the LPL response during ambulation [70]. During ambulation, the vascular endothelial cells
are at the interface with plasma TG and fatty acids bound to albumin. During standing or ambulation,
there is high LPL activity in the microvasculature of the skeletal muscle. Physically active muscles
have greater rates of TG-derived fatty acid uptake, albumin-bound fatty acid transport, fatty acid
oxidation, and intracellular TG synthesis. Moreover, there are reduced concentrations of intramuscular
fatty acids and fatty acetyl-CoA [70]. In contrast, during inactivity when normal metabolic processes
have slowed down, there is a removal of the local energy demands of physical activity, leading to an
elevation in TGs and fatty acids. Plasma fatty acids and TGs accumulate as a result of a lower rate of
LPL-induced fatty acid oxidation.
Regulation of LPL activity may be different during states of inactivity versus activity [62]. Normally,
high activity of LPL in oxidative muscle significantly decreases with physical inactivity and increased
physical activity restores such effects. In conjunction with the changes seen with LPL, the uptake of
TGs and high density lipoprotein cholesterol decreases with physical inactivity. Therefore, the steps
involved in muscle LPL regulation, which are sensitive to inactivity, can be prevented and even reversed
with minimal, non-fatiguing contractions (ex: slow treadmill walking) [62]. Zderic and Hamilton [69]
found that inactivity causes a 47% decrease in LPL activity within eight hours and an additional 13%
after 12 h of inactivity. Moreover, plasma TG concentrations increase after twelve hours, resulting in
significant decreases in LPL activity [69]. They too concluded that decreased physical activity depresses
LPL activity and that increased fat intake with ambulation suppresses LPL activity, similar to that
of inactivity. These results parallel the previously stated concept that there is an inverse relationship
between TG concentrations and LPL activity and that decreased activity amplifies the response.
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In the Studies of Targeted Risk Reduction Intervention through Defined Exercise (STRIDDE),
the researchers investigated whether the training-induced benefits in serum lipids and lipoproteins are
sustained over five and/or fifteen days of exercise detraining [71]. Subjects were randomized into one
of four groups: (1) high amount/vigorous intensity (caloric equivalent to approximately 20 minutes
per week at 65–80% peak oxygen consumption; (2) low amount/vigorous intensity equivalent to
approximately 12 m per week at 65% to 80% peak oxygen consumption; and (3) low amount/moderate
intensity with a caloric equivalent of approximately 12 m per week at 40–55% peak oxygen consumption
and (4) a control non-exercising group for six months. The modest-intensity training group reduced
total TGs and VLDL-TG at 24-h post-exercise training by twice the magnitude of the two more vigorous
exercise-training groups. In the two vigorous-intensity training groups, total TGs and VLDL-TGs had
returned to baseline after only 5 days, indicating that there was no sustained TG-lowering effect in
those two groups. While the mechanisms for the aforementioned effects were unclear, the authors
speculated that exercise of different intensities may have tissue-specific effects on the LPL bound to
the endothelial cells, resulting in differential effects of exercise of varying intensities on TG, VLDL and
HDL metabolism [71]. Subsequently, endurance athletes are also not protected from physical in activity.
Herd et al. [72] put endurance-trained subjects on a detraining program and discovered that within
60 h after the last training session, the runners’ lipidemic response to a fat load was 37% higher than
baseline, and 46% higher after 9 days of detraining. These changes correlated with a reciprocal decrease
in LPL activity [72]. This data supported the previous hypothesis that hydrolysis at the endothelial
surface of capillaries by LPL is the rate-limiting step in TG clearance, and changes in LPL activity with
changes in exercise or training status are most likely the cause of the above findings [72].
As seen in the previous research, physical inactivity creates a signiﬁcant deleterious metabolic
state in which insulin sensitivity is decreased within a few hours of detraining. Physical activity
improves insulin sensitivity both acutely and chronically as a result of changes in insulin signaling.
This process is not mediated by the insulin-dependent rapid phosphorylation of the insulin
receptors [69,73,74]. In contrast, exercise stimulates an insulin-independent pathway. With muscle
contraction, glucose uptake is mediated by multiple signaling pathways such as protein kinase-C,
Ca+2 /calmodulin-dependent protein kinase (CaMKK) and AMPK [69]. The translocation of glucose
receptors (GLUT 4) to the cell membrane occur because of increased Akt activity and phosphorylation
within the cell [75]. This effect is short-lived, lasting 48–72 h; therefore, to maximize the beneﬁts of
physical activity on insulin sensitivity exercise should be repeated within this timeframe.
7.2. Physical Activity and Inﬂammation
Although exercise causes an acute inflammatory response [76], physical activity and improved
cardiovascular fitness decreases low-grade inflammation by decreasing body fat, decreasing chronic
production of pro-inflammatory cytokines and increasing production of anti-inflammatory cytokines.
Moreover, exercise reduces expression of adhesion molecules, up-regulates antioxidant and other cellular
defenses and improves endothelial function [77]. Although low-grade inflammation, characteristic of
elevated IL-6 levels, has been associated with obesity and insulin resistance, it is markedly produced
and released after an acute bout of exercise. However, IL-6 may actually help to prevent or reduce risk
factors associated with metabolic syndrome and type 2 diabetes in the long-term [75]. During exercise,
the magnitude of the increase in IL-6 is relative to the duration, intensity of exercise and amount of muscle
mass involved. Muscle biopsies from humans and rats have demonstrated increases in IL-6 after exercise
up to 100 times that of resting values [78]. In response to muscle contraction, both type I and type II muscle
fibers express IL-6, which exerts its effects both locally and peripherally in several organs of the body when
released into circulation. IL-6 may also work in an endocrine manner to increase hepatic glucose production
during exercise or during lipolysis in adipose tissue [79]. The anti-inflammatory effects of IL-6 have been
demonstrated by the ability of IL-6 to stimulate the release of classical anti-inflammatory cytokines
such as IL-1ra (receptor antagonist) and IL-10 [78]. Hence, IL-6 has both pro- and anti-inflammatory
properties. When IL-6 is signaling monocytes or macrophages, the activation of nuclear factor (NF-κB)
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and TNF-α occurs, leading to an inflammatory state but when IL-6 is released from muscle, it creates an
anti-inflammatory state [75]. Therefore, the possibility exists that the long-term effect of exercise may be a
result of the anti-inflammatory process of an acute bout of exercise. For that reason, acute exercise will
protect against chronic systemic low-grade inflammation, and thereby offer protection against insulin
resistance and atherosclerosis.
7.3. Fructose Ingestion and Physical Activity
For athletes, fructose provides a beneﬁcial aid in training due to its ability to stimulate rapid
nutrient absorption in the small intestine and help increase exogenous carbohydrate oxidation during
exercise [6]. When fructose is mixed with glucose in sports drinks, carbohydrate oxidation is enhanced
by 40%. This dramatic increase in oxidation can be explained by the different transport systems used
for intestinal absorption. Moreover, fructose has been shown to reduce the perception of fatigue and
stress during exercise, and improve exercise performance during cycling exercises [80].
Although fructose consumption may pose an advantage in an athletic environment, it does not seem
to be warranted for the general public. To date, there are only two reports of fructose and physical activity.
Botezelli et al. [27] studied 48 Wister rats to determine whether aerobic exercise alters markers of fatty
liver disease when fed a diet high in fructose. Thirty days of aerobic exercise resulted in the fructose-fed
rats having altered metabolic profiles which included elevated plasma TG as a result of the fructose
diet. However, they had improved insulin sensitivity and decreased cholesterol levels, resulting from
the exercise regimen. The changes in TG levels were most likely due to the improved lipid oxidation
and availability of circulation TG as a result of exercise [27]. In a more recent study in young, healthy
individuals, consumption of an additional 75 g of fructose per day in conjunction with physical inactivity
(~4200 steps/day) resulted in increased postprandial lipidemia and precursors to low-grade inflammation,
whereas when physical activity was increased to ~12,000 steps/day, these effects were ameliorated [81].
Hence, increased physical activity may improve features of fructose-induced metabolic syndrome. More
studies on humans still need to be conducted to determine the interaction between fructose consumption
and physical activity, however, preliminary research indicates that increasing ones’ physical activity may
counteract the adverse effects of a fructose-rich diet.
8. Conclusions
Although it seems apparent that increased intake of fructose leads to various risk factors associated
with metabolic syndrome such as hypertension, hyperlipidemia, insulin resistance, inﬂammation and
hyperuricemia, there is still numerous contradictory evidence which states that as long as fructose is
consumed in moderate doses, fructose may not augment these risk factors. The quantities of fructose
administered in many of the studies used concentrations that were well above the average fructose
intake of 60–70 g/day, and with increased daily caloric intake, which may have differing results. Hence,
there is a need for future research investigating the effects of fructose when using quantities that more
closely match that of the average population. Moreover, there is very limited research indicating how
physical inactivity may confound these risks. Although fructose consumption cannot be completely
to blame for the increased rates of obesity and metabolic syndrome, fructose is often associated with
additional detrimental behaviors such as a hypercaloric diet, or a diet rich in saturated fats, as well
as low physical activity [6]. These behaviors lead to risk factors of metabolic syndrome, and as such
could be prevented and/or reduced.
The above review of literature summarizes the proposed mechanisms associated with the
fructose-induced metabolic alterations related to metabolic syndrome. These risk factors, such as
postprandial hyperlipidemia, insulin resistance, and hyperuricemia, seem to be exacerbated with
fructose ingestion in a dose-dependent manner; hence continued research must be conducted to
completely elucidate the importance of decreasing fructose consumption. Speciﬁcally, this includes
research into whether ingesting large amounts of fructose, with an ab libitum diet, will cause changes
in circulation LPL concentrations. Furthermore, compounding the increased fructose consumption
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with a sedentary lifestyle may be exacerbating the fructose-induced metabolic disturbances, therefore,
more research should be conducted to determine whether increasing physical activity will improve
LPL activity in a fructose-fed individual. Although there is still too little data to suggest, at this point,
that increased physical activity can attenuate these metabolic disturbances, increasing one’s physical
activity, regardless of the amount of structured exercise that is performed, should be a national priority,
as the minimal amount of research regarding fructose and physical activity is positive.
Conﬂicts of Interest: The author declare no conﬂict of interest.
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Abstract: Hummingbirds and nectar bats coevolved with the plants they visit to feed on ﬂoral nectars
rich in sugars. The extremely high metabolic costs imposed by small size and hovering ﬂight in
combination with reliance upon sugars as their main source of dietary calories resulted in convergent
evolution of a suite of structural and functional traits. These allow high rates of aerobic energy
metabolism in the ﬂight muscles, fueled almost entirely by the oxidation of dietary sugars, during
ﬂight. High intestinal sucrase activities enable high rates of sucrose hydrolysis. Intestinal absorption
of glucose and fructose occurs mainly through a paracellular pathway. In the fasted state, energy
metabolism during ﬂight relies on the oxidation of fat synthesized from previously-ingested sugar.
During repeated bouts of hover-feeding, the enhanced digestive capacities, in combination with high
capacities for sugar transport and oxidation in the ﬂight muscles, allow the operation of the “sugar
oxidation cascade”, the pathway by which dietary sugars are directly oxidized by ﬂight muscles
during exercise. It is suggested that the potentially harmful effects of nectar diets are prevented by
locomotory exercise, just as in human hunter-gatherers who consume large quantities of honey.
Keywords: sugar; glucose transport; hexokinase; metabolism; muscle; energetics; evolution;
foraging behavior

1. Introduction
Hummingbirds and nectar bats became nectarivorous animals in a process that involved
coevolution with the ﬂowering plants offering them nectar [1]. As their diets, foraging and feeding
modes evolved, so did the suite of morphological, physiological and biochemical traits that made
them adapted for “aerial refueling” [2–4]. Hummingbirds rely mainly on the sugars in ﬂoral nectar to
fuel their high metabolic rates [5]. Perhaps less widely known is that nectar bats also derive most of
their dietary calories from sugars [4]. Some nectar bat species can hover while feeding [6], behaving
as “hummingbirds of the night”. The features allowing hover-feeding in hummingbirds and nectar
bats are remarkable examples of convergent evolution. This review serves as a primer on their sugar
metabolism. As such, the intention is not a comprehensive review of the literature but, rather, a more
focused introduction to aspects of their sugar metabolism, particularly in relation to exercise, presented
in an evolutionary and ecological framework. Most of the discussion shall be based on data obtained
from hummingbird species of between 3 to 5 g in body mass and from 10 g Pallas’ long-tongued nectar
bats (Glossophaga soricina). The ﬁndings summarized here offer opportunities for comparison with
Homo sapiens, a species that is unable to rely to the same extent on the direct oxidation of dietary sugar
to fuel exercise and that suffers from the adverse effects of excessive sugar ingestion.

Nutrients 2017, 9, 743

197

www.mdpi.com/journal/nutrients

Nutrients 2017, 9, 743

2. Diet and Digestion
The ﬂowering plants visited by hummingbirds and nectar bats evolved as “prey that want to
be eaten” [7,8] that beneﬁt from the pollination services provided by these animals in exchange
for the sugars they produce. In the course of their coevolution with ﬂowering plants, three major
groups of birds (hummingbirds, honeyeaters and sunbirds) [9] and two groups of phyllostomid bats
(Lonchophyllinae and Glossophaginae) [10] adopted nectarivorous diets. While frugivorous birds
generally ingest fruits rich in glucose and fructose, but not in sucrose [11], hummingbirds preferentially
ingest sucrose-rich nectars that contain less glucose and fructose [8]. Nectar bats ingest sugar mixtures
in fruits and nectars that are rich in these monosaccharides, but low in sucrose [11]. However, nectar
bats are able to vary their degree of reliance on fruit pulp and ﬂoral nectar according to availability [12].
The dietary specialization of hummingbirds is made possible by expression of high levels of intestinal
sucrase [13], a trait not found in many species of frugivorous birds. In addition, hummingbird intestines
in vitro display the highest known rates of intestinal active transport of glucose [14,15]. However, the
maximum capacity for active transport of glucose is far below the physiological rate at which sucrose
is assimilated in vivo [5,14]. Instead, a paracellular transport mechanism accounts for most of the
movement of sugar across the intestinal epithelium [16] (Figure 1). Nectar bats also have high levels of
intestinal sucrase, allowing hydrolysis of sucrose contained in nectars and fruits [17], and make use of
a predominantly paracellular pathway for intestinal sugar absorption [18]. Hummingbirds and nectar
bats ingesting sugars display digestive efﬁciencies close to 100% [12,15].

Figure 1. A model of the principal mechanisms by which nutrients are absorbed across the avian
and chiropteran intestinal border. While both fructose and glucose are absorbed at high rates across
the brush border via carrier-mediated pathways, as occurs in humans and other terrestrial mammals,
substantial ﬂux occurs via paracellular (diffusion or solvent drag) pathways in ﬂying vertebrates [1].
Among small nectarivore species, like hummingbirds and nectar bats, brush border enzyme and glucose
transporter (GLUT) and Na+ -dependent glucose transporter (SGLT)-mediated transport activity per
unit of intestinal area is high. However, paracellular absorption must also occur at especially high rates
in the intestines of these nectarivores in order to satisfy overall energy budget (and thus absorptive)
demands. Figure reprinted with permission from Price et al. [19].
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Feeding on ﬂoral nectar while hovering requires extremely high rates of energy expenditure.
These are most commonly measured under laboratory conditions and in the ﬁeld using
mask-respirometry [6,20] (Figure 2). Small hummingbirds in routine hovering ﬂight display wingbeat
frequencies of 30–60 Hz [21,22] and, in the process, sustain the highest mass-speciﬁc rates of aerobic
metabolism among vertebrates that are about tenfold higher than the maximum rates measured in
human athletes [2]. Ten-gram nectar bats (Glossophaga soricina) beat their wings at lower frequencies
(9 Hz) [23] and display hovering mass-speciﬁc metabolic rates [6,24] about half those of hummingbirds.
Nevertheless, these approximate the mass-speciﬁc metabolic rates of shrews exposed to low ambient
temperature [25] and are among the highest values recorded among mammals.

Figure 2. Hummingbird mask respirometry. The bird is freely hovering while feeding on a sucrose
solution with its head in feeder modiﬁed to function as a mask for ﬂow-through respirometry. Air is
drawn into the mask at a known ﬂow rate. The air, depleted of O2 and enriched with CO2 , is analyzed
downstream using O2 and CO2 analyzers. See [20,26] for detailed description of the method.

The need to fuel such high metabolic rates raises interesting and important questions concerning
the fate of ingested sugars. At high exercise intensities, 90% or more of whole body O2 consumption
rates are accounted for by mitochondrial respiration in exercising muscles [2,27]. Decades ago,
recognition of the importance of fat as the main fuel stored before and depleted during avian migration
led to the idea that bird ﬂight muscles use mainly fatty acid oxidation as their source of ATP during
exercise [28]. The nectarivorous diet of hummingbirds and nectar bats therefore raises the question
of whether their energy metabolism during ﬂight might be fueled primarily by ingested sugar or,
alternatively, by fat previously synthesized from ingested sugar. A third possibility is that ingested
sugar is used for the synthesis of glycogen, which is then broken down to fuel metabolism during ﬂight.
3. Biochemical Capacities for Substrate Oxidation
In their invasion of a niche previously occupied by insects, hummingbirds and hovering nectar
bats evolved large pectoral muscles relative to total body mass. These consist exclusively of fast-twitch,
oxidative ﬁbers [29–31] that possess high mitochondrial content [30,32]. The high O2 requirements
during exercise are supported by high lung O2 transport capacities [33,34], large hearts [35,36]
and high muscle capillary densities [37]. In rufous hummingbird (Selasphorus rufus) ﬂight muscle
ﬁbers, mitochondria occupy 35% of cell volume and respiratory capacities are further enhanced by
cristae surface densities (cristae surface area/mitochondrial volume) about twofold higher than those
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found in mammalian muscle mitochondria [30]. Enzymatic capacities for substrate oxidation are
enhanced, as indicated by Vmax values (=kcat × [E], where kcat is catalytic efﬁciency and [E] is enzyme
concentration), measured in vitro (Table 1). Consistent with the high mitochondrial content of these
muscles are their high Vmax values for the Krebs cycle enzyme, citrate synthase. High capacities for
glucose phosphorylation and fatty acid oxidation are indicated by high Vmax values for hexokinase
and carnitine palmitoyl transferase, respectively. It is important to point out that, although Vmax values
establish upper limits to ﬂux [38,39], they do not serve as measures of physiological rates through
metabolic pathways in vivo. Which fuels are oxidized, at what rates and under what circumstances
are empirical questions that must be addressed using other approaches [39,40].
Table 1. Comparison of enzyme Vmax values in locomotory muscles. Data are expressed as μmole
substrate converted to product per g, wet mass per minute and temperature-corrected to allow
comparison across species. Vmax values serve as measures of maximum capacities of ﬂux [38,39]
and indicate much higher capacities for glycogen, glucose and long chain fatty acid oxidation in
nectar bat and hummingbird pectoralis muscles than in shrew and rat leg muscles. Citrate synthase
Vmax values serve as relative measures of mitochondrial content [41] and show that nectar bat and
hummingbird ﬂight muscles have much higher mitochondrial oxidative capacities than shrew and rat
leg muscles.
Enzyme

Nectar Bat 1
Pectoralis

Hummingbird
2 Pectoralis

Shrew 3
Quadriceps

Rat 4 Soleus

Glycogen phosphorylase
Hexokinase
Citrate synthase
Carnitine palmitoyl transferase

46.0
15.9
204.7
6.0

59.0
18.4
448.4
7.2

n.a.
1.10
37.0
2.7

10.08
2.20
45.1
0.28

1

Glossophaga soricina, 2 Selasphorus rufus, 3 Blarina brevicauda, 4 Rattus norvegicus. Data from [32] and references cited
therein; n.a. = not available.

4. Substrate Oxidation during Foraging Flights
Reaction to the suggestion that nectarivorous animals might directly fuel their metabolism during
exercise using dietary sugar is often, “Of course—what else would one expect?” On the contrary, it is
well known among exercise physiologists and biochemists that rates of glucose phosphorylation in
most vertebrate skeletal muscles are insufﬁcient to account for the metabolic rates required during
high-intensity exercise [40,42]. Hexokinase Vmax values in vertebrate muscles are generally low [43]
(Table 1). In most species during exercise, hexokinase operates at very low fractional velocities
(v/Vmax ) [40], limiting entry of glucose into the glycolytic pathway in muscles [44]. Fell [45] goes as
far as to disqualify hexokinase as a glycolytic enzyme but, rather, considers the reaction it catalyzes
to be primarily involved in the synthesis of glycogen. As exercise intensities increase, the reliance
on fatty acid oxidation in mammalian muscles declines and carbohydrate oxidation becomes the
greater contributor to the fueling of energy metabolism [46,47]. Since, under these conditions,
glucose phosphorylation rates are insufﬁcient to match the rates of carbohydrate oxidation observed,
glycogenolysis provides most of the carbon oxidized during exercise as maximum aerobic metabolic
rates (VO2 max values) are approached [42,47]. What might seem so obviously true to some would
therefore appear highly unlikely to those familiar with metabolism during exercise in mice, rats and
humans. The contrast between preconceived notions and these empirical results makes the subject of
sugar metabolism in hummingbirds and nectar bats all the more interesting.
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Respiratory Exchange Ratios (RER = VcO2 /VO2 ), measured using mask respirometry [20]
(Figure 2), in these animals are considered to closely reﬂect cellular Respiratory Quotients
(RQ = VcO2 /VO2 ). This is likely to be the case: a 4-g hummingbird with a blood volume of
0.4 mL, carrying 0.088 mL O2 [48], respires at a rate of about 2 mL O2 per minute [30]. At this
metabolic rate, blood O2 stores would be completely depleted in 2.6 s if whole-body O2 uptake and
mitochondrial respiration were not tightly linked. The rate of mitochondrial respiration in the ﬂight
muscles during hovering is so high and so closely coupled to whole-body gas exchange rate that even
substrate-dependent differences in moles of ATP synthesized per mole of O atom consumed [49,50]
can be detected using respirometry [51]. Measured VcO2 /VO2 values shall henceforth be referred to
as RQs to facilitate biochemical interpretation. Fasted hummingbirds and nectar bats, perched or
hanging upside down, display RQ values of about 0.7, indicating that fatty acid oxidation fuels their
whole-body resting metabolic rates [52–54]. Under resting conditions, energetically expensive internal
organs account for most of the whole-body metabolic rate while skeletal muscles account for only a
small fraction. When they ﬂy to forage for food, whole-body metabolic rates increase dramatically
and the high VO2 values, measured using mask respirometry, are mainly due to the ﬂight muscles.
Repeated hover-feeding bouts and ingestion of sugar solutions result in progressive increases in RQ
values to about 1.0 [52–54] (Figure 3). This indicates that the ﬂight muscles progressively rely more on
carbohydrate oxidation as sugar is repeatedly ingested.

Figure 3. Respiratory quotients (RQ) during hover-feeding over time after fasting in rufous
hummingbirds (Selasphorus rufus) (triangles) and nectar bats (Glossophaga soricina) (circles) (From [3]).
Flight muscles oxidize mainly fat (RQ values close to 0.7) in fasted animals during hovering. RQs rise
to about 1.0, indicating that ﬂight muscles shift to carbohydrate oxidation as a result of repeated
hover-feeding on sucrose solutions.

The nature of the carbohydrate oxidized during hover-feeding ﬂights was revealed by combining
the use of carbon stable isotopes with mask respirometry. Beet-derived sucrose, produced by
C3 photosynthesis, is relatively more 13 C-depleted than cane-derived sucrose, the product of C4
photosynthesis [55]. Measured as δ13 C, where
δ13 C =

13  12 
C / C
Rstd

(1)

and Rstd is a standard [56], a more negative δ13 C value would be expected upon analysis of CO2
expired by animals maintained on beet-derived sucrose compared with the CO2 produced by animals
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maintained on cane-derived sucrose. In these experiments, animals were ﬁrst maintained on diets
containing beet-derived sucrose until they expired CO2 with δ13 C values similar to that of beets.
Animals were then fasted until RQ = 0.7, then given free access to feeders ﬁtted with masks to allow
sampling of expired CO2 as well as measurement of VO2 and VcO2 during hovering ﬂight. Figure 4
shows that as the hummingbirds and nectar bats engaged in the ﬁrst feeding bouts, RQ values were
close to 0.7, indicating that their ﬂight muscles oxidized mainly fat. As they made repeated hovering
visits to the feeder and fed on sucrose solutions, the RQ values rapidly approached 1.0, while the
δ13 C of their expired CO2 rose from the more negative values characteristic of beet sucrose to less
negative values characteristic of cane sucrose. It can be inferred from these results that the increase
in RQ, i.e., the switch from fat oxidation to carbohydrate oxidation, represents a transition from the
oxidation of endogenous fat to dietary sucrose by the ﬂight muscles. Fasted animals that oxidize fat
(synthesized from beet sucrose) rapidly switch to oxidizing cane sucrose to fuel their energetically
expensive hovering ﬂight soon after they start feeding on cane sucrose. While humans can directly fuel
about 30%, at most, of exercise metabolism with ingested glucose and fructose [57], in hummingbirds
and nectar bats, the contributions of recently-ingested sucrose to energy metabolism during hovering
are about 95% and 80%, respectively [3]. The carbon stable isotope results obtained using the protocol
outlined here are in general agreement with those obtained independently by Voigt and colleagues
using a different approach [58].

Figure 4. δ13 C of expired CO2 as a function of RQ in hover-feeding rufous hummingbirds (Selasphorus
rufus) (triangles) and nectar bats (Glossophaga soricina) (circles) (From [3]). More negative δ13 C values
characteristic of maintenance beet sugar are observed when animals are hovering in the fasted state
with RQ values close to 0.7. As RQ values rise to 1.0, indicating transition from fat oxidation to
carbohydrate oxidation, δ13 C values also increase to approximate δ13 C of cane sugar provided in
feeders during mask respirometry experiments.

The Vmax values for hexokinase and carnitine palmitoly transferase in both hummingbird and
nectar bat ﬂight muscles (Table 1) indicate that catalytic capacities at these steps in both species are
sufﬁcient to account for the rates of glucose and fatty acid oxidation estimated during hovering ﬂight
(Table 2).
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Table 2. Metabolic ﬂuxes in hovering hummingbirds (Selasphorus rufus) and nectar bats (Glossophaga
soricina). Glucose oxidation rates are estimated in animals performing aerial refueling, i.e.,
hover-feeding when RQ close to 1.0. Palmitate oxidation rates are estimated in animals hovering in the
fasted state with RQ close to 0.7. Both glucose and palmitate oxidation rates are easily accommodated
by Vmax values for hexokinase and carnitine palmitoyl transferase, respectively (Table 1). Data from [3].

Whole-body VO2 (mL O2 g−1 h−1 )
Flight muscle VO2 (mL O2 g−1 h−1 )
Glucose oxidation rate (μmol g−1 min−1 )
Palmitate oxidation rate (μmol g−1 min−1 )

Nectar Bat

Hummingbird

24.5
84.7
9.1
2.0

33.3
119.8
14.8
2.8

A mechanistic requirement for this process to work as hypothesized is a high enough rate of sugar
uptake by the ﬂight muscle ﬁbers. In mammalian muscles, rates of glucose transport are increased
when the glucose transporter, GLUT4, is translocated from intracellular vesicles to the cell membrane
in response to exercise or insulin [44,59]. Nectar bat pectoralis muscles express remarkably high levels
of GLUT4 (Figure 5), indicating high capacities for sarcolemmal glucose transport. Along with their
high hexokinase Vmax values, this makes nectar bats the natural analogues to mice engineered to
express high levels of both GLUT4 and hexokinase [44]. In mouse muscles overexpressing GLUT4,
transport is enhanced and glucose phosphorylation becomes limiting during exercise. Overexpression
of both GLUT4 and hexokinase leads to higher rates of glucose metabolism during exercise than
overexpression of GLUT4 or hexokinase alone. The results obtained using mice, through the elegant
and powerful combination of genetic, physiological and biochemical approaches [44], were arrived at
independently when nectar bats evolved millions of years ago [10].

Figure 5. Western blot showing much higher GLUT4 expression in nectar bat (Glossophaga soricina)
pectoralis muscles (lanes 1–5) than in mouse gastrocnemius (lanes 6–10). 40 μg protein was loaded into
each lane. Staining intensity in nectar bat lanes was sixfold greater than in mouse gastrocnemius lanes.
Generously provided by Robert Lee-Young and David Wasserman.

In a separate experiment of nature, birds evolved to not express GLUT4 and may not even
possess the gene for it [60,61]. Consistent with these ﬁndings, the ﬂight muscles of ruby-throated
hummingbirds (Archilochus colubris) show no sign of GLUT4 expression, but do express GLUT1 and
GLUT3 [62] (Figure 6).
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Figure 6. Comparison of mechanisms of muscle uptake and oxidation of circulating glucose and
fructose in humans, nectar bats and hummingbirds. (A) Pathway for uptake and oxidation of mainly
glucose into human skeletal muscle ﬁbers, highlighting key regulatory steps (e.g., sarcollemal transport,
regulation of transport capacity via insulin and contractile activity; (B) Glucose and fructose uptake and
oxidation in nectar bats highlighting enhancements (in bold; those hypothesized are noted by asterisks)
to various pathway elements; (C) Glucose and fructose uptake and oxidation in hummingbirds
highlighting key upregulated steps (bold and asterisks used as in (B)). Details regarding functional
enhancements are discussed in the main text and in Welch and Chen [63]. Figure from [63].

Experiments involving feeding of hummingbirds with 13 C-labeled glucose or fructose and
determination of δ13 C of expired CO2 reveal hovering ﬂight can be fueled equally well by either
sugar [64]. This contrasts with the skeletal muscles of rats and humans that transport and metabolize
fructose at much lower rates than glucose [65,66] and, as noted previously, their more limited capacity
to directly fuel exercise metabolism with dietary glucose and fructose [67].
Blood glucose concentrations in hummingbirds increase up to 40 mM during repeated bouts of
hover-feeding on sucrose solutions and are maintained at 14 mM in the fasted state [63,68]. In contrast,
blood glucose concentrations in fasted, resting nectar bats are maintained at about 3 mM. Values
increase up to 30 mM after feeding on sucrose solutions and return close to fasted, resting values
as a result of exercise after meals [69]. Because both hummingbirds and nectar bats make primary
use of the paracellular route in transporting glucose and fructose across the intestinal wall [16,18],
differences in ﬂight muscle GLUT expression (Figure 6) offer a likely explanation for the differences in
blood glucose kinetics. It appears likely that the ability to restore low concentrations of blood glucose
in nectar bats is at least partly the consequence of GLUT4 recruitment and elevated rates of glucose
uptake and phosphorylation in the ﬂight muscles in response to insulin and exercise [44]. Birds are
generally regarded as “hyperglycemic” relative to mammals and this appears to be due to the absence
of GLUT4 and, therefore, the absence of insulin and exercise-stimulated GLUT4 responses in their
muscles [61,63]. The ability to fuel muscle metabolism equally well with glucose or fructose [64]
underscores the need for further study of sugar metabolism in nectarivorous vertebrates. The roles
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and mechanisms of regulation of sarcolemmal sugar transporters in hummingbirds during rest and
ﬂight, fasting and feeding await elucidation.
5. A New Concept: The “Sugar Oxidation Cascade”
We have named the process by which hummingbirds and nectar bats ingest sucrose, glucose and
fructose from ﬂoral nectars, assimilate glucose and fructose through their intestinal walls, transport
and oxidize them in exercising muscles the “sugar oxidation cascade” [3] (Figure 7). It operates in
parallel with the oxygen transport cascade [70,71], the process by which animals take in O2 from
the environment and, via a series of convective and diffusive processes, transports it to exercising
muscles where it serves as the terminal electron acceptor. The sugar oxidation and O2 transport
cascades converge as the carbon derived from recently-ingested sugars is oxidized in ﬂight muscle
mitochondria. Hummingbirds and nectar bats are unique among vertebrates in being able to fuel
their locomotory muscles during exercise directly with recently-ingested sugar to the extent that their
oxidation accounts for most of the VO2 during hover-feeding. In contrast, ingested sugar can directly
fuel only about 30%, at most, of the VO2 during exercise in humans [57]. The operation of the sugar
oxidation cascade is analogous to aerial refueling in aircraft, wherein fuel “ingested” from a ﬂying
tanker is directly combusted to fuel ﬂight.

Figure 7. The sugar oxidation cascade provides most of the energy required for ﬂight in hover-feeding
hummingbirds and nectar bats. This diagram shows how the sugar oxidation and O2 transport
cascades operate in parallel in hover-feeding hummingbirds and nectar bats. During hovering ﬂight,
>90% of whole-body O2 consumption rates are due to ﬂight muscle mitochondrial respiration. In the O2
transport cascade, O2 travels from the external environment through the respiratory and cardiovascular
systems and into muscle mitochondria through a series of convective and diffusive processes at rates
determined by muscle energy demands. In the fasted state, mitochondrial respiration is fueled by
fatty acid oxidation. During repeated hover-feeding, dietary sugars (twin diamond denotes sucrose;
single diamonds denote glucose and fructose) are ingested. Sucrose is hydrolyzed; glucose and
fructose cross the intestinal epithelium primarily through a paracellular pathway and enter the blood.
Most of the ingested sugar is transported into the ﬂight muscles and broken down. The sugar and O2
transport cascades converge in the mitochondria where carbon compounds derived from dietary sugar
(pyramids) are oxidized to provide reducing equivalents for respiration and oxidative phosphorylation.
Ingested sugars in excess of energetic needs are converted to glycogen (strings of diamonds) and fat
(yellow-ﬁlled circles). From [3].
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In both hummingbirds and nectar bats, Vmax values for glycogen phosphorylase (Table 1) are
sufﬁcient to account for the rates of carbohydrate oxidation required to fuel hovering ﬂight [32,49].
However, metabolic rates during hovering are so high that, if on-board glycogen stores were to
serve as the sole fuel for oxidative metabolism in the ﬂight muscles, they would be totally depleted
after only several minutes. Of course, this would be unlikely to occur. Instead, we suggest that
glycogenolysis during repeated bouts of hover-feeding might function in the ﬂight muscles as it does
in mammalian hearts, i.e., glycogen “turns over”, the relative rates of synthesis and breakdown change
dynamically, and the process serves to buffer hexose phosphate concentrations [72,73]. Flight muscle
power outputs vary as hummingbirds and nectar bats engage in different kinds of ﬂight, e.g., level
ﬂight, hovering, aerobatic maneuvers or in response to changes in wing loading and altitude. It seems
likely that glycogen resynthesis would occur at rest, between feeding bouts, and that the contribution
of glycogenolysis to carbon ﬂux through glycolysis becomes greater under certain circumstances,
but only transiently, as in normoxic hearts operating within the range of their physiological power
outputs [73]. At this time, the obvious difﬁculty of assessing rates of muscle glycogenolysis and
resynthesis in hummingbirds and nectar bats precludes further discussion beyond the formulation of
testable hypotheses.
What might be the advantages derived from direct oxidation of dietary sugar during
hover-feeding? One beneﬁt appears to be the direct consequence of the difference between
carbohydrate and fatty acid oxidation in ATP yield. Expressed as the P/O ratio, i.e., the number
of ATP molecules made per O atom consumed, the oxidation of glucose or glycogen yields a 15%
higher P/O ratio than the oxidation of fatty acid [49,50]. This might be advantageous during foraging at
high altitude, when hummingbirds must increase muscle power output while experiencing hypobaric
hypoxia [49,74]. Another possible advantage is a consequence of the energetic cost incurred when
dietary sugar is converted to fat. If this investment were to occur, followed by the oxidation of fat to fuel
exercise, then the net energy yield would be 16% lower compared with the direct oxidation of ingested
sugar [52]. Direct oxidation of dietary sugar allows more rapid accumulation of fat synthesized from
sugar consumed in excess of daily energetic requirements. The rate of fat synthesis appears to be
enhanced in nature by foraging behavior that keeps the sugar oxidation cascade turned on and muscle
fatty acid oxidation turned off [52,75–77].
6. Premigratory Sugar Conversion to Fat in Hummingbirds
Certain species of hummingbirds ﬂy long distances during seasonal migrations. Ruby-throated
hummingbirds migrate non-stop across the Gulf of Mexico [78]. Rufous hummingbirds make multiple
refueling stops as they migrate as far north as Alaska to breed in the summer and as far south as
Mexico to escape the cold of winter [79]. As in all other species of ﬂying migrants, hummingbirds
make use of fat as the main oxidative fuel for long-term, steady-state ﬂight. Given their high resting
and active metabolic rates, the need to maintain daily energy balance (time averaged energy intake
= time averaged energy expenditure) is, by itself, a signiﬁcant challenge. Thus, making an energetic
proﬁt (energy intake > energy expenditure) and accumulating fat in preparation for migration is an
even more impressive feat. Premigratory fattening becomes even more energetically challenging when
higher energetic costs are imposed by low ambient temperature and high elevation [80,81]. Rufous
hummingbirds stop to refuel in subalpine meadows during their late-summer, southward migration,
where early morning temperatures can be near-freezing. Flight at high elevation requires higher muscle
energy expenditure [21] while low temperature increases the energetic cost of thermoregulation [81].
Despite these challenges, hummingbirds have been known to gain about 10% of body mass per
day and store up to 40% of body mass in the form of fat during refueling stops [82]. Laboratory
experiments involving simulation of such conditions revealed that rufous hummingbirds allowed to
perch and to hover-feed at 5 ◦ C for 4 h are able to maintain or gain body mass when provided sucrose
concentrations of at least 30%. At 5 ◦ C, more dilute sucrose concentrations result in mass loss (energy
intake < energy expenditure) even when the hummingbirds increase their feeding frequencies as they
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attempt to maintain energy balance [75,83]. At higher ambient temperatures, net fat accumulation can
be achieved over a lower range of dietary sucrose concentrations. These experimental results lead to
the hypothesis that the coevolution between hummingbirds and the ﬂowering plants that they visit
may have resulted in increased sucrose concentrations in ﬂoral nectars at higher elevation [83].
7. Metabolism in Nectarivorous Animals: Implications for Human Health
Basic research in comparative physiology and biochemistry is usually not done with human
physiology or biomedical applications in mind. Instead, it is most often motivated by the desire to
explore functional biodiversity across species or to investigate mechanisms of short-term (physiological)
and long-term (evolutionary) adaptation. In addition, there is much interest among comparative
physiologists in responses to environmental change and their ecological consequences. Nevertheless,
studies such as those cited in this brief review illustrate how comparative approaches can beneﬁt
biomedical science by complementing traditional approaches, yielding new insights and inspiring
new questions.
From an anthropocentric perspective, the idea that certain species of birds and mammals
can fuel their extremely high rates of metabolism at rest and during exercise almost entirely
with recently-ingested sugars is certainly cause for amazement. The mechanisms by which
hummingbirds and nectar bats routinely hover at mass-speciﬁc VO2 values about ten- and ﬁvefold
higher, respectively, than those of human athletes exercising at VO2 max have been the subject of
continuing investigation [2,63,84]. While the paracellular pathway plays a minor role in biomedical
models, e.g., [85], it plays a dominant role, accounts for most of the intestinal glucose absorption in
nectarivorous animals and operates at rates high enough to supply the fuel requirements of muscles
during ﬂight [16,18].
There is current debate concerning the possible roles played by dietary sugars in the development
of obesity and diabetes [86,87]. However, what might be a toxic diet for humans serves as
the main source of calories for nectarivorous animals. What might appear to be a persistent,
severe and potentially harmful hyperglycemia is the natural state of blood glucose homeostasis
in hummingbirds [68], animals that are extraordinarily long-lived [88,89] despite their high metabolic
rates and small body size. In nectar bats, blood glucose concentrations increase to values high enough
to be considered pathological in humans, and are restored to low, resting levels by exercise [69]. A large
body of literature concerns how exercise contributes to disease prevention in humans [90,91]. Among
the possible mechanisms underlying the beneﬁcial effects of exercise is enhanced myokine production,
which leads to autocrine, paracrine and endocrine effects [92,93]. This suggests that the persistent,
night-time ﬂight of foraging nectar bats [69] may counteract the negative effects of their sugary diets
and hyperglycemia via similar mechanisms.
It has been suggested that honey accounted for a signiﬁcant fraction of dietary energy intake early
in human evolution [94]. Honey, with its high content of glucose (23–41%) and fructose (31–44%) [95],
is highly prized and consumed in large quantities by forager societies in various parts of the world [94].
Studies have focused on the Hadza of northern Tanzania whose diet consists of 15% honey [96] but are
thin, long-lived and do not suffer from chronic diseases common in Western societies [97]. A surprising
ﬁnding, based on measurements using doubly labeled water, is that the average total daily energy
expenditure of the Hadza hunter-gatherers is similar to that of Westerners. However, the Hadza walk
about 6–11 km per day and thereby display higher levels of physical activity than Westerners [98].
Thus, rather than being the result of greater daily energy expenditure, the lack of obesity and metabolic
disease among the Hadza may be due to their greater daily physical activity. This is supported by
studies involving Western subjects whose walking was reduced to 1300–1500 steps per day for 2 weeks.
The reduced activity was found to cause impaired glucose clearance, decreased insulin sensitivity,
increased abdominal fat, loss of leg muscle mass and reduction in VO2 max [99,100]. The high fructose
content of honey in the Hadza diet is of special signiﬁcance, given what is known concerning the
harmful effects of excessive fructose ingestion [101]. Among Westerners, exercise has been shown to
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prevent the adverse metabolic effects of high fructose ingestion [102,103]. This is at least partly due to
increased fructose oxidation and decreased storage resulting from exercise [104].
Taken together, these data lead to the suggestion that, just as in the case of nectar bats, exercise in
humans counteracts the potentially harmful effects of ingestion of large quantities of sugar, particularly
fructose. These ﬁndings call for further mechanistic studies of sugar metabolism in nectar bats as well
as parallel studies on the GLUT4-lacking, chronically-hyperglycemic, nectarivorous hummingbirds.
They call renewed attention to Nobel laureate August Krogh’s dictum that “For many problems there
is an animal on which it can be most conveniently studied” [105].
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