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Abstract

The exploration of alternative sources of extracellular matrix (ECM) is driven by increasing
demand and the need for sustainable biomaterials. Tuna (Thunnus albacares) bones, a by-
product of the fishing industry, represent a potential ECM source due to their abundance,
collagen-rich composition, and biocompatibility. This study investigated the effects of dem-
ineralization using hydrochloric acid (HCl) at concentrations of 0.5 M and 1.0 M for varying
durations (0.5, 1, 6, 12, and 24 h), and decellularization using sodium dodecyl sulfate (SDS)
and Triton X-100 (TX100) at concentrations of 0.1%, 0.5%, and 1.0%. Demineralization
effectively reduced inorganic content, with residual calcium levels dropping below 5% after
6 h. Kinetic analysis indicated a second-order reaction, and ATR–FTIR spectra confirmed
the disappearance of phosphate and carbonate peaks alongside the preservation of amide
bands. Demineralized bone matrix (dBM) retained good thermal stability and mechani-
cal properties. Decellularization efficiency was assessed through H&E staining, dsDNA
quantification, and SDS-PAGE analysis. Decellularized extracellular bone matrix (dEBM)
treated with 1.0% SDS showed the lowest dsDNA levels (14.00 ± 7.94 ng/mg) and absence
of cellular material. SDS-PAGE confirmed type I collagen preservation, particularly in
samples treated with ≤0.5% SDS or TX100. This study establishes that tuna fish bones can
be effectively processed into ECM, supporting their potential as a sustainable biomaterial
for advanced biomedical applications.

Keywords: extracellular matrix; collagen; fish bones; biomaterial scaffold; collagen

1. Introduction
Extracellular matrix (ECM)-derived biomaterials have gained significant interest due

to their wide application in the biomedical and nutraceutical fields, particularly in tissue re-
modeling, repair, and regeneration [1–6]. As a natural scaffold, ECM contains biomolecules
such as collagen, renowned for its excellent biocompatibility [7–10]. However, most ECM
biomaterials are currently sourced from mammalian tissues, raising concerns about the
potential transmission of prions and viruses to the host [11,12]. Additionally, the use of
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mammalian tissues as a source for ECM biomaterials may face religious restrictions, thereby
limiting accessibility for certain individuals [13].

Given the challenges with the current sources and the rising demand, exploring
new and sustainable sources for ECM production becomes increasingly important. Fish
by-products, often regarded as waste—particularly those from tuna—represent an underuti-
lized yet abundant source of bioactive compounds [14,15]. Tuna (Thunnus albacares), one of
the most commercially important fish species, yields an estimated 7.5 million tons annually,
generating large amounts of processing waste—50–70% of the total mass—including bones
and skin [14–16]. Tuna bones alone account for about 6% of these by-products, yet their
utilization remains limited despite the presence of valuable ECM proteins, including type
I collagen [17,18]. Although ECM extraction from fish bones is feasible, key challenges
persist due to processing steps such as demineralization and decellularization, which risk
damaging ECM integrity.

The utilization of bones as a source for ECM is significantly impeded by the presence of
hydroxyapatite (Ca5(PO4)3OH2), which surrounds and shields the collagen fibrils, thereby
hindering access to the organic matrix [19]. Effective demineralization is therefore essential
to dissolve the mineral phase and expose the underlying ECM components. Removal of
calcium-rich hydroxyapatite not only liberates type I collagen but also reveals bone mor-
phogenetic proteins, growth factors, and other bioactive molecules embedded in the matrix
that promote mesenchymal stem cell differentiation into osteoblasts. This process generates
a three-dimensional collagenous framework that supports cellular and vascular ingrowth
(osteoconduction) while delivering osteoinductive cues [20,21]. However, overly aggressive
demineralization may damage ECM proteins and compromise their functional integrity.
Previous studies have shown that hydrochloric acid (HCl) is an efficient demineralizing
agent that can preserve collagen structures when applied under optimized conditions. In
a study conducted by Pang et al. (2021), various agents were tested for demineralizing
cortical bones, and it was found that hydrochloric acid (HCl) was the most effective while
preserving the collagen structure [22]. Nonetheless, bone properties differ across species
and tissue types, requiring the identification of appropriate demineralization conditions
specific to tuna bone [19].

The presence of residual cellular components also limits the direct use of bone-derived
ECM due to the potential immunogenicity of allogeneic or xenogeneic antigens [23]. De-
cellularization addresses this by removing cells while retaining the ECM’s structural,
biochemical, and mechanical features [24]. Various methods, such as physical, enzymatic,
or chemical approaches, can be used to achieve decellularization [25]. In example, acid
demineralization is followed with chemical treatments ionic and nonionic, surfactants,
alkaline (NaOH/KOH) and oxidizing (H2O2) [26,27]. In many studies, detergents like
sodium dodecyl sulfate (SDS) and Triton X-100 (TX100) have been commonly used as
decellularization agents [28–31]. Triton X-100 has shown promising results in cell lysis
for various tissues, with effective outcomes achieved using different concentrations [12].
In contrast, SDS is a potent ionic detergent that removes cellular components more thor-
oughly but may damage ECM structure and induce cytotoxicity if not adequately washed
out [32,33]. Thus, it is necessary to carefully assess the effects of both the concentration and
type of decellularizing agent on the resulting biomaterial.

This study aimed to evaluate the effects of demineralization and decellularization
on the development of a decellularized bone matrix (dEBM) derived from tuna bone.
Specifically, the study aimed to establish the demineralization kinetics by investigating the
influence of HCl concentration and demineralization duration on residual calcium content
as well as the resulting physico-chemical and thermal properties of the demineralized
bone matrix (dBM). Additionally, to assess how varying concentrations of SDS and TX100
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affect cellular removal and ECM preservation, based on histological and physico-chemical
analyses relevant to dEBM development, as illustrated in Figure 1. Finally, residual deter-
gent levels in the dEBM were quantified to assess washing efficiency and to determine the
material’s suitability for biomedical applications.

Figure 1. Overview of demineralization and decellularization conditions for tuna (Thunnus albacares)
bones. Demineralization conditions were assessed based on the physico-chemical and thermal
characterization of dBM. Decellularization conditions were evaluated based on the physico-chemical,
thermal and histological characterization of dEBM.

2. Materials and Methods
2.1. Bone Demineralization

Fresh tuna bones were obtained from a local fish landing in Tambacan, Iligan City,
Philippines, and processed on the same day. The bones were carefully cleaned with the
intent to remove all residual tissues and washed with distilled water. A phosphate-buffered
saline (PBS) solution was prepared, and the bones were soaked in 10× PBS for 1 h to
facilitate further preparation for demineralization [34]. After this step, the bones were
sectioned into 1 cm segments for subsequent demineralization.

For the demineralization of tuna bones, hydrochloric acid solutions were prepared
from 37% HCl (Scharlau, Sentmenat, Barcelona, Spain) to final concentrations of 0.5 M and
1.0 M. The durations were pre-determined at 0.5, 1, 6, 12, 24 h except for calcium content
and protein content determination which were at 5, 10, 30, 60, 360, 720 and 1440 min to
determine the demineralization kinetics and protein content changes. The demineralization
process involved a solvent ratio of 25 mL/g and stirring at a speed of 300 rpm at room
temperature. A total of three samples, each weighing 30 g, were prepared for every
demineralization condition.

The bones were thoroughly rinsed with distilled water until the washing liquid reached
a neutral pH. In addition, a native sample was prepared as a control for comparison.
Subsequently, all the samples, including the rinsed bones and the native sample, were
stored in an ultra-low temperature (ULT) freezer (Haier, Qingdao, China) at −80 ◦C for a
minimum of 24 h prior to the lyophilization process. To facilitate lyophilization, the samples
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were freeze-dried at −55 ◦C under vacuum conditions using a freeze-dryer (Gyrozen,
Gimpo, Republic of Korea) for a duration of 24 h.

2.2. Bone Decellularization

The processed tuna bones were first demineralized using 0.5 M hydrochloric acid
(Scharlau, Sentmenat, Barcelona, Spain) (HCl) for 12 h as a pretreatment step prior to
decellularization. Following demineralization, lipid extraction was carried out to remove
residual fats from the demineralized bone matrix (dBM). The tissue was immersed in a
70% ethanol solution and stirred continuously for 1 h at room temperature. The tissue
was then separated by decantation and thoroughly rinsed multiple times with distilled
water to ensure the complete removal of residual ethanol. Subsequent decellularization
was performed using either sodium dodecyl sulfate (85% SDS; Loba Chemie, Mumbai,
India) or Triton X-100 (Extra Pure TX100; Loba Chemie, Mumbai, India) at concentrations
of 0.1%, 0.5%, and 1.0%, yielding six decellularization conditions. A total of three samples,
each weighing 20 g, were prepared for every demineralization condition.

After decellularization, the samples underwent three washes, with each wash con-
sisting of stirring with distilled water for a day. The resulting materials were identified as
decellularized extracellular bone matrix (dEBM). Subsequently, the dEBM samples were
stored in an ultra-low temperature (ULT) refrigerator (Haier, Qingdao, China) for 24 h
before undergoing lyophilization using a freeze-dryer (Gyrozen, Gimpo, Republic of Korea)
for another 24 h. The parameters used for the ULT refrigerator and lyophilization process
were the same as the ones used previously. The resulting dEBM samples were character-
ized and compared to the control sample based on their amino acid composition, dsDNA
content, residual detergent content and histological characteristics.

2.3. X-Ray Fluorescence (XRF)

The residual calcium of dBM (n = 3) was determined using XRF. The bone samples
were powdered and pelletized into disks suitable for the equipment. Helium was used
as a purge gas in the sample chamber. Measurements were carried out using Epsilon1
Spectrometer (Malvern PAnalytical, Westborough, MA, USA). The acquired spectra were
analyzed using the Epsilon software version 1.1 provided with the equipment.

2.4. Demineralization Kinetics

The variations in residual calcium content at different demineralization times, using
different concentrations of hydrochloric acid, with respect to time enabled the determination
of the kinetics profile of the demineralization process. To generate the data plots, the calcium
concentration of the control sample was considered as the initial concentration. The order
and reaction constant for demineralization were determined using the rate equation given
as [35]:

rate = −d[Ca]n

dt
= k[Ca]n (1)

where k is the rate constant, [Ca] is the concentration of the reactant (%), and n is the
order of the reaction. Consequently, the order of demineralization was determined
by plotting [Ca]0 − [Ca]t for zero order reaction, ln

(
[Ca]0
[Ca]t

)
for first order reaction and

−
[(

1
[Ca]t

)
−

(
1

[Ca]0

) ]
for second order reaction as a function of time.

2.5. Protein Content Quantification

The protein content of the dBM was assessed using the following method. A 0.1 g
sample (n = 3) was solubilized in 5 mL of 0.1 M hydrochloric acid at 4 ◦C, along with 10 mg
of pepsin (Merk, St Louis, MO, USA). The solubilization process was carried out for 2 days
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using a magnetic stirrer set at 300 rpm. To quantify the protein content, the samples were
analyzed using the Qubit BR Protein Assay Kit (Thermo Fischer Scientific, Waltham, MA,
USA) and measured using a Qubit Fluorometer (Thermo Fischer Scientific, MA, USA). The
tests were conducted in accordance with the manufacturer’s user manuals.

2.6. Attenuated Total Reflectance—Fourier Transform Infrared Spectroscopy (ATR-FTIR)

The changes in the relevant chemical bonds and functional groups present in the dBM
and dEBM were evaluated using QATR-10 single reflection FTIR Spectrometer (Shimadzu,
Kyoto, Japan) equipped with an ATR accessory and LabSolutions IR software version 2.3.
The generated spectra were recorded using 128 scans with a resolution of 4 cm−1 in the
absorbance range of 4000 to 400 cm−1. To reduce spectral noise, the obscuring fluctuations
were smoothed.

2.7. Thermogravimetric Analysis (TGA)

The thermal properties of dBM were characterized using a TGA 4000 thermogravimet-
ric analyzer (Perkin Elmer, Waltham, MA, USA). For the analysis, approximately 20–30 mg
of size-reduced samples were weighed and placed in an alumina pan. The pan was placed
on the furnace of the analyzer where it was then heated at a rate of 10 ◦C/min, and the
mass of the samples was recorded over a temperature range of 30 ◦C to 750 ◦C.

2.8. Differential Scanning Calorimetry

Differential scanning calorimetry (DSC) was conducted using a DSC 4000 instrument
(Perkin Elmer, Waltham, MA, USA) for the dBM. Prior to analysis, about 5 mg of the
samples were weighed and placed in an alumina pan. The analysis was conducted for both
dBM and dEBM at a heating rate of 10 ◦C/min over a temperature range of 30 ◦C to 300 ◦C
using air as a purge gas.

2.9. Mechanical Strength

Compressive strength of the dBM samples were determined by adapting the method
of Liu et al., (2023) [21]. Samples with the dimensions of approximately 5 mm (n = 3)
in diameter were fixed on the platform and crushed using a universal testing machine
(Autograph AGS-X, Shimadzu, Japan) at room temperature with the rate of 2 mm/min
until breaking point was detected in the software.

2.10. Scanning Electron Microscopy

Micrographs of dBM samples were captured employing a scanning electron micro-
scope (JSM-IT200, Tokyo, Japan). Before microscopy, the samples were mounted in alu-
minum holders and coated with a layer of fine-grained gold using a sputter coater (JEOL
Smart Coater, Tokyo, Japan). The images were acquired with an accelerating voltage of
5–15 kV.

2.11. Histological Staining

Hematoxylin and eosin (H&E) protocols for histological staining were adapted from
the study of Ijima et al., (2019) [36]. The dEBM were prepared for histological analysis by
initially cutting the samples into 0.5 × 0.5 cm2 section and then fixed using a 10% buffered
formalin solution for 72 h. The samples were subsequently dehydrated using an increasing
series of alcohol concentration (70%, 90%, and 100%). The fixed samples were embedded
into blocks measuring 2 × 2 cm2 and were then sectioned using a microtome (SLEE medical
GmbH, Nieder-Olm, Germany) in order to create 4 µm thick ribbons with cross-sectional
segments of the samples.
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The ribbons were placed on glass slides and subsequently stained using H&E solution
(Biognost®, Zagreb, Croatia). This staining procedure allows for the visualization of differ-
ent cellular and structural components of the tissue. Specifically, any cellular components
of the cells were stained blue or purple by hematoxylin, while structural proteins of the
tissue were stained pink by eosin. The stained tissues were imaged using a CX43 laboratory
microscope (Olympus, Tokyo, Japan).

2.12. Double-Stranded DNA (dsDNA) Quantification

The DNA extraction was conducted using DNeasy Blood and Tissue Kit (Qiagen®, Va-
lencia, CA, USA). Consequently, the quantification for the amount of double-stranded DNA
present in the dEBM samples (n = 3) was carried out using Qubit™ 1X dsDNA HS Assay
Kit (Thermo Fisher Scientific, Waltham, MA, USA). The DNA extraction and quantification
protocols were carried out in accordance with the manufacturer’s instructions.

2.13. Amino Acid Analysis

The dEBM samples underwent amino acid profiling through high-performance liquid
chromatography system (Prominence-I Plus System, Shimadzu, Japan), using a C18 column
and a fluorescence detector. Prior to analysis, the dEBM samples were hydrolyzed using
a method adopted by Toppe et al., (2007) [19]. For further purification, hydrolysates
were diluted and filtered with a 0.22 µm pore size syringe filter and transferred to their
corresponding vials.

Hydroxyproline content was quantified using an assay kit (MAK008, Sigma, Burling-
ton, MA, USA) following the manufacturer’s instructions. Approximately 10 mg of each
dEBM sample was hydrolyzed at 120 ◦C for 3 h. A 10 µL aliquot of the hydrolyzed solution
was then transferred to a microplate well and analyzed as directed by the kit protocol.

2.14. Residual Detergent Concentration Determination

The amount of residual detergent in the dEBM samples were determined using UV-VIS
spectrophotometry. In the determination of detergent in the samples decellularized using
TX100, the method used by Pavlovi’c et al. (2016) with modifications on the concentrations
used to establish the standard curve [37]. For the determination of residual SDS, the
method used by Alizadeh et al. (2019) was used with modifications on the concentrations
of methylene Blue [38].

2.15. Sodium Dodecyl-Sulfate Polyacrylamide Gel Electrophoresis (SDS-PAGE)

SDS-PAGE analysis was performed following the method described by Zhang
et al. [39], with modifications. Solubilized dEBM samples were mixed with a sample
buffer composed of 0.5 M Tris-HCl (pH 6.8), 25% (v/v) glycerol (Promega, Madison, WI,
USA), 2% (w/v) SDS, 5% (v/v) β-mercaptoethanol (Sigma-Aldrich, St. Louis, MO, USA),
and 0.1% (w/v) bromophenol blue (Sigma-Aldrich, St. Louis, MO, USA).

Electrophoresis was carried out using a mini vertical protein electrophoresis system
(omniPAGE CVS10DSYSCU, Cleaver Scientific, Warwickshire, UK). The gel was run at 200 V
and 20 mA for 1 h. After electrophoresis, the gels were stained with Coomassie Brilliant Blue
(Abcam, Cambridge, MA, USA) to visualize protein bands, including collagen components.

2.16. Soluble Collagen Assay

Collagen content was quantified using the Soluble Collagen Quantification Assay Kit
(CS0006, Merck, Rahway, NJ, USA) in accordance with the manufacturer’s instructions.
Approximately 100 mg of each dEBM sample was solubilized in 1 mL of ice-cold 0.5 M
acetic acid. The solubilized samples were then analyzed following the kit protocol (n = 2).
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2.17. Statistical Analysis

The results are presented as the mean ± standard deviation. Data analysis was con-
ducted using two-way ANOVA, followed by Tukey’s multiple comparison test. Significance
was determined by a p-value of less than 0.05.

3. Results and Discussion
3.1. Characterization of dBM
3.1.1. Demineralization Kinetics

The demineralization kinetics of tuna bone samples were analyzed by measuring
the residual calcium content using X-ray fluorescence (XRF). The control samples had an
initial calcium content of 18.49 ± 0.49%, which progressively decreased with increasing
demineralization duration. Figure 2A shows the decline in calcium content over time for
samples treated with different HCl concentrations.

Figure 2. (A) Residual calcium content in tuna bone under varying demineralization conditions.
(B) Zero-order plot: [Ca]0 − [Ca]t vs. time. (C) First-order plot: ln([Ca]0/[Ca]t) vs. time. (D) Second-
order plot: −[(1/[Ca]t) − (1/[Ca]0)] vs. time for 0.5 M HCl at 25 ◦C.

To determine the reaction kinetics, data from partially demineralized samples were
fitted to zero-, first-, and second-order kinetic models. The plots of [Ca]0 − [Ca]t for

zero order reaction, ln([Ca]0/[Ca]t) for first order reaction and −
[(

1
[Ca]t

)
−

(
1

[Ca]0

) ]
for

the second-order reaction as a function of time at a concentration of 0.5 M are shown
in Figure 2B–D, respectively. The plot with the highest linearity indicates the reaction
order. The slope of the linear plot represents the average rate constant of demineralization.
As shown in Figure 2D, the data best fit the second-order model. This suggests that
the demineralization of fish bones follows a second-order kinetic profile, consistent with
findings from other studies involving bones from different fish species [40].
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The calculated rate constants (k) and R2 values for each kinetic model at 0.5 M and
1.0 M HCl are summarized in Table 1. The second-order model yielded the highest R2

values (>0.99), confirming it as the most appropriate kinetic description. Table 1 also shows
that doubling the HCl concentration during demineralization resulted in an approximate
fivefold increase in the average rate constant. This increase can be explained by the
interaction between calcium ions and chloride ions, as shown in Equation (1). According
to collision theory, the reaction rate is proportional to the frequency of effective collisions
between reactant molecules. Higher reactant concentrations increase the likelihood of
such collisions [35,41]. In this case, increasing HCl concentration enhances the rate of
demineralization.

Table 1. Calculated rate constants (k) and coefficients of determination (R2) for zero-, first-, and
second-order reaction models under different HCl concentrations.

Zero Order First Order Second Order

[HCl] (mol/L) k (%/min) R2 k (min−1) R2 k (min−1·%−1) R2

0.5 M 0.0228 0.8516 0.0039 0.9641 0.001 0.9941
1.0 M 0.0426 0.6496 0.0096 0.9465 0.0054 0.9939

Understanding the kinetics of demineralization is essential for controlling the extent
of mineral removal, which in turn governs the physical and functional characteristics
of the resulting matrix. Adequate demineralization is critical to expose and recover the
valuable organic extracellular matrix (ECM) components for biomedical applications. This
process eliminates hydroxyapatite, thereby uncovering type I collagen along with bone
morphogenetic proteins (BMPs) and other osteoinductive factors that play pivotal roles in
directing osteogenesis and bone remodeling. [21]. For highly calcified tissues, a residual
calcium content below ~5% is typically taken to indicate effective decalcification of collagen
fibrils while levels near ~2% have been associated with enhanced osteoinductive potential,
a desirable attribute for bone allografts [42–44].

Among the conditions evaluated, 0.5–1.0 M HCl for greater than 6 h met most criteria
for effective demineralization. This dwell time is longer than the ~1 h reported for tilapia
(Oreochromis niloticus) in 0.5 M HCl [40], but contrasts with halibut bone, which required
higher acid concentrations to achieve comparable demineralization within the same 6 h
period [21]. In comparison, bovine bone decalcified with 10% EDTA required soaking
for up to 4 weeks [26]. Mammalian bone—being denser—often relies on chelator-based
(EDTA) or low-acid protocols that require multi-day exposures (≈7 days or longer) to reach
similar endpoints. Relative to porcine epiphyseal and cortical bones used in producing
demineralized bone matrix, tuna bone demineralized substantially faster and at lower acid
concentrations, whereas published methods for those larger, denser bones often employ
more than 0.6 M acid with soaking periods exceeding five days [20].

3.1.2. Protein Content Quantification

The changes in protein content were monitored over the demineralization time
as depicted in Figure 3. Initially, the protein content of tuna bone was measured at
476.00 ± 6.97 mg/g, progressively increasing with extended demineralization time up
to 1440 min. This changes in protein content were consistent across demineralization
processes employing varying concentrations of acid, albeit at different rates.

Tuna bone samples demineralized with an acid concentration of 0.5 M showed peak
protein contents of 961.33 ± 23.46 mg/g and 963.33 ± 28.29 mg/g after 24 h of treatment,
with no significant difference between these values. The increase in protein concentration
during demineralization is primarily due to the reaction between hydroxyapatite crystals
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and the acid as it diffuses through the matrix. Additionally, the acid interacts with proteins
at their binding sites, which can lead to partial denaturation and some loss of extracellular
matrix (ECM) proteins. However, this loss has only a minor impact on overall protein
levels compared to the more substantial reduction in inorganic content as hydroxyapatite
is dissolved.

Figure 3. Protein content of dBM samples as a function of demineralization duration.

Moreover, the demineralization process involves the removal of the tissue’s inorganic
components, leading to a relative increase in the organic fraction over time. After complete
demineralization of the demineralized bone matrix (dBM) samples, the protein content
continues to increase as the acid further penetrates the exposed matrix. This results in an
apparent rise in protein content once a certain calcium level is reached, as non-protein
components are progressively removed from the matrix.

3.1.3. Attenuated Total Reflectance—Fourier Transform Infrared Spectroscopy (ATR-FTIR)

ATR-FTIR analysis was conducted to detect collagen-related band markers in the dBM
and to observe spectral changes under different demineralization conditions. Figure 4
presents the key spectral bands found in both the control and demineralized samples. In the
control, distinct phosphate bands appeared at ~560 cm−1 and ~600 cm−1, along with a peak
at ~1030 cm−1 and a shoulder at ~960 cm−1, corresponding to the vibrational modes of
phosphate groups in hydroxyapatite. A carbonate band was also observed near 870 cm−1.

Figure 4. ATR-FTIR spectra of control and demineralized tuna bone samples under varying conditions:
(A) dBM treated with 0.5 M HCl; (B) dBM treated with 1.0 M HCl.
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In samples treated with 0.5 M HCl, phosphate and carbonate band intensities de-
creased and exhibited peak shifts after 60 min. After 360 min, only residual signals re-
mained. Similarly, in the 1.0 M HCl-treated samples, a marked reduction in phosphate
and carbonate bands was observed after just 60 min. These changes are consistent with
calcium quantification results, where both treatment groups had less than 3% residual
calcium after 360 min. The decreasing intensities are shown in Figure 5B,D. Additionally,
the dBM treated with 1.0 M HCl for 60 min had a calcium content below 5%, matching the
ATR-FTIR profile with only residual phosphate and carbonate peaks.

Figure 5. Relative intensity of amide, phosphate, and carbonate bands in control and dBM under
varying conditions. (A) Amide bands in samples treated with 0.5 M HCl; (B) Phosphate and carbonate
bands in samples treated with 0.5 M HCl; (C) Amide bands in samples treated with 1.0 M HCl;
(D) Phosphate and carbonate bands in samples treated with 1.0 M HCl.

Amide A (3115–3705 cm−1), amide B (3030–3115 cm−1), vsCH2 (2880–2990 cm−1),
vasCH2 (2760–2880 cm−1), amide I (1583–1715 cm−1), amide II (1485–1587 cm−1) and amide
III (1207–1323 cm−1) are FTIR spectral bands associated with collagen and other organic
ECM components that constitute the tuna dBM. These markers were present in the control
and preserved across all dBM. The amide A and amide I regions retained their band shapes
compared to the control, indicating minimal matrix alterations at lower concentrations.

In both 0.5 M and 1.0 M HCl treatments, peak intensities increased with longer
demineralization times, particularly for amide bands A, B, I, II, and III. This increase is due
to the progressive removal of mineral content, mainly hydroxyapatite, which enhances the
freedom of amide bond vibrations by disrupting hydrogen bonds between ECM proteins
and inorganic components [22,40,45].

However, peak intensities decreased after 6 h of demineralization with 0.5 M HCl
and after just 1 h with 1.0 M HCl, as shown in Figure 5A,C. This reduction likely indicates
structural damage to the ECM from prolonged or overly aggressive demineralization.

Slight shifts in the amide band wavenumbers were observed with increasing dem-
ineralization time. These bands reflect ECM protein conformation, and reduced structural
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order corresponds to lower peak frequencies [46]. At 0.5 M HCl, minor shifts appeared
after 12 h and became more pronounced at 24 h. In contrast, for 1.0 M HCl, shifts emerged
as early as 6 h and intensified after 12 h. Under both conditions, the amide I peak shifted
from 1647 cm−1 in the control to ~1633 cm−1. Amide II also shifted by approximately
10 cm−1. These spectral changes indicate that excessive demineralization alters ECM
protein conformation and may compromise the structural integrity of the tissue.

The ATR-FTIR spectra of the samples closely resembled collagen-based scaffolds and
mammalian demineralized matrices which confirms the preservation of organic content
of the samples (osteoid) [27,47]. Compared with demineralization of other tissues—such
as porcine epiphyseal and cortical bone—which typically requires more than 14 days
under low reagent concentrations, the present protocol achieved a marked attenuation of
phosphate and carbonate band intensities in less than 12 h using higher HCl concentrations
(0.5–1.0 M) [27,48]. Importantly, the amide I, II, and III bands were preserved with peak
positions retained, and the overall matrix architecture remained comparable to the native
structure, indicating that the extracellular matrix (ECM) was maintained. Such structural
preservation not only retains the collagenous framework but also exposes matrix-associated
proteins, which may function as bioactive signaling cues upon implantation, thereby
enhancing osteogenic responses.

3.1.4. Thermogravimetric Analysis (TGA)

The thermal stability and residual mineral content of the control and dBM samples
were assessed using TGA, as illustrated in Figure 6. The residue after heating the samples to
750 ◦C represents the remaining mineral fraction [22]. According to the theoretical weight
percentage of calcium in hydroxyapatite, the residue in the control sample was roughly
47%, which corresponds to a calcium content of about 18%. This value is aligned with
XRF results.

Figure 6. TGA and DTG thermograms of control and dBM treated with different HCl concentrations:
(A) TGA curves at 0.5 M HCl; (B) DTG curves at 0.5 M HCl; (C) TGA curves at 1.0 M HCl; (D) DTG
curves at 1.0 M HCl.
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Demineralization significantly reduced the mineral residue. After 6 h of treatment,
residue levels nearly reached 0%. Even after just 1 h of demineralization, both 0.5 M
and 1.0 M HCl treatments reduced the mineral residue to below 10% of the total sample
mass. The 1.0 M HCl-treated samples consistently showed lower residue compared to
the 0.5 M HCl-treated samples at the same time points. This result reflects the higher
demineralization rate associated with stronger acid concentration, supported by previously
determined kinetic data.

Derivative thermogravimetry (DTG) was used to identify the thermal degradation
characteristics of the bone matrix. The DTG thermograms showed characteristic features of
bones with high organic content [49]. Both control and demineralized samples exhibited
four distinct peaks associated with specific thermal degradation events and are summarized
in Table 2, along with their corresponding mass losses.

Table 2. Peak temperatures and corresponding mass losses associated with the thermal degradation
stages of dBM.

Peak 1 Peak 2 Peak 3 Peak 4

Conditions T1, ◦C % Loss, T2, ◦C % Loss, T3
◦C % Loss T4, ◦C % Loss

Control 102.43 10.71 350.55 20.30 414.47 12.26 515.19 19.94
0.5 M HCl 1 h 79.44 11.41 331.42 34.72 409.22 16.58 578.67 27.29

6 h 81.45 7.75 332.09 38.92 404.33 23.84 586.04 29.94
12 h 82.83 9.94 328.46 38.73 404.64 19.30 577.70 31.18
24 h 88.03 6.82 331.47 38.01 397.22 22.25 588.45 31.45

1.0 M HCl 1 h 86.10 7.75 328.26 39.66 404.64 14.03 577.70 29.87
6 h 82.83 10.86 331.68 39.74 402.73 16.51 578.67 32.54

12 h 87.15 9.74 332.09 37.66 402.39 19.61 586.04 32.54
24 h 81.45 6.67 332.15 39.10 391.37 20.31 602.58 32.35

The first peak, observed in the control sample at ~133 ◦C with a shoulder around
102 ◦C, was attributed to the evaporation of mobile and bound water, as well as initial
protein denaturation [40,49,50]. As demineralization progresses, this peak shifts to lower
temperatures, indicative of hydroxyapatite loss in the samples. The removal of hydroxyap-
atite exposes tropocollagen and releases bound water trapped between them [51]. With hy-
droxyapatite removed, more water existed in a mobile state, leading to earlier evaporation.

The second major peak, between 300 and 375 ◦C, corresponds to the thermal degra-
dation of collagen. In the control sample, this peak occurred at ~350 ◦C. With increasing
demineralization time, the peak shifted to ~330 ◦C, accompanied by an increase in the degra-
dation rate. This shift reflects the decreased thermal stability of demineralized collagen
fibrils due to the loss of mineral shielding [42].

These results indicate that demineralization alters the thermal behavior of the matrix by
removing hydroxyapatite and exposing collagen structures to degradation. The reduction
in thermal stability confirms the successful removal of mineral components and provides
insight into the physicochemical changes in the ECM during processing.

Complex changes were observed in the third and fourth degradation stages as dem-
ineralization time increased. These stages correspond to the degradation of residual organic
compounds in the bone matrix [40]. The third stage, occurring between 380 and 500 ◦C,
showed a peak near 397 ◦C in both acid concentrations, with the peak temperature decreas-
ing over time. In contrast, the fourth stage reached a maximum of 602.58 ◦C after 24 h of
demineralization with 1.0 M HCl. This increase may be due to the degradation of thermally
stable organic components that persist during prolonged demineralization.
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3.1.5. Differential Scanning Calorimetry (DSC)

DSC analysis was conducted on freeze-dried decellularized extracellular bone matrix
(dEBM) samples to minimize moisture content and ensure consistency across all specimens.
As shown in the thermograms presented in Figure 7, the control sample exhibited a broad
thermal with two shoulder peaks within the range of 0–250 ◦C. Similar thermal behavior
was observed in the demineralized samples, each displaying two distinct endothermic
peaks, designated as T1,max and T2,max. The first peak (T1,max) appeared between
~60–80 ◦C, while the second peak (T2,max) was observed between ~210–220 ◦C.

Figure 7. DSC thermograms of tuna bone samples under varying demineralization conditions:
(A) Control and dBM treated with 0.5 M HCl; (B) Control and dBM treated with 1.0 M HCl.

The first endothermic event exhibited two shoulders: one at ~40–50 ◦C and another
at ~100–140 ◦C, most prominent in the control and partially demineralized samples (e.g.,
0.5 h and 1 h treatments). As demineralization time increased, the first endotherm became
sharper, and the higher-temperature shoulder diminished. This shift in T1,max and loss
of the shoulder were also observed in the TGA thermograms. The disappearance of the
shoulder is associated with the removal of hydroxyapatite, which coats collagen fibrils and
binds water.

The lower-temperature shoulder preceding T1,max remained detectable across all
samples, suggesting early-stage collagen denaturation prior to major dehydration of the
bone matrix.

A consistent second endothermic peak was observed across all demineralized samples,
corresponding to the denaturation of collagen within the bone matrix—a distinct feature in
freeze-dried specimens. In these samples, the denaturation peak shifted to higher tempera-
tures compared to the hydrated state, attributable to the replacement of hydrogen bonds
between polypeptide chains and water molecules by direct interchain hydrogen bonds
in the absence of water bridges [40,52,53]. Only minor shifts in T2,max were observed
among the demineralized samples. In contrast, this peak was absent in the control sample
within the same range, suggesting a higher denaturation temperature due to the thermal
stabilization provided by the mineral phase. The observed decrease in T2,max after dem-
ineralization supports the removal of hydroxyapatite and the corresponding reduction in
collagen thermal stability. Only slight shifts were observed, indicating minimal structural
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alterations in the matrix during demineralization and preserving the thermal properties of
the native tissue.

3.1.6. Mechanical Strength

The compressive strength of dBM was evaluated to assess the effect of demineraliza-
tion duration and acid concentration on mechanical integrity. Compressive strength was
determined using the first deflection point in the stress–strain curve as the failure criterion
with results presented in Figure 8.

Figure 8. Compressive strength of control and dBM subjected to varying demineralization durations
and HCl concentrations. All data are shown as mean ± standard deviation (n = 3); *, p < 0.05.

The control sample exhibited an initial compressive strength of 7.79 ± 0.40 MPa. A
progressive decline in compressive strength was observed with increasing demineralization
time. A statistically significant reduction in strength was noted after 1 h of treatment
(p < 0.05), with no significant differences observed thereafter among samples treated for
the same duration but with different acid concentrations.

This trend is attributed to the near-complete removal of the mineral phase covering
collagen fibrils in the tissue after 6 h of demineralization. Despite this reduction, sam-
ples treated for 0.5, 1, and 6 h using both 0.5 M and 1.0 M HCl retained compressive
strengths within the range reported for human cancellous bone (2–20 MPa) [54]. This
result suggests that these demineralized samples possess mechanical strength suitable for
biomedical applications.

However, samples demineralized for 24 h fell below this threshold, suggesting that
prolonged demineralization may compromise structural integrity to levels. Controlled
demineralization has an impact on the physical properties of the scaffold. For biomedical
applications such as a scaffold, it is better to not fully demineralize the bone matrix to have
sufficient mechanical strength. This approach would benefit from exposing the collagen-rich
ECM and bioactive factors needed for repair without sacrificing good mechanical strength.

3.1.7. Scanning Electron Microscopy (SEM)

A close examination of the dBM surfaces using SEM reveals significant changes
in the surface morphology of the matrix components. Representative micrographs are
shown in Figure 9, covering control and treated samples subjected to 1 h, 6 h, and 24 h of
demineralization at HCl concentrations of 0.5 M and 1.0 M.



Appl. Biosci. 2025, 4, 43 15 of 28

Figure 9. SEM micrographs (1000× magnification) of tuna bone samples under varying demineral-
ization conditions: (A) Control; (B–D) 0.5 M HCl for 1, 6, and 24 h, respectively; (E–G) 1.0 M HCl for
1, 6, and 24 h, respectively.

In the control sample, collagen fibrils were not clearly distinguishable due to dense
hydroxyapatite deposits occupying the interfibrillar spaces. After 1 h of demineralization,
limited exposure of collagen fibrils was observed, with more visible fibrils in samples
treated with 1.0 M HCl compared to those treated with 0.5 M. This suggests a more
aggressive mineral phase removal at higher acid concentration.

After 6 h of treatment, collagen fibrils became more prominent, exhibiting straight
fiber alignment and increased porosity due to the removal of hydroxyapatite. This en-
hanced porosity could be advantageous for cell adhesion and proliferation when used as a
biomaterial. However, samples demineralized for 24 h displayed a disorganized collagen
network, characterized by disrupted fibrillar arrangement and apparent loss of interfibrillar
bonding. Prolonged exposure to the demineralization process led to tropocollagen denatu-
ration, reducing interfibrillar bonding and resulting in the observed disorganized structure.
These morphological changes are consistent with reductions in collagen thermal stability
and the observed alterations in ATR–FTIR spectra, supporting the structural impact of
extended demineralization.

SEM micrographs revealed the surface morphology of demineralized samples relevant
to bone tissue engineering. Surface roughness plays a critical role in regulating cell–
material interactions and bioactivity. Both partially and fully demineralized samples
exhibited roughened topographies with exposed collagen fibrils, creating attachment sites
that facilitate cell adhesion and proliferation. In line with previous studies, enhanced micro-
to nanoscale roughness increased protein adsorption and promoted osteoblast attachment,
proliferation, and osteogenic differentiation [27]. These surface features are favorable for
osseointegration and subsequent bone regeneration.

3.2. Characterization of dEBM
3.2.1. Attenuated Total Reflectance—Fourier Transform Infrared Spectroscopy (ATR-FTIR)

ATR–FTIR was used to evaluate changes in the organic matrix following demineral-
ization and subsequent decellularization of tuna bone. Figure 10A,B show that the charac-
teristic collagen bands remain within their expected wavenumber windows in all treated
samples—amide A (3115–3705 cm−1), amide B (3030–3115 cm−1), vsCH2 (2880–2990 cm−1),
vasCH2 (2760–2880 cm−1), amide I (1583–1715 cm−1), amide II (1485–1587 cm−1), and
amide III (1207–1323 cm−1)—indicating preservation of the collagenous backbone after
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processing. For demineralized tissue, the phosphate (ν4 ≈ 560–600 cm−1; ν3 ≈ 1030 cm−1

with a ν1 shoulder near 960 cm−1) and carbonate (ν2 ≈ 870 cm−1) signals prominent in
native bone are reduced to residual peaks because mineral was removed prior to decellular-
ization. The relative intensities of the amide bands vary with decellularization conditions
(Figure 10C). Relative to the demineralized-only control (0.5 M HCl, 12 h), increasing
detergent concentration—especially with the ionic surfactant SDS—progressively weakens
amide A/I/II/III, consistent with partial solubilization and loss of matrix proteins and a
lower effective protein concentration in the thin surface layer that ATR measures.

Figure 10. ATR-FTIR spectra of control, demineralized tuna bone sample (0.5 M HCl 6 h), and
decellularized samples under varying conditions: (A) dEBM treated with SDS; (B) dEBM treated
with TX100. (C) Relative intensity of amide bands of control, demineralized (0.5 M HCl 6 h), dEBM
samples (D) Peak shifting of amide I band of control, demineralized (0.5 M HCl 6 h), dEBM samples.

Figure 10D shows distinct shifts in the amide bands after processing, which re-
flect changes in the protein conformation of the ECM. In general, lower structural or-
der of proteins corresponds to lower peak frequencies in the amide region. The amide I
band—commonly used as an indicator of collagen’s secondary structure—shifted to lower
wavenumbers following demineralization (0.5 M HCl, 12 h) and in most dEBM treatments.
As shown in Figure 10B, consistent peak shifts were also observed in samples treated with
TX100, with the magnitude of the shift increasing alongside the concentration of the agent.
In contrast, treatment with 0.5% and 1.0% SDS resulted in a shift in the amide I band toward
higher wavenumbers. This behavior may be attributed to the stronger ionic environment
generated by higher SDS concentrations, which could lead to the solubilization of proteins
loosely bound to the ECM, thereby increasing the retained collagen fraction which have
higher order in the dEBM samples.
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The ATR–FTIR spectra of the decellularized samples remained characteristic of a
proteinaceous scaffold, with clear amide I, II, and III bands indicating preservation of key
ECM proteins, particularly collagen. This matters because the ECM’s bioactivity relies
on both architecture and biochemical composition. In a biomaterial context, retaining
these proteins provides cues for cell adhesion, proliferation, and differentiation; collagen
and non-collagenous proteins supply binding sites for osteoblasts and support mineral
deposition, enabling osteoconduction [23].

3.2.2. Histological Staining

Hematoxylin and eosin (H&E) staining provides a rapid morphological read-out of de-
cellularization quality. One criterion for effective decellularization is the removal of visible
nuclear material as indicated by hematoxylin and eosin (H&E) staining [48]. Hematoxylin
labels nucleic acids (blue–purple) while eosin stains the proteinaceous extracellular matrix
(pink). Figure 11 shows the H&E staining of the sections of the samples. In the control
sample, dense cellular components were clearly visible. Specifically, cellular components
were seen in the osteocyte lacunae (small white and purple holes) and vascular canals
(white and purple holes inside bone matrix). The demineralized sample treated with
0.5 M HCl for 12 h showed reduced cellular content but retained some nuclear material
in the vascular canals, indicating that demineralization alone was insufficient for com-
plete decellularization. Moreover, the enhancement of the osteocyte lacunae and vascular
canals were observed across all samples, attributed to the removal of minerals during the
demineralization step.

Figure 11. H&E staining images of control and decellularized tuna bone samples under varying
treatment conditions.

The effectiveness of the decellularizing agents varied with concentration. Samples
treated with 0.1% SDS and TX100 still displayed visible cellular components, suggesting
incomplete decellularization. At 0.5% concentration, SDS-treated samples showed complete
removal of nuclear material, while TX100-treated samples exhibited only minimal remnants.
Complete decellularization, with no observable cellular material, was achieved at 1.0%
concentration for both SDS and TX100.

Beyond cellular removal, the morphology of osteocyte lacunae demonstrated clear
protocol-dependent effects. Samples subjected only to demineralization (0.5 M HCl, 12 h)
retained a pore architecture similar to controls, with several lacunae still occupied by osteo-
cytes. Treatment with 0.1% concentrations of the decellularizing agents largely preserved
the native pore structure and osteoid, particularly in the case of TX100. At concentrations
above 0.5%, both SDS and TX100 produced a marked enlargement of lacunae to ~50 µm,
with SDS inducing progressive fusion of adjacent lacunae and vascular canals, thereby
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increasing overall tissue porosity. Notably, these decellularization protocols did not create
new pores; rather, they altered existing structures by enlarging the lacunae. At 1.0% for both
detergents, no residual cellular material was observed; however, progressive enlargement
and fusion of pre-existing lacunae were noted. Importantly, no gross tissue tearing or
fissuring was observed at these higher concentrations. The strong eosinophilic staining of
the matrix confirmed that the osteoid and a substantial amount of organic material were
retained in the treated samples [27].

An optimal bone-repair scaffold requires a highly interconnected porous architecture
that supports cell adhesion and proliferation, facilitates tissue ingrowth, and enables
efficient nutrient–waste exchange. For this reason, preserving the patency of vascular canals
and osteocyte lacunae is advantageous in ECM-derived biomaterials. In human cortical
bone, osteocyte lacunae typically measure ~14–25 µm in length and ~5–10 µm in width [55].
The figure shows that decellularization altered the dimensions of the lacunae, producing
spaces that can serve as sites for cell attachment and proliferation. Notably, the lacunae
expanded to sizes comparable to those in native human bone, which may enhance the
matrix’s capacity to support cellular colonization and tissue integration after implantation.

3.2.3. Double-Stranded DNA (dsDNA) Quantification

Quantification of dsDNA was performed to assess the extent of nuclear material
removal following decellularization. Control samples and samples treated with 0.5 M HCl
for 12 h were included for comparison. A significant reduction in dsDNA content was
observed in the demineralized samples; however, levels remained considerably higher than
those in decellularized samples (Figure 11). This finding is consistent with previous studies
indicating that hydrochloric acid alone can reduce but not eliminate nuclear components
within 24 h of demineralization [40].

While demineralization reduces cellular content, the use of hydrochloric acid alone is
insufficient for complete removal of dsDNA, particularly considering the potential damage
to ECM integrity with prolonged exposure. Therefore, decellularizing protocols were
necessary to achieve effective decellularization.

To enhance decellularization and improve visual quality of biomaterials, additional
treatments have been investigated following acid-based demineralization. Oxidizing agents
such as hydrogen peroxide (H2O2) have been applied in porcine bone processing to produce
collagen matrices. In these protocols, varying peroxide concentrations were combined
with subsequent low-acid treatments, achieving complete nuclear clearance. Nonetheless,
treated samples often exhibited discoloration and surface cracks, indicating possible protein
alteration. Peroxide was also employed to decolorize tissues with undesirable pigmentation,
although cytotoxicity was not thoroughly evaluated [27]. Alkaline agents such as NaOH or
KOH have likewise been explored for bovine bone, where they act by saponifying lipids and
denaturing nucleoprotein complexes, thereby reducing residual DNA. However, excessive
exposure risks collagen modification, fibril swelling, and microcracking. Li et al. (2022)
further demonstrated that combining alkaline treatments with ultrasonication facilitated
decellularization while retaining osteogenic potential [26]. In the present study, detergents
were evaluated as decellularizing agents.

Figure 12 shows the dsDNA content of the control, 0.5 M HCl for 12 h dBM and dEBM
samples. The effect of detergent concentration was statistically significant (p < 0.05) in the
dsDNA of the samples. SDS-treated samples showed a greater reduction in dsDNA content
compared to those treated with Triton X-100, which may be attributed to the ionic nature of
SDS and its stronger interaction with nuclear membranes [56,57].
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Figure 12. Comparison of double-stranded DNA (dsDNA) content in control, 0.5 M HCl for 12 h
dBM, and dEBM under varying conditions. All data are shown as mean ± standard deviation (n = 3);
*, p < 0.05.

A crucial requirement for successful decellularization is the effective removal of
cellular components, particularly nuclear material, with double-stranded DNA (dsDNA)
content ideally below 50 ng/mg of dry tissue [8]. Failure to meet this threshold may trigger
host immune responses, including inflammation, fibrosis, and scar formation [58,59]. It
may also hinder successful recellularization due to residual cellular components interfering
with cell attachment and growth.

Among the dEBM samples, those treated with 0.5% SDS, 1.0% SDS, 0.5% TX100, and
1.0% TX100 exhibited dsDNA contents below the specified threshold, meeting the minimum
criteria for use as biomaterial scaffolds with minimal risk of adverse immune response.

3.2.4. Residual Detergent Concentrations

Residual detergent analysis was carried out to evaluate the effectiveness of the washing
protocol and quantify retained detergent in the decellularized bone tissue. Figure 13 shows
the residual detergent concentration of the dEBM samples. The use of 1.0% SDS resulted
in the highest residual detergent content (0.1817 ± 0.0022 µg/mg), while 0.1% TX100
showed the lowest (0.0181 ± 0.0011 µg/mg). SDS-treated samples consistently exhibited
higher residual levels compared to Triton X-100-treated samples (p < 0.05), which aligns
with previous reports that ionic detergents are more difficult to remove from tissues than
nonionic counterparts [36].

Higher detergent concentrations also resulted in greater residual levels post-washing
(p < 0.05), indicating that concentration plays a significant role in detergent entrapment
within the matrix.

Previous studies have shown that both TX100 and SDS are cytotoxic and require strict
safety controls before application as biomaterials [36]. For Triton X-100, residual levels
should not exceed 0.15 mM, which is tolerable for human cells [60]. This corresponds to
around 0.09 µg/mg of sample, assuming a 1:1 ratio of milliliters to grams based on the
reference specific gravity. In contrast, SDS must be reduced to below 10 µg/mg tissue dry
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weight to ensure cytocompatibility [61]. All decellularized samples in this study met their
respective safety thresholds following the implemented washing procedures.

Figure 13. Residual detergent concentrations of dEBM under varying conditions. All data are shown
as mean ± standard deviation (n = 3); *, p < 0.05.

In addition, Triton X-100’s lower retention allows its use at relatively higher concentra-
tions compared to SDS. However, concerns remain regarding its effect on the preservation
of the ECM. Despite achieving acceptable residual levels, retained detergent—especially
SDS—may still influence downstream applications, including cell adhesion and prolifera-
tion on dEBM scaffolds.

3.2.5. Sodium Dodecyl Sulfate–Polyacrylamide Gel Electrophoresis (SDS-PAGE)

SDS-PAGE revealed distinct collagen type I bands, the primary component of the
ECM, across control, demineralized, and decellularized tuna bone samples. Collagen type I
typically appears as α1 and α2 bands at a 2:1 ratio, along with β- and γ-bands. Structurally,
collagen type I is a heterotrimer composed of two α1 chains and one α2 chain. The β-band
represents crosslinked dimers of α-chains, while the γ-band corresponds to trimers [62].

The electrophoretic profiles in Figure 14 show that the control and 0.5 M HCl–treated
sample display consistent α1 and α2 bands, with molecular weights between 100 and
135 kDa, and a thicker α1 band. The β-band, observed near 250 kDa, was present across all
samples, indicating the retention of collagen dimers. These patterns confirm the character-
istic migration behavior of type I collagen.

A reduction in the intensity of α, β, and γ bands was observed with increasing
concentrations of decellularizing agents, despite equal sample loading across all lanes.
This decrease in band intensity reflects progressive protein solubilization and degradation,
particularly under more aggressive decellularization conditions. Notably, SDS-treated
samples exhibited lower band intensity than those treated with Triton X-100 at equivalent
concentrations, suggesting a stronger impact of SDS on collagen structure.

The γ-band, associated with collagen trimers, was the most affected. It was absent
in all SDS-treated samples and in samples treated with 1.0% Triton X-100. This indicates
that crosslinked collagen structures were disrupted during decellularization, particularly
with SDS and higher concentrations of nonionic detergent. These findings highlight the
susceptibility of collagen crosslinks to degradation during chemical decellularization, with
implications for ECM integrity and bifunctionality.
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Figure 14. SDS-PAGE analysis showing the electrophoretic profiles of solubilized proteins from
control, 0.5 M 12 h dBM, and dEBM under varying treatment conditions.

3.2.6. Soluble Collagen Assay

Figure 15 shows the amount of soluble collagen in the control and dEBM samples. the
amount of soluble collagen gives information about the less cross-linked fraction of the
total collagen in the dEBM samples. As shown in the figure, higher concentration of soluble
collagen is observed as higher concentration of agents were used. The use of 1.0% SDS as
decellularizing agent resulted in the lowest soluble collagen content (16.84 ± 5.63 µg/mg).
In contrast, the use of the relatively milder decellularizing agent 0.1% TX100 showed
a soluble collagen content of 134.57 ± 0.70 µg/mg. Higher detergent concentrations
also resulted in significantly lower soluble collagen fractions (p < 0.05), indicating that
concentration is a factor on the ECM retention. The use of SDS also have a significant
removal of soluble collagen in the dEBM samples compared to TX100 (p < 0.05).

Figure 15. Soluble collagen concentrations of dEBM under varying conditions. All data are shown as
mean ± standard deviation (n = 2); *, p < 0.05.
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SDS is a strong anionic detergent that, during decellularization, aggressively solu-
bilizes cell membranes and extracts loosely bound or soluble ECM proteins—including
non-fibrillar collagens. As a result, the remaining scaffold becomes relatively consists of
cross linked, fibrillar collagen. In contrast, TX100 is a milder nonionic surfactant that pri-
marily disrupts lipid membranes while preserving protein–protein interactions within the
ECM, leading to greater retention of soluble collagen. These trends were consistent with the
SDS-PAGE analysis of the samples. Notably, decellularization with higher concentrations of
SDS (0.5% and 1.0%) yielded scaffolds with more intact and cross-linked fibrillar collagen.
However, these samples also may retain fewer non-collagenous ECM proteins, which are
important contributors to osteogenesis.

3.2.7. Amino Acid Analysis

The amino acid composition of control and dEBM was analyzed to evaluate the effect
of decellularization treatments on protein integrity. Table 3 summarizes the amino acid
profiles across all conditions.

Table 3. Amino acid composition of control and dEBM samples treated with varying concentrations
of SDS and TX100.

Amino Acids Control 0.1% SDS 0.5% SDS 1.0% SDS 0.1% TX100 0.5% TX100 1.0% TX100

Alanine 9.72 9.69 10.09 10.53 9.50 9.94 9.88
Arginine 8.04 8.27 8.33 7.99 8.26 8.94 7.91

Asparagine a 3.34 4.09 4.00 3.50 3.73 3.80 3.58
Glutamic Acid b 11.01 12.34 12.12 11.51 12.42 12.58 11.86

Glycine 16.52 18.14 17.90 17.32 18.20 18.59 17.40
Histidine 1.43 0.99 1.01 0.35 0.93 1.01 1.11

Hydroxyproline 5.64 7.08 7.81 8.62 6.66 6.90 10.13
Isoleucine 2.13 2.56 2.52 2.32 2.45 2.50 2.48
Leucine 4.26 4.89 4.78 4.51 4.75 4.83 4.72
Lysine 5.42 6.34 6.88 7.08 5.58 6.66 6.96

Methionine 2.29 2.48 2.50 2.39 2.56 2.64 2.42
Phenylalanine 2.62 3.02 2.93 2.80 2.97 3.04 2.87

Proline 15.92 7.67 7.01 8.87 9.55 6.14 6.87
Serine 6.66 7.20 7.04 7.39 7.38 7.32 6.79

Tyrosine 0.71 0.76 0.69 0.63 0.64 0.70 0.74
Valine 4.28 4.50 4.38 4.19 4.40 4.42 4.30

a Represents the sum of aspartic acid and asparagine. b Represents the sum of glutamic acid and glutamine.

Glycine was the most abundant amino acid in both control and treated samples,
consistent with the high collagen content of bone. Collagen α-chains are predominantly
composed of repeating Gly–Pro–X motifs, explaining the high glycine levels. Alanine and
glutamic acid were also found in relatively high abundance across all samples.

Proline content markedly decreased in all decellularized samples compared to the
control. This reduction may be attributed to partial degradation or loss of structural ECM
proteins during the decellularization process. Proline plays a crucial role in maintaining the
secondary structure and thermal stability of the collagen triple helix [63]; thus, its reduction
may indicate a slight compromise in matrix structural integrity.

Negligible amounts of threonine were detected in both control and decellularized
samples, consistent with its low abundance in bone tissue. Cysteine and tryptophan were
excluded from the analysis due to their degradation during acid hydrolysis [64].

Hydroxyproline—a collagen-specific imino acid that stabilizes the triple helix—comprised
a larger fraction of the organic matrix as decellularizing-agent concentration increased [65].



Appl. Biosci. 2025, 4, 43 23 of 28

This pattern is consistent with the removal of non-collagenous ECM proteins, yielding
dEBM scaffolds enriched in fibrillar type I collagen.

Although most amino acids remained relatively stable, the observed decrease in
hydroxyproline, proline and histidine content suggest that detergent treatment may lead to
minor alterations in the ECM structure, particularly at higher concentrations.

3.2.8. Total Collagen Content Quantification

Beyond removing immunogenic cellular remnants, decellularization must preserve
Beyond eliminating immunogenic cellular remnants, decellularization must preserve the
scaffold’s osteoconductive cues. Among these, type I collagen is critical as it provides tensile
strength, supports osteoblast adhesion and mineral nucleation, and regulates fibrillogenesis.
It should therefore remain a major component of the decellularized extracellular bone
matrix (dEBM) [23,61].

Collagen from marine sources is hydrophilic, providing favorable cell attachment sites,
and has been widely applied in bone tissue engineering. It stimulates mesenchymal stem
cell differentiation toward osteoblasts, enhances osteoblast proliferation, and contributes to
the immunomodulatory environment of bone remodeling.

Figure 16 shows the collagen content of the samples, determined from hydroxyproline
analysis with replicates. Control samples contained 434.67 ± 36.48 µg/mg of collagen.
After demineralization and decellularization, the relative collagen fraction increased, most
notably in samples treated with 1.0% SDS, which reached 867.41 ± 41.92 µg/mg. This
increase reflects the relative enrichment of collagen due to the removal of other extracellular
matrix (ECM) constituents such as proteoglycans and non-collagenous proteins, rather
than an absolute increase in collagen content. The use of the studied decellularizing agents
above the concentration of 0.5% showed significant increase in fraction of the collagen in
the dEBM samples which aligns to the changes physico-chemical changes described above.

Figure 16. Total collagen concentrations of dEBM under varying conditions based on hydroxyproline
assay. All data are shown as mean ± standard deviation (n = 2); *, p < 0.05.

Marine-derived collagen has additional biological functions relevant to osteogenesis.
It can reduce inflammation, support chondrogenic differentiation (facilitating endochondral
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ossification), improve bone mineral density, and stimulate osteogenic activity and new
collagen synthesis [16,18,66].

Selecting an appropriate decellularization protocol is therefore critical for producing
high-quality ECM from alternative sources. The high collagen content obtained under the
studied conditions suggests favorable osteogenic potential. Nonetheless, further studies
are needed to evaluate biocompatibility and cytotoxicity, as this work primarily high-
lights the potential of tuna bones as a source of biomaterials for bone regeneration while
simultaneously providing a sustainable pathway for upcycling fish processing waste.

4. Conclusions
This study demonstrated the potential of tuna bones as a sustainable source of extra-

cellular matrix (ECM) through sequential demineralization and decellularization. Kinetic
analysis revealed that demineralization followed a second-order reaction between calcium
and hydrochloric acid, with residual calcium content reduced to negligible levels after 6 h,
as supported by thermogravimetric analysis and scanning electron microscopy. ATR–FTIR
analysis confirmed reductions in phosphate and carbonate bands and preservation of key
amide peaks, while differential scanning calorimetry indicated the successful removal of
bound water, supporting effective mineral extraction.

Decellularization using SDS and Triton X-100 significantly reduced cellular content,
as evidenced by H&E staining and dsDNA quantification. SDS-PAGE analysis confirmed
the retention of major collagen bands in samples treated with ≤0.5% detergent, indicating
preservation of ECM protein structure. Amino acid analysis further supported the structural
integrity of the matrix, with glycine, alanine, and glutamic acid remaining abundant across
all conditions.

Collectively, the results highlight the feasibility of producing structurally and biochem-
ically stable ECM from tuna bones. The resulting decellularized tuna bone matrix (dEBM)
holds promise for biomedical applications, including bone regeneration and wound healing,
due to its preserved structural, thermal, and mechanical properties.

Future studies should include ECM protein quantification, expanded histological
assessments, and in vivo biocompatibility tests to validate clinical potential. We did not
evaluate alkaline or oxidative post-treatments in this study. Although alkaline or oxidative
post-treatments were not evaluated here, subsequent work should systematically evaluate
post-HCl options (bleaching and sterilization) across concentration–time exposure and
washing regimes, benchmarking effects on ECM integrity, mechanical properties, and resid-
uals. In addition, future investigations should assess the biosafety of this alternative ECM
to ensure its suitability for biomedical applications. These findings establish a foundation
for the industrial-scale valorization of tuna processing waste into high-value biomaterials.
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