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Abstract: Inadvertent consumption of latent microplastics is a lethal challenge for developing crea-
tures in aquatic environments. There are compelling needs to classify which kinds of plastics are most
likely to be encountered by sea creatures and to develop mitigation strategies to reduce exposure.
We analyzed an ensemble of microplastic particle fragments isolated from sea turtle post-hatchlings
to identify their composition and other features and attributes. These microplastic particles were
likely consumed by post-hatchlings because of the adsorbed biofilm formation mimicking normal
food sources. Of the hundreds of particles that were collected, 30 were selected for analysis using
differential scanning calorimetry (DSC), Fourier transform infrared (FTIR) spectroscopy and density
assessment to identify them compared with other compositional libraries. These thermophysical
measurements were also compared with observational assessments via optical microscopy. Of the
particles tested, nearly all were polyolefins such as polyethylene and polypropylene. The melting
points of the extracted polymers were typically lower than for product grades of these resins, in-
dicative of some level of degradation. Spectral analysis by FTIR often showed absorption indicative
of new chemistries likely from both hydrolysis and biofilm growth observed on the surface that
was subsequently investigated through surface abrading. Separate assessments of density of these
particles were conducted and tended to reinforce identification via FTIR and DSC. The density results
can be misleading if additives, fillers or biofilms that form alter the particle density relative to those
of the neat resins. We suggest that since post-hatchlings commonly feed in the neritic or nearshore
environment, less dense polymers are more likely to convey, thereby threatening sea turtle hatchlings
who consume them inadvertently.
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1. Introduction

Latent plastics discarded into rivers, streams, lakes and oceans are not just eyesores but
can have profound physical and health impacts on reptiles and animals that coexist in these
aquatic ecosystems. There is growing concern towards macroplastics, which can degrade
and fractionate into smaller pieces through exposure to ultraviolet light, reactive enzymes
and general aging, which can result in particles that when eaten can obstruct digestive
organs of aquatic species, resulting in their general decline in nutritional health. It is also
possible that microplastics already present in the environment can be conveyed into estuar-
ies and streams through stormwater runoff as already formed microplastic particles [1–5].
Microplastics, if consumed and conveyed through the ecosystem from smaller organisms
up the food chain (i.e., biomagnification), can encounter humans in commercially acquired
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fish having consumed these plastic-filled organisms as feed fish [3,6–8]. These concerns
have been increased by the discovery of microplastics found in fish moving through the
commercial food market [5,7].

Closer to shore, microplastics are found in sediments conveyed through surf zone inter-
actions derived from the aquatic environment and runoff from terrestrial sources [2,9–12].
Several demographic assessments of collected microplastics from mammals, shellfish and
other aquatic species have been performed, comparing the particles from colorimetric,
size, shape, texture and compositional perspectives [1,7,13–15]. With polymers having
much lower densities than metals and ceramics, which are more likely to immediately
sink, aquatic microplastic exposure is more likely to be depth-dependent and polymer-
dependent. Lower density polyolefins such as polyethylene and polypropylene have
more comparable densities to water and are more likely to be buoyant and suspended in
aqueous reservoirs.

Aquatic vertebrate mortality is particularly important with endangered species, such
as several types of sea turtles found in Northeast Florida. Every sea turtle post-hatchling
that succumbs from ingesting microplastics is a casualty to subsequent breeding efforts
and thwarts other efforts to boost turtle prevalence to reduce their threat assessment as
endangered species [1,14,15]. Hence, we analyzed microplastic samples among groups
of particles that had been extracted from these endangered sea turtles [13] to assess what
they are likely consuming and identify other sample features that may support efforts to
address the microplastic exposure problem.

2. Materials and Methods
2.1. Field Samples

Samples of microplastics were received for analysis from the Sea Turtle Hospital at the
University of Florida Whitney Laboratory for Marine Bioscience. These specimens were
extracted from turtle post-hatchling gastrointestinal tracts during necropsies performed
in 2016 [13]. These post-hatchlings were stranded (washed ashore) in Northeast Florida.
Post-necropsy, samples were processed as described elsewhere [13]. Briefly, the specimens
were washed in a 10% H2O2 solution to remove any residual organic matter, using methods
adapted from sediment particle size distribution analysis [16]. Inorganic material was
then rinsed a minimum of three times with deionized water and specimens were then
filtered and evacuated to remove moisture before storage. Thirty of the larger and flatter
samples were selected and sent to the University of Michigan to characterize their structure
primarily by calorimetry and spectroscopy. Plastic specimens were received as treated, and
we did not observe the surfaces before the peroxide exposure. The only constraint on the
particle selection was that they were ideally flat and large enough for appropriate spectral
analysis. Samples were also used as prepared for pycnometry and optical microscopy.
Thus, very small microplastic samples were not amenable for analysis using all techniques.

2.2. Fourier Transform Infrared Spectroscopy in Reflectance Mode (FTIR)

Microplastics were first characterized by attenuated total reflectance Fourier transform
infrared spectroscopy (FTIR-ATR) (Jasco FT/IR 4100, Jasco, Inc, Easton, MD, USA) using a
1.0 cm−1 resolution within the frequency range of 4000–600 cm−1. FTIR is non-destructive
and allowed further characterization by calorimetry and pycnometry.

Of the collected samples, flat specimens with areas ranging between 1 and 4 mm2

were selected for analysis using FTIR reflectance measurements. Non-destructive FTIR
spectral measurements were taken initially on the as-received surfaces and again after
some modest sectioning to assess the composition of the bulk polymer below any adsorbed
biofilm. Particles were abraded by clamping the particle between tweezers and shaving the
surface with a straight blade. Samples were clamped to the surface of the ATR reflection
crystal before analysis. The clamp force was sufficient in some instances to fracture the
more brittle samples, but even post-fracture their composition was still analyzable. Survey
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spectra were plotted after performing a 25-point adjacent average smoothing routine and
annotating the peaks using OriginPro 2020b (Northampton, MA, USA).

2.3. Differential Scanning Calorimetry (DSC)

Since more common microplastics such as polyethylene (PE) and polypropylene (PP)
are semicrystalline, assessments of any potential melting transitions of these samples were
tracked using a Perkin Elmer Pyris 6 (Perkin Elmer Corporation, Waltham, MA, USA)
differential scanning calorimetry (DSC). Sample masses ranging from 3–8 mg were placed
into aluminum sample pans and were heated from room temperature to 300 ◦C, then
cooled to room temperature with a heating/cooling rate of 20 ◦C/min under a nitrogen
inert gas purge with a volumetric flow rate of 20–40 cm3/min. Raw data for the heat
flow as a function of both temperature and time allowed for determination of melting and
crystallization temperatures, as well as the corresponding temperatures of these transitions.
Post-processing and analysis was performed with the TA Instruments TRIOS package (TA
Instruments, New Castle, DE, USA).

2.4. Density Measurements: General Methodology

Density values were assessed using a fluid density assessment protocol adapted from
Gal et al. [17]. Selected plastic samples were placed in deionized water to assess their
overall buoyancy relative to water (0.997 g mL−1). Those with a density less than water
were assessed using a sink–float titration assay. Here, 3–4 samples were measured at a
time. Particles and flakes were immersed in pure methanol (0.792 g mL−1) in a graduated
cylinder, which sunk due to their comparatively higher density relative to the solvent.
Deionized water was added in 0.75 mL increments until a particle rose to a suspended
state in solution, indicating the fluid had attained an equivalent density to the suspended
particle (Figure 1). In the case of over-shooting the density—marked by the particle floating
at or just below the meniscus—adding more methanol can return the particle to the bottom
of the vessel (Figure 1).

Microplastics 2022, 1, FOR PEER REVIEW 3 
 

 

reflection crystal before analysis. The clamp force was sufficient in some instances to 
fracture the more brittle samples, but even post-fracture their composition was still 
analyzable. Survey spectra were plotted after performing a 25-point adjacent average 
smoothing routine and annotating the peaks using OriginPro 2020b (Northampton, MA, 
USA). 

2.3. Differential Scanning Calorimetry (DSC) 
Since more common microplastics such as polyethylene (PE) and polypropylene (PP) 

are semicrystalline, assessments of any potential melting transitions of these samples were 
tracked using a Perkin Elmer Pyris 6 (Perkin Elmer Corporation, Waltham, MA, USA) 
differential scanning calorimetry (DSC). Sample masses ranging from 3–8 mg were placed 
into aluminum sample pans and were heated from room temperature to 300 °C, then 
cooled to room temperature with a heating/cooling rate of 20 °C/min under a nitrogen 
inert gas purge with a volumetric flow rate of 20–40 cm3/min. Raw data for the heat flow 
as a function of both temperature and time allowed for determination of melting and 
crystallization temperatures, as well as the corresponding temperatures of these 
transitions. Post-processing and analysis was performed with the TA Instruments TRIOS 
package (TA Instruments, New Castle, DE, USA). 

2.4. Density Measurements: General Methodology 
Density values were assessed using a fluid density assessment protocol adapted from 

Gal et al. [17]. Selected plastic samples were placed in deionized water to assess their 
overall buoyancy relative to water (0.997 g mL−1). Those with a density less than water 
were assessed using a sink–float titration assay. Here, 3–4 samples were measured at a 
time. Particles and flakes were immersed in pure methanol (0.792 g mL−1) in a graduated 
cylinder, which sunk due to their comparatively higher density relative to the solvent. 
Deionized water was added in 0.75 mL increments until a particle rose to a suspended 
state in solution, indicating the fluid had attained an equivalent density to the suspended 
particle (Figure 1). In the case of over-shooting the density—marked by the particle 
floating at or just below the meniscus—adding more methanol can return the particle to 
the bottom of the vessel (Figure 1). 

The density of the solvent at the sink-float transition was collected and measured 
using a pycnometer (Thermo Fisher, Waltham, MA, USA). Solvent density values were 
determined using Equation (1), where Mpl is the mass of the pycnometer containing the 
equivalent-density liquid. Mpa is the mass of the pycnometer containing air (empty). Vp is 
the volume of the pycnometer and ρa is the density of air at room temperature (0.00192 g 
mL−1 at 23 °C). For specimens denser than water (0.997 g mL−1), the density was measured 
directly using the pycnometer when sufficiently large particles (>~2 mm3) were available. 
For direct measurement of particles, Equation (2) was used, where Mps is the mass of the 
pycnometer and sample, Mp is the mass of the empty pycnometer, Mpw is the mass of the 
pycnometer filled with deionized water, Mpws is the mass of the pycnometer filled with 
the sample and deionized water and ρw = 0.997 g mL−1 at 23 °C. 

 
Figure 1. Schematic of fluid density assessment by submersion in methanol–water solution.

The density of the solvent at the sink-float transition was collected and measured
using a pycnometer (Thermo Fisher, Waltham, MA, USA). Solvent density values were
determined using Equation (1), where Mpl is the mass of the pycnometer containing the
equivalent-density liquid. Mpa is the mass of the pycnometer containing air (empty).
Vp is the volume of the pycnometer and ρa is the density of air at room temperature
(0.00192 g mL−1 at 23 ◦C). For specimens denser than water (0.997 g mL−1), the density was
measured directly using the pycnometer when sufficiently large particles (>~2 mm3) were
available. For direct measurement of particles, Equation (2) was used, where Mps is the
mass of the pycnometer and sample, Mp is the mass of the empty pycnometer, Mpw is the
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mass of the pycnometer filled with deionized water, Mpws is the mass of the pycnometer
filled with the sample and deionized water and ρw = 0.997 g mL−1 at 23 ◦C.

ρl =
Mpl − Mpa

Vp
+ ρa (1)

ρs =
(Mps − Mp) ∗ ρw(

Mpw − Mp
)
−

(
Mpws − Mps

) (2)

3. Results

To ensure that the 30 samples assessed in this paper were representative of the larger
sample sets observed from previous necropsies, the selected samples were assessed using
the typical qualitative assessments applied in the literature [1,10,11,13–15,18,19] (Figure 2).
The form factor distribution of the 30 plastic pieces sub-sampled for characterization resem-
bled the larger dataset from the >2000 specimens collected from all post-hatchlings [13].
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Figure 2. Distributions of sample identities and form factors: (a) form factor distribution of the 30 plas-
tic pieces sub-sampled for characterization as part of this study [13]; (b) sample type distribution (PE,
PP or unknown) of the plastic pieces evaluated.

The samples that were large enough were first analyzed by non-destructive FTIR
followed by thermal characterization in the DSC (Supplementary Table S1). Separate
sample fragments were used for pycnometry.

The DSC and pycnometry measurements were representative of the bulk of each frag-
ment. Figure 3 shows example DSC thermogram plots during the heating for microplastic
PE and PP samples. Both fragments showed lower than expected melting temperatures.
Typical melting points for as-made PE and PP were ~140 and 165 ◦C, respectively. Both
microplastic thermograms featured an extended tail in their melting endotherms indicative
of smaller chain lengths [20]. These examples in Figure 3 were broadly representative of
the sample set (Supplementary Table S1).

The pycnometry results ranged from 0.88 to 1.008 g mL−1 (Supplementary Table S1)
and are shown in the box and whisker plots in Figure 4, fractionated by those most
likely to be PE and those most likely to PP, representing 28 of the 30 measured samples.
The resolved average densities were 0.970 g mL−1 for PE and 0.943 g mL−1 for PP and
the ranges encapsulated by the upper and lower quartiles of each were 0.955–0.984 and
0.918–0.970 g mL−1, respectively. The densities for both sets were higher than anticipated,
particularly for PP, with an expected density range in the order of 0.895–0.92 g mL−1 [21].
One plausible rationale is that suppliers often add fillers such as calcium carbonate, chalk
or some other valueless mass to decrease the material cost by improving the efficiency of
the resin usage.
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Figure 3. Example DSC endotherms of samples identified as PE and PP. The peak melting temperature
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The ATR-FTIR reflection measurements and absorbances indicative of the outermost
1 µm depth of the microplastic surface were also performed. The spectra also show other
spectral absorbances not commonly found in virgin resins masking the polymer absorption,
making polymer identification more challenging. Figure 5 shows a sample with observed
surface biofilm interference (Figure 5a) having been physically abraded down to the bulk of
the polymer (5b) and reanalyzed by FTIR. Analysis of the scraped surface yielded a much
cleaner spectrum, confirming the bulk polymer structure. After abrasion, the microplastic
spectrum clearly matched up with the spectrum of bulk PE [22].
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Figure 5. PE sheet sample reanalyzed with FTIR after having biofilm residue scraped from the surface.
This sample was identified as HDPE based on density assessments: (a) micrograph of surface as
extracted; (b) micrograph of surface after scraping biofilm (~1 mm below the surface) with a razor;
(c) corresponding FTIR spectra of the as-extracted and scraped samples compared alongside standard
PE pellets.

Markers of degradation might manifest themselves as strong carbonyl absorption
usually in the range of 1600–1800 cm−1. We noted some absorption in this range as well,
but could not definitively confirm polymer deterioration, as proteins in biofilms might
also show similar vibrational absorption. It is noted that most of the absorption in the
1600 range was absent following scraping, suggesting that most of this absorption was
likely from biofilms.

4. Discussion

Addressing the form factor assessment, the distribution of microplastic form fac-
tors agreed with the original much larger sample size of over 2000 plastic particles from
which the plastic specimens were selected [13]. The 30 sample forms we analyzed were
representative of the larger-scale data set from the ecosystem of the Northeast Florida
coast [13].

Nearly all samples extracted from the post-hatchlings (28 of 30 evaluated) were either
PE or PP, lighter density polymers that are more likely to float near the ocean surface or
at least in the neritic zone when consumed. High-buoyancy (low-density) litter is more
affected by Stokes driftClick or tap here to enter text. toward shores and beaches. Our
results support the assertion that hatchlings are more vulnerable to this lower density
plastic. In fact, the density values of all but one of the samples were below 1.025 g mL−1,
the average density of ocean water [23], suggesting that these particles likely exist at or near
the ocean surface or in the near-shore environment, where they are ultimately consumed. It
is possible that microplastic particles of other compositions exist and if they settle and are
found on the sea floor, they will be consumed by other species. Particles of higher density,
such as nylon or polyester, would settle quicker and be more likely be found settled into
deeper waters and not observed as prevalently in the surf zone.

Surface skimming polymers are more prone to biofilm growth, since algae exist in the
upper 60–90 m of ocean water [24] and are also susceptible to higher UV exposure [9,25].
Chain fracture events induced by UV could explain the observed peak broadening and
lower melting points of the extracted polymers that were evaluated. Our work corroborates
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the work by Longo et al., who reported lower melting points, often by as much as 10 ◦C
lower than the bulk polymers following UV exposure [26].

Lastly, the individual characterization measurements were tedious and required larger
samples for IR, DSC and density analysis. Many microplastic specimens, defined as 1 µm
to 5 mm [3], might not be large enough to use the tools applied here. The presented
techniques are most applicable with larger microplastics, but addressing the throughput
remains a hurdle for more efficient particle identification. Trends in current research suggest
a strong interest in developing faster and more efficient analysis techniques for handling
larger sets of microplastic samples [27–29], although the resolution for assessing small and
impure samples remains a difficulty. However, if there were ways to characterize smaller
samples or do real-time imaging, such as with Raman imaging, higher throughput might
be achievable. The same artifacts of biofilm formation we encountered might still require
countermeasures for accurate identification.

5. Conclusions

Thirty microplastic specimens collected from turtle post-hatchlings at necropsy were
analyzed using a range of techniques. Most of the samples analyzed were composed of
polypropylene (17%) and polyethylene (77%). Their low densities facilitate their conveyance
in the nearshore environment. There were some noted reductions in the melting points of
these fragments, confirming other research findings and consistent with some degree of
breakdown due to environmental exposure. There was also some biofilm growth noted
via FTIR, suggesting why post-hatchlings might mistake these microplastic particles for
food. The biofilms do not penetrate throughout the bulk of the particles and can be
mechanically abraded away, leading to more accurate polymer composition identification.
This observational study specifically considered the materials consumed by post-hatchlings.
Reducing the load of microplastic waste in general and making microplastic surfaces
less receptive to fragmentation and biofilm formation can help reduce the risk of lethal
consumption of these fragments by vulnerable post-hatchlings and other aquatic life.

Supplementary Materials: The following supporting information can be downloaded at: https://www.
mdpi.com/article/10.3390/microplastics1020018/s1, Table S1: Summary of key sample characteriza-
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