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Abstract


The rapid evolution of CRISPR/Cas technology has transformed genome editing across biological systems in which zebrafish have emerged as a powerful vertebrate model for functional genomics and disease research. Due to its transparency, genetic similarity to humans, and suitability for large-scale screening, zebrafish is an appropriate system for translating molecular discoveries into biomedical and environmental applications. Thereby, this review highlights the recent progress in zebrafish gene editing, targeting innovations in ribonucleoprotein delivery, PAM-flexible Cas variants, and precision editors. These approaches have greatly improved editing accuracy, reduced mosaicism, and enabled efficient F0 phenotyping. In the near future, automated microinjections, optimized guide RNA design, and multi-omics validation pipelines are expected to enhance reproducibility and scalability. Although recent innovations such as ribonucleoprotein delivery, PAM-flexible Cas variants, and precision editors have expanded the zebrafish genome-editing toolkit, their benefits are often incremental and context-dependent. Mosaicism, allele complexity, and variable germline transmission remain common, particularly in F0 embryos. Precision editors enable defined nucleotide changes but typically exhibit modest efficiencies and locus-specific constraints in zebrafish. Consequently, rigorous validation, standardized workflows, and careful interpretation of F0 phenotypes remain essential. This review critically examines both the capabilities and limitations of current zebrafish gene-editing technologies, emphasizing experimental trade-offs, reproducibility challenges, and realistic use cases.
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Key Contribution: Zebrafish is a powerful model for functional genomics and disease modeling. ZFNs and TALENs enabled targeted mutagenesis in zebrafish but were hindered by complexity and off-target effects. The advent of CRISPR-Cas9 transformed zebrafish genetics through its simplicity, precision, and high efficiency. Mutagenesis in zebrafish is relatively inefficient and results in somatic mosaicism. Emerging base and prime editing now allow precise, break-free nucleotide modifications, advancing zebrafish genome engineering.










1. Introduction


Zebrafish (Danio rerio) is a widely used vertebrate model for functional genomics because it combines rapid external development, optical transparency, and genetic tractability with relatively low experimental costs [1]. Rather than reiterating its historical adoption, the relevance of zebrafish to genome editing lies in how its biological features directly shape experimental outcomes, particularly for CRISPR-based technologies. In the 1990s, an ample number of mutant phenotypes were generated through a highly efficient N-ethyl-N-nitrosourea (ENU) mutagenesis; the first time such a large-scale genetic screening had been performed in vertebrates [2]. Since then, the community of zebrafish has kept growing to such an extent that over 300 laboratories are now using this model in the field of genetics, development, toxicology, pharmacology, disease modeling, neuroscience, cancer research, cardiovascular biology, behavioral studies, regenerative medicine, and drug discovery [3]. These features include early embryonic cleavage dynamics, frequent reliance on F0 phenotyping, a teleost-specific whole-genome duplication, and a pronounced capacity for genetic compensation. Genetic compensation refers to a transcriptional adaptation whereby deleterious mutations trigger the upregulation of related genes, often masking expected loss-of-function phenotypes in stable mutants [4].



From a genome-editing perspective, zebrafish embryos are uniquely accessible to microinjection at the one-cell stage, enabling the rapid delivery of nucleases, ribonucleoproteins, or donor templates. This accessibility supports high-throughput mutagenesis and screening but also contributes to somatic and germline mosaicism, which complicates genotype–phenotype interpretation [5]. Reported editing efficiencies, off-target rates, and germline transmission frequencies vary widely across studies and are highly dependent on the experimental context, including delivery format (RNP vs. mRNA), guide design tools, target locus, and the sensitivity of detection methods used. Consequently, quantitative values reported in the literature should not be interpreted as universal benchmarks but as protocol- and locus-specific outcomes. A biological factor often underappreciated in zebrafish gene-editing studies is genetic compensation, which has been repeatedly documented and linked to discrepancies between transient knockdown approaches and stable knockouts. This phenomenon is particularly relevant because of the zebrafish’s teleost-specific whole-genome duplication, which produces many paralogous gene pairs with overlapping or context-dependent functions, meaning that single-gene knockouts may yield weak or absent phenotypes unless paralogs are co-targeted.



The long-standing morpholino versus CRISPR controversy further illustrates the importance of critical interpretation. Morpholino-based knockdowns often produce strong and reproducible early phenotypes, yet many of these fail to recapitulate in CRISPR-generated mutants, largely due to genetic compensation, off-target toxicity, or dosage effects [6,7,8]. While CRISPR-based mutagenesis offers heritable and sequence-defined alleles, it is not immune to artifacts, including mosaicism, large on-target rearrangements, and incomplete functional loss in early development. As a result, neither approach can be considered universally superior; instead, their limitations necessitate complementary use and rigorous validation. Thus, the value of zebrafish as a genome-editing model does not stem from uniformly high efficiency or reproducibility, but from its suitability for iterative experimental design, in which rapid screening, stable line validation, and multi-level phenotypic analysis are combined [9,10,11,12,13]. This review focuses not on cataloguing gene-editing tools but on critically examining how zebrafish-specific biological constraints—mosaicism, genetic compensation, and gene duplication—interact with CRISPR, base editing, and prime editing technologies to shape experimental reliability and interpretability [14].



In terms of gene editing, the zebrafish model also has some disadvantages. For example, mutagenesis in zebrafish is relatively inefficient and results in somatic mosaicism. Specifically, adult zebrafish are mosaic in their germ cells and 26% of their offspring carry an off-target mutation and 9% carry structural variants, raising concerns about unintended genetic alterations that can be transmitted to subsequent generations [7]. An average germline transmission rate of 28% indicates that a significant portion of edited embryos may not contribute to heritable genetic modifications, requiring larger breeding efforts and extended timelines to establish stable knockout lines [15]. As a result, these genetic limitations require rigorous experimental design, comprehensive validation strategies, and complementary approaches; yet, zebrafish is a powerful vertebrate model for genome editing research until such time.



While zebrafish gene editing has been reviewed extensively, much of the literature still tends to treat technologies as a linear historical progression (ZFNs → TALENs → CRISPR) or as separate “tool categories” without explicitly linking them to the constraints that dominate zebrafish experiments [16]. In practice, zebrafish editing outcomes are disproportionately shaped by embryo-stage timing, rapid early cleavage cycles, mosaicism in somatic and germline compartments, and the frequent reliance on F0 phenotyping rather than multi-generation line establishment. These realities create a recurring design problem: investigators must select an editing strategy that balances speed (F0 readouts), precision (variant-level edits), scalability (throughput and automation), and confidence (validation burden and artifact control). Therefore, beyond compiling available systems, this review synthesizes gene-editing technologies through a zebrafish-centered framework as follows: (i) DSB-based nucleases optimized for robust knockout and screening; (ii) precision editors (base and prime editors) for allele-specific modeling; and (iii) delivery and validation pipelines that reduce mosaicism, minimize unintended structural outcomes, and improve reproducibility. A critical appraisal is increasingly necessary because “successful editing” in zebrafish can mask important failure modes. First, phenotypes observed in crispants may reflect heterogeneous allele mixtures, genetic compensation, or unintended edits rather than the intended genotype. Second, both on-target and off-target outcomes can include larger structural variants, complex indels, or unintended donor integrations that are not captured by simple short-amplicon genotyping. Third, efficiencies reported across studies often depend strongly on delivery format (RNP vs. mRNA/plasmid), reagent stability, embryo handling, and locus-specific repair behavior. Consequently, a practical review must not only describe platforms but also discuss trade-offs, validation standards, and decision points that determine whether an approach is appropriate for F0 screening, stable line generation, or precise disease-variant modeling.



The present review aims to add value in three specific ways. First, rather than presenting gene-editing systems as a catalog, we synthesize them through a zebrafish-centered framework that links experimental constraints (mosaicism, embryo-stage timing, and validation burden) to technology selection (nuclease vs. base vs. prime editing; RNP vs. mRNA/plasmid delivery; PAM-flexible and high-fidelity variants) and to the practical decision of F0 phenotyping versus stable line generation. Second, we emphasize recent enabling developments, particularly pre-assembled RNP delivery, PAM-flexible Cas variants, and precision editors, as a convergent set of solutions that increasingly make robust F0 studies feasible while improving specificity and interpretability. Third, we extend beyond molecular tools to discuss reproducibility infrastructure (automation, microinjection standardization, microfluidics, and multi-omics validation pipelines) that is actively changing what is scalable and repeatable across laboratories. Collectively, these elements position the manuscript as a critical, design-oriented resource for selecting, implementing, and validating zebrafish gene-editing strategies.




2. Evolution of Gene Editing Technologies in Zebrafish


	A.

	
Early Genome Editing Tools: ZFNs and TALENs







Zinc finger nucleases (ZFNs) [17] were the first programmable nucleases successfully applied in zebrafish and played a foundational role in establishing targeted genome editing in vertebrate models. Conceptually, ZFNs introduced the key principle of coupling a customizable DNA-binding module to a non-specific nuclease domain to induce site-specific double-strand breaks. This framework was later refined by transcription activator-like effector nucleases (TALENs), which improved target predictability through modular, one-to-one DNA recognition. Despite their historical importance, both ZFNs and TALENs are now largely obsolete in zebrafish genome editing (Figure 1). Their practical limitations include labor-intensive protein engineering, context-dependent target specificity, variable off-target activity, and limited scalability for multiplex or high-throughput applications. In addition, dependence on the FokI nuclease dimerization and reduced activity on methylated DNA further constrained their efficiency and reproducibility. As a result, these platforms primarily serve as conceptual predecessors that paved the way for RNA-guided CRISPR systems, which overcome many of these constraints through simplified design, greater flexibility, and improved experimental throughput [11].



	B.

	
CRISPR-Cas9: A Revolution in Precision Genome Editing







Despite the gene editing potential of traditional tools, including ZFNs and TALENs in zebrafish, the CRISPR-Cas (clustered regularly interspaced short palindromic repeats-CRISPR associated systems) system replaced them in 2012 when it was discovered as a bacterial defense mechanism against foreign nucleic acids (Figure 1). Soon, it became the most inevitably efficient gene knockout system in zebrafish and other model organisms due to its ease and simplicity of design/assembly, cost-effectiveness, reduced probability of generating off-targets, and increased efficiency of generating mutant generations [18]. In this method, CRISPR-associated system 9 or Cas9 is widely used as a nuclease to cleave the targeting sequence once the complex of CRISPR RNA (crRNA), trans-activating crRNA (tracrRNA), Cas9, and DNA is formed. Further improvements were later made to this system and thus a single guide RNA (sgRNA) was formed derived by the fusion of crRNA and tracrRNA. sgRNA has two main parts: a 20-nucleotide sequence at its 5′ end that is complementary to the target DNA and a Cas9-interaction interface at its 3′ end derived from the tracrRNA [19]. The purpose is to easily customize the sgRNA by replacing the 20-nucleotide targeting sequence with the sequence of interest. Once the customized sgRNA is transcribed, it binds to its complementary site in the genome and guides Cas9 to that specific location for cleavage. In early 2013, Hwang and Fu [16] firstly altered >80% of tested sites in zebrafish embryos using an engineered Cas9 mRNA and customizable ~100-nt sgRNAs. Targeted indels were successfully induced at the fh gene, and, among ten sgRNAs, eight achieved high mutation frequencies (24.1–59.4%), including in gsk3b and drd3 genes that were previously resistant to TALENs. Recently, a stable knockout line of zebrafish was established when Yin and Zhang [20] designed 3–5 sgRNA targets against the first exon of the ehd3 gene and used CRISPR/Cas9, which subsequently induced a 4-bp frameshift indel in 13 of 15 F0 fish (86.6%) and caused efficient premature termination. In another study, a 13-bp insertion was introduced in targeted exon 4 using CRISPR-Cas9, and fech knockout zebrafish (fech−/−) was generated, which produced a premature stop codon and truncated key protein domains, including the [2Fe-2S] binding motif [21]. The whole editing system was further modified specific to zebrafish when Ye and Lin [22] constructed a zebrafish U6 promoter-driven sgRNA (ZFU6-tyr) and co-injected it with Cas9 mRNA into embryos, which generated at least five tyr gene mutation types. They further built an all-in-one vector (ZFU6-LentiCRISPRV2) and confirmed its ability to induce ctgfa gene mutations in PAC2 cells. However, the sgRNA design requires that the target DNA must contain a three-nucleotide protospacer adjacent motif (PAM) sequence immediately downstream of the target region [23]. The most used Cas9 from Streptococcus pyogenes recognizes NGG and NAG as the PAM sequence. Since the typical target sites follow a N21-GG pattern, Cas9 cuts the DNA just upstream of the PAM sequence and generates DSBs [24]. However, Liu and Liang [25] also achieved efficient gene edits with ScCas9 in zebrafish at relaxed NNG PAM sites, showing strongest activity at NAG (up to 95.8%), moderate at NCG (up to 76.2%), and limited at NTG (50%). The chemically modified duplex guide RNAs (mdgRNPs) having 2′-O-methyl and 3′ phosphorothioate at both ends improved the editing efficiency up to 88.9% over unmodified guides. Similarly, when CRISPR-Cas9 was modified with sgRNAs containing extended PAM sequences, the in vitro and in vivo efficiency of genome editing was enhanced by 88.33% in sox9a and akirin2 genes compared with 72.87% with unmodified sgRNAs, and enabled efficient germline transmission with frequent bi-allelic edits [26]. The off-target mutations in zebrafish were reduced by combining CRISPR-Cas9 and low-temperature (LT) treatment while targeting the ywhaqa gene and its seven potential off-target sites. As a result, specificity of the editing system was enhanced where on-target mutagenesis of ywhaqa remained nearly 100% [27]. Like ZFNs and TALENs, CRISPR-Cas9 also takes advantage of the intrinsic cellular mechanisms to repair DSBs for both gene knockout (via NHEJ) and precise gene insertion (HDR).



	i.

	
NHEJ (non-homologous end joining) is the predominant repair pathway in mammalian cells active during G1 and early S phases. It involves several key proteins including the Ku70/Ku80 heterodimer, which rapidly binds to the broken DNA ends and protects them from degradation. A DNA-dependent protein kinase catalytic subunit (DNA-PKcs) is then recruited to form the DNA-PK holoenzyme complex [28]. DNA ligase IV along with its cofactors XRCC4 and XLF (NHEJ1) then ligates the processed ends together. Because NHEJ does not require extensive homology between the broken ends, it frequently introduces small insertions or deletions (indels) of 1–50 base pairs at the repair junction. These indels subsequently disrupt the reading frame of protein-coding genes and create frameshift mutations that result in premature stop codons and gene knockout [29,30]. Carrara and Gaillard [31] investigated CRISPR/Cas9-induced DSB repair through the cNHEJ pathway in zebrafish embryos by generating lig4 mutants and found higher mutation frequency at most sites (over 95%). However, the typical 1-nucleotide insertions/deletions of cNHEJ largely remained preserved, indicating that Lig4 loss only mildly affected DSB repair at a few loci.




	ii.

	
HDR (homology-directed repair) is less frequent than NHEJ but provides high-fidelity repair. This pathway is most active during S and G2 phases when sister chromatids are available as homologous templates. HDR begins with 5′ to 3′ resection of the broken DNA ends by nucleases, including the MRN complex (MRE11-RAD50-NBS1) and CtIP, which create single-strand DNA overhangs [32]. These overhangs are coated by RAD51 recombinase with the help of BRCA2 and other mediator proteins to form nucleoprotein filaments that search for homologous DNA sequences. When a homologous template is found, strand invasion occurs, followed by DNA synthesis to fill gaps and resolution of recombination intermediates [33]. In CRISPR applications, HDR can be provided with an exogenous donor template containing desired sequences flanked by homology arms matching the target locus to enable precise gene editing, knock-ins, or sequence corrections [34]. For instance, Oikemus and Hu [35] found that the use of homology-matched HDR templates significantly improved precise knock-in efficiency up to a five-fold increase and enabled robust germline transmission (>20% of founders) in CRISPR-mediated zebrafish knock-ins. Similarly, Krueger and Morris [36] used CRISPR-Cas9 to target the 5′UTR of zebrafish sox11a and insert an MYC epitope via five different HDR donor templates. Only two donors (Donor A and Donor E) achieved perfect integration, with 88% on-target HDR and over 50% germline transmission without any significant off-target HDR events.







However, the precise optimization of donor templates and repair pathways that is required to achieve highly efficient and precise knock-ins is what limits the potential of the whole editing system.



Although NHEJ and HDR are often described mechanistically, their practical applicability in zebrafish differs substantially. NHEJ predominates in early embryos and is highly efficient but inherently variable, frequently generating mosaic and heterogeneous alleles. In contrast, HDR occurs at low and inconsistent frequencies during early zebrafish development, largely due to rapid cell cycling, limited availability of homologous templates, and competition with NHEJ. Consequently, routine HDR-mediated knock-ins remain unreliable outside highly optimized experimental settings, and many reported successes require extensive screening, large sample sizes, or specialized donor designs. These constraints are often underrepresented in the literature, contributing to unrealistic expectations regarding precision editing in zebrafish.



	C.

	
Advanced CRISPR-based Technologies







Off-target DSB formations, undesired indels, and reliance largely on error-prone NHEJ repair make CRISPR difficult to achieve precise editing outcomes. However, DNA-base editing mediated by CRISPR-Cas9 is evolving to bypass these challenges, where base editors induce direct chemical conversion of one base to another, while prime editors can insert, delete, or replace sequences up to several dozen base pairs through a reverse transcription mechanism without creating DSBs.



From “cut-and-repair” to programmable outcomes: a zebrafish decision framework.



CRISPR technologies can be most useful compared with the type of genomic outcome they program and the experimental burdens they impose on zebrafish. Base nucleases are generally the fastest route to loss-of-function alleles and remain dominant for high-throughput F0 screens, but they also amplify zebrafish-specific challenges: allele heterogeneity, mosaicism, and complex repair products. By contrast, base editors and prime editors shift the goal from “cut-and-repair” to “programmable outcomes”, enabling variant-level disease modeling and functional annotation of single-nucleotide changes. However, in zebrafish embryos, these precision systems often trade speed and simplicity for additional optimization needs (editor choice, pegRNA architecture, editing window constraints, and locus dependence) and a heavier requirement for sequencing-based validation. Accordingly, an effective zebrafish strategy is not defined by using the “newest” editor but by matching modality to question type: (i) nuclease knockout is typically preferred for rapid pathway discovery, epistasis testing, and phenotype-first screens, particularly when combined with RNP delivery and strong founder screening; (ii) base editing is best aligned with modeling pathogenic transitions or creating defined allelic series when a single substitution is sufficient and bystander edits can be controlled; and (iii) prime editing is conceptually the most versatile for short insertions/deletions and multi-base substitutions, but currently requires careful pegRNA optimization and realistic expectations about embryo-stage efficiencies. This review therefore emphasizes not only what each technology can perform, but also what it reliably performs in zebrafish, what failure modes are most common, and which validation steps are essential for interpretation [37,38]. While ribonucleoprotein delivery and an optimized guide design can reduce delayed nuclease activity and thereby limit mosaicism, substantial mosaic outcomes remain common in zebrafish embryos. Reported reductions in mosaicism are typically relative, not absolute, and often vary by locus, reagent concentration, and injection timing. Similarly, base and prime editors improve nucleotide-level precision by avoiding double-strand breaks, but in zebrafish their editing efficiencies frequently remain below those observed in mammalian cell culture and exhibit strong locus dependence. Bystander edits, incomplete editing, and variable germline transmission continue to constrain their routine application for precise disease modeling.



	
Base Editing (BE)






Base editing utilizes a catalytically impaired Cas9 protein (dCas9 or nickase Cas9) fused to a cytidine or adenine deaminase enzyme to achieve precise single nucleotide changes. In cytosine base editing (CBE) (Figure 2), the most common system uses APOBEC (apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like) or AID (activation-induced cytidine deaminase) family enzymes fused to Cas9 nickase (Cas9n), which retains nuclease activity in only one domain [39]. The sgRNA guides this fusion protein to the target locus where the deaminase converts cytosine bases to uracil within a specific editing window, typically positions 4–8 upstream of the PAM sequence. The uracil/guanine mismatch is recognized by uracil DNA glycosylase (UNG), which removes the uracil base and thus creates an abasic site [40]. zevoCDA1-BE4max, an optimized cytosine base editor, edits cytosines across all sequence contexts (TC, AC, CC, GC) at 21 sites in 20 zebrafish genes following the main editing window at 1–9 positions from the PAM-distal end, while the truncated zevoCDA1-198 narrows the editing window (1–5) and cut off-targets to 0.04–6.04% [41]. The base excision repair (BER) pathway subsequently fills this gap, and, during DNA replication or repair synthesis, the uracil is read as thymine, resulting in a permanent C-to-T transition mutation. Zhong and Hu [42] utilized CRISPR-based zhyA3A-CBE5 as a cytosine base editor in zebrafish and found higher C-to-T conversion efficiencies (18.9% to 62.3%) across 12 target genes within the canonical window (C3–C11). This optimized base editing generated low indel rates (3%), showed clear motif preferences (mainly TC and CC) and preserved high specificity with negligible off-target substitutions. To prevent the uracil from being reverted back to cytosine, some base editors include a uracil glycosylase inhibitor (UGI) protein to block UNG activity [43]. Cas9 nickase creates a single-strand break in the non-edited strand to bias repair toward incorporating the edited base rather than the original base. Adenine base editors work similarly but use engineered adenine deaminases (such as TadA variants) to convert adenine to inosine, which is read as guanine during replication, resulting in A-to-G transitions [44]. The editing window, efficiency, and specificity can be modulated by choosing different deaminase enzymes, Cas9 variants, and sgRNA designs. For instance, Qin and Lin [45] achieved the highest C-to-T editing efficiency up to 79.12% at target loci with TadCBE in zebrafish. Its PAM-flexible variant, zTadCBE-SpRY, further expanded the target scope and maintained reliable germline transmission (60%) efficiency. In combination with BE4max, TadA-derived CBEs achieved consistently high editing efficiencies up to 99.33% at GC sites and 84.33% at CC sites in 22 out of 25 zebrafish loci [46]. Despite this, multi-generation phenotypic assessments remain insufficiently addressed as standardized in vivo safety benchmarks, and functional validation is essential before considering translational or clinical use.



	2.

	
Prime Editing (PE)







Prime editing also takes advantage of a modified Cas9 enzyme called prime editor (PE) (Figure 2), which consists of a catalytically impaired Cas9 nickase (typically H840A mutant) fused to an engineered reverse transcriptase domain derived from the Moloney murine leukemia virus (M-MLV) RT. When five PEs from PE2, PE6b, PE6c, PEmax, to PE7 were compared in terms of introducing pure edits in zebrafish, PEmax achieved the highest efficiency up to 15.34% across four of five tested missense mutation sites [47]. However, nickase-based PE2 in another study achieved higher efficiency in precise nucleotide substitutions in the crbn zebrafish gene. For insertions, PEn with pegRNA demonstrated 10.3% efficiency for a 3 bp stop codon in ror2, 27.3% efficiency for a 3 bp insertion in adgrf3b and 8.5% efficiency for a 30 bp nuclear localization signal insertion into a reporter transgene [48]. The pegRNA consists of the standard 20-nucleotide spacer sequence for target recognition, a scaffold region for Cas9 binding, and a 3′ extension that includes a primer binding site (PBS) and a reverse transcription template (RTT) [49]. It has been found that pegRNA refolding and RTT mutations improved prime editing efficiency in zebrafish by 24.7-fold for substitutions, 4.6-fold for insertions, and 6.7-fold with RTT changes [50]. The pegRNA directs the PE complex to the target genomic site through standard Watson–Crick base pairing of the spacer sequence with the target DNA. Table 1 below shows the further comparison of base and prime editing in zebrafish, highlighting not only reported efficiencies but also key limitations, reproducibility constraints, and practical feasibility. Upon binding, the Cas9 nickase domain creates a single-strand break (nick) in the non-target strand, specifically cutting three base pairs upstream of the PAM sequence [51]. When CRISPR-based PE7 was combined with La-accessible pegRNAs, Qin and Lin [52] achieved the highest prime editing efficiency in zebrafish at cacng2b (2.75-fold over PE2), and precise indels of 13.18% insertions and 16.6% deletions. The free 3′-hydroxyl group generated by this nick serves as a primer for the reverse transcriptase domain. The RTT region of the pegRNA, which contains the desired edit flanked by sequences homologous to the target site, then hybridizes to the nicked DNA strand through the PBS region (typically 10–13 nucleotides long) [53]. The reverse transcriptase then synthesizes a new DNA strand using the RTT as a guide and incorporates the desired nucleotide changes, insertions, or deletions directly into the genomic DNA. This process creates a heteroduplex structure with one edited strand and one unedited strand. The cellular mismatch repair and replication mechanisms resolve the heteroduplex to produce the final edited product [54]. Petri and Zhang [55] investigated CRISPR-based prime editing in zebrafish and achieved precise prime edit rates up to 4.01% for point mutations, 33.61% for deletions, and 18.00% for insertions, along with a significant germline transmission potential. This continuous innovation reflects a clear trajectory towards achieving higher precision, reduced unintended consequences, and, ultimately, more accurate and reliable genetic manipulation for both fundamental research and therapeutic applications.




3. Methodologies and Experimental Workflow


The successful application of gene editing in zebrafish involves a thorough experimental workflow including the precise designing of editing components, efficient delivery into embryos, and rigorous post-editing procedures for accurate screening and characterization.



	A.

	
Design of Gene Editing Components







	
gRNA Design Principles






gRNA design is frequently presented as a deterministic step governed by computational scoring; however, in silico predictions show only partial agreement with in vivo performance, particularly in teleost genomes. Most gRNA design algorithms are trained on mammalian datasets and assume chromatin accessibility, repair kinetics, and transcriptional contexts that may not fully apply to zebrafish embryos. As a result, guides ranked highly by one algorithm may perform poorly in vivo, while low-scoring guides may yield robust mutagenesis. Discrepancies among prediction tools are common, as different algorithms weight GC content, PAM proximity, mismatch tolerance, and thermodynamic features differently. Importantly, no single tool reliably predicts both cutting efficiency and phenotypic penetrance, and agreement between tools does not guarantee biological relevance. Moreover, computational models do not account for the developmental timing of Cas activity, mosaicism, or locus-specific DNA repair biases, all of which strongly influence mutational outcomes in zebrafish. From a practical perspective, gRNA selection should therefore prioritize empirical robustness rather than maximally predicted scores. Conservative off-target filtering, the use of multiple independent gRNAs per locus, and early validation of mutagenesis efficiency in vivo are more reliable than reliance on a single prediction algorithm. For genes arising from post-teleost genome duplication, paralog compensation further complicates interpretation and often necessitates multiplex targeting strategies.



Successful CRISPR-based gene editing requires a carefully designed gRNA due to its role in determining the precise genomic location for Cas protein to ensure target cleavage. A highly precise and targeted gRNA design is also important to enhance editing efficiency and reduces dangerous off-target effects [58]. In terms of a manual gRNA design, the target sequence must be immediately upstream of a PAM to facilitate the binding and cleavage of Cas protein. It has been established that SpCas9 is highly efficient at NGG PAMs but largely remains inactive at non-NGG sites. However, Vicencio and Sánchez-Bolaños [59] broadens this editing scope by engineering variants SpG and SpRY. In zebrafish embryos, SpG achieved high activity at 6/15 NGH targets and SpRY edited 3/8 NAN targets, with an efficiency of 91.5% and 68.55, respectively, showing that placing the target sequence immediately upstream of respective PAMs is critical. The gRNA should be 20 nucleotides long and should ideally have 40–60% GC content for optimal binding specificity and cutting efficiency [60]. Liu and Yang [61] showed that Cas9-mediated DNA cleavage with the canonical 20-nt sgRNA achieved the highest efficiency up to 25% and the fastest in vitro cleavage. In contrast, sgRNAs having 21-nt, 22-nt, 23-nt, and 17-nt showed compromised editing with 16.8%, 13.39%, 13%, and 4.5% efficiencies, respectively. A sequence of four or more identical nucleotides, particularly poly-T stretches, should be avoided. A modified gRNA scaffold showed maximum editing efficiency and prevented premature Pol III transcription termination when its 4T sequences were replaced with 3TC, especially under limited vector conditions and across Cas9 variants (SpCas9, SaCas9, ABEmax) [62]. For gene knockout applications, early exons or critical functional domains should be targeted to ensure loss of protein function. Similarly, targeting specific sequences that encode the N-terminus or first half of functional protein domains produces more robust phenotypes and higher penetrance compared with C-terminal regions [63]. Optimized gRNAs directed at the first half of the functional protein domains produced over 80% strong phenotype penetrance in F0 zebrafish knockouts, whereas targeting C-terminal regions exhibited highly variable penetrance [64].



Various computational tools have also simplified the process of designing gRNAs to achieve precise edits and predict off-targets. Schmidt and Zhang [65] presented GuideScan2 as a genome-wide gRNA design tool that reduces confounding low-specificity gRNAs in CRISPRko/CRISPRi screens and allows allele-specific targeting while also supporting different gRNA lengths, PAMs, and bulges. Ideally, an optimal gRNA design requires balanced on-target efficiency and minimal off-target effects that CRISPRon and CRISPRoff provide. For instance, CRISPRon selects gRNAs based on cleavage efficiency and target regions while CRISPRoff evaluates off-target potential with a specificity score (CRISPRspec) to recommend target regions for knockout, activation, or repression [66]. Moreover, Poudel and Rodriguez [67] employed GuideMaker as a gRNA design tool, which rapidly identifies potential targets and applies stringent filtering to ensure specificity. Across multiple organisms, it generates guides with an average efficiency of 96.8% sequence identity. Various computational tools are effective in improving gRNA design and enhancing editing efficiency despite sequence complexity. According to Develtere and Waegneer [68], gRNAs designed by SMAP design achieved maximum retention across 11 genomes without any notable off-target activity. SMAP design also ranks candidates by efficiency and specificity scores, which further simplifies the selection of the most functional gRNA. Recently, tools like PathoGD, CRISPRware, CRIBAR, and Crackling Cloud have also been introduced to precisely design gRNAs to ultimately induce targeted edits. Besides the gRNA design, the on-target editing efficiency of a gRNA can also be predicted computationally. CRISPR-OTE predicted gRNA efficiency on the basis of DNA sequence patterns and physicochemical features (melting temperature, gRNA secondary structures), with a consistent efficiency gain of 3–4% over existing deep learning tools [69]. Beyond gRNA designs, gRNA concentration and the use of synthetic gRNAs over in vitro transcribed gRNAs or chemically modified gRNAs are critical for optimizing the CRISPR-mediated editing efficiency in zebrafish [70].



	2.

	
Plasmid Construction and mRNA Synthesis







After designing and constructing CRISPR components, the synthesis of expression vectors or in vitro mRNA is required to deliver the editing components into zebrafish embryos. Plasmid vectors are versatile tools that serve such editing applications from DSB generation, homology-directed repair to nicking, prime editing, base editing, and transcriptional regulation [71]. The two primary methods are preferred for the expression of target-specific gRNAs, which involve in vitro transcription (IVT) from DNA templates: cloning the target sequence into a vector having a T7 or SP6 promoter along with the constant 3′ region of the gRNA or using fill-in PCR to generate a template directly from oligonucleotides. The fill-in PCR method requires a 52-nucleotide forward oligonucleotide with a T7 promoter sequence, the 20-nucleotide target-specific spacer sequence, a 15-nucleotide tail for annealing, and an 80-nucleotide reverse primer that adds the gRNA invariable 3′ end to generate a 117 bp PCR product suitable for IVT [72]. The mMESSAGE mMACHINE T7 transcription kit is widely in use for in vitro transcription to synthesize both Cas9 mRNA from linearized plasmid DNA and gRNA from PCR-generated templates [73]. For gRNA expression vectors, Barrientos, Shoppell [74] designed a pT7-gRNA plasmid to drive the expression of the gRNA scaffold and allow simple cloning of different target sequences to be injected in zebrafish embryos. Similarly, Martin-Valiente and Du [75] synthesized zebrafish codon-optimized Cas9 constructs like pT3TS-zCas9 for mRNA synthesis, in which nuclear localization signals (NLS) were included to direct the Cas9 protein to the nucleus in eukaryotic cells. Researchers have also largely suggested modified methods of constructing gRNA expression vectors to improve the efficiency of CRISPR-mediated editing. For instance, Carpenter and Law [76] engineered an optimized gRNA expression vector, pLentiCRISPR1000, having a modified gRNA sequence to prevent premature termination and incorporating loxP sites for the Cre-mediated removal of Cas9/gRNA cassettes. As a result, the system facilitated the efficient cloning of target gRNAs and achieved precise deletion of large regions such as the 29.5 kbp A3B locus and produced near 100% knockout efficiency for MSH2. Moreover, Breunig and Durovic [77] presented the STAgR method for the one-step synthesis of multiplex gRNA expression vectors, with up to 34% efficiency and >90% accuracy. The resulted plasmids functioned as effectively as sgRNA vectors and allowed the successful knockout of GFP and Sox2 in adult zebrafish brains. Recent advances increasingly focus on the delivery of pre-assembled Cas9 RNPs, high-fidelity/base/prime editors, and streamlined multiplex gRNA assemblies to improve precision and speed while reducing plasmid-associated toxicity and following optimized delivery protocols.



	B.

	
Delivery Methods







	
Microinjection






Microinjection is the most direct and physical approach of delivering CRISPR components into the nucleus of embryos for knockout applications. Researchers take advantage of this method to deliver Cas9 and sgRNAs of any size and weight into the fast-dividing cells without considering the cytoplasmic or extracellular barriers [78]. Injecting CRISPR components into the zebrafish requires one- to two-cell stage embryos in a Petri dish, injecting solutions such as DNA, RNA, or dye using fine glass pipets. Under a dissecting microscope, the pipet is guided into the embryonic cytoplasm, after which embryos are transferred to fresh medium, incubated, monitored for survival, and prepared for downstream analyses [79]. Kobayashi and Jamieson-Lucy [80] injected CRISPR-related materials into stage I zebrafish oocytes using fine-tipped needles and achieved successful delivery of 50 oocytes per hour and a high survival rate of injected oocytes. However, this much manual interference and the procedural technicality make this delivery method low throughput. To overcome this challenge, Chen and Jiao [81] developed a robotic microinjection system and delivered CRISPR/Cas9 components into 1500 cells and zebrafish embryos per hour with >95% post-injection viability. Furthermore, Abdelrahman and Hasan [82] standardized the zebrafish CRISPR delivery through calibrated microinjection system at the one-cell stage to deliver ≤4.2 nL volumes with droplet sizes precisely controlled by injection time and pressure using slant-cut needles with 0.5 µm tips. Recently, Guo and Zhao [83] integrated a microfluidic chip, vision algorithms (YOLOX and MMPOSE), and a micro-force sensor for the precise delivery of CRISPR. In this method, zebrafish embryos at the 1–4 cell stage were injected with 2 nL of PCS2 vector (150 ng/μL), with an injection efficiency of 20 s per cell and a puncture success rate of 100%. Furthermore, this automated method improved embryo survival to 84% and reduced operator-dependent variability compared with manual injection (53 s/cell, 66% survival). Though this automated method reduces manual intervention, it requires specific instruments and setup skills. Similarly, the damage to zebrafish embryos and their inability to hatch after microinjection is still a concern.



	2.

	
RNP Injection







The independent delivery of CRISPR components as it occurs in microinjection involves the intracellular expression of protein and RNA entities. In contrast, ribonucleoprotein (RNP) injection inoculates the Cas9/sgRNA complex as a single cargo into the cell and minimizes the chances of DNA integration into the genome, as well as the subsequent off-target events [84]. This technique takes advantage of the electrostatic interaction between the positively charged Cas9 protein and the negatively charged sgRNA to form a complex during incubation. Hence, this complex eliminates the need for intracellular transcription/translation and directly initiates gene editing once the complex is translocated into the nucleus [85]. The procedure involves purification of the Cas9 protein and synthesis of sgRNA (through in vitro transcription or commercial sources) to form an RNP complex in a buffer. A single-stranded DNA donor with optimized homology can also be introduced for precise edits. The RNP mixture is then injected into cultured cells [86,87]. For instance, Lu and Leach [88] prepared RNPs by annealing crRNA:tracrRNA with Cas9 and injected into one-cell zebrafish embryos. As a result, 98% knockdown in genotyped larvae and 85% in pooled larvae were detected, along with minimal embryo mortality rate. Similarly, Davis and Castranova [89] achieved targeted editing of zebrafish slc45a2, chrna1, and plxnd1 genes using crRNA:tracrRNA–Cas9 complexes in combination with dgRNP. Quadruple dgRNP injections in transgenic lines subsequently yielded pigment-free, immobilized embryos with efficiency up to 90%. When the zebrafish rpe65a gene was targeted, CRISPR/Cas9 RNPs were microinjected at the one- to four-cell stage and achieved strong in vitro activity. After microinjection, 30% abnormal embryos with indels were observed, with 31.7% overall editing efficiency [90]. The chemical modification of Cas9 and sgRNA can improve this RNP-mediated editing by enhancing their intracellular molecular stability. For instance, Qin and Lin [52] modified pegRNAs at their 5′/3′ ends and further optimized into La-accessible pegRNAs with a polyU-tail modification prior to injecting RNPs into zebrafish embryos as prime editors. These modifications enabled PE7 to achieve 6.98–11.46-fold higher efficiency than the unmodified version and induced precise insertions of 6 bp and deletions of 10 bp. Vrieze and Bruijn [91] also achieved successful knock-ins when an RNP complex of Cas9-sgRNA in combination with a symmetric antisense HDR template was injected into zebrafish zygotes. As a result, 100% of the injected embryos demonstrated editing activity, low toxicity, stable germline transmission, and no off-target events. Nonetheless, efficient HDR-mediated knock-ins, mosaicism and scalability, and tissue-specific delivery remain major challenges that still limit its broad applicability.



	3.

	
Plasmid Delivery







Delivering the CRISPR editing system through plasmid DNA is a cost-effective, simple and the most conventional method. When the plasmid encoding Cas9 and gRNA translocated into the nucleus of the target cell, the transcription and translation of the CRISPR editing components is facilitated via cellular machinery [92]. Thereby, plasmid DNA provides sustained Cas9 expression in the cell and facilitates the generation of stable lines when extended editing activity is needed [93]. For instance, when Cas9-U6sgRNA-based plasmids were delivered by transfection into medaka embryos, Zhang and Wang [94] achieved knockout and knock-in events both in vitro and in vivo with higher indel rates (from 31.2% to 93.7%). Similarly, Escobar-Aguirre and Arancibia [95] developed LcU6ZF plasmid by modifying the LentiCRISPR Puro V2 vector with an mCherry reporter and a zebrafish U6 promoter for sgRNA expression. As a result, the plasmid delivered Cas9/sgRNAs successfully and achieved 10% editing efficiency in CHSE/F fish cells and over 90% transfection efficiency in HEK293-T human cells. In zebrafish, Ablain and Durand [96] injected plasmid DNA in combination with Tol2 mRNA and achieved efficient gene disruption, with mutation rates of about 25–43% in F0 embryos and up to 70% in stable F1 transgenics. Stable knock-ins and increased germline rates were also observed in zebrafish embryos when injected with donor plasmids carrying bait sequences, and hsp70 promoter genes due to genomic integration through homology-independent repair and the subsequent forward and reverse orientations producing expression [97]. Ota and Taimatsu [98] also achieved 40% indel frequency by synthesizing gRNAs from a pDR274 vector and Cas9 mRNA from a pCS2-hSpCas9 plasmid and co-injecting them into one-cell zebrafish embryos. As a result, a stable Tg[pax2a-hs: eGFP] line of zebrafish strain was developed in which the eGFP reporter gene has been permanently integrated at the pax2a locus and is heritably transmitted across generations. However, this plasmid-based CRISPR delivery is not widely used nowadays for gene editing applications in zebrafish owing to the higher off-target event rates. Moreover, the plasmid-mediated CRISPR delivery requires a long time for transcription and translation to initiate gene editing [99].



	4.

	
Electroporation







Electroporation is another widely applicable physical mode of delivering CRISPR components into the later-stage embryos and tissues. This method bypasses the complex procedures of generating viral vectors and modifying cargo editors prior to their delivery to the embryo [100]. A pulsed electric field is applied during electroporation to create wide temporary micropores in the extracellular membranes, which ultimately facilitates an increased exchange of cargos into the cell. This transiently reversed cellular permeability is beneficial for the absorption of editors and returns to its normality once the electric field is canceled, leaving no impact on the cell [101]. In zebrafish, electroporation is used to deliver plasmid mixtures or CRISPR constructs, including Cas9, sgRNAs, and fluorescent markers combined with a Tol2 transposon backbone to improve integration. Anesthetized fish given a subcutaneous injection of plasmid mix are exposed to controlled electric pulses across the injection site to facilitate DNA uptake [102]. Hendricks and Jesuthasan [103] found that the target brain regions of zebrafish yielded the highest plasmid DNA uptake, followed by five 30 V, 1 ms pulses, after which about 60% of cells co-expressed dual reporters and up to 100 embryos were processed per hour with low lethality. In contrast with other physical delivery methods, electroporation is efficient for multiple stages of embryo development. For instance, Zhang and Ren [104] successfully delivered CRISPR into zebrafish when embryos at 8–16 cell stages were exposed to plasmid DNA under electric pulses, producing eGFP expression in 37% embryos. Specifically, Cas9 RNP electroporation targeted the slc45a2 gene, which subsequently induced pigmentation loss in 11.2% larvae and near-complete albino phenotypes in 4.2%. Furthermore, Callahan and Tepan [105] targeted the rb1 gene through the TEAZ electroporation method, which led to melanoma formation in 8 of 9 adult zebrafish, showing faster tumor development within 3–7 weeks and producing stable transgene expression for up to 8 months. This modified method allowed precise, localized somatic integration of multiple stages with 100% co-expression efficiency without transposase mRNA. However, the higher rate of cellular mortality and reduced editing efficiency under a standard electroporation protocol is still rendering this method to not be used widely.



	C.

	
Post-Editing Procedures







Phenotypic assessment in zebrafish genome editing is frequently biased toward early developmental stages, where throughput is high but biological complexity is limited. F0 phenotyping is particularly vulnerable to false positives, as mosaicism, transient developmental disruption, and stress-induced effects can mimic gene-specific phenotypes that fail to reproduce in stable lines. Numerous studies have shown that phenotypes observed in crispants do not consistently persist in germline-transmitted mutants.



Reproducibility is further compromised by genetic background effects, facility-specific husbandry conditions, and differences in phenotyping thresholds. Importantly, negative or non-reproducible outcomes are rarely reported, contributing to publication bias and inflated expectations of robustness. High-throughput sequencing has revealed that on-target editing can generate complex structural variants not captured by standard genotyping assays, further complicating interpretation.



	
Husbandry and Rearing






The maintenance of healthy zebrafish stock and the consistent production of high-quality embryos for successful gene editing experiments demand strict adherence to optimal husbandry practices. Effective husbandry replicates the natural ecological conditions where zebrafish thrive, in shallow, slow-moving water, sandy substrates, and vegetated floodplains. Recently, Hillman and Fontana [106] suggested tank density, sex ratios, water parameters (pH, temperature), type of racks, lighting, noise and vibration levels, diet, tank size relative to testing tanks, group housing conditions, and transport to testing rooms as standard husbandry factors to ultimately achieve standardized outcomes. Thereby, abiotic parameters are tightly controlled in laboratory facilities [14]. For instance, 28.5 °C is maintained as an optimal temperature for healthy embryonic and adult zebrafish physiology. In addition, vigorous water quality management is an essential part of these husbandry practices, where water chemistry is balanced with pH between 7 and 8, alkalinity at 50–75 ppm, and hardness between 75 and 200 ppm to ensure stability and ion availability. Conductivity ranges from 200 to 3000 µS/cm with regulated salt addition, and dissolved oxygen levels remain at 6–8 mg/L, which suppress the stress and mortality rates [107]. Meanwhile, biological filtration minimizes the nitrogenous waste and keeps converting ammonia into nitrate, supported by mechanical and chemical filtration and UV sterilization in recirculating systems. Optimal spawning is ensured by setting the photoperiod at 12:12 or 14:10 light–dark cycle, with uniform illumination around 300 lux [108]. A thoughtful nutrition strategy combines live prey (rotifers, paramecia, Artemia) and defined formulated diets tailored to life stages in the form of frequent small feedings to enhance growth and reproductive fitness. In terms of biotic management, facilities maintain group housing at 4–10 adults per liter to preserve shoaling behavior [109]. Shirong and Ye [110] maintained two-month-old zebrafish in 3 L tanks (20 fish/tank) at the Wuhan Zebrafish Center. As a result of an optimized mixed diet combining Artemia and pellets, spawning, fertilization, and hatching were significantly improved. Similarly, breeding strategies avoid full-sib mating to prevent inbreeding depression and maximize genetic diversity. The quality of mutant and transgenic lines is ensured by heterozygous outcrossing followed by controlled in-crosses, after which the embryos are constantly screened to maintain desired genotypes [111]. Under ideal rearing conditions of embryo medium, temperature, nutrition, tank density, recirculation, and light–dark cycle, zebrafish embryos showed high survival rates up to 100% and timely development into metamorphic stages [112]. After delivering the CRISPR constructs, embryos are incubated at 28.5 °C in Petri dishes with defined embryo medium. The regular transferring of hatched larvae to nursery tanks at appropriate densities is also considered. Early rearing requires frequent feeding and careful monitoring to ensure uniform growth and high survival into the juvenile stage [113]. Recently, Sadamitsu and Velilla [114] maintained zebrafish by sib pair or mass mating in combination with selective breeding. Embryos were reared at <50–100 per dish with daily water changes, fed rotifers and brine shrimp, and then moved to circulation systems. Post-CRISPR injections at the 1-cell stage, embryos showed 87–92% survival and efficient editing. Stemerdink and Broekman [115] generated CRISPR-mediated stable mutant adgrv1 zebrafish lines under standard husbandry conditions and reared injected embryos at the single-cell stage at 28.5 °C in E3 embryo medium and achieved viable homozygous adgrv1rmc22 mutants of high quality. Similarly, the onset of pathogen transmission is reduced through regular quarantining of new stocks, bleaching of embryos, and routine sanitation of tanks and equipment. Owing to all these recommended husbandry practices, zebrafish facilities are designed with compartmentalized spaces for quarantine, nursery, and adult housing made of impermeable materials resistant to biofilm growth and HVAC systems for climate stability [116].



	
Husbandry variability and stress as confounders of CRISPR phenotypes






Although standardized husbandry conditions are often described as “optimal”, in practice substantial variability exists among zebrafish facilities in terms of temperature stability, stocking density, water chemistry, feeding schedules, lighting, handling frequency, and noise exposure. Such environmental differences can significantly influence developmental rates, stress hormone levels, immune responses, and gene expression, thereby introducing phenotypic variability that may confound interpretation of CRISPR-induced effects. Suboptimal or fluctuating conditions have been shown to alter penetrance and expressivity of developmental and behavioral phenotypes, particularly in early-stage analyses when CRISPR experiments are most conducted [106].



Animal welfare and stress represent additional, often underreported confounding variables. Repeated handling, injection procedures, high-density housing, and water-quality stressors can activate neuroendocrine stress pathways that interact with genetic perturbations, potentially masking or exaggerating mutant phenotypes. While environmental standardization and reporting guidelines improve reproducibility, they cannot fully eliminate facility-specific effects. Therefore, phenotypic differences observed across laboratories should be interpreted cautiously, and negative or variable results should not be assumed to reflect biological insignificance without consideration of environmental- and welfare-related factors [117,118].



	2.

	
Mutation Screening and Genotyping







Several mutation screening and genotyping strategies are used to detect the induced mutations in embryos and adult zebrafish. In general, embryonic screening demands the use of rapid, high-throughput methods, while adult genotyping involves non-lethal sampling techniques for line maintenance and breeding decisions. At the embryonic stage, mutations are quickly detected by high-resolution melt analysis (HRMA), T7 endonuclease I (T7EI) assay, restriction fragment length polymorphism (RFLP), and PAGE-based heteroduplex mobility assays from pooled samples [119]. Lutzke and Carter [120] found that HRMA detected CRISPR-induced mutations in the tyr1 gene of zebrafish embryos, clearly distinguished mutant from wild-type PCR products, and synthetic templates confirmed its accuracy for detecting single-base sequence differences. HRMA also detected gclm mutations in P0 zebrafish and confirmed germline transmission in F1 while validating the primer design before sequencing [121]. Similarly, the T7EI assay has been found to be a reliable screening method for detecting heteroduplexes in PCR-amplified DNA, as Zheng and Hill [122] distinguished wild-type, heterozygous, and homozygous alleles in zebrafish embryos, along with added wild-type PCR products, which allowed the clear separation of homozygous mutants. When tested on various mutations, including an 8-bp deletion in adamts13, a 2-bp deletion in ankrd26, and a 7-bp insertion in vwf, T7EI-based detection achieved 100% accuracy. Post-CRISPR injection, small deletions of 6–12 bp were detected in the ints14 gene of zebrafish by T7EI cleavage and sequencing, which ultimately terminated the translation of INTS14 protein [123]. In the RFLP method, PCR products from edited embryos are digested to detect the loss of restriction sites, as Keatinge and Tsarouchas [124] identified frameshift induction in the hexb gene of zebrafish with 87% efficiency. Researchers often combine the detection potential of RFLP with other emerging screening strategies to enhance the precise identification of indels and specifically point mutations. For instance, Carrington and Ramanagoudr-Bhojappa [125] considered a hybrid approach by combining CRISPR-STAT and RFLP and detected point mutation in the mitfa gene induced by HDR in zebrafish. For adult zebrafish, non-lethal fin clipping and scale sampling provide tissue for DNA extraction, followed by PCR amplification and direct genotyping through sanger sequencing or next-generation sequencing (NGS). Klatt Shaw and Mokalled [126] performed indel detection on tail-fin DNA to genotype CRISPR/Cas9 dgRNP-edited regeneration-associated genes such as bach1a/b, junbb, spi1a, and egr1. Following DNA extraction, PCR-based capillary electrophoresis was performed and further validated by NGS and thus achieved 95% detection accuracy. When PCR products from the eys (eyes shut homolog) gene of adult zebrafish were combined with sanger sequencing, Schellens and de Vrieze [127] detected precise exon deletions with no off-targets. Thomas and Yoder [128] found that the NGS-based detection of indels induced particular by HDR is more reliable and efficient than inference of CRISPR edits (ICE) analysis and allele-specific PCR (AS-PCR). Recent advances combining high-throughput NGS, single-cell genotyping, and automated bioinformatic pipelines are rapidly increasing sensitivity and throughput for zebrafish mutation screening.



	3.

	
Germline Transmission Screening







The ultimate goal of CRISPR-induced genetic editing is to establish stable heritable mutant lines. Hence, germline transmission screening is required to determine the success of mutation transmission into offsprings. This involves outcrossing of F0 fish to wild-type fish and producing F1 embryos whose genotyping per cross reveals the germline transmission rate. F1 heterozygotes are further intercrossed to generate F2 offspring segregating in 1:2:1 Mendelian ratios to establish stable lines [129]. The transmission rates of induced mutations largely depend on the delivery method of CRISPR components into zebrafish embryos. For instance, it has been found that an oocyte-specific genome editing protocol with multiple sgRNAs achieved 100% transmission, in which over 90% of offspring carried heritable deletions even exceeding 20 kb [130]. When CRISPR-Cas9 RNP complexes were injected with lssDNA (long single-stranded DNA), a greater germline transmission (up to 29%) and more precise integrations than longer 300 nt arms were observed. The screening of F0 founders through allele-specific PCR and sequencing confirmed correct integration in both junctions, and the outcrossing of F1 embryos showed stable and heritable knock-ins [131]. Sometimes, a two-step screening strategy is employed to accurately identify germline-transmitting individuals and ensure the reliable detection of transmitted CRISPR-induced alleles with minimal false positives. Following the microinjection of 1-cell zebrafish zygotes with gRNA and Cas9 mRNA, Gabellini and Pucci [132] reliably detected heritable mutations by outcrossing F0 founders with wild-type fish and screening F1 progeny through HRM analysis and Sanger sequencing. In short, robust, sequencing-based founder validation and orthogonal assays are becoming standard practice to ensure true heritability and to minimize false positives from off-target events.



	4.

	
Detection of Mosaicism and Off-Target Events







Mosaicism arises when CRISPR-induced editing occurs after the first cell division and generates distinct genotypes within a single organism, which subsequently complicates the phenotypic analysis and germline transmission predictions. The detection of mosaic mutations requires analyzing multiple embryos or tissue samples through deep sequencing methods that quantify allele frequencies and identify mixed cell populations carrying different indels at the same locus [133]. Researchers detected mosaicism in zebrafish embryos through controlled, low-frequency labeling, where one-cell embryos were injected with donor plasmids, sgRNA, and Cas9 mRNA to produce labeled cells (Cre mRNA n = 20; eab2: Cre plasmid n = 13). The stable, persistent labeling across developmental stages demonstrated high reproducibility and effectiveness of the zMADM approach for assessing mosaicism in vivo [134]. When the F1 progeny of zebrafish followed by editing was sequenced, Guo and Gao [135] successfully detected mosaic mutations, in which 60% were deletions and 30% were complex indels. In another study, early mosaicism in zebrafish embryos was detected by a non-invasive fin-scratching (FS) protocol, which enabled reliable PCR amplification and Sanger sequencing in 86% (19/22) of mosaic crispants [136]. Researchers follow various strategies to minimize mosaicism, including injecting RNPs into one-cell zygotes. Specifically, nuclear localization signals on Cas9 and small molecules like RS-1 or NU7441 collectively accelerate nuclear entry, and bias repair toward HDR. Other considerable factors are injection parameters, including volume, concentration, and temperature [137].



Similarly, off-target mutations occur when Cas9 cleaves genomic sites with sequence similarity to the intended target and generates confounding phenotypes [138]. Computational prediction tools analyze sgRNA sequences against the entire genome to identify potential off-target sites based on sequence homology, PAM proximity, and mismatch tolerance patterns [139]. Experimentally, off-target activity is validated by targeting the amplicon sequencing of predicted sites or unbiased whole-genome sequencing to detect unexpected mutations across the genome [140]. Prykhozhij and Fuller [141] detected off-target editing events in zebrafish embryos though T7EI digestion, heteroduplex mobility assay (HMA), and Illumina amplicon sequencing, which efficiently quantified indels (26.1–28.4%) and categorized events into correct edits, insertions, deletions, and unmapped off-target integrations. AS-PCR combined with restriction digestion (BanI) and sequencing reliably distinguished true knock-ins from off-target “trans” insertions. Similarly, off-target detection in CRISPR-edited zebrafish embryos was performed using PCR amplification followed by T7E1 cleavage to identify heteroduplex mismatches, where Sanger sequencing confirmed results. The T7E1 assay showed high sensitivity and reproducibility, detecting mutations only in Cas9 + gRNA samples, while ICE analysis further quantified indel frequencies with detection efficiencies of 68–77% for gata5, 92.8% for api5, 100% for hspb7, and 86.3% for lmo2 [142]. To reliably predict off-targets in repetitive and complex regions of genomes, Höijer and Emmanouilidou [143] developed the Nano-OTS assay, which detected 5–13 off-targets each having 2–7 mismatches among 4 gRNAs (ldlra, nbeal2, sh2b3, ywhaqa). PacBio long-amplicon sequencing validated three in vivo off-target edits as sh2b3 (1.8%) and ywhaqa sites (2.4% and 6.3%). Further analyses confirmed consistent off-target detection in 23% of founders and inheritance of minor variants in F1 of edited zebrafish. These off-target events can be minimized by selecting highly specific sgRNAs with minimal predicted off-targets and using Cas9 variants with enhanced fidelity such as HiFi Cas9 or eSpCas9 [144]. To reduce irreproducible genotype–phenotype claims, zebrafish editing studies increasingly benefit from reporting and validation benchmarks that match the risk profile of each modality. For nuclease-based knockouts, founders and crispants should be characterized beyond a single amplicon whenever phenotypes are subtle or unexpectedly strong, because mixed alleles and complex repair outcomes can confound interpretation. For knock-ins and precision edits, orthogonal confirmation of both junctions, exclusion of unintended donor “trans” integration, and sequencing-based quantification of allele fractions are essential, particularly in F0 analyses. When experiments involve large insertions, repetitive loci, or discordant genotype–phenotype relationships, long-read sequencing or targeted long-amplicon approaches can be necessary to detect structural variants that short-read or gel-based assays may miss [143]. In this context, “editing efficiency” should be interpreted as a multi-component metric encompassing (i) on-target edit fraction, (ii) allele complexity and mosaicism, (iii) off-target burden, and (iv) germline transmission probability rather than a single percentage derived from pooled PCR products.




4. Applications for Gene Editing in Zebrafish


The versatility and genetic tractability of zebrafish along with the rapid advancements in gene editing technologies have expanded their utility across a wide spectrum of research areas from fundamental biological discovery to disease modeling, drug discovery, and environmental toxicology. Below are some of the common research areas in which zebrafish predominate in the field as the most appropriate model organism.



	A.

	
Fundamental Biological Research







	
Gene Function and Development






Since the zebrafish has been discovered as a genetic model, it has been serving as a powerful and widely accepted model for studying molecular mechanisms underlying vertebrate development and human diseases. Through gene editing, researchers used to investigate the function of specific genes involved in various cardiovascular and metabolic disorders [145]. The transparent embryos and rapid external growth of zebrafish made the direct visualization of genetic effects on embryogenesis possible. Both gene knockdown and knockout approaches are used to understand genes involved in the regulation of developmental processes such as gastrulation, hematopoiesis, and cardiovascular morphogenesis [146]. In a study, zebrafish served as an effective model for the precise analysis of gene function in bone formation, in which single-cell RNA sequencing of 13,075 tail muscle cells revealed the differentiation pathway from tendon progenitors to osteoblasts and CRISPR-Cas9 knockouts identified runx2b as essential for intermuscular bone development [147]. In terms of developmental disorders, researchers manipulated the understanding of CRISPR-based gene function in vivo by optimizing SpG and SpRY Cas9 variants and achieved targeted disruption of genes like rpl17, which subsequently produced characteristic developmental defects such as smaller heads and eyes. Moreover, PAM-flexible base editors (SpRY-CBE4max and zSpRY-ABE8e) enabled single-base editing even at PAM-less sites, with efficiencies up to 96%, and facilitated the creation of disease models such as tsr2-linked Diamond–Blackfan anemia [148]. In short, recent advances are focusing on PAM-flexible base editors and high-throughput live imaging to enable base-level, lineage-resolved disease modeling in zebrafish, greatly accelerating the functional annotation of human variants. However, limited adult-stage phenotyping throughput and species-specific differences are persistent issues in this case.



	2.

	
Transcriptional Modulation and Epigenome Editing







Zebrafish is a powerful system for understanding transcriptional control mechanisms and the functional consequences of defined epigenetic modifications in vivo through optimized CRISPR-based approaches. For instance, the catalytically inactive version of Cas9 (dCas9) can induce locus-specific regulation of a particular gene expression without DNA cleavage [149]. The fusion of dCas9 with transcriptional activators (VP64 for CRISPR activation, CRISPRa) or repressors (KRAB for CRISPR interference, CRISPRi) modulates the promoter and enhancer activity [150]. Specifically, CRISPRi effectively replaces antisense morpholinos in gene function studies due to its capability of avoiding genetic compensation and transcriptional adaptation that can mask target gene loss. Chong-Morrison and Mayes [151] employed the Ac/Ds transposition-CRISPRi system in which U6a-driven Ac/Ds-sgRNA enabled stable guide expression and, with sox10:dCas9-SID4x, produced over 50% repression of cdh7a, 1.4–2.8-fold upregulation of cdh7a/pdgfra, and chromatin-linked gene downregulation at antisense targets (sox9a-AS, foxd3-AS). Similarly, the fusion of dCas9 with various epigenetic effectors such as the catalytic core of human acetyltransferase p300 or histone demethylases/deacetylases induces precise epigenetic modifications and provides insights into gene regulation beyond the DNA sequence itself [152]. Furthermore, the combined use of the three CRISPR systems has also found functional simultaneously in zebrafish and increased lineage-recording density up to five edits per barcode with >103 variants. Specifically, researchers employed orthogonal CRISPR-Cas systems (SpyCas9, SauCas9, LbaCas12a) and achieved >50–100% disruption of transcriptional regulators (tbxta, tbx16, noto, rx3) and >90% efficiency in dual-gene editing. Orthogonality allowed simultaneous, independent modulation of multiple loci while anti-CRISPR proteins AcrIIA2 and AcrIIA4 effectively repressed SpyCas9 activity, restoring tyr pigmentation and demonstrating temporal control of genome editing [153]. Nevertheless, continued optimization of delivery, more accurate editing tools, and integration of anti-CRISPR-based temporal regulators will be essential to convert these powerful molecular interventions into consistent, biologically informative phenotypes.



	3.

	
Live Imaging of the Genome and Lineage Tracing







In vivo live imaging of the genome and CRISPR-based lineage tracing is made possible with the optical transparency, genetic tractability, and conserved developmental pathways of zebrafish. In live genomic imaging, fluorescent reporters and genome-editing tools enable the visualization of chromatin dynamics, transcriptional activity, and nuclear organization in real time within intact embryos [154]. These methods include GESTALT (genome editing of synthetic target arrays for lineage tracing), its single-cell variant scGESTALT, LINNAEUS (lineage tracing by nuclease-activated editing of ubiquitous sequences), and ScarTrace. For lineage tracing, CRISPR–Cas systems are employed to introduce heritable genomic barcodes that accumulate progressively during cell divisions and serve as unique molecular records of clonal relationships [155]. A CRISPR/Cas9-based 3′ knock-in system in zebrafish was established to enable live genomic imaging and precise lineage tracing by inserting fluorescent and Cre recombinase reporters directly into endogenous loci. Using 5′ AmC6-modified dsDNA donors with 30–900 bp homology arms, knock-in lines such as TgKI (krt92-p2A-EGFP-t2A-CreERT2) and TgKI(nkx6.1-p2A-EGFP-t2A-CreERT2) achieved up to 7.4% integration, 75–100% founder transmission, and 1.2–9% F1 inheritance, and enabled the live visualization of endogenous gene activity and tamoxifen-inducible lineage tracing [156]. Similarly, endogenous hand2-2A-Cre and hand2-2A-CreERT2 zebrafish lines were created using GeneWeld CRISPR-Cas9-targeted integration and achieved precise single-copy knock-ins that recapitulated native hand2 expression. These lines enabled live imaging and inducible lineage tracing of hand2-derived cells, revealing contributions to mesodermal and ectodermal lineages, including the heart, branchial arches, liver, gut, and venous vasculature [157]. Many studies are still focusing on improving scarless, high-efficiency knock-in methods and reducing CRISPR-induced barcode noise to increase temporal resolution and quantitative accuracy of lineage reconstructions.



	B.

	
Disease Modeling and Drug Discovery







The zebrafish has become an indispensable platform for disease modeling and drug discovery due to its unique biological attributes in combination with advanced gene editing and high-throughput screening technologies.



	
Disease Modeling






CRISPR/Cas9-mediated genome editing in zebrafish has become an efficient strategy for modeling human diseases due to its capability of producing gene disruptions and clinically relevant variants (Figure 3). The higher genetic homology of zebrafish to humans (over 80% of human disease genes have zebrafish orthologs) is beneficial for researchers to generate knockout and knock-in lines to study in vivo pathogenic mechanisms [158]. Nowadays, a plethora of studies are focusing on zebrafish as a model to understand human diseases from neurological, cancerous, cardiovascular, genetic, and skeletal diseases to liver, kidney, pancreas, and inflammatory disorders [159]. For instance, it has been demonstrated that the loss of tnf-α1 severely compromises antiviral defense, where CRISPR-generated tnf-α1−/− zebrafish served as an effective viral disease model and revealed susceptibility to VHSV infection [160]. When cardiomyocyte-specific CRISPR-mediated nrp1a and nrp1b knockouts were generated in adult zebrafish to model cardiac injury and regeneration, the nrp1b knockout fish displayed delayed recovery, persistent scarring (5.2 ± 1.48% vs. 3.7 ± 0.98% in WT), and reduced ejection fraction and fractional shortening after cryoinjury [161]. Similarly, a CRISPR-induced knockdown of pnpla3, faf2, and tm6sf2 in zebrafish (71%, 89%, and 83% depletion, respectively) has been established efficiently as a fatty liver disease model. Upon 2% ethanol or high-fat diet exposure, these crispants showed 3-fold increases in hepatic neutrophil infiltration and lipid accumulation, along with enlarged (>50 μm2) hepatic lipid droplets [162]. Besides metabolic disorders, zebrafish also serve as a powerful model for studying infectious diseases and help researchers in understanding host/pathogen interactions, microbial pathogenesis, and the mechanisms of innate and adaptive immune responses. For instance, a CRISPR-generated sting zebrafish model with a 4-bp deletion effectively replicated STING pathway deficiency to study antibacterial immunity. The mutant fish showed 55% mortality after Edwardsiella piscicida infection versus 10% in wild type, along with suppressed tbk1, nf-κb, irf3, and irf7 expression, confirming impaired immune signaling [163]. Owing to recent advancements, now precise, mostly DSB-free single-nucleotide changes and small insertions in zebrafish are possible, which greatly widens the spectrum of human disease alleles that can be modeled. At the same time, unexpected large structural variants and complex on-/off-target outcomes after CRISPR edits still demand rigorous genomic validation (e.g., long-read sequencing) to confirm model integrity.



	2.

	
Drug Discovery and High-Throughput Screening (HTS)







The zebrafish has become a cornerstone vertebrate model for high-throughput, phenotype-based drug discovery, uniquely bridging molecular assays and mammalian preclinical testing. Their genetic and physiological similarity to humans, external development, optical transparency, and amenability to CRISPR/Cas9 genome editing enable the real-time visualization of disease processes and therapeutic responses in vivo. This way, precise target discovery, drug repurposing, and structure–activity optimization has been made possible by integrating genetic, phenotypic, and pharmacological data in a single organism [164,165]. For instance, an HTS zebrafish CRISPR-based platform was developed to enable rapid in vivo drug discovery by co-targeting tyrosinase as a phenotypic reporter to select F0 crispant with high mutagenesis efficiency (>75% in >60% of larvae). Using this system, seven epilepsy-related genes were disrupted, whereas scn1lab mutants exhibited reproducible seizure phenotypes suitable for pharmacological testing [166]. In another study, an HTS in vivo screening system was investigated for rapid drug target validation in zebrafish heart failure. Using 100% efficient somatic mutagenesis, three candidate genes—API5, HSPB7, and LMO—revealed distinct cardiac phenotypes and confirmed LMO2 and HSPB7 as high-priority therapeutic targets [167]. Recently, researchers identified Cimetidine as an effective anti-inflammatory drug that reduced injury-induced Il-1β expression by 40–50% and neutrophil infiltration by 39% using a high-throughput in vivo screen of 1081 small molecules in Il-1β: GFP zebrafish larvae with spinal cord injury. The integration of CRISPR-based hrh2b mutagenesis confirmed its receptor-specific mechanism and hence demonstrated its efficiency for rapid, quantitative drug discovery and target validation in inflammation and regeneration research [168]. However, persistent challenges remain in interspecies translatability, standardized quantitative pipelines, and efficiently translating zebrafish-derived hits into mammalian preclinical validation.



	C.

	
Environmental Toxicology and Ecotoxicology







CRISPR-based gene editing has transformed environmental toxicology and ecotoxicology by enabling the precise, mechanistic evaluation of pollutant-induced toxicity [169]. Zebrafish serves as a powerful model for such studies because of its striking genetic similarity with humans and thus its CRISPR-generated knockouts and knock-ins facilitate the study of environmentally relevant pathways, including xenobiotic metabolism, oxidative stress, DNA repair, immune responses, and endocrine regulation [170]. For instance, in environmental toxicology, zebrafish efficiently revealed CNP-induced developmental and endocrine disruption and showed a dose-dependent decrease in hatching (19.17% to 2.50%) and increased malformations up to 77.14% at 200 μg/mL. Transcriptomic analysis identified 236 significantly altered genes mainly affecting steroid and hormone biosynthesis and detoxification pathways while demonstrating the high sensitivity of zebrafish for assessing nanoparticle ecotoxicity [171]. In another zebrafish CRISPR model, the coexposure of tebuconazole and ZnO nanoparticles enhanced chemical toxicity by altering bioaccumulation kinetics, increasing uptake rates (ku up to 30.75 L kg−1 d−1), and prolonging elimination. ZnO NPs intensified oxidative stress and apoptosis while elevating IBR values by 36% and upregulating stress-related genes (cat, sod, gpx, p53) [172]. Similarly, the disruption of oatp1d1 in zebrafish revealed its critical role in xenobiotic uptake and toxicity as mutants showed higher resistance to diclofenac exposure, with an LC50 of 23.48 µM versus 35.91 µM in wild type. Reduced Oatp1d1-mediated hepatic transport limited diclofenac bioaccumulation and developmental toxicity [173]. Even zebrafish embryos provided an efficient CRISPR-compatible model for detecting thyroid hormone system-disrupting chemicals (THSDCs) with high mechanistic resolution. Exposure to PTU and T3 caused significant thyroid and retinal alterations, including disrupted gene expression (trα, dio2, rpe65a), abnormal follicle morphology, and behavioral impairments. These outcomes demonstrated the effectiveness of zebrafish for rapid, ethical, and integrative assessment of endocrine-disrupting pollutants corresponding to OECD and 3Rs principles for environmental risk evaluation [174]. Moreover, the integration of CRISPR-based editing with high-content imaging and machine learning is poised to redefine environmental toxicology and bridge molecular mechanisms with ecosystem-scale impact prediction.



Despite their widespread use, zebrafish CRISPR models have had limited direct clinical impact. To date, most zebrafish genome-editing studies have contributed to mechanistic insight, gene–disease association support, or early target prioritization, rather than directly informing clinical decision making. A small number of cases, most notably epilepsy models such as scn1lab (Dravet syndrome), have influenced early-stage drug prioritization, but even this required extensive validation in mammalian models and human systems before progressing toward clinical trials. Species-specific differences in neurodevelopment, metabolism, immune function, and gene regulation constrain direct extrapolation to humans, particularly for complex, adult-onset, or multifactorial diseases [143].



A further limitation is early phenotype bias, as most zebrafish CRISPR studies rely on embryonic or larval readouts, which preferentially capture developmental defects while underrepresenting late-onset or progressive pathologies. Multiple studies have shown that phenotypes observed in F0 crispant or early larvae often fail to reproduce in stable adult mutants, reflecting the combined effects of mosaicism, genetic compensation, and developmental plasticity. In addition, inter-laboratory reproducibility remains variable, and negative or non-reproducible zebrafish disease models are rarely reported, contributing to publication bias [175]. Collectively, these limitations underscore that zebrafish CRISPR models function best as discovery and hypothesis-generation tools rather than as predictive clinical surrogates.




5. Future Directions and Conclusions


Zebrafish genome editing has matured into a versatile experimental framework capable of interrogating gene function across developmental, physiological, and behavioral contexts. However, despite substantial technical refinement, precision and reproducibility remain conditional rather than inherent, and experimental success depends increasingly on informed methodological choices rather than on the availability of new editors alone.



From a practical standpoint, a critical distinction must be made between F0 phenotyping and stable line generation, as these approaches have fundamentally different experimental objectives. F0 crispant analysis is best suited for rapid functional screening, pathway prioritization, and exploratory hypothesis generation, particularly when multiple genes or variants must be evaluated in parallel. Its speed and scalability make it attractive, but mosaicism, allelic heterogeneity, and developmental noise limit its reliability for quantitative or translational conclusions. Accordingly, F0 phenotypes should be interpreted as indicative signals requiring validation, not as definitive evidence of gene function or disease relevance. In contrast, stable germline-transmitted lines are indispensable for experiments requiring robust genotype–phenotype correlation, adult or late-onset phenotyping, assessment of genetic compensation, and reproducibility across generations. Claims related to disease mechanisms, variant pathogenicity, or therapeutic relevance should therefore be restricted to findings validated in stable lines, ideally supported by multiple independent alleles and orthogonal assays. This distinction is essential for avoiding overinterpretation and for improving the translational credibility of zebrafish studies.



Emerging technologies such as automation and multi-omics integration offer opportunities to improve consistency and depth of analysis, but their impact should be evaluated realistically. Automated microinjection and imaging systems can reduce operator-dependent variability in specialized settings, yet they are not a substitute for biological validation and remain inaccessible to many laboratories. Similarly, transcriptomic and epigenomic profiling provide valuable system-level contexts, but routine multi-omics validation is neither standardized nor necessary for most studies and should be applied selectively to resolve ambiguous phenotypes or unexpected outcomes rather than as a default requirement. Looking forward, progress in zebrafish genome editing is likely to be driven less by incremental improvements in editor chemistry and more by workflow integration and experimental discipline. Key priorities include aligning editor choice with biological questions (screening versus precision modeling), adopting structural-variant–aware validation strategies where appropriate, transparently reporting negative and variable outcomes, and distinguishing exploratory from confirmatory experiments. In this context, nuclease-based knockouts remain unmatched for speed and screening, whereas base and prime editing expand the scope of variant-level modeling but demand tighter control of by-products and deeper sequencing-based verification.



In conclusion, the translational value of zebrafish genome editing does not arise from technological sophistication alone but from question-driven experimental design, realistic interpretation of phenotypes, and rigorous validation strategies. By explicitly matching editing approaches to zebrafish-specific constraints and experimental goals, the field can reduce ambiguous crispant phenotypes, improve reproducibility across laboratories, and more effectively position zebrafish as a mechanistic bridge rather than surrogate between genetic discovery and therapeutic insight.
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Figure 1. Genome editing tools. 
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Figure 2. Prime and base editing players. 
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Figure 3. General process of CRIPR Cas 9 gene scissors editing for disease modeling. 
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Table 1. Comparison of base and prime editing in zebrafish, highlighting not only reported efficiencies but also key limitations, reproducibility constraints, and practical feasibility.
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	Feature
	Base Editing (CBE/ABE)
	Prime Editing (PE)
	Efficiency in Zebrafish (Typical Reported Range)
	Key Limitations in Zebrafish
	Practical Feasibility (Decision-Oriented)
	References





	What edits it can perform
	CBE: C → T; ABE: A → G (transitions only)
	All base substitutions + small insertions/deletions (size/context dependent)
	BE often moderate/high at permissive loci; PE generally lower/variable
	BE cannot perform transversions/indels; PE can perform more edit types but often at lower efficiency
	Use BE if the desired variant is a transition; use PE when BE cannot reach the edit
	[56]



	Peak somatic editing in embryos (F0)
	High efficiencies reported with optimized CBEs/ABEs (locus dependent)
	Somatic edits reported up to ~30% in embryos (target dependent)
	BE: can reach high F0 editing at some loci; PE: up to ~30% but not consistently across targets
	BE: bystander edits within window; PE: pegRNA design sensitivity + lower and variable yield
	BE is more “routine” for F0 SNVs; PE requires more optimization and screening
	[55,57]



	Indels and undesired by-products
	Generally low indels, but bystander/base window edits can be substantial depending on editor/window
	Can show unintended indels and pegRNA scaffold-derived insertions
	BE: higher “product purity” possible with optimized editors; PE: unwanted by-products are a recurring practical issue
	BE: bystander edits + window constraints; PE: scaffold incorporation and indels complicate genotyping and phenotyping
	If bystander edits are unacceptable, use narrow window BE variants; for PE, plan deeper sequencing validation
	[55,56]



	Targeting scope (PAM constraints)
	Expanded using PAM-flexible editors (e.g., SpRY-based designs)
	Also, PAM-constrained unless paired with PAM-relaxed nickase variants
	PAM-flexible BE expands editable sites; PE similarly benefits from PAM relaxation but may reduce efficiency
	PAM expansion can trade off with efficiency/specificity and may require more optimization
	Use PAM-flexible editors when the disease variant lacks NGG; confirm efficiency empirically
	[41,57]



	Germline transmission
	Achievable but variable across loci and founders
	Demonstrated, but generally requires extensive screening; often lower/variable
	Both can transmit through germline, but neither guarantees high rates without screening
	Founder mosaicism + allele diversity complicates germline recovery; PE adds by-product complexity
	For stable lines: plan multiple founders, deep validation, and independent alleles
	[55,56]



	Comparison to HDR knock-in
	Not an HDR replacement (no insertions beyond single base changes)
	Often proposed as HDR alternative for precise small edits; can outperform optimized HDR for some variant KIs
	PE increased KI efficiency vs. HDR up to ~4-fold for some targets (study-dependent)
	PE does not solve large knock-in needs; still locus- and design-dependent
	Use PE when HDR KI is failing for small edits and you can screen founders deeply
	[38]
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