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Abstract: Despite recent studies suggesting that marine fungi are ubiquitous in oceanic systems and 

involved in organic ma�er degradation, their role in the carbon cycle of the oceans is still not char-

acterized and fungal respiration and production are understudied. This study focused on determin-

ing fungal growth efficiencies and its susceptibility to temperature differences and nutrient concen-

tration. Hence, respiration and biomass production of three fungal isolates (Rhodotorula mucilaginosa, 

Rhodotorula sphaerocarpa, Sakaguchia dacryoidea) were measured in laboratory experiments at two 

temperatures and two nutrient concentrations. We found that fungal respiration and production 

rates differed among species, temperature, and nutrient concentration. Fungal respiration and pro-

duction were higher at higher temperatures, but higher fungal growth efficiencies were observed at 

lower temperatures. Nutrient concentration affected fungal respiration, production, and growth ef-

ficiency, but its influence differed among species. Altogether, this study provides the first growth 

efficiency estimates of pelagic fungi, providing novel insights into the role of fungi as source/sink of 

carbon during organic ma�er remineralization. Further research is now needed to unravel the role 

of pelagic fungi in the marine carbon cycle, a topic that gains even more importance in times of 

increasing CO2 concentrations and global warming. 
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1. Introduction 

The global carbon cycle is driven by many biological processes on land and in the 

oceans [1], and the interconversions of organic and inorganic carbon compounds are at 

the core of fluxes and exchanges of carbon between the ocean and atmosphere [2]. The 

most important biological processes controlling this interplay are photosynthesis—which 

converts carbon dioxide (CO2) to organic carbon, and heterotrophic respiration—which 

converts the organic carbon back into CO2 [3]. The la�er is often hard to quantify, but 

generally, bacterial and zooplankton respiration are depicted as major carbon sinks [4]. 

Since the introduction of the microbial loop hypothesis [5], it has been widely ac-

cepted that microbes are the key players of the processes governing the ocean’s carbon 

cycle: heterotrophic microorganisms produce new carbon biomass while growing on dis-

solved organic carbon, and simultaneously consume oxygen and respire CO2. A means to 

relate these two processes is the growth efficiency, which determines how much biomass 

is produced per unit of assimilated carbon substrate [6]. The current warming of the 

oceans and the coupled deoxygenation and acidification stresses even more the im-

portance of investigating microbial respiration as a crucial factor balancing the carbon 

storage in the ocean. Nevertheless, its understanding is still limited by methodology and 

sufficient surveys, since in-situ respiration is difficult to measure accurately [6,7]. 

Whereas the role of marine bacteria has been studied quite intensively, the diversity 

and metabolic potential of aquatic fungi have been largely overlooked [8]. Even though 

fungi are found in nearly every marine habitat, their contribution to the open ocean food 
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web and carbon cycle has gathered scientific interest only in the past decade [9]. Several 

studies suggest that marine fungal communities exhibit a high diversity and dominate the 

biomass on marine snow particles in the bathypelagic realm of the ocean [10,11]. Most 

free-living planktonic fungi (i.e., mycoplankton) belong to the divisions of Ascomycota 

and Basidiomycota in the subkingdom of Dikarya [11–13], whereas Chytridiomycota have 

been described as parasites on phytoplankton in productive coastal ecosystems [14]. 

Planktonic Ascomycota and Basidiomycota species have been found to be present in phy-

toplankton blooms, contributing to the degradation of the algal polysaccharides by utiliz-

ing extracellular enzymes [15]. Recent observations in the North Sea underlined the active 

role of Dikarya in spring phytoplankton blooms [16]. Moreover, the undeniable yet still 

largely unexplored role of pelagic fungi in the global carbon cycle has been highlighted in 

recent global-ocean multi-omics analyses of all carbohydrate-active enzymes [17] and pro-

teins [18], revealing an active role of pelagic fungi in the degradation of carbohydrates and 

proteins. The findings are supported by another recent study investigating the degrada-

tion activity of mycoplankton throughout the water column based on metatransciptome 

data from the Tara Oceans expedition [19]. The carbon assimilation of marine fungi in the 

surface as well as the deep ocean and the subseafloor has recently been addressed by com-

bining stable isotope probing and phylogenetic analyses, revealing relevant functional 

mechanisms structuring the carbon flow in marine ecosystems [20]. 

Irrespective of their significant influence on the marine carbon cycle, the fungal con-

tribution to microbial respiration has not been yet quantified [21]. So far, there is only one 

laboratory study available investigating the respiration of different pelagic fungal species 

isolated off the coast of Chile [22]. Moreover, there is, to our knowledge, no data on pro-

duction rates or growth efficiency of marine fungi published. Their reported presence in 

phytoplankton blooms [15,16], however, stresses that these data would be crucial to un-

derstand if fungal respiration rather acts as carbon sink or source. 

Hence, this study investigates respiration and production rates, and the growth effi-

ciency of marine pelagic fungi. To account for the effect of temperature on the metabolic 

rates of pelagic fungi, we calculated the Q10 factor, which is the change of a metabolic rate 

with a temperature change of 10 °C [23]. In the ocean, where temperature shifts occur at 

large spatial and temporal scales [24], the response of organisms and metabolic processes 

is of special interest in the light of global warming. In parallel, we determined the impact 

of nutrient concentration on the growth, production, respiration, and growth efficiency of 

the isolates. Finally, by comparing the metabolic rates and their responses to warming of 

different fungal strains, we can also shed light on whether changes in fungal community 

composition might impact community activities and services. 

2. Materials and Methods 

2.1. Cultivation of Fungal Cultures 

The fungal isolates Sakaguchia dacryoidea and Rhodotorula sphaerocarpa were obtained 

from the Austrian Centre of Biological Resources (ACBR), whereas Rhodotorula mucilagi-

nosa was isolated during the “Poseidon” Cruise across the Atlantic Ocean in 2019. Briefly, 

seawater was transferred with a pipet onto a plate filled with a growth media containing: 

1 g L−1 glucose, 1 g L−1 peptone, 1 g L−1 yeast extract, 1 g L−1 starch, 20 g L−1 artificial sea 

salts, 15 g L−1 agar, and 0.5 g L−1 Chloramphenicol to avoid bacterial contamination. 

The isolates were grown in the dark at room temperature on agar plates (ingredients 

are shown in Table 1); the media was autoclaved, and Chloramphenicol was added to 

avoid bacterial growth. Part of the fungal biomass was transferred to a new plate with a 

sterile cell spreader approximately one week before starting the actual experiment in the 

liquid culture. 

The experiment involved two rounds of testing for each species: first, in a media with 

a high concentration of glucose, yeast extract, and peptone at 5 °C and 15 °C to test differ-

ences according to temperature; and second, in a media with low nutrient concentration 
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at 15 °C to observe differences based on nutrient availability (concentrations are shown in 

Table 1). Both experiments were carried out at a salinity of 30, obtained by adding a pre-

prepared sea salt mixture (Sigma Aldrich, St. Louis, MO, USA) in the high nutrient media 

and by using artificial seawater (ASW) in the low nutrient media. 

The stock ASW contained (per L Milli-Q water): 24.54 g NaCl, 4.09 Na2SO4, 0.7 g KCl, 

0.2 g NaHCO3, 0.1 g KBr, 0.003 g H3BO3, 0.003 g NaF, 11.1 g MgCl2 · 6H2O, 1.54 g CaCl2 · 

2H2O, and 0.017, SrCl2 · 6H2O, and was diluted to a salinity of 30 with Milli-Q. After ad-

justing the pH to 8.1, the medium was autoclaved, and 0.5 g L−1 Chloramphenicol were 

added to avoid bacterial contamination. 

To prepare the liquid cultures, a sterile cell spreader was used to dilute fungal bio-

mass taken from the agar plates in Milli-Q water. Dilution was carried out until an optical 

density of 1 was achieved (measured at 660 nm in a spectrophotometer), indicating that 

the fungal biomass was dispersed in the water and the initial biomass was the same for 

each experiment and species. Once diluted, the suspension was inoculated to the media 

in a ratio of 1:100. After inoculation, the culture was distributed to 7 Scho� bo�les, result-

ing in aliquots of 200 mL fungal culture in each bo�le, which were incubated in a shaking 

incubator (Jeio Tech ISS-7100 Incubated Shaker, Daejeon, South Chungcheong, Republic 

of Korea) at 140 rpm and at 5 °C and 15 °C, respectively. 

Table 1. Ingredients of the media for the agar plates and liquid cultures in g/L. 

Compounds [g/L] Agar PlatesHigh Nutrient MediaLow Nutrient Media

D-(+)-Glucose (Sigma Aldrich) 10 0.5 0.05 

Malt extract (Merck KGaA) 5 - - 

Yeast extract (Sigma Aldrich) 3 0.5 0.05 

BactoTM Peptone (BD) 5 0.5 0.05 

Agar (Sigma Aldrich) 20 - - 

Sea Salts (Sigma Aldrich) 30 30 30 

Chloramphenicol (Sigma Aldrich) 0.5 0.5 0.5 

The growth of the cultures was tracked by measuring the optical density (OD) of one 

aliquot (control bo�le) in a spectrophotometer (VWR, Radnor, PA, USA) at a wavelength 

of 660 nm. Based on OD, the growth phase could be estimated (values are shown in Table 

2). During the exponential growth phase, subsamples were taken at two timepoints in 

triplicate to measure OD, fungal abundance, biomass, and respiration. 

Table 2. Optical density (OD) values measured at 660 nm for estimating the growth phase of the 

liquid cultures in the high and low nutrient media. 

Estimated Growth Phase 
OD in the High Nutrient 

Media 

OD in the Low Nutrient 

Media 

Lag phase <0.2 <0.1 

Exponential phase 0.2–0.6 0.1–0.154 

Stationary phase >0.6 >0.154 

2.2. Quantification of Fungal Biomass 

For collecting the fungal biomass in the cultures, 5 to 20 mL of each triplicate were 

vacuum filtered through pre-combusted glass microfiber filters (Whatman, 25 mm diam-

eter, 0.7 µm) at −200 mbar. The filters were wrapped in combusted aluminum foil and 

stored at −20 °C for further analyses. The biomass collected on the filter represents the 

particulate organic carbon (POC) in the cultures, whereas the dissolved carbon was ex-

cluded by the filtration. To estimate the amount of fungal carbon biomass in the culture, 

the Joint Global Ocean Flux study (JGOFS) protocol for measuring POC was followed [25]. 

After thawing, the filters were dried with silica gel for 24 h, followed by fumigation in a 
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desiccator for 24 h with 37% hydrochloric acid (HCl) to remove inorganic carbon. Subse-

quently, the filters were dried again for 24 h with silica gel and afterwards prepared for 

the analysis in a CHNS elemental analyzer (Vario Micro Cube, Elementar®, Langensel-

bold, Germany) by wrapping them in tin capsules. For each set of triplicates, the adsorp-

tion of dissolved organic carbon from the growth media on the filters was determined by 

measuring the carbon content of only the media, which was then subtracted from the re-

spective triplicates. To estimate fungal production, the mean carbon content (in mg C L−1 

h−1) of the triplicates from the first sampling point was subtracted from the one from the 

second sampling point and the result was divided by the time in hours between measure-

ments. 

2.3. Fungal Abundance 

Two millilitres of each sample were fixed with glutaraldehyde (2% final concentra-

tion) and stored at −80 °C. These samples were used to measure cell abundance in the 

fungal cultures with a flow cytometer (BD Accuri C6™, Franklin Lakes, NJ, USA). Due to 

the measurement limit of maximum 1000 cells µL−1, the samples were diluted with pre-

filtered (0.2 µm) Milli-Q water by a factor of 2, 4, 8, or 50 to a final volume of 500 µL. To 

stain the cells, 5 µL of SYBR-Green were added to the samples and incubated for 10 min. 

After that, the cells were counted for 2 min in the flow cytometer, and total cell numbers 

were estimated using the respective size spectra of the fungal cells (3–5 µm diameter). 

Each triplicate was measured two times and the mean of these technical replicates was 

used to calculate the mean and standard deviation of the biological triplicates. 

2.4. Fungal Respiration 

The oxygen concentrations in the same samples were measured via optical sensors. 

To allow continuous oxygen measurements, optical sensor spots (PreSens Precision Sens-

ing GmbH) were a�ached to the inner wall of 120 mL BOD bo�les with silicon glue. Before 

each measurement, a two-point calibration of the sensors was conducted, following the 

manual of the company [26]. Since the solubility of oxygen is strongly temperature de-

pendent, the calibration was done at 5 °C and 20 °C to stay close to the respective incuba-

tion and measurement temperature. 

For measuring the oxygen consumption of the fungal cultures, the bo�les were filled 

completely with one triplicate sample each, closed airtight and put into a water bath set 

to the respective temperature of 5 or 15 °C. After an adaptation period of 10 min, as pre-

viously suggested [27], the oxygen concentration was measured every 10 s with an oxygen 

meter (Fibox 4 trace, PreSens GmbH) that was connected via a glass fiber cable to the 

optode from outside of the bo�le. The oxygen concentration of only the media was meas-

ured for around 20 h a priori, to exclude chemical oxygen consumption by the ingredients 

of the media or contamination. Since the Fibox 4 trace can analyze only one sample at a 

time, it was required to switch the sensor between the replicates every 20 to 30 min. The 

samples were kept in the water bath and measured continuously until the oxygen concen-

tration was below 50 µmol L−1. The respiration rates were calculated from the slope of the 

regression line from oxygen decrease over time and a respiratory quotient (RQ) of 1 was 

applied to convert the final oxygen consumption rates into carbon units using the Formula 

(1) [7]: 

RQ = ΔCO2/−ΔO2 (1)

Hereby, the oxygen consumption rate was converted to carbon in µmol C L−1 h−1. 

2.5. Calculation of Fungal Growth Efficiency and Q10 

Fungal growth efficiency (FGE) was calculated using the following Formula (2): 

FGE = FP/(FP + FR) × 100 (2)
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where FP is the fungal production and FR fungal respiration. To calculate FGE, the aver-

age respiration rate of both sampling points was used to achieve the most accurate results. 

Q10 values were calculated for the rates of respiration, cell-specific respiration, and pro-

duction by dividing the results at 5 °C and 15 °C in the high nutrient media. For each 

species, the sampling points with the most similar OD values at 5 °C and 15 °C, respec-

tively, were chosen. 

2.6. Data Analyses and Statistics 

The linear regression for calculating the respiration rates as well as the calculation of 

production and growth efficiency were conducted in MS Excel 2019 and by using R statis-

tical software v4.2.2 [28]. Statistical analyses to compare respiration and cell-specific res-

piration rates were performed in RStudio [29]. Normal distribution and homogeneity of 

variances were tested with Shapiro–Wilk and Bartle�’s tests, respectively. To test for sig-

nificant differences between the three species, their respiration rates were compared with 

analyses of variances (ANOVAs), using a significance level of 0.05. When overall signifi-

cant differences between the species were detected, post-hoc TukeyHSD tests were ap-

plied to determine which species differed significantly from each other. When only two 

species were compared, Student’s t-tests were conducted. Following the same procedure, 

differences between the rates at different temperature or nutrient concentration of each 

species were investigated. The data was visualized using the packages ggplot2 v3.3.5 [30], 

gridExtra v2.3 [31]and ggpubr v0.5.0 [32]. 

3. Results 

3.1. Growth Dynamics of the Fungal Cultures 

In the high nutrient media, Rhodotorula mucilaginosa was the fastest growing species, 

followed by Rhodotorula sphaerocarpa and Sakaguchia dacryoidea at both temperatures (Fig-

ure 1). In the low nutrient media, the growth yield was lower; however, all three species 

reached the stationary phase faster than in the high nutrient media and the exponential 

phase lasted only a few hours (Figure 2). Sakaguchia dacryoidea was the first species to reach 

the exponential phase, followed by Rhodotorula mucilaginosa and Rhodotorula sphaerocarpa. 

At the two sampling timepoints during the exponential growth phase, the optical density 

of the respective triplicates was measured and is summarized in Table 3. 

 

Figure 1. Growth curves of Rhodotorula mucilaginosa, Rhodotorula sphaerocarpa, and Sakaguchia dacry-

oidea in the high nutrient media; measured via optical density (OD; 660 nm). Dashed lines represent 

the growth at 15 °C and continuous lines the growth at 5 °C. The black dots indicate the sampling 

points during the exponential growth phase. 
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Figure 2. Growth curves of Rhodotorula mucilaginosa, Rhodotorula sphaerocarpa, and Sakaguchia dacry-

oidea in the low nutrient media; measured via optical density (OD; 660 nm). The black dots indicate 

the sampling points during the exponential growth phase. 

Table 3. Optical density (OD) of the three species Rhodotorula mucilaginosa, Rhodotorula sphaerocarpa, 

and Sakaguchia dacryoidea at the first and second sampling point (SP; see Figures 1 and 2 for refer-

ence) in the high and low nutrient media. Numbers are given in average OD and the numbers in 

brackets indicate the standard deviation. 

Species High Nutrient Media Low Nutrient Media 

 15 °C 5 °C   

 SP1 SP2 SP1 SP2 SP1 SP2 

R. mucilaginosa   0.31 (0.02) 0.52 (0.04) 0.13 (0.002) 0.15 (0.002) 

R. sphaerocarpa 0.29 (0.01) 0.47 (0.02) 0.201 (0.001) 0.29 (0.04) 0.12 (0.004) 0.14 (0.002) 

S. dacryoidea 0.23 (0.01) 0.47 (0.004) 0.25 (0.03) 0.55 (0.03) 0.109 (0.002) 0.13 (0.002) 

3.2. Fungal Production (FP) 

The production rates of all species and both media and temperatures are depicted in 

Figure 3. During the exponential growth phase in the high nutrient media at 5 °C, 

Rhodotorula mucilaginosa exhibited a biomass production rate of 6.44 mg C L−1 h−1, 

Rhodotorula sphaerocarpa of 1.68 mg C L−1 h−1, and Sakaguchia dacryoidea of 0.70 mg C L−1 h−1. 

At 15 °C, the production rate of R. sphaerocarpa was 7.85 mg C L−1 h−1 and the rate of S. 

dacryoidea was 1.01 mg C L−1 h−1. The effect of temperature on fungal production was ex-

pressed in Q10 values of 4.68 (R. sphaerocarpa) and 1.46 (S. dacryoidea) (Table 4). 

In the low nutrient media, the POC concentration in the cultures was lower. The pro-

duction rate of R. mucilaginosa was 0.36 mg C L−1 h−1, of R. sphaerocarpa 0.48 mg C L−1 h−1, 

and the highest production rate in the low nutrient media was done by S. dacryoidea with 

1.22 mg C L−1 h−1. 
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(a) (b) 

Figure 3. Production rates of the three fungal isolates Rhodotorula mucilaginosa (RM), Rhodotorula 

sphaerocarpa (RS), and Sakaguchia dacryoidea (SD), bars represent the mean production, and the error 

bars the standard error (SE). (a) Production rates in the high nutrient media at 5 °C (blue bars) and 

15 °C (red bars; due to technical issues no measurements were performed in the R. mucilaginosa 

culture). (b) Production rates in the low nutrient media at 15 °C. 

Table 4. Q10 values of the total respiration, cell-specific respiration, and production rates of 

Rhodotorula sphaerocarpa and Sakaguchia dacryoidea. The values derive from comparing the measure-

ments at 5 °C and 15 °C in the high nutrient media. 

Species Total Respiration Cell-Specific Respiration Production 

Rhodotorula sphaerocarpa 4.49 1.33 4.68 

Sakaguchia dacryoidea 2.14 0.89 1.46 

3.3. Fungal Abundance 

The cell abundance of all species at both sampling points (SPs, see Figures 1 and 2 for 

reference) is summarized in Table 5. The highest increase in abundance between sampling 

points occurred in Sakaguchia dacryoidea in the high nutrient media at 15 °C. As an excep-

tion, the abundance of Rhodotorula sphaerocarpa decreased between sampling points in the 

low nutrient media. 

Table 5. Cell abundance of the three species Rhodotorula mucilaginosa, Rhodotorula sphaerocarpa, and 

Sakaguchia dacryoidea at the first and second sampling point (SP; see Figures 1 and 2 for reference) in 

the high and low nutrient media. Numbers are given in average cells L−1 and the numbers in brackets 

indicate the respective standard deviation. 

Species High Nutrient Media Low Nutrient Media 

 15 °C 5 °C   

 SP1 SP2 SP1 SP2 SP1 SP2 

R. mucilaginosa   
1.07 × 1010 

(1.28 × 109) 

1.50 × 1010 

(1.9 × 109) 

3.39 × 109 

(8.53 × 107) 

3.75 × 109 

(2.18 × 108) 

R. sphaerocarpa 
7.16 × 109 

(9.63 × 108) 

1.25 × 1010 

(7.13 × 108) 

1.92 × 109 

(3.49 × 108) 

2.61 × 109 

(1.06 × 109) 

2.97 × 109 

(1.12 × 108) 

2.50 × 109 

(3.60 × 108) 

S. dacryoidea 
1.18 × 109 

(2.14 × 108) 

8.39 × 109 

(1.47 × 109) 

8.85 × 108 

(5.22 × 108) 

3.08 × 109 

(6.06 × 108) 

1.67 × 109 

(1.98 × 108) 

3.01 × 109 

(1.16 × 108) 

3.4. Fungal Respiration (FR) 

Respiration was measured at the two sampling points during the exponential growth 

phase, where also the carbon content was measured to determine the production rate (see 

Figures 1 and 2). The oxygen consumption was almost always higher at the second sam-

pling point, except for few cases where the culture had already reached the early 
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stationary phase. To compare the respiration rates between species and temperatures, the 

sampling points with the most similar optical density values were chosen. 

The highest respiration rate was performed by Rhodotorula sphaerocarpa in the high 

nutrient media at 15 °C at the second sampling point (211.87 ± 9.95 µmol O2 L−1 h−1); the 

first sampling point exhibited lower respiration with 136.33 ± 27.04 µmol O2 L−1 h−1. This 

was still higher than the respiration rate of Sakaguchia dacryoidea at the second sampling 

point, which was 111.08 ± 1.72 µmol O2 L−1 h−1, around double the rate at the first sampling 

point (53.13 ± 4.84 µmol O2 L−1 h−1). The mean oxygen consumption rates of the two species 

at the second sampling point, which resembled in terms of OD, differed significantly from 

each other (T-test; p < 0.01; Figure 4b). 

At 5 °C, Rhodotorula mucilaginosa exhibited the highest respiration of the three species, 

which was 93.21 ± 4.53 µmol O2 L−1 h−1 at the second sampling point. The OD, however, 

was considerably higher than the one of R. sphaerocarpa (Figure 1), where the respiration 

rate was 55.90 ± 4.38 µmol O2 L−1 h−1. The same was observed for S. dacryoidea, which ex-

hibited a respiration rate of 47.44 ± 3.80 µmol O2 L−1 h−1 at the second sampling point and 

24.78 ± 7.24 µmol O2 L−1 h−1 at the first. R. sphaerocarpa exhibited a respiration rate of 19.60 

± 0.93 µmol O2 L−1 h−1 at the first, and 30.38 ± 2.70 µmol O2 L−1 h−1 at the second sampling 

point. The second sampling point of this species was used for the comparison due to the 

resembling OD (Figure 1). There was an overall significant difference between the species 

(ANOVA; p < 0.01); however, no significant difference was found between the respiration 

rates of R. sphaerocarpa and S. dacryoidea (TukeyHSD post-hoc test; p = 0.42; Figure 4a). 

Temperature affected the respiration rates for both R. sphaerocarpa and S. dacryoidea, as 

indicated by Q10 values of 4.49 and 2.14, respectively (Table 4). 

In the low nutrient media, the oxygen consumption rates were lower compared to 

the high nutrient media at 15 °C, and in a similar range than at 5 °C. The respiration of the 

first sampling point of all three species was used for comparison and again, Rhodotorula 

mucilaginosa exhibited the highest respiration rate (40.32 ± 1.63 µmol O2 L−1 h−1), followed 

by Rhodotorula sphaerocarpa (35.36 ± 2.63 µmol O2 L−1 h−1) and Sakaguchia dacryoidea (34.47 ± 

1.12 µmol O2 L−1 h−1). Again, the respiration rates of the three species differed significantly 

from each other (ANOVA; p < 0.05); however, there were no significant differences be-

tween the respiration rates of R. sphaerocarpa and S. dacryoidea (TukeyHSD post-hoc test; p 

= 0.76; see Figure 4c). 

Comparing the respiration rates of R. sphaerocarpa and S. dacryoidea at the different 

temperature and nutrient conditions revealed that the values were always significantly 

higher in the high nutrient media at 15 °C than at 5 °C or in the low nutrient media 

(ANOVA; R. sphaerocarpa: p < 0.01; S. dacryoidea: p < 0.01; Figure 5). However, the post-hoc 

TukeyHSD test showed that the respiration rates did not differ significantly between the 

high nutrient media at 5 °C and the low nutrient media (R. sphaerocarpa: p = 0.58; S. dacry-

oidea: p = 0.07). 
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(a) (b) (c) 

Figure 4. Respiration rates of the three fungal isolates Rhodotorula mucilaginosa (RM), Rhodotorula 

sphaerocarpa (RS), and Sakaguchia dacryoidea (SD) with the respective statistical test (ANOVA or Stu-

dent’s t-test). Red le�ers indicate which rates differed significantly from each other, as determined 

by a TukeyHSD post-hoc test. (a) Respiration rates in the high nutrient media at 5 °C. (b) Respiration 

rates in the high nutrient media at 15 °C (due to technical issues no measurements were performed 

in the R. mucilaginosa culture). (c) Respiration rates in the low nutrient media at 15 °C. 

 
(a) (b) 

Figure 5. Respiration rates of the fungal cultures in the high nutrient media at 15 °C (E1_15) and at 

5 °C (E1_5) and in the low nutrient media (E2) with the respective statistical test (ANOVA). Red 

le�ers indicate which treatments differed significantly from each other, as determined by a Tuk-

eyHSD post-hoc test. (a) Respiration rates of Rhodotorula sphaerocarpa. (b) Respiration rates of 

Sakaguchia dacryoidea. 

3.5. Cell-Specific Respiration 

Combining the respiration rates with the respective fungal abundance revealed the 

oxygen consumption per fungal cell, which differed only slightly between the two sam-

pling points of each species. Contrary to the total respiration, Sakaguchia dacryoidea exhib-

ited the highest cell-specific respiration in the high nutrient media at 5 °C (15.69 ± 2.34 

fmol O2 cell−1 h−1, Figure 6a), followed by Rhodotorula sphaerocarpa (12.80 ± 4.49 fmol O2 

cell−1 h−1) and Rhodotorula mucilaginosa (8.77 ± 0.59 fmol O2 cell−1 h−1). The cell-specific res-

piration did, however, not differ significantly between the species (ANOVA; p = 0.073). At 

15 °C, however, R. sphaerocarpa exhibited higher cell-specific respiration than S. dacryoidea 

(17.07 ± 1.67 fmol O2 cell−1 h−1; 14.09 ± 2.95 fmol O2 cell−1 h−1), but the difference was not 

significant (T-test; p = 0.2; Figure 6b). 
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The Q10 of cell-specific respiration was 1.33 for R. sphaerocarpa and 0.89 for S. dacryoi-

dea (Table 4), indicating that the effect of temperature was not very pronounced for either 

species. 

The overall highest cell-specific respiration was measured in the S. dacryoidea culture 

in the low nutrient media (20.76 ± 1.86 fmol O2 cell−1 h−1), followed by R. sphaerocarpa (16.60 

± 3.57 fmol O2 cell−1 h−1), and R. mucilaginosa (11.90 ± 0.21 fmol O2 cell−1 h−1); the species 

differed significantly from each other (ANOVA; p < 0.05). Whereas cell-specific respiration 

rates of R. sphaerocarpa showed no significant difference from the other two species, the 

cell-specific respiration rates of S. dacryoidea and R. mucilaginosa differed significantly from 

each other (TukeyHSD post-hoc test; p < 0.01; Figure 6c). 

The cell-specific respiration rates of R. sphaerocarpa did not differ significantly be-

tween the different temperature and nutrient conditions (ANOVA; p = 0.32; Figure 7a). S. 

dacryoidea exhibited significantly different cell-specific respiration rates among treatments 

(ANOVA; p < 0.05); however, the rate at 5 °C in the high nutrient media was not different 

than at 15 °C (p = 0.71) or the low nutrient media (p = 0.09) (Figure 7b). 

 

 
(a) (b) (c) 

Figure 6. Cell-specific respiration rates of the three fungal isolates Rhodotorula mucilaginosa (RM), 

Rhodotorula sphaerocarpa (RS), and Sakaguchia dacryoidea (SD) with the respective statistical test. Red 

le�ers indicate which rates differed significantly from each other, as determined by a TukeyHSD 

post-hoc test. (a) Cell-specific respiration rates in the high nutrient media at 5 °C. (b) Cell-specific 

respiration in the high nutrient media at 15 °C (due to technical issues no measurements were per-

formed in the R. mucilaginosa culture). (c) Cell-specific respiration rates in the low nutrient media at 

15 °C. 

 
(a) (b) 

Figure 7. Cell-specific respiration rates of the fungal cultures in the high nutrient media at 15 °C 

(E1_15) and at 5 °C (E1_5) and in the low nutrient media (E2) with the respective statistical test. Red 

le�ers indicate which treatments differed significantly from each other, as determined by a 
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TukeyHSD post-hoc test. (a) Respiration rates of Rhodotorula sphaerocarpa. (b) Respiration rates of 

Sakaguchia dacryoidea. 

3.6. Fungal Growth Efficiency (FGE) 

The highest fungal growth efficiency (FGE) was calculated for Rhodotorula mucilagi-

nosa at 5 °C in the high nutrient media, with 87%. It was followed by Rhodotorula sphaero-

carpa (85%) and Sakaguchia dacryoidea (62%). At 15 °C, the growth efficiencies of both R. 

sphaerocarpa and S. dacryoidea were lower with 78% and 50%, respectively. In the low nu-

trient media, S. dacryoidea exhibited the highest growth efficiency with 75%. The FGE of 

R. sphaerocarpa was 51% and R. mucilaginosa had an FGE of 43%. 

4. Discussion 

All three species cultivated in this study belong to the division of Basidiomycota in 

the subkingdom Dikarya. This phylogenetic group has been described as the most abun-

dant fungal subkingdom in the open ocean [11–13], and a more recent study reported 

Basidiomycota as the most prevalent fungal phylum during a phytoplankton bloom in the 

North Sea [16]. Significant differences between the species were found in most of the meas-

ured metabolic parameters, which can indicate that the composition of the fungal com-

munity may be critical for the community activity. All fungal species exhibited fast growth 

curves in all experiments, supporting recent findings of marine basidiomycete yeasts be-

having as opportunistic r-strategists in phytoplankton blooms[16]. 

Surprisingly, the growth rate of the cultures (meaning, in this case, the time to reach 

stationary phase) was not significantly slowed down by nutrient limitation, the exponen-

tial growth phase of all three species was even achieved faster and lasted shorter in the 

low nutrient media. Nevertheless, the growth yield was considerably higher in the high 

nutrient media. Temperature, on the other hand, slowed down the fungal growth, and 

production rates remarkably, while the growth yield was comparable at both tempera-

tures in terms of optical density and biomass (POC). The production rates of the 

Rhodotorula species were higher in the high nutrient media, while Sakaguchia dacryoidea 

exhibited a higher production rate at lower nutrient concentrations. To put it into context, 

the measured FP (0.36 to 7.85 mg C L−1 h−1) exceeded the production of batch cultures of a 

natural bacterial community from the Mediterranean, which exhibited only around 0.03 

mg C−1 L−1 h−1 in nutrient enriched media [33]. Pure cultures of strains of marine bacteria 

(Roseobacter and Cytophaga) expressed production rates of 0.02 to 0.03 mg C−1 L−1 h−1 [34]. 

The higher production in fungal cultures could, however, also be due to the mere differ-

ence in cell size. The Q10 of FP was 4.68 (Rhodotorula sphaerocarpa) and 1.46 (Sakaguchia 

dacryoidea), which indicates that the production rate of R. sphaerocarpa is more tempera-

ture-dependent than S. dacryoidea and the la�er can produce biomass at lower tempera-

tures almost as fast as at higher temperatures. The results are comparable to the Q10 of 

other growth parameters such as the growth rates of prokaryotes (2.1–3.9) [35], and nano-

flagellates (2.66) [36]. 

This study is a first a�empt to assess the respiration and growth efficiency of pelagic 

fungi to investigate their role in the marine carbon cycle. In a previous study where five 

fungal isolates from the coast off Chile were cultivated under different conditions, respi-

ration rates between 156.4 and 273.1 µmol O2 L−1 h−1 were reported [22]. Even though the 

glucose concentration in this experiment was ten-fold higher than in the present study, 

the numbers are in the same range (111.08–211.87 µmol O2 L−1 h−1 in our study at compa-

rable conditions). When the authors lowered the glucose concentrations to 0.1 and 0.01 g 

L−1, respectively, the obtained respiration rates (at 20 °C) were between 65.5 and 108.5 

µmol O2 L−1 h−1 [22]. Given the 5 °C difference, the numbers are again in a similar range as 

the respiration of the basidiomycete yeast species used in this study. The lack of other 

available studies about marine fungal respiration makes it difficult to compare the num-

bers, while stressing the importance of research in this field even more. The dependence 

of respiration rates on the nutrient concentration points towards a considerable loss of 
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CO2 fueled by fungal respiration during phytoplankton blooms, where high nutrient con-

centrations occur over a relatively short time span and fungi are highly abundant [16]. 

While the bacterial contribution to total oxygen consumption was found to account for up 

to 79% [37], the extent to which fungi contribute to the respiration of oceanic systems is 

yet to be discovered. The cell-specific respiration rates determined in this study (7 to 20 

fmol cell−1 h−1) are considerably higher than rates reported for a cultivated bacterial com-

munity from the Mediterranean Sea (0.1 to 2 fmol cell−1 h−1) [33]. Marine bacteria in their 

natural environment exhibit even lower cell-specific respiration rates of around 0.003 fmol 

cell−1 h−1 [38,39]. While bacterial cell-specific respiration seemingly increases with depth 

[38], the present study suggests that the cell-specific respiration of fungi is not majorly 

influenced by temperature or nutrient concentrations. An exception is Sakaguchia dacryoi-

dea, which exhibited higher rates at lower nutrient concentrations and at the lower incu-

bation temperature, suggesting an adaptation of this species to nutrient-limited condi-

tions as well as lower temperatures. The Q10 values of fungal respiration in this study—

2.14 (S. dacryoidea) and 4.49 (R. sphaerocarpa)—point towards an important influence of 

temperature on fungal respiration. The values from this study agree with a Q10 of 3.7 re-

ported for microbial respiration in the mesopelagic zone of the South Atlantic and Indian 

Ocean [40], while they are slightly higher than—for example—the Q10 of marine copepod 

respiration [41]. In general, respiration is accelerated by rising temperatures to a greater 

extent than primary production [7,23]. The present results suggest that fungi are no ex-

ception, and the effect of temperature can be even more pronounced than for other organ-

isms. This conclusion is also supported by the recent study investigating fungal respira-

tion, where Q10 values between 2.2 and 6.8 were reported [22]. In times of global warming, 

increased respiration could further fuel climate change by increasing carbon losses to the 

atmosphere. 

This study is the first report of growth efficiencies of marine pelagic fungi. Both 

Rhodotorula species exhibited high FGEs with values above 75% in the high nutrient me-

dia. In the low nutrient media, both Rhodotorula species exhibited lower FGEs, though only 

R. sphaerocarpa can be directly compared due to the temperature. S. dacryoidea surprisingly 

exhibited a higher FGE in the low nutrient media. This adds to the previous suggestion 

that this species is be�er adapted to lower nutrient concentrations and temperatures. R. 

mucilaginosa exhibited the highest FGE at 5 °C in the high nutrient media and the lowest 

FGE in the low nutrient media, indicating that even though this species can grow rapidly 

in all conditions, the growth efficiency seems to depend on the nutrient conditions. To put 

these results into context, we compared the fungal growth efficiencies we obtained to bac-

terial growth efficiencies (BGE) reported for marine cultures. Table 6 reviews previous 

studies and summarizes growth efficiencies of different experiments. BGEs of around 50% 

are commonly found in marine bacterial cultures, due to ideal substrate and optimized 

conditions. The BGE in the global ocean is, however, lower than the one of cultures; in the 

surface ocean, values up to 20% in coastal and below 5% towards the open ocean were 

reported [37], whereas in deep water masses, the BGE is normally below 5% [39]. Thus, 

the FGE of our cultures seem to be in the higher end of BGE. Assuming a similar trend for 

fungi, the FGE in the open ocean would be lower than the FGE obtained in this study. A 

general nutrient dependency of FGE was not observed due to the different responses of 

the species to the changing nutrient concentration. Nevertheless, a substantial FGE in nu-

trient rich environments, such as phytoplankton blooms, can be expected. 
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Table 6. Review table of examples of studies in which growth efficiency of cultures of marine or-

ganisms were estimated. 

Organism(s) Culture Conditions Growth Efficiency Reference 

Bacterial community of the Bothnian Sea 
Batch culture with vs. 

without nutrients addition 

14–58% 
[42] 

11–54% 

Bacterial community from the Gulf of 

Mexico 
Batch culture 61% [43] 

Bacterial community of the coast off 

Massachuse�s 

Batch culture vs. 

Continuous culture 

34–70% 
[44] 

43–58% 

Marine bacterial isolate (Vibiro harveyi) 
Pure culture with added glucose 

and iron 
45–55% [45] 

Bacterial community of the Mediterranean 
Seawater cultures with added 

phosphorus 
17–70% [33] 

Marine bacterial isolates 

(Roseobacter and Cytophaga) 

Pure cultures in seawater and 

added Zobell media 
50–70% [34] 

Marine bacterial isolates (Vibrio splendidus and 

Phaeobacter gallaeciensis) 

Batch cultures with glucose as car-

bon source 
9–25% [46] 

Marine fungal isolates 

(Basidiomycota) 

Pure cultures in defined growth 

media 
43–87% This study 

5. Conclusions 

This study combines two understudied topics: research on marine pelagic fungi, 

which gathered scientific interest only recently, and respiration, which measurement has 

always been viewed as difficult. The results suggest that fungal respiration, as well as 

production and growth efficiency, are high and affected by nutrient concentration, even 

though the response varies between species. Furthermore, the effect of temperature dif-

ferences leads to the assumption, that with warming oceans, FR could increase and FGE 

could decrease, leading to an even higher loss of CO2 to the atmosphere. Future studies 

with more pelagic fungal cultures and natural communities are now needed to be�er con-

strain the role of fungi in carbon processing in the present and in response to climate 

change. Understanding the biological processes of oceanic systems is crucial to study the 

influence of climate change [2], and pelagic fungi cannot be neglected from the processes 

governing the marine carbon cycle anymore. In the future, further research should focus 

on increasing the knowledge about respiration, production, and growth efficiency of ma-

rine pelagic fungi. 

Author Contributions: Conceptualization, M.H. and F.B.; methodology M.H.; writing—review and 

editing, M.H. and F.B.; supervision, F.B.; funding acquisition, F.B. All authors have read and agreed 

to the published version of the manuscript. 

Funding: F.B. was supported by the Austrian Science Fund (FWF) projects OCEANIDES (P34304-

B), ENIGMA (TAI534), EXEBIO (P35248), and OCEANBIOPLAST (P35619-B). 

Institutional Review Board Statement: Not applicable. 

Informed Consent Statement: Not applicable. 

Data Availability Statement: The raw data supporting the conclusions of this article will be made 

available by the authors, without undue reservation to any qualified researcher. 

Acknowledgments: We would like to thank Chie Amano for the introduction to oxygen measure-

ments and Katherine Salazar Alekseyeva for insights into the cultivation of fungal isolates. We also 

thank Gerhard J. Herndl for valuable feedback and support. Open Access Funding by the Austrian 

Science Fund (FWF). 

Conflicts of Interest: The authors declare no conflict of interest. 



J. Fungi 2023, 9, 417 14 of 15 
 

 

References 

1. Field, C.B.; Behrenfeld, M.J.; Randerson, J.T.; Falkowski, P. Primary production of the biosphere: Integrating terrestrial and 

oceanic components. Science 1998, 281, 237–240. h�ps://doi.org/10.1126/science.281.5374.237. 

2. Worden, A.Z.; Follows, M.J.; Giovannoni, S.J.; Wilken, S.; Zimmerman, A.E.; Keeling, P.J. Rethinking the marine carbon cycle: 

Factoring in the multifarious lifestyles of microbes. Science 2015, 347, 1257594. h�ps://doi.org/10.1126/science.1257594. 

3. Rivkin, R.B.; Legendre, L. Biogenic carbon cycling in the upper ocean: Effects of microbial respiration. Science 2001, 291, 2398–

2400. h�ps://doi.org/10.1126/science.291.5512.2398. 

4. Anderson, T.R.; Ducklow, H.W. Microbial loop carbon cycling in ocean environments studied using a simple steady-state 

model. Aquat. Microb. Ecol. 2001, 26, 37–49. h�ps://doi.org/10.3354/ame026037. 

5. Azam, F.; Fenchel, T.; Field, J.; Gray, J.; Meyer-Reil, L.; Thingstad, F. The Ecological Role of Water-Column Microbes in the Sea. 

Mar. Ecol. Prog. Ser. 1983, 10, 257–263. h�ps://doi.org/10.3354/meps010257. 

6. Del Giorgio, P.A.; Cole, J.J. Bacterial growth efficiency in natural aquatic systems. Annu. Rev. Ecol. Syst. 1998, 29, 503–541. 

h�ps://doi.org/10.1146/annurev.ecolsys.29.1.503. 

7. Robinson, C. Microbial respiration, the engine of ocean deoxygenation. Front. Mar. Sci. 2019, 5, 533. 

h�ps://doi.org/10.3389/fmars.2018.00533. 

8. Grossart, H.P.; Rojas-Jimenez, K. Aquatic fungi: Targeting the forgo�en in microbial ecology. Curr. Opin. Microbiol. 2016, 31, 

140–145. h�ps://doi.org/10.1016/j.mib.2016.03.016. 

9. Amend, A.; Burgaud, G.; Cunliffe, M.; Edgcomb, V.P.; E�inger, C.L.; Gutiérrez, M.H.; Heitman, J.; Hom, E.F.Y.; Ianiri, G.; Jones, 

A.C.; et al. Fungi in the marine environment: Open questions and unsolved problems. MBio 2019, 10, e01189-18. 

h�ps://doi.org/10.1128/mBio.01189-18. 

10. Bochdansky, A.B.; Clouse, M.A.; Herndl, G.J. Eukaryotic microbes, principally fungi and labyrinthulomycetes, dominate 

biomass on bathypelagic marine snow. ISME J. 2017, 11, 362–373. h�ps://doi.org/10.1038/ismej.2016.113. 

11. Morales, S.E.; Biswas, A.; Herndl, G.J.; Baltar, F. Global structuring of phylogenetic and functional diversity of pelagic fungi by 

depth and temperature. Front. Mar. Sci. 2019, 6, 131. h�ps://doi.org/10.3389/fmars.2019.00131. 

12. Gao, Z.; Johnson, Z.I.; Wang, G. Molecular characterization of the spatial diversity and novel lineages of mycoplankton in 

Hawaiian coastal waters. ISME J. 2010, 4, 111–120. h�ps://doi.org/10.1038/ismej.2009.87. 

13. Wang, Q.M.; Yurkov, A.M.; Göker, M.; Lumbsch, H.T.; Leavi�, S.D.; Groenewald, M.; Theelen, B.; Liu, X.Z.; Boekhout, T.; Bai, 

F.Y. Phylogenetic classification of yeasts and related taxa within Pucciniomycotina. Stud. Mycol. 2015, 81, 149–189. 

h�ps://doi.org/10.1016/j.simyco.2015.12.002. 

14. Gutiérrez, M.H.; Jara, A.M.; Pantoja, S. Fungal parasites infect marine diatoms in the upwelling ecosystem of the Humboldt 

current system off central Chile. Environ. Microbiol. 2016, 18, 1646–1653. h�ps://doi.org/10.1111/1462-2920.13257. 

15. Cunliffe, M.; Hollingsworth, A.; Bain, C.; Sharma, V.; Taylor, J.D. Algal polysaccharide utilisation by saprotrophic planktonic 

marine fungi. Fungal Ecol. 2017, 30, 135–138. h�ps://doi.org/10.1016/j.funeco.2017.08.009. 

16. Priest, T.; Fuchs, B.; Amann, R.; Reich, M. Diversity and biomass dynamics of unicellular marine fungi during a spring 

phytoplankton bloom. Environ. Microbiol. 2021, 23, 448–463. h�ps://doi.org/10.1111/1462-2920.15331. 

17. Baltar, F.; Zhao, Z.; Herndl, G.J. Potential and expression of carbohydrate utilization by marine fungi in the global ocean. 

Microbiome 2021, 9, 106. h�ps://doi.org/10.1186/s40168-021-01063-4. 

18. Breyer, E.; Zhao, Z.; Herndl, G.J.; Baltar, F. Global contribution of pelagic fungi to protein degradation in the ocean. Microbiome 

2022, 10, 143. h�ps://doi.org/10.1186/s40168-022-01329-5. 

19. Chrismas, N.; Cunliffe, M. Depth-dependent mycoplankton glycoside hydrolase gene activity in the open ocean—Evidence 

from the Tara Oceans eukaryote metatranscriptomes. ISME J. 2020, 14, 2361–2365. h�ps://doi.org/10.1038/s41396-020-0687-2. 

20. Orsi, W.; Vuillemin, A.; Coskun, Ö.K.; Rodriguez, P.; Oertel, Y.; Niggemann, J.; Mohrholz, V.; Gomez-Saez, G.V. Carbon 

assimilating fungi from surface ocean to subseafloor revealed by coupled phylogenetic and stable isotope analysis. ISME J. 2022, 

16, 1245–1261. h�ps://doi.org/10.1038/s41396-021-01169-5. 

21. Grossart, H.P.; Van den Wyngaert, S.; Kagami, M.; Wurzbacher, C.; Cunliffe, M.; Rojas-Jimenez, K. Fungi in aquatic ecosystems. 

Nat. Rev. Microbiol. 2019, 17, 339–354. h�ps://doi.org/10.1038/s41579-019-0175-8. 

22. Fuentes, M.E.; Quiñones, R.A.; Gutiérrez, M.H.; Pantoja, S. Effects of temperature and glucose concentration on the growth and 

respiration of fungal species isolated from a highly productive coastal upwelling ecosystem. Fungal Ecol. 2015, 13, 135–149. 

h�ps://doi.org/10.1016/j.funeco.2014.09.006. 

23. Wohlers, J.; Engel, A.; Zöllner, E.; Breithaupt, P.; Jürgens, K.; Hoppe, H.G.; Sommer, U.; Riebesell, U. Changes in biogenic carbon 

flow in response to sea surface warming. Proc. Natl. Acad. Sci. USA 2009, 106, 7067–7072. 

h�ps://doi.org/10.1073/pnas.0812743106. 

24. Arnosti, C.; Bell, C.; Moorhead, D.L.; Sinsabaugh, R.L.; Steen, A.D.; Stromberger, M.; Wallenstein, M.; Weintraub, M.N. 

Extracellular enzymes in terrestrial, freshwater, and marine environments: Perspectives on system variability and common 

research needs. Biogeochemistry 2014, 117, 5–21. h�ps://doi.org/10.1007/s10533-013-9906-5. 

25. UNESCO. Ocean Flux Study (JGOFS) Protocols for the Joint Global Core Measurements. IOC Manuals and Guides, 29, 

UNESCO, Paris, 1994.. 

26. Precision Sensing GmbH. Oxygen Sensor Spots PSt3/PSt6. PreSens Precision Sensing GmbH: Regensburg, Germany, 2018.  



J. Fungi 2023, 9, 417 15 of 15 
 

 

27. Warkentin, M.; Freese, H.M.; Karsten, U.; Schumann, R. New and fast method to quantify respiration rates of bacterial and 

plankton communities in freshwater ecosystems by using optical oxygen sensor spots. Appl. Environ. Microbiol. 2007, 73, 6722–

6729. h�ps://doi.org/10.1128/AEM.00405-07. 

28. R Core Team. R: A language and environment for statistical computing. R Foundation for Statistical Computing, Vienna, 

Austria. 2022. URL h�ps://www.R-project.org/. 

29. RStudio Team. RStudio: Integrated Development Environment for R. RStudio, PBC, Boston, MA. 2022. URL 

h�p://www.rstudio.com/. 

30. Wickham, H. ggplot2: Elegant Graphics for Data Analysis. Springer-Verlag New York, 2016. 

31. Auguie, B. _gridExtra: Miscellaneous Functions for "Grid" Graphics. R package version 2.3, 2017. h�ps://CRAN.R-

project.org/package=gridExtra. 

32. Kassambra, A. _ggpubr: 'ggplot2' Based Publication Ready Plots_. R package version 0.5.0, 2022. h�ps://CRAN.R-

project.org/package=ggpubr. 

33. Motegi, C.; Nagata, T.; Miki, T.; Weinbauer, M.G.; Legendre, L.; Rassoulzadegand, F. Viral control of bacterial growth efficiency 

in marine pelagic environments. Limnol. Oceanogr. 2009, 54, 1901–1910. h�ps://doi.org/10.4319/lo.2009.54.6.1901. 

34. Teira, E.; Fernández, A.; Álvarez-Salgado, X.A.; García-Martín, E.E.; Serret, P.; Sobrino, C. Response of two marine bacterial 

isolates to high CO2 concentration. Mar. Ecol. Prog. Ser. 2012, 453, 27–36. h�ps://doi.org/10.3354/meps09644. 

35. White, P.A.; Kalff, J.; Rasmussen, J.B.; Gasol, J.M. The effect of temperature and algal biomass on bacterial production and 

specific growth rate in freshwater and marine habitats. Microb. Ecol. 1991, 21, 99–118. h�ps://doi.org/10.1007/BF02539147. 

36. Choi, J.W.; Peters, F. Effects of temperature on two psychrophilic ecotypes of a heterotrophic nanoflagellate, Paraphysomonas 

imperforata. Appl. Environ. Microbiol. 1992, 58, 593–599. h�ps://doi.org/10.1128/aem.58.2.593-599.1992. 

37. Del Giorgio, P.A.; Condon, R.; Bouvier, T.; Longnecker, K.; Bouvier, C.; Sherr, E.; Gasol, J.M. Coherent pa�erns in bacterial 

growth, growth efficiency, and leucine metabolism along a northeastern Pacific inshore-offshore transect. Limnol. Oceanogr. 

2011, 56, 1–16. h�ps://doi.org/10.4319/lo.2011.56.1.0001. 

38. Baltar, F.; Arístegui, J.; Gasol, J.M.; Sintes, E.; Herndl, G.J. Evidence of prokaryotic metabolism on suspended particulate organic 

ma�er in the dark waters of the subtropical North Atlantic. Limnol. Oceanogr. 2009, 54, 182–193. 

h�ps://doi.org/10.4319/lo.2009.54.1.0182. 

39. Reinthaler, T.; Van Aken, H.; Veth, C.; Arístegui, J.; Robinson, C.; Williams, P.J.; Le, B.; Lebaron, P.; Herndl, G.J. Prokaryotic 

respiration and production in the meso- and bathypelagic realm of the eastern and western North Atlantic basin. Limnol. 

Oceanogr. 2006, 51, 1262–1273. h�ps://doi.org/10.4319/lo.2006.51.3.1262. 

40. Mazuecos, I.P.; Arístegui, J.; Vázquez-Domínguez, E.; Ortega-Retuerta, E.; Gasol, J.M.; Reche, I. Temperature control of 

microbial respiration and growth efficiency in the mesopelagic zone of the South Atlantic and Indian Oceans. Deep. Res. Part I 

Oceanogr. Res. Pap. 2015, 95, 131–138. h�ps://doi.org/10.1016/j.dsr.2014.10.014. 

41. Ikeda, T.; Kanno, Y.; Ozaki, K.; Shinada, A. Metabolic rates of epipelagic marine copepods as a function of body mass and 

temperature. Mar. Biol. 2001, 139, 587–596. h�ps://doi.org/10.1007/s002270100608. 

42. Zweifel, U.L.; Norrman, B.; Hagstrom, A. Consumption of dissolved organic carbon by marine bacteria and demand for 

inorganic nutrients. Mar. Ecol. Prog. Ser. 1993, 101, 23–32. 

43. Kroer, N. Bacterial growth efficiency on natural dissolved organic ma�er. Limnol. Oceanogr. 1993, 38, 1282–1290. 

h�ps://doi.org/10.4319/lo.1993.38.6.1282. 

44. Goldman, J.C.; Denne�, M.R. Growth of marine bacteria in batch and continuous culture under carbon and nitrogen limitation. 

Limnol. Oceanogr. 2000, 45, 789–800. h�ps://doi.org/10.4319/lo.2000.45.4.0789. 

45. Kirchman, D.L.; Hoffman, K.A.; Weaver, R.; Hutchins, D.A. Regulation of growth and energetics of a marine bacterium by 

nitrogen source and iron availability. Mar. Ecol. Prog. Ser. 2003, 250, 291–296. h�ps://doi.org/10.3354/meps250291. 

46. Goto, S.; Tada, Y.; Suzuki, K.; Yamashita, Y. Evaluation of the Production of Dissolved Organic Ma�er by Three Marine Bacterial 

Strains. Front. Microbiol. 2020, 11, 584419. h�ps://doi.org/10.3389/fmicb.2020.584419. 

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual 

author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury 

to people or property resulting from any ideas, methods, instructions or products referred to in the content. 


