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Abstract: Natural polysaccharides are among the renewable sources with great potential for replacing
petroleum-derived chemicals as precursors to produce biodegradable films. This study aimed to pre-
pare biopolymeric films using starch extracted from the periderm and cortex of cassava roots (waste
from cassava root processing), locust bean galactomannan, and cellulose nanofibers also obtained
from cassava waste. The films were prepared by casting, and their physicochemical, mechanical, and
biodegradability properties were evaluated. The content of cellulose nanofibers varied from 0.5 to
2.5%. Although the addition of cellulose nanofibers did not alter the mechanical properties of the
films, it significantly enhanced the vapor barrier of the films (0.055 g mm/m2 h kPa–2.5% nanofibers)
and their respective stabilities in aqueous acidic and alkaline media. All prepared films were
biodegradable, with complete degradation occurring within five days. The prepared films were
deemed promising alternatives for minimizing environmental impacts caused by the disposal of
petroleum-derived materials.

Keywords: bionanocomposites; cassava waste; cellulose nanofibers; polysaccharides; starch;
biodegradation

1. Introduction

Food products are commercialized in different forms, either in solid, liquid, or semi-
solid states, and thus must be packed accordingly to be protected from microbes and
other contaminants. Plastics play a significant role in food packaging, and the need to
mitigate environmental problems associated with their disposal has prompted research on
ecologically safe packaging materials [1]. One of the possibilities to address this situation is
using polysaccharides, which are abundant in agri-food products and respective wastes.
Several studies have explored using materials such as corn starch, banana peel, chitosan,
cassava starch, and galactomannans to find potential ecological alternatives for developing
packaging materials [2–7]. Many of these materials are blended to primarily improve gas
barrier and mechanical properties [8]. These blends are promising because starches and
flours result in brittle and highly permeable materials, directly affecting their end-use.
Thus, improving the properties of starch and flour-based films is an ongoing challenge. In
addition to polysaccharide blends, it is possible to incorporate other components compatible
with the polymeric matrix, such as reinforcing agents [9].

Nanofibers extracted from various agri-food wastes have been reported as promis-
ing nanofiller reinforcements for packaging materials, including cellulose nanofibers de-
rived from waste streams [10], peach palm residues [4], canola straw [11], and cassava
bagasse [12], among others. These studies reported improvements in water vapor per-
meability and other essential properties of packaging materials, such as moisture and
elasticity. For instance, sugarcane bagasse was examined by Ghaderi et al. [13] for the
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production of nanocomposites. The authors reported that this residue can be converted into
high-performance packaging materials. The resulting nanofibers exhibit barrier potential,
forming protective films that can be employed in the food industry. However, the extrac-
tion of nanofibers still presents a challenge regarding commercial production, especially
cost. For this reason, these studies have aimed to simplify the extraction process of these
materials by utilizing other lignocellulosic sources, such as agricultural residues [14].

In view of the above, the present study aimed to develop a polymeric film based on a
blend of locust bean galactomannans and cassava peel polysaccharides incorporated with
cellulose nanofibers extracted from cassava peels. The prepared films were characterized
by their mechanical, barrier, chemical, and structural properties.

2. Materials and Methods
2.1. Materials

Cassava periderm and cortex of different varieties were obtained from a local mar-
ket. The following reagents were used for nanofiber preparation, potassium hydroxide,
acetic acid, EDTA, sodium hydroxide, 50% (v/v) hydrogen peroxide solution, diethylene-
triaminepentaacetic acid (Sigma-Aldrich, St. Louis, MO, USA), magnesium sulfate, and
hemicellulase from Aspergillus niger (Sigma-Aldrich, St. Louis, MO, USA), with enzymatic
activity of 72 U/mL, in a sodium citrate buffer (pH 4.8). The reagents for the production
of films were locust bean gum (Sigma-Aldrich, St. Louis, MO, USA) and glycerin P.A.
3-5-dinitrosalicylic acid (Sigma-Aldrich, St. Louis, MO, USA), anhydrous calcium chloride,
and hydrochloric acid were used to characterize films and nanofibers. All the reagents
used in the present work were purchased from Anidrol (Diadema, Brazil), Neon (Suzano,
Brazil), Synth (Diadema, Brazil), and Sigma-Aldrich (São Paulo, Brazil).

2.2. Polysaccharide Extraction and Production of Cellulose Nanofibers

Cassava polysaccharides were extracted from the cassava peels following the method-
ology presented in our previous study [15]. The peels were comminuted in aqueous media
in an industrial blender at a ratio of peel to water of 1:1 for 5 min, followed by homog-
enization of the resulting paste in an agitator for 30 min. The homogenized paste was
filtered through a polypropylene mesh, and the filtrate solution was decanted at 7 ◦C for
12 h. The resulting supernatant was discarded, and the decanted solids were washed
several times. Then, the insoluble material (IM) was dried at 50 ◦C for 24 h, followed by
maceration in a 100-mesh sieve (Tyler series). The obtained powdered product was used
for film preparation and to produce cellulose nanofibers.

2.3. Pre-Treatment

The chemical treatment of the powder for nanofiber preparation was carried out
according to Andrade-Mahecha et al. [16]. Fifty grams (dry weight) of IM was soaked
in 1000 mL of KOH 5% solution. The sample was subjected to mechanical stirring at
room temperature for 15 h. The suspension was filtered, and successive washings using
deionized water were performed until there was no change in color. The resulting material
was diluted with distilled water, and the pH was adjusted to 5 by adding 10% acetic acid.
Subsequently, the suspension was submitted to a chelation treatment with EDTA at 70 ◦C
for 1 h to remove metallic ions [17]. The treated material was filtered and washed several
times using distilled water until there was no change in color and dried in an oven at 45 ◦C
for 24 h. The insoluble material was added to a hydrogen peroxide solution (%) with three
reagents: NaOH (2%), DTPA (0.2%) (diethylenetriaminepentaacetic acid), and MgSO4 (3%).
The suspension was stirred at 90 ◦C for 3 h. Again, the material was exhaustively washed
using deionized water and filtered until no changes in color could be observed.

2.3.1. Enzymatic Hydrolysis

Preliminary experimental tests were performed to select the best enzymatic hydrol-
ysis conditions. Erlenmeyer flasks containing the substrate (sample from chemical pre-
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treatment) and sodium citrate buffer (pH 4.8) were placed in an orbital shaker (50 ◦C,
155 rpm) for 15 min. Subsequently, hemicellulase (Aspergillus niger—concentration of
72 U/g of bran) was added to the mixture and stirred for 24 h. The suspensions were
placed in a bath at 80 ◦C for 30 min for enzyme denaturation. Afterward, the remaining
powder was rinsed with deionized water. The insoluble material was then separated via
filtration and subsequently suspended in ultrapure water. At the end of these procedures,
a colloidal suspension of CNFs (cellulose nanofibers) was obtained and stored at 5 ◦C in
a sealed container. Later, the suspensions composed of nanofibers were processed in a
high-pressure homogenizer (QR 500 W Ultranique, ECO-SONICSP, Brazil) for five minutes
with a power of 500 W to separate the nanofibers from each other and reduce their size.
The samples were again stored at 5 ◦C for further application.

2.4. Production of Films

The films were prepared by casting. The control film, BC (biocomposite), was prepared
as follows. Cassava peel (periderm + cortex) starch (2.25 g) and locust bean gum (LBG)
(0.75 g) were dissolved in 200 mL distilled water under continuous stirring for 45 min
at room temperature. Subsequently, 0.6 g of glycerol was added to the suspension, fol-
lowed by constant stirring for 2 h at 70 ◦C. For the films with added nanofibers, namely
bionanocomposite films, nanofiber suspension was added to the filmogenic solution at
different concentrations (0.5, 1.5, and 2.5%). These concentrations were established in
preliminary tests, with concentrations higher than 2.5% leading to films with starch ag-
glomerations. The film-forming solutions were placed in an ultrasonic bath (Unique-Ultra
Cleaner, model 1650A) for one hour to remove bubbles from the solutions. Subsequently,
150 mL of film-forming solution was transferred to square silicone molds, which were
placed in a climate-controlled atmosphere (23 ◦C and 45% RH) for 24 h, allowing the solvent
to evaporate. Following solvent evaporation, the materials were carefully removed from
the molds and stored at room temperature. Prior to further analysis, the film samples were
preconditioned at 50% relative humidity, at 23 ◦C, for 48 h.

2.5. Characterization of Nanofibers
2.5.1. Yield, Reducing Sugars, and Lignin Contents

Nanofiber yield was calculated from a mass balance, considering the initial mass after
alkaline and hydrogen peroxide treatment and the final mass after enzymatic hydrolysis.
Analyses of reducing sugars and lignin determination were carried out to characterize
the nanofibers. For such, an aliquot of the solution containing nanofibers after enzymatic
hydrolysis was used to quantify reducing sugars and thus define the ideal enzyme con-
centration. After preliminary tests, the following amounts of hemicellulase were selected:
0.046, 0.1, and 0.37 g [18]. The reducing sugar content was determined by the DNS method
(3-5-dinitrosalicylic acid), employing a glucose-based calibration curve [19]. The samples
were analyzed using a UV-Vis spectrophotometer (Gold brand, model Spectrumlab 53) at
a wavelength of 540 nm. Lignin determination was conducted according to the Klason
protocol with modifications.

2.5.2. Atomic Force Microscopy (AFM)

Visualization of the nanofiber structures and determination of their respective dimen-
sions were carried out by AFM. For this purpose, the supernatant of the suspension was
subjected to ultrasound for five minutes. Then, an aliquot of the new supernatant was
diluted (1:4), and 10 µL was deposited on mica fixed on a metal disc and air-dried at room
temperature. The analysis was conducted on a Cypher ES Microscope (Asylum Research,
Santa Barbara, CA, USA), with controlled humidity (40–45%) and temperature (22 ◦C). A
silicon AC240TS tip was used for the scans at a frequency of 70 Hz, and the force constant
was set to 2 N min−1. Scans were performed in different areas ranging from 10 × 10 µm
to 1 × 1 µm at a speed of 1.5 Hz (lines s−1). The scanning mode was intermittent contact
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(Tapping Mode). The acquired images were processed using the manufacturer’s software,
AR, version 16.

2.6. Characterization of Films
2.6.1. Grammage, Thickness, Moisture Content, and Water Solubility

The grammage of the prepared films was calculated as follows [20]: the film samples
were cut (10 × 10 cm) and weighed on an analytical balance. The result was calculated
according to the following equation:

G = M/A (1)

where G is the grammage (g/m2), M is the mass (g), and A is the area of the film (m2).
Film thickness was measured using a micrometer (Mitutoyo, Kawasaki, Japan). Ten

measurements were taken at random points in each film. The moisture content was
determined using a gravimetric method (drying at 105 ◦C until constant weight). The water
solubility analysis samples were carried out following the method described by Antoniou
et al. [21]. Samples were placed in a 250 mL Erlenmeyer with 50 mL of distilled water and
shaken at 70 rpm in an orbital shaker at 20 ◦C for 24 h, followed by filtration and drying of
the samples at 105 ◦C until constant weight. The water solubility was calculated using

Solubility(%) =
W0 − W1

W0
× 100 (2)

where W0 is the initial dry weight of the sample (g), and W1 is the final dry weight of the
sample (g).

2.6.2. Water Vapor Permeability Analysis (WVP)

Water vapor permeability was determined gravimetrically according to ASTM stan-
dard method E96 [22]. The system contained the sample and a circular capsule with
granulated calcium chloride (previously dried in a forced-air oven). The film and the cap-
sule were sealed using beeswax. Then, the system was weighted and rested in a desiccator
containing a saturated calcium chloride solution at 21 ◦C and a relative humidity of 75%.
The system was weighed on an analytical scale every 30 min for five hours. The analysis
was evaluated in quadruplicate with two repetitions for each film sample. The water vapor
permeability (WVP), expressed in g/m s Pa, was calculated using

WVP =

(
W
t

)(
l

A∆P

)
(3)

where W/t represents the linear regression calculation of experimental points of weight
gain (g) of the capsules as a function of time, l is the thickness of the film, A is the film-
exposed area, ∆P is the pressure difference of water vapor to the pure water at 25 ◦C.

2.6.3. Color Measurement and Opacity

Color analysis was carried out using a Colorflex Hunterlab meter according to the
CIELab system. Color parameters a* (red-green), b* (blue-yellow), and L (lightness) of the
CIELab scale were determined and further used to calculate chroma (C*) and hue value
(h*). Film opacity was determined following the procedure detailed in Almeida et al. [23]
and calculated based on the light absorbed by the biocomposites vbionanocomposites
(1 mm) at 600 nm, using a UV Spectrophotometer (UV-Micronal, AJX 1900, Micronal S.A.,
São Paulo, Brazil). Opacity was determined as the ratio of absorbance to film thickness
(mm) (Abs600 nm mm−1).

2.6.4. Mechanical Properties

The mechanical properties tensile strength (TS) and elongation at break (EB) were
measured in a texture analyzer (TAXTPLUS (Stable Micro Systems), according to the ASTM
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standard method D882-18 [24]. The samples were cut into strips (100 × 25 mm). The initial
grip separation was 50 mm, and the speed was set at 10 mm s−1. Prior to analysis, the film
samples were preconditioned at 50% relative humidity at 23 ◦C for 48 h.

2.6.5. Stability in Acidic and Alkaline Solutions

This analysis assessed the stability and behavior of the developed films in solutions
with different pH, evaluating acidic, basic, and neutral conditions. Samples of 16 mm in
diameter were immersed in 20 mL of solutions of hydrochloric acid (pH 3), distilled water
(pH 7), and sodium hydroxide (pH 12). The samples were kept immersed at 25 ◦C for
12 days. Changes in the appearance of the samples were recorded with a Motorola camera
with 48 megapixels.

2.6.6. Scanning Electron Microscopy (SEM)

The morphology of the films was examined by SEM using a field emission gun (FEG)
scanning electron microscope, FEI brand, Quanta 200 FEG model. Samples were affixed to
stubs using conductive carbon tape and metalized with carbon. The detection voltage was
20 kV.

2.6.7. Nuclear Magnetic Resonance (NMR)

Characterizing materials in solid-state NMR enables the direct analysis of insoluble
macromolecules such as cellulose and polysaccharides present in cell walls. Solid-state
NMR spectra were acquired on a Bruker AVANCE III 400 MHz spectrometer, with a
resonance frequency of 100.57 MHz for a 13C nucleus. Samples were packed into 4 mm
zirconia rotors using a 4 mm Magic Angle Spinning (MAS) probe. Cross-polarization with
ramping was carried out with a contact time of 2 ms and a recycle time of 3 s for spectrum
averaging, followed by the Total Suppression of Spinning Sidebands (TOSS) sequence
involving 4 pulses to eliminate sidebands. The spinning speed around the magic angle was
set at 5 kHz, collecting 2048 scans [25].

2.6.8. Fourier Transform Infrared (FTIR) of Nanofibers and Films

A Fourier Transform Infrared (FTIR) spectrophotometer (IRAffinity-1, Shimadzu,
Japan) with a scanning wave number range of 4000–400 cm−1 was used to obtain the FTIR
spectra of the nanofibers and produced films.

2.6.9. Thermogravimetric Analysis (TGA) of Both Nanofibers and Films

Thermogravimetric analysis was performed using Shimadzu TGA equipment (TGA-51
Shimadzu, Kyoto, Japan). About 20 mg of the sample was placed in an aluminum pan with
the following operating conditions: nitrogen atmosphere with a flow rate of 50 mL min−1;
heating rate of 10 ◦C min−1; and temperature range from 25 to 600 ◦C.

2.6.10. Film Biodegradation

Biodegradability assays are essential to assess the potential of the developed material
as an alternative to synthetic packaging, which often requires extended periods for degra-
dation. Biodegradability was analyzed in soil prepared according to ASTM G160-03 [26].
The soil was prepared by mixing three components in equal parts: fertile soil with low
clay content, manure, and sand. For three months (90 days), the moisture content and pH
of the soil were monitored. After this period, we buried samples in it to evaluate their
biodegradability. The biodegradability test was carried out according to the methodology
described by Batista et al. [6]. Containers with a depth of 12.5 cm were filled with soil up to
4 cm in height. The test specimens (2 × 2 cm) were buried in the soil at approximately 1 to
2 cm in an aerobic condition. The containers were maintained at room temperature, and
the soil moisture was regularly replenished by spraying water. The samples were removed
and analyzed daily for five days.
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3. Results
3.1. Characterization of Nanofibers
3.1.1. Yield and Reducing Sugars and Lignin Contents

Table 1 shows the results obtained for yield, reducing sugars, and lignin contents. The
alkaline treatment was the most efficient treatment for removing non-cellulosic components,
accounting for the removal of approximately 65% of these components. This medium
promotes solubilization and dissolution, especially of lignin. Still, other components can be
solubilized entirely, such as pectin, or partially solubilized, as in the case of hemicellulose
since the ester linkages of carboxylic acids are broken [27]. Additionally, the alkaline
treatment breaks the hydrogen bonds in the amorphous structure of cellulose. This behavior
is essential for increasing the surface area of the crystal and reducing lipid materials such
as waxes and oils that cover the fiber [18].

Table 1. Results obtained for cellulose nanofiber yield after chemical and enzymatic pre-treatments
and reducing sugars and lignin contents.

Parameter and Treatment Result

Yield after alkaline treatment (%) 34.6
Yield after bleaching (%) 92.5

Yield after enzymatic hydrolysis (%) 46.0
Reducing sugar (mg/mL) 2.53 ± 0.01

IM (% lignin) 30.10 ± 1.95 a

Bleaching sample (% lignin) 4.32 ± 1.17 b

Nanofibers (% lignin) 2.10 ± 0.28 b

Yield data initial sample mass of 50 g. The remaining results are expressed as mean ± standard deviation (n = 3).
Different letters in the same column represent statistical differences in the results according to Tukey’s test
(p < 0.05).

Chelating and bleaching treatments removed only 7.5% of the non-cellulosic compo-
nents in the sample. While chelating treatment aims to remove metal ions, bleaching is
applied to complement the delignification stage, turning the color of the sample to lighter
hues by removing colored compounds bound to the polysaccharide matrix. Recent studies
highlight bleaching as an essential chemical treatment to complement delignification, re-
moving amorphous materials and producing predominantly cellulosic material [28]. After
bleaching, the nanofibers were extracted in the enzymatic hydrolysis stage, aiming for
better efficiency in disintegrating the sample and obtaining the nanofibers.

After 24 h of enzymatic incubation, the solution containing nanofibers was used to
quantify its total reducing sugars content. This study observed a decrease in the reduc-
tion in sugar content of approximately 50.6% compared to the untreated original sample.
This reduction is mostly due to the elimination of the monosaccharides comprising the
hemicellulose fraction.

Pre-treatment with a strong base primarily removes lignin, aiming to obtain a sample
rich in cellulose and more prone to fibrillation. Table 1 shows the lignin content in IM (un-
treated) and the samples after chemical, enzymatic, and mechanical treatments (nanofibers).
Approximately 30% of the lignin was removed compared to the initial sample, with only
2% remaining in the nanofibers (after enzymatic treatment). It can be observed that the
most significant removal occurred after alkaline treatment and bleaching of the sample,
highlighting the efficiency of these protocols in obtaining nanofibers.

It is relevant to emphasize that the alkaline treatment solubilizes lignin and a portion
of hemicellulose. In the alkaline treatment, the ester bonds that link lignin to hemicellulose
are broken, and the network is disrupted, allowing the solubilization of lignin components.
At the same time, alkalis facilitate the breaking of C-H bonds in lignin, generating free
radicals, which will subsequently attack the sample matrix, contributing to the further
breakdown of the lignin structure. On the other hand, the cellulose fraction usually remains
unaffected due to its higher chemical resistance to such treatment [29].
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After enzymatic hydrolysis, the nanofiber residue underwent mechanical treatment
to comminute the fibers into nanometer sizes. The nanometer size of the fibers produced
was corroborated by atomic force microscopy analysis, and the results are presented in
Section 3.1.2. Combining enzymatic and mechanical treatment allows nanofibrillation
without compromising the material’s thermal stability [30].

3.1.2. Atomic Force Microscopy—AFM

Figure 1 presents the AFM images obtained for the produced nanofibers. The images
reveal a network structure, displaying long entangled cellulose filaments, oriented in
various directions. The fibrillar structures had an estimated average length of 118 nm and a
diameter ranging from 2 to 30 nm, with an average diameter of 5 nm.

Figure 1. AFM micrographs of obtained cellulose nanofibers.

Widiarto et al. [31] prepared cellulose nanofibers from cassava peels by mechanical
treatment and observed fiber and needle-like shapes with an approximate size of 100 nm
and a diameter ranging between 6.7 and 8.2 nm. Travalini et al. [12] prepared lignocellulose
nanofibers from peach palm residues by mechanical defibrillation, with diameters ranging
from 4.5 to 12.3 nm, and incorporated the nanofibers produced thereof into cassava peel
starch films [4]. It was observed that during the separation of nanofibers in the mechanical
process, the suspension behaved like a gel. This can be attributed to the individualization
of nanofibers but also suggests the presence of long and entangled nano-sized cellulose
fibers [5], characteristics observed in the present study.

Fibers at nanoscales are recommended to enhance the strength of polymeric materials.
However, it is essential to consider that the reinforcing ability of nanofibers is also associated
with other factors, such as the compatibility between fibers and matrix components and
the concentration of nanofibers [16].

A high aspect ratio is desirable for better efficiency as a reinforcing material because,
in these conditions, there will be a favoring of energy transfer through the nanofiber–
matrix interface. In this study, an aspect ratio (length/diameter) of approximately 23.6
was observed, which is lower than that reported by Leite and co-workers [17], who found
an aspect ratio of 58.8 to 77.3 in nanofibers obtained from cassava peelings and roots.
Differences in the nanofiber extraction procedures can explain this difference. The higher
values observed in that study [17] can be ascribed to the use of acid hydrolysis for nanofiber
breakdown, as opposed to the use of enzymes for hydrolysis in the present study. The
experimental protocol is one factor affecting the nanofiber’s aspect ratios. Additionally,
cassava periderm and cortex were used in this study, which could be another factor
associated with the observed differences.

3.1.3. Fourier Transform Infrared (FTIR)

Figure 2 shows the spectra obtained for the IM and nanofiber samples. IM (black
spectrum) exhibited a broader band in the region of 3500 to 3200 cm−1, indicating the
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O–H stretching vibration of the polysaccharides’ molecules. There was a reduction in the
intensity of this band in the nanofiber sample (blue spectrum). This change in intensity
occurred due to the removal of the hemicellulose fraction of the cassava periderm and
cortex. In addition, this band and that observed at 1622 cm−1 in both samples can be
attributed to the presence of water [17,32].
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nanofibers.

The band at 2918 cm−1 is related to C–H stretching, more intense in the IM sample
spectrum, due to a higher amount of the amorphous fraction of cellulose. Thus, it can be
inferred that the pretreatment and enzymatic hydrolysis reduced the amorphous fraction in
the nanofiber sample [32]. The band observed at 1732 cm−1 for the IM sample corresponds
to the C=O group, typical of lignin and hemicellulose. This band does not appear in
the nanofiber sample, indicating that pre-treatment and enzymatic hydrolysis effectively
remove these constituents. These findings are consistent with similar spectra observed in
the literature [32,33].

The IM sample exhibited a broad band at approximately 1427 cm−1; however, the sam-
ple after the applied treatments showed a shifted band at 1415 cm−1. This shift corresponds
to the vibration of CH2 bonds attributed to crystalline cellulose. These intermolecular
bonds occur at the C6 position of the molecule [34,35].

The band at 1318 cm−1 was attributed to C–H vibrations in cellulose, lignin, and
hemicellulose, following its higher intensity in IM [16,17,34]. The band at 1242 cm−1

was observed only in IM and was attributed to the presence of phenolic groups and
derivatives, characteristic of lignin [17,32,33]. The band observed at 894 cm−1 is attributed
to β-glycosidic linkages between glucose units in cellulose [31,34].

The results observed in the FTIR spectra demonstrate that the chemical and enzymatic
pre-treatment, combined with physical treatment, enabled the isolation of nanofibers from
the insoluble material obtained from cassava periderm and cortex polysaccharide extraction,
with the efficient removal of lignin and hemicellulose, with a corresponding increase in the
amount of cellulose in nanofibers.

3.1.4. Thermal Analysis

The thermograms of the isolated cellulose nanofibers are presented in Figure 3, and
two stages of thermal degradation are observed. The initial stage is associated with the
presence of moisture in the nanofibers [28]. In contrast, the second stage can be related to
the decomposition of hemicellulose and cellulose since the event began at 245 ◦C and ended
at 386 ◦C. The final degradation temperature suggests a higher percentage of crystalline
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regions in the obtained nanofibers. Celluloses with a predominance of crystalline regions
tend to degrade at maximum temperatures around 380 ◦C [36].
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From the second stage onwards, no other events were observed. This aligns with
the data observed in the FTIR analysis, indicating lignin removal in the nanofibers since
lignin has a higher decomposition temperature than cellulose. Lignin initially degrades at
approximately 380 ◦C and can complete its degradation up to 500–600 ◦C [31].

3.2. Characterization of Films
3.2.1. Grammage, Thickness, Moisture Content, and Solubility

The data presented in Table 2 are essential for understanding potential changes when
adding nanofibers to the formulation. Grammage values are related to weight per unit
area and significantly impact mechanical properties; a higher basis weight often results in a
stronger material [37].

Table 2. Values obtained for grammage, thickness, moisture content, and solubility for the films that
were produced.

Sample Grammage g/m2 Thickness (mm) Moisture (%) Solubility (%)

Biocomposite
BC 50.34 ± 2.67 a 0.079 ± 0.010 b 10.99 ± 0.10 b 70.35 ± 0.02 a

Bionanocomposite
BN0.5 (0.5% NF) 48.14 ± 10.93 a 0.093 ± 0.010 b 13.00 ± 0.06 a 18.85 ± 1.12 b

BN1.5 (1.5% NF) 40.70 ± 6.43 a 0.096 ± 0.012 ab 12.37 ± 0.44 a 15.28 ± 0.85 c

BN2.5 (2.5% NF) 38.93 ± 7.54 a 0.097 ± 0.010 a 12.39 ± 0.35 a 15.14 ± 0.90 c

Results are expressed as mean ± standard deviation (n = 3). Different letters in the same column indicate
statistically significant differences using Tukey’s test (p < 0.05).

The results demonstrate no significant differences in the grammage of the films, with a
slight decrease as the nanofiber concentration increased. The justification for this behavior
might be related to the size of the nanofibers. Although microscopic analysis revealed
a nanoscale size for the nanofibers, the variations in diameters and lengths could have
led to larger particles that are more difficult to evenly distribute within the matrix [38].
Furthermore, they may have resulted in the formation of void spaces in the material [37],
which led to a decrease in the density of the films (BC) from 2.53 g/cm3 to 1.62 g/cm3 in
the formulation with the highest nanofiber concentration (BN2.5). Based on this behavior,
it is possible to understand why the film thickness increased with the increase in nanofiber
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concentration. The control film probably had fewer void spaces, leading to higher density
and reduced thickness.

For the moisture analysis, Table 2 indicates that incorporating nanofibers increased the
control formulation’s moisture content. However, it is noticeable that this increase was not
proportional to the nanofiber concentration, as there was a parabolic trend with a maximum
point followed by a reduction in moisture content with increasing nanofiber content. This
result is consistent with the thermal analysis conducted in this study, which exhibited a
similar behavior. A low concentration of nanofibers was possibly insufficient to facilitate
a higher number of intermolecular bonds, thereby maintaining the exposure of hydroxyl
groups in starch, which is hydrophilic. As the nanofiber concentration increased, more
intermolecular bonds formed among nanofibers, starch, galactomannans, and glycerol.
Consequently, there was a reduction in the total available hydroxyl groups for interaction
with water [35]. Furthermore, the nanofibers remained partially clustered, as observed in
the microscopy analysis. Hydrogen bond interactions amongst nanofibers were favored
during film preparation instead of interactions of nanofibers with water molecules [4].

Regarding the solubility analysis, it is observed that the incorporation of nanofibers
and the increase in their concentration in the formulations led to a significant reduction in
this parameter. The same behavior was reported in previous studies [4,39] in association
with the preference of nanofibers to form bonds with other matrix constituents instead of
breaking them to bind with water. This behavior can also be attributed to the creation of a
network of nanofibers, hindering the diffusion of water into the polymeric matrix.

3.2.2. Color Measurement and Opacity

Table 3 demonstrates a notable decrease in L * values with nanofibers’ addition
and incremental concentration. These outcomes are consistent with findings by Lago
et al. [9,40] and Martins et al. [4], who incorporated nanofibers into cassava-starch-based
films, observing a decrease in luminosity values as the nanofiber concentration increased
due to their light-blocking properties.

Table 3. Optical properties (color and opacity).

Sample L C * h * Opacity

Biocomposite
BC 88.35 ± 0.005 a 7.67 ± 1.32 a −88.47 ± 1.23 a 0.37 ± 0.05 a

Bionanocomposite
BN0.5 (0.5% NF) 84.04 ± 0.015 b 15.06 ± 0.040 b 85.19 ± 0.02 b 0.40 ± 0.01 a

BN1.5 (1.5% NF) 81.65 ± 0.020 c 16.31 ± 0.26 c 85.26 ± 0.01 c 0.41 ± 0.01 a

BN2.5 (2.5% NF) 79.07 ± 0.010 d 19.71 ± 1.56 d 85.37 ± 0.14 d 0.66 ± 0.02 b

* Results are expressed as mean ± standard deviation (n = 3). Different letters in the same column indicate
statistically significant differences using Tukey’s test (p < 0.05).

Concomitant with the addition and increased concentration of nanofibers, the chroma *
and hue * parameters exhibited an elevation, signifying an enhanced saturation and yellow
hue intensity in the materials.

Similarly, opacity demonstrated a proportional increase with rising nanofiber concen-
tration. These findings align with the results reported by Silveira et al. [41], who developed
cellulose-nanofiber-based active films with cassava starch and Melaleuca essential oil,
recording opacity values ranging from 0.33 to 0.50.

It is important to consider that certain food products should avoid exposure to light
due to their high lipid content, making them susceptible to rancidity and other oxidation
reactions. In such cases, minimizing light transmission becomes crucial. Nanofibers
protect packaging materials by establishing robust interactions with cellulose, enhancing
opacity and light dispersion [42]. The observed behavior in opacity analysis aligns with the
decreased luminosity values, indicating reduced transparency in the examined samples.
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However, this increased opacity does not compromise visibility and holds potential for
diverse applications without adverse effects.

3.2.3. Mechanical Properties and Water Vapor Permeability (WVP)

Incorporating nanofibers in the film led to a slight reduction in the tensile strength of
the bionanocomposites (Table 4). However, this effect was not significant (p < 0.05) up to
a nanofiber concentration of 1.5% (Table 4). No statistical difference was observed in the
elongation percentage, even with the addition of nanofibers in the studied formulations
with values in the 41 to 45% range.

Table 4. Mean values and standard deviations of tensile strength (TS), elongation at break (EB), and
water vapor permeability (WVP).

Sample TS (MPa) EB (%) WVP (g mm/m2 h kPa)

Biocomposite

BC 10.38 ± 0.72 a 41.10 ± 3.54 a 0.15 ± 0.01 a

Bionanocomposite

BN0.5 (0.5% NF) 10.30 ± 3.08 a 45.1 ± 12.2 a 0.11 ± 0.02 b

BN1.5 (1.5% NF) 9.52 ± 1.81 ab 45.3 ± 3.8 a 0.060 ± 0.003 c

BN2.5 (2.5% NF) 6.57 ± 1.04 b 45.3 ± 1.7 a 0.055 ± 0.007 c

Results are expressed as mean ± standard deviation (n = 3). Different letters in the same column indicate
statistically significant differences using Tukey’s test (p < 0.05).

These results demonstrate that the bionanocomposites, developed with starch and
nanofibers extracted from cassava peel and pulp, galactomannans, and glycerol, exhibited
good tensile strength while maintaining material flexibility. Literature reports indicate that
increasing the concentration of nanofibers can improve tensile mechanical properties up
to a specific concentration. The enhanced reinforcement is primarily due to the stronger
bonds that cellulose forms with matrix constituents, creating a rigid network. However,
beyond a certain threshold, agglomeration may occur, leading to a significant decrease in
tensile strength [43].

Improvements in film mechanical properties due to the inclusion of cellulose nanofibers
are achieved when there is a strong physicochemical interaction between the added
nanofibers and the film matrix, with the interacting nanofibers facilitating stress trans-
fer in the matrix. This was not the case in our study. The herein moderate interactions
between the nanofibers and the polysaccharide matrix might be related to the fact that
both the starch and the galactomannan employed were highly branched, with 83% amy-
lopectin in starch [15] and a mannose-to-galactose ratio of about 4:1 in galactomannan.
Both polysaccharides are moderately soluble in water at room temperature. Since cel-
lulose is not soluble in water, interactions between starch and galactomannan are more
easily accomplished than their interactions with crystalline cellulose nanofibers. Cassava
starch in general, be it from the peel or from the bagasse, was identified as an A-type
allomorph [44,45], with a crystallinity index of about 35%. As the starch is solubilized
together with locust bean galactomannan, recrystallization to its original morphology does
not occur, due to interactions between the two distinct polysaccharides. Therefore, the
packing density of the film prepared thereof will be lower than the packing densities of the
original polysaccharides, allowing for the cellulose nanofibers to occupy intermolecular
spaces and structural voids in a way that will not contribute to an enhanced stress transfer
but can contribute to an enhanced water vapor barrier. Although the mechanical properties
were not enhanced with the incorporation of cellulose nanofibers, the films still ended
up being stronger than some films produced from petroleum-derived products, such as
polyethylene, which presents an average tensile strength of 4.6 MPa [46]. This result is
considered satisfactory and demonstrates the potential of the materials produced in this
study as substitutes for non-renewable source materials.
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Regarding WVP, it was observed that the bionanocomposites were significantly less
permeable to vapor than the biocomposite, and WVP decreased as the concentration of
nanofibers increased. This behavior strongly suggests that the incorporation of nanofibers
improved the film’s barrier properties, which is significant as the goal is to decrease
the exchange of water between the product and the environment. Hence, the lower the
permeability of the packaging material, the longer the product’s durability, given that
moisture content is a decisive factor for microbial growth. This reduction in WVP is
attributed to a polymer network with a certain degree of intermolecular interactions and
a high degree of molecular orientation, which likely reduces the diffusion coefficient by
restricting chain mobility, creating entanglement and blockages that hinder the passage of
water molecules. This is also consistent with the microscopic analysis of the nanofibers and
with previous studies [47].

Materials with low water vapor permeability values are essential for the packaging
of dry products, where contact with moisture must be restricted, and for coating high-
respiration-rate vegetables, which degrade due to water loss [9]. The bionanocomposites
produced in this study can be considered as having a moderate barrier, as their values fall
within the range of 0.004 to 0.4 g mm/m2 h kPa established in the literature [48], so they
could be directed towards packaging applications for moderately moist foods [46]. Another
possibility would be blending with paper, thereby further reducing water permeation and
preventing product deterioration. Furthermore, it is important to note that the results
from this study are not limiting and can be considered promising. This is especially true
considering the diversity in food products with varying gas exchange requirements.

3.2.4. Stability in Acidic and Alkaline Solutions

The stability of the prepared films under acidic and alkaline pH conditions was
evaluated, considering that this is an essential parameter for defining their applications
(Table 5). The control formulation swelled approximately 1.5 times, while the sample with
a 0.5% addition of nanofibers showed a swelling of 1.4 times under acidic conditions. The
samples incorporated with 1.5 and 2.5% nanofibers swelled about 1.3 times. The results
suggest that adding nanofibers improved sample stability under acidic conditions.

Table 5. Mean values and standard deviations of sample diameter (n = 3) in acidic and alkaline
solutions (original diameter = 16 mm).

Diameter (mm)

Sample pH 3.0 pH 10

Biocomposite
BC 23.5 ± 0.5 23.2 ± 1.6

Bionanocomposite
BN0.5 (0.5% NF) 21.4 ± 1.1 20.3 ± 0.5
BN1.5 (1.5% NF) 21.0 ± 0.5 20.0 ± 0.3
BN2.5 (2.5% NF) 20.7 ± 0.9 19.9 ± 0.2

Furthermore, after 12 days of immersion, the samples remained intact without visually
noticeable cracks. These results indicate the possibility of directing the bionanocomposites
for application in acidic food packaging, such as processed meats and some fruits. The
acidic environment did not weaken or break the intermolecular and intramolecular bonds
formed between the constituents of the polymer matrix in these formulations during the
evaluated period.

In the alkaline medium, the control sample swelled 1.5 times, and the samples incor-
porated with nanofibers, regardless of the concentration, showed a 1.3-fold increase in
diameter compared to the initial diameter (16 mm). Based on the previous data, adding
nanofibers probably allowed moderate interactions between nanofibers and the other con-
stituents of the polymer matrix. As a result, sodium hydroxide was not strong enough to
break these bonds and react with the hydroxyl groups of starch. This behavior was not
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observed in the formulation without the addition of nanofibers. Therefore, it is possible
that the starch chains were more exposed to disintegration in this medium, as sodium
hydroxide reacted more easily with the hydroxyl groups of the starch molecule, breaking
the hydrogen bonds that would form inter- and intramolecular interactions. It is important
to note that all the evaluated samples exhibited greater stability in the studied media than
other starch films reported in the literature [49].

3.2.5. Scanning Electron Microscopy (SEM)

The surface morphology of the biocomposite and bionanocomposites was examined
using scanning electron microscopy, and the images obtained are presented in Figure 4.
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BN2.5, containing 0.5, 1.5, and 2.5% of nanofibers, respectively.

The formulation without the addition of nanofibers presented a homogeneous sur-
face. However, upon incorporating 0.5% of nanofibers, the surface became rough. One
explanation for the observed effect is that the quantity of 0.5% nanofibers was insufficient
to establish hydrogen bonds, so the fibers remained between the polymer chains. This
observation is in line with the data from the thermogravimetric analysis. The behavior
changes as the content of nanofibers increases. It was observed that the matrix provides
better coverage for the nanofibers, reducing the surface roughness [12]. Presumably, the
nanofibers were well dispersed in the matrix, owing to the increase in hydrogen bonds [35].
Such bonds can reduce accessible OH groups, providing this coverage; this effect might
improve water vapor permeability. This result agrees with the data obtained from the
moisture and WVP analyses. On the other hand, isolated agglomerated nanofibers were
observed at the maximum studied nanofiber content (2.5%). A higher concentration may
render the material less cohesive [50]. This explains the observed behavior regarding the
mechanical properties. The nanofibers form stronger bonds with the matrix constituents
up to a certain concentration, creating a rigid network. However, with a 2.5% addition in
nanofiber content (regarding the control film), agglomeration of the nanofibers was favored,
and it was precisely this agglomeration that reduced the strength of materials with added
nanofibers [43].
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3.2.6. Fourier Transform Infrared (FTIR)

Figure 5 shows the FTIR spectra obtained for the prepared films. The bionanocom-
posites did not show any shift or presented new bands compared to the biocomposite
developed solely with starch and galactomannan. All formulations exhibited spectra
similar to those reported for starch, galactomannans, and cellulose structures.
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Figure 5. FTIR spectra of the BC and bionanocomposites BN0.5, BN1.5, and BN2.5, containing 0.5,
1.5, and 2.5% of nanofibers, respectively.

The band between 3000 and 3700 cm−1 corresponds to the vibration of the –OH
group predominant in the polysaccharides’ structures and the water–water and water–
biopolymers interactions [51]. Additionally, the band at 3282 cm−1 can be attributed to
–OH stretching in cellulose. It is observed that the intensity of this vibration is higher at
the maximum concentration of added nanofibers (green curve), indicating more hydrogen
bonds between the compounds and a good interaction of the nanofibers in the matrix,
associated with an increase in the cellulose content. This increase shows the efficiency of
the applied pretreatments for nanofiber extraction [12].

Figure 5 shows a slight vibration around 2926 cm−1, attributed to –CH stretch vi-
brations in the central molecule of cellulose [52]. A band with lower intensity was ob-
served at 1645 cm−1, attributed to water absorbed by the polymers. Bands in the range
of 1654–1662 cm−1 have been mentioned in previous studies in association with water
absorption by starch molecules [4,9,12].

The spectral region typical of polysaccharides ranges from 1300 to 900 cm−1 and is
known as the fingerprint region [53]. Although there was no structural alteration in this
region with the addition of nanofibers, there was an increase in band intensities. A band
at approximately 1078 cm−1 was observed in all samples, which can be attributed to the
stretching of C–OH bonds. Lago et al. [9] reported a band at 1077 cm−1 related to the
stretching of the C–OH bond in starch and galactomannan molecules, as well as the C–O
stretching in cellulose, hemicellulose, and lignin, thus explaining the increase in intensity
with the addition of nanofibers.

The bands observed at 1014, 990, and 926 cm−1 are attributed to the stretching of C–O
bonds in the anhydroglucose ring of starch; C–O stretching in cellulose, hemicellulose,
and lignin; and vibrational modes related to the CH2 group, respectively, and they are
characteristic of starch films [9,12]. The bands at approximately 848 and 806 cm−1 with
lower intensity are attributed to the α-D-galactopyranose and β-D-mannopyranose units,
respectively [39]. These constituents are part of the galactomannan chain.
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3.2.7. Thermal Analysis

The biocomposite and bionanocomposites were analyzed thermogravimetrically and
the thermograms are presented in Figure 6. This analytical determination is essential
in characterizing biodegradable materials, such as those studied in this research, as it
assesses stability when subjected to temperature variations. The addition of 2.5% nanofibers
in the formulation was the only one that presented a difference compared to the other
formulations, which maintained a relatively unaltered thermal behavior as observed from
the DTG curves (Figure 6).
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All samples exhibited mass loss at temperatures below 100 ◦C, corresponding to the
elimination of water and other eventual volatile components. Notably, part of this water is
trapped in starch molecules due to their hydrophilicity, caused by hydrogen bonds formed
between hydroxyl groups and glucose units. This can also occur with galactomannans and
empty spaces within the polymeric chain. The presence of water absorbed by the films is
consistent with the FTIR spectra, where the band in the region of 1645 cm−1 was observed
(Figure 5).

The incorporation of 0.5% nanofibers into the film matrix decreased the initial degra-
dation temperature (119.34 ◦C) of the second event; however, this behavior was not main-
tained. As more nanofibers were incorporated into the formulation, the degradation
temperature increased again; 1.5 and 2.5% nanofibers exhibited degradation temperatures
of 144.79 ◦C and 157.67 ◦C, respectively. At low concentrations, the nanofibers may allo-
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cate in-between polymeric chains, reducing the flexibility of the amylopectin chains and
preventing a stronger interaction among all sample constituents (water–starch–glycerol–
galactomannan–nanofibers). This behavior is consistent with the mass loss of this sample,
which was higher at this stage [54].

A single thermal degradation stage was observed except for the sample with a 2.5%
nanofiber addition and excluding the initial stage corresponding to the removal of water
from the samples. This indicates that chemical bond breakage occurred simultaneously,
suggesting similar interactions during film formation. Other studies in the literature have
reported this behavior [41,55].

On the other hand, the thermal degradation of the bionanocomposite with 2.5%
nanofibers in the formulation showed an additional stage. The increase in nanofiber
concentration might have favored stronger chemical bonds, requiring higher energy for
degradation. For the third degradation stage, an initial temperature of 412.35 ◦C was
observed with a mass loss of 21.72%, producing less than 1% of inorganic material. This
mass loss could correspond to the removal of more thermally stable compounds, the de-
polymerization of high-molecular-weight constituents, and the rupture of intense chemical
bonds formed during film preparation [56]. The same behavior has been observed in other
studies aimed at characterizing materials for packaging with the addition of nanofibers. In
these studies, the increase in nanofiber concentration led to additional thermal degradation
stages [57,58].

3.2.8. Nuclear Magnetic Resonance (NMR)

Figure 7 shows the 13C NMR spectra for the biocomposite and bionanocomposites
produced in this study. Although no new signals have emerged, the 13C NMR spectra
for the bionanocomposites revealed slight changes in chemical shifts compared to the
biocomposite spectrum. This observation indicates that the nanofibers likely interacted
with the other constituents of the polymeric matrix [59].
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Starch gelatinization occurs during the formation of the biocomposite and bionanocom-
posites, in which its ordered structure is lost, and native starch is converted into a ther-
moplastic polymer. It can undergo rearrangement either in the starch chain or the chain
formed by interacting with other constituents in the polymeric matrix. This rearrangement
is called polymorphism, either Type A (the crystals form a monocyclic network) or Type
B (the crystals form a hexagonal network). They are usually associated with triplets or
doublets in the C1 resonance in the spectra [60]. However, in this study, we did not observe
triplets or doublets resonating at C1, suggesting the formation of a disordered phase in
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this region. This is possibly due to the lower mobility of starch chains. Hydrogen bonds
are not formed between starch chains but among the hydroxyl groups of starch and polar
groups in the plasticizer, galactomannan, and/or cellulose. This behavior corroborates the
data from the present study’s water vapor permeability and thermogravimetric analysis. In
these analyses, a higher concentration of nanofibers promotes stronger interactions, and the
glycerol remains accumulated on the surface of nanofibers, contributing to the crystallinity
of amylopectin. Thus, a crystalline network is formed around it, restricting its mobility.
The signals attributed to C1 correspond to the anomeric carbon for α-D-glucose and are
associated with the structure of amylose [59].

A signal at approximately 82 ppm can be observed for C4, which is typical of the
crystalline region. Zheng et al. [61] also observed a signal in the range of 80–84 ppm, and
they attributed it to an ordered structure formed by type V complexes, which reduces the
degree of helicity of amylose. This is consistent with the obtained C1 signal.

C1 is on the side corresponding to the lower energy field, while C6 is on the higher-
energy-field side [62]. C2, C3, and C5 fall between these extremes, and their signals were
associated with spectra at approximately 72 ppm and attributed to the HC–O groups [63].
Smits et al. [64] observed the interaction between starch and plasticizer in the 13C NMR
spectra. They detected a signal around 72 ppm, which was attributed to the central carbon
of glycerol. The authors stated that these signals can overlap.

Carbon C6 appears as a doublet, attributed to the CH2–OH groups of cellulose at
63 ppm. It corresponds to type II cellulose in the range between 61.72 and 62.03 ppm.
When nanofibers are added, and their concentration is increased in the formulations, it is
observed that the signal at 63.75 ppm shifts to the lower field. The lower field order follows
the number of electronegative atoms. In this way, oxygen atoms from the free anomeric
carbon in starch may provide higher electronegativity to the control sample. On the other
hand, when the oxygen atoms from the anomeric carbon participated in intramolecular
hydrogen bonds upon incorporating nanofibers into the films, this electronegativity was
reduced [64,65].

The signal around 62 ppm falls within the range of 58–66 ppm, which has been ob-
served in some studies with cellulose. These studies reported that this range is associated
with C6 [66]. Additionally, the doublet at C6 exhibits a higher-intensity signal associated
with the crystalline region and a shoulder corresponding to the amorphous region [67].
Analyzing the data, it was possible to observe that when increasing the nanofiber concen-
tration to 2.5%, the shoulder on this carbon disappears, indicating a greater crystalline
zone for this sample. This result is consistent with the data from thermal analysis, where a
higher energy content was required to break the crystalline structure of the sample.

3.2.9. Film Biodegradability

It is possible to observe that both the formulation without nanofibers (biocomposite)
and the bionanocomposites incorporated with 0.5 and 1.5% of nanofibers degraded entirely
on the fourth day of evaluation (Figure 8). As the concentration of nanofibers was increased
to 2.5%, there was a need for two more days for complete degradation of the sample. This
behavior is possibly due to the crystalline structure of cellulose and its higher quantity in
the film, which formed a barrier against water molecules, preventing the propagation of
cellulose-degrading enzymes and other nearby constituents [68].
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These findings are consistent with other studies in the literature that utilized cassava
in the composition of packaging materials [5,47,68]. In summary, the prepared biocompos-
ite and bionanocomposites were deemed biodegradable and promising alternatives for
minimizing environmental impacts caused by the disposal of synthetic materials. They can
also potentially reduce public spending required to treat these generated wastes.

4. Conclusions

In this study, nanofibers were prepared from cassava waste. Their potential for ap-
plication in packaging materials was explored due to their good thermal and chemical
stability. Based on this, bionanocomposites were formulated, and their performance was
compared to that of a control formulation (without incorporating nanofibers). The results
showed that adding the reinforcing material provided greater thermal stability and im-
proved water vapor permeability. Moreover, the bionanocomposites remained stable in
acidic and alkaline pH conditions during a 12-day test period. All studied formulations are
biodegradable within seven days, contributing to the reduction in environmental impacts
caused by the improper disposal of cassava waste and synthetic packaging. Therefore,
this study offers a biomaterial with potential eco-friendly applications. This research rep-
resents an essential strategy in developing a material with potential applications in the
food industry and beyond. Furthermore, we recommend that future research explores
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the use of more readily available enzymes, allowing for the production of reinforcement
materials through a simpler manufacturing process with reduced costs, facilitating their
industrial production.
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2. Yıldırım-Yalçın, M.; Şeker, M.; Sadıkoğlu, H. Development and Characterization of Edible Films Based on Modified Corn Starch

and Grape Juice. Food Chem. 2019, 292, 6–13. [CrossRef] [PubMed]
3. Gutiérrez, T.J.; Valencia, G.A. Reactive Extrusion-Processed Native and Phosphated Starch-Based Food Packaging Films Governed

by the Hierarchical Structure. Int. J. Biol. Macromol. 2021, 172, 439–451. [CrossRef] [PubMed]
4. Martins, M.P.; Dagostin, J.L.A.; Franco, T.S.; de Muñiz, G.I.B.; Masson, M.L. Application of Cellulose Nanofibrils Isolated from an

Agroindustrial Residue of Peach Palm in Cassava Starch Films. Food Biophys. 2020, 15, 323–334. [CrossRef]
5. Riyajan, S.A.A. Fabrication and Properties of Inspired Green Modified Cellulose/Cassava Starch Blend. Ind. Crops Prod. 2022, 187,

115339. [CrossRef]
6. Batista, M.J.P.A.; Marques, M.B.F.; Franca, A.S.; Oliveira, L.S. Development of Films from Spent Coffee Grounds’ Polysac-

charides Crosslinked with Calcium Ions and 1,4-Phenylenediboronic Acid: A Comparative Analysis of Film Properties and
Biodegradability. Foods 2023, 12, 2520. [CrossRef] [PubMed]

7. Almeida, L.B.S.; Figueiredo, E.A.T.; Dias, F.G.B.; Santos, F.M.S.; Fernandes, B.D.; Vicente, A.A.; Cerqueira, M.A.; Silva, A.L.C.;
Vale, D.A.; Souza, B.W.S. Antimicrobial Properties of Chitosan and Galactomannan Composite Coatings and Physical Properties
of Films Made Thereof. Futur. Foods 2021, 3, 100028. [CrossRef]

8. Kurt, A.; Toker, O.S.; Tornuk, F. Effect of Xanthan and Locust Bean Gum Synergistic Interaction on Characteristics of Biodegradable
Edible Film. Int. J. Biol. Macromol. 2017, 102, 1035–1044. [CrossRef]

9. Do Lago, R.C.; de Oliveira, A.L.M.; de Amorim dos Santos, A.; Zitha, E.Z.M.; Nunes Carvalho, E.E.; Tonoli, G.H.D.; de Barros
Vilas Boas, E.V. Addition of Wheat Straw Nanofibrils to Improve the Mechanical and Barrier Properties of Cassava Starch–Based
Bionanocomposites. Ind. Crops Prod. 2021, 170, 113816. [CrossRef]

10. Lima, A.R.; Cristofoli, N.L.; Rosa da Costa, A.M.; Saraiva, J.A.; Vieira, M.C. Comparative Study of the Production of Cellulose
Nanofibers from Agro-Industrial Waste Streams of Salicornia Ramosissima by Acid and Enzymatic Treatment. Food Bioprod.
Process. 2023, 137, 214–225. [CrossRef]

11. Zhao, Y.; Huerta, R.R.; Saldaña, M.D.A. Use of Subcritical Water Technology to Develop Cassava Starch/Chitosan/Gallic Acid
Bioactive Films Reinforced with Cellulose Nanofibers from Canola Straw. J. Supercrit. Fluids 2019, 148, 55–65. [CrossRef]

12. Travalini, A.P.; Lamsal, B.; Magalhães, W.L.E.; Demiate, I.M. Cassava Starch Films Reinforced with Lignocellulose Nanofibers
from Cassava Bagasse. Int. J. Biol. Macromol. 2019, 139, 1151–1161. [CrossRef] [PubMed]

https://doi.org/10.3390/foods10092181
https://www.ncbi.nlm.nih.gov/pubmed/34574290
https://doi.org/10.1016/j.foodchem.2019.04.006
https://www.ncbi.nlm.nih.gov/pubmed/31054693
https://doi.org/10.1016/j.ijbiomac.2021.01.048
https://www.ncbi.nlm.nih.gov/pubmed/33453260
https://doi.org/10.1007/s11483-020-09626-y
https://doi.org/10.1016/j.indcrop.2022.115339
https://doi.org/10.3390/foods12132520
https://www.ncbi.nlm.nih.gov/pubmed/37444258
https://doi.org/10.1016/j.fufo.2021.100028
https://doi.org/10.1016/j.ijbiomac.2017.04.081
https://doi.org/10.1016/j.indcrop.2021.113816
https://doi.org/10.1016/j.fbp.2022.11.012
https://doi.org/10.1016/j.supflu.2019.02.022
https://doi.org/10.1016/j.ijbiomac.2019.08.115
https://www.ncbi.nlm.nih.gov/pubmed/31419552


Foods 2024, 13, 202 20 of 22

13. Ghaderi, M.; Mousavi, M.; Yousefi, H.; Labbafi, M. All-Cellulose Nanocomposite Film Made from Bagasse Cellulose Nanofibers
for Food Packaging Application. Carbohydr. Polym. 2014, 104, 59–65. [CrossRef] [PubMed]

14. Sepahvand, S.; Kargarzadeh, H.; Jonoobi, M.; Ashori, A.; Ismaeilimoghadam, S.; Varghese, R.T.; Chirayl, C.J.; Azimi, B.; Danti,
S. Recent Developments in Nanocellulose-Based Aerogels as Air Filters: A Review. Int. J. Biol. Macromol. 2023, 246, 125721.
[CrossRef] [PubMed]

15. Fronza, P.; Costa, A.L.R.; Franca, A.S.; de Oliveira, L.S. Extraction and Characterization of Starch from Cassava Peels. Starch—
Stärke 2023, 75, 2100245. [CrossRef]

16. Andrade-Mahecha, M.M.; Pelissari, F.M.; Tapia-Blácido, D.R.; Menegalli, F.C. Achira as a Source of Biodegradable Materials:
Isolation and Characterization of Nanofibers. Carbohydr. Polym. 2015, 123, 406–415. [CrossRef]

17. Leite, A.L.M.P.; Zanon, C.D.; Menegalli, F.C. Isolation and Characterization of Cellulose Nanofibers from Cassava Root Bagasse
and Peelings. Carbohydr. Polym. 2017, 157, 962–970. [CrossRef] [PubMed]

18. Tibolla, H.; Pelissari, F.M.; Rodrigues, M.I.; Menegalli, F.C. Cellulose Nanofibers Produced from Banana Peel by Enzymatic
Treatment: Study of Process Conditions. Ind. Crops Prod. 2017, 95, 664–674. [CrossRef]

19. Miller, G.L. Use of Dinitrosalicylic Acid Reagent for Determination of Reducing Sugar. Anal. Chem. 1959, 31, 426–428. [CrossRef]
20. Luís, Â.; Domingues, F.; Ramos, A.; Ziaie-Shirkolaee, Y. Production of Hydrophobic Zein-Based Films Bioinspired by The Lotus

Leaf Surface: Characterization and Bioactive Properties. J. Wood Chem. Technol. 2019, 6, 1–14. [CrossRef]
21. Antoniou, J.; Liu, F.; Majeed, H.; Zhong, F. Characterization of Tara Gum Edible Films Incorporated with Bulk Chitosan and

Chitosan Nanoparticles: A Comparative Study. Food Hydrocoll. 2015, 44, 309–319. [CrossRef]
22. ASTM E96/E96M; Methods for Gravimetric Determination of Water Vapor Transmission. ASTM International: West Con-

shohocken, PA, USA, 2021; pp. 21–22. [CrossRef]
23. Almeida, D.M.; Woiciechowski, A.L.; Wosiacki, G.; Prestes, R.A.; Pinheiro, L.A. Propriedades Físicas, Químicas e de Barreira Em

Filme Formados Por Blenda de Celulose Bacteriana e Fécula de Batata. Polimeros 2013, 23, 538–546. [CrossRef]
24. ASTM D 882-18; Standard Test Method for Tensile Properties of Thin Plastic Sheeting. ASTM International: West Conshohocken,

PA, USA, 2018; pp. 1–12. [CrossRef]
25. Venâncio, T.; Oliveira, L.M.; Pawlak, T.; Ellena, J.; Boechat, N.; Brown, S.P. The Use of Variable Temperature 13 C Solid-State

MAS NMR and GIPAW DFT Calculations to Explore the Dynamics of Diethylcarbamazine Citrate. Magn. Reson. Chem. 2019, 57,
200–210. [CrossRef] [PubMed]

26. ASTM G160; Standard Practice for Evaluating Microbial Susceptibility of Nonmetallic Materials By Laboratory Soil Burial. ASTM
International: West Conshohocken, PA, USA, 2003; pp. 2019–2021. [CrossRef]

27. Batista Meneses, D.; Montes de Oca-Vásquez, G.; Vega-Baudrit, J.R.; Rojas-Álvarez, M.; Corrales-Castillo, J.; Murillo-Araya, L.C.
Pretreatment Methods of Lignocellulosic Wastes into Value-Added Products: Recent Advances and Possibilities. Biomass Convers.
Biorefin. 2022, 12, 547–564. [CrossRef]

28. Thulasisingh, A.; Kannaiyan, S.; Pichandi, K. Cellulose Nanocrystals from Orange and Lychee Biorefinery Wastes and Its
Implementation as Tetracycline Drug Transporter. Biomass Convers. Biorefin. 2023, 13, 1175–1188. [CrossRef]

29. Kininge, M.M.; Gogate, P.R. Intensification of Alkaline Delignification of Sugarcane Bagasse Using Ultrasound Assisted Approach.
Ultrason. Sonochem. 2022, 82, 105870. [CrossRef] [PubMed]

30. Hu, J.; Tian, D.; Renneckar, S.; Saddler, J.N. Enzyme Mediated Nanofibrillation of Cellulose by the Synergistic Actions of an
Endoglucanase, Lytic Polysaccharide Monooxygenase (LPMO) and Xylanase. Sci. Rep. 2018, 8, 4–11. [CrossRef]

31. Widiarto, S.; Pramono, E.; Suharso; Rochliadi, A.; Arcana, I.M. Cellulose Nanofibers Preparation from Cassava Peels via
Mechanical Disruption. Fibers 2019, 7, 44. [CrossRef]

32. Schoeler, M.N.; Scremin, F.R.; de Mendonça, N.F.; Benetti, V.P.; de Jesus, J.A.; de Oliveira Basso, R.L.; Stival Bittencour, P.R.
Cellulose Nanofibers from Cassava Agro-Industrial Waste As Reinforcement in PVA Films. Quim. Nova 2020, 43, 711–717.
[CrossRef]

33. Suksri, C.; Aht-Ong, D. Preparation of Cellulose Nanofibers from Cassava Pulp Residue by Mechanical Defibrillation. J. Phys.
Conf. Ser. 2022, 2175, 012039. [CrossRef]

34. Czaikoski, A.; da Cunha, R.L.; Menegalli, F.C. Rheological Behavior of Cellulose Nanofibers from Cassava Peel Obtained by
Combination of Chemical and Physical Processes. Carbohydr. Polym. 2020, 248, 116744. [CrossRef] [PubMed]

35. Hafizulhaq, F.; Abral, H.; Kasim, A.; Arief, S.; Affi, J. Moisture Absorption and Opacity of Starch-Based Biocomposites Reinforced
with Cellulose Fiber from Bengkoang. Fibers 2018, 6, 62. [CrossRef]

36. Yang, X.; Han, F.; Xu, C.; Jiang, S.; Huang, L.; Liu, L.; Xia, Z. Effects of Preparation Methods on the Morphology and Properties of
Nanocellulose (NC) Extracted from Corn Husk. Ind. Crops Prod. 2017, 109, 241–247. [CrossRef]

37. Guimarães Junior, M.; Teixeira, F.G.; Tonoli, G.H.D. Effect of the Nano-Fibrillation of Bamboo Pulp on the Thermal, Structural,
Mechanical and Physical Properties of Nanocomposites Based on Starch/Poly(Vinyl Alcohol) Blend. Cellulose 2018, 25, 1823–1849.
[CrossRef]

38. Pego, M.F.F.; Bianchi, M.L.; Yasumura, P.K. Nanocellulose Reinforcement in Paper Produced from Fiber Blending. Wood Sci.
Technol. 2020, 54, 1587–1603. [CrossRef]

https://doi.org/10.1016/j.carbpol.2014.01.013
https://www.ncbi.nlm.nih.gov/pubmed/24607160
https://doi.org/10.1016/j.ijbiomac.2023.125721
https://www.ncbi.nlm.nih.gov/pubmed/37419257
https://doi.org/10.1002/star.202100245
https://doi.org/10.1016/j.carbpol.2015.01.027
https://doi.org/10.1016/j.carbpol.2016.10.048
https://www.ncbi.nlm.nih.gov/pubmed/27988015
https://doi.org/10.1016/j.indcrop.2016.11.035
https://doi.org/10.1021/ac60147a030
https://doi.org/10.1080/02773818608085213
https://doi.org/10.1016/j.foodhyd.2014.09.023
https://doi.org/10.1520/E0096_E0096M-22AE01
https://doi.org/10.4322/polimeros.2013.038
https://doi.org/10.1520/D0882-18
https://doi.org/10.1002/mrc.4790
https://www.ncbi.nlm.nih.gov/pubmed/30114322
https://doi.org/10.1520/G0160-12R19
https://doi.org/10.1007/s13399-020-00722-0
https://doi.org/10.1007/s13399-020-01168-0
https://doi.org/10.1016/j.ultsonch.2021.105870
https://www.ncbi.nlm.nih.gov/pubmed/34920353
https://doi.org/10.1038/s41598-018-21016-6
https://doi.org/10.3390/fib7050044
https://doi.org/10.21577/0100-4042.20170542
https://doi.org/10.1088/1742-6596/2175/1/012039
https://doi.org/10.1016/j.carbpol.2020.116744
https://www.ncbi.nlm.nih.gov/pubmed/32919552
https://doi.org/10.3390/fib6030062
https://doi.org/10.1016/j.indcrop.2017.08.032
https://doi.org/10.1007/s10570-018-1691-9
https://doi.org/10.1007/s00226-020-01226-w


Foods 2024, 13, 202 21 of 22

39. Albuquerque, P.B.S.; Soares, P.A.G.; Aragão-Neto, A.C.; Albuquerque, G.S.; Silva, L.C.N.; Lima-Ribeiro, M.H.M.; Silva Neto,
J.C.; Coelho, L.C.B.B.; Correia, M.T.S.; Teixeira, J.A.C.; et al. Healing Activity Evaluation of the Galactomannan Film Obtained
from Cassia Grandis Seeds with Immobilized Cratylia Mollis Seed Lectin. Int. J. Biol. Macromol. 2017, 102, 749–757. [CrossRef]
[PubMed]

40. Do Lago, R.C.; de Oliveira, A.L.M.; Cordasso Dias, M.; de Carvalho, E.E.N.; Denzin Tonoli, G.H.; de Barros Vilas Boas, E.V.
Obtaining Cellulosic Nanofibrils from Oat Straw for Biocomposite Reinforcement: Mechanical and Barrier Properties. Ind. Crops
Prod. 2020, 148, 112264. [CrossRef]

41. Silveira, M.P.; Silva, H.C.; Pimentel, I.C.; Poitevin, C.G.; da Costa Stuart, A.K.; Carpiné, D.; de Matos Jorge, L.M.; Jorge, R.M.M.
Development of Active Cassava Starch Cellulose Nanofiber-Based Films Incorporated with Natural Antimicrobial Tea Tree
Essential Oil. J. Appl. Polym. Sci. 2020, 137, 48726. [CrossRef]

42. Yang, H.; Tejado, A.; Alam, N.; Antal, M.; Van De Ven, T.G.M. Films Prepared from Electrosterically Stabilized Nanocrystalline
Cellulose. Langmuir 2012, 28, 7834–7842. [CrossRef]

43. La Fuente, C.I.A.; de Souza, A.T.; Tadini, C.C.; Augusto, P.E.D. A New Ozonated Cassava Film with the Addition of Cellulose
Nanofibres: Production and Characterization of Mechanical, Barrier and Functional Properties. J. Polym. Environ. 2021, 29,
1908–1920. [CrossRef]

44. Amaraweera, S.M.; Gunathilake, C.; Gunawardene, O.H.P.; Fernando, N.M.L.; Wanninayaka, D.B.; Manamperi, A.; Dassanayake,
R.S.; Rajapaksha, S.M.; Gangoda, M.; Fernando, C.A.N.; et al. Preparation and characterization of biodegradable cassava starch
thin films for potential food packaging applications. Cellulose 2021, 28, 10531–10548. [CrossRef]

45. Thuppahige, V.T.W.; Moghaddam, L.; Welsh, Z.G.; Wang, T.; Karim, A. Investigation of critical properties of Cassava (Manihot
esculenta) peel and bagasse as starch-rich fibrous agro-industrial wastes for biodegradable food packaging. Food Chem. 2023, 422,
136200. [CrossRef] [PubMed]

46. Versino, F.; López, O.V.; García, M.A. Sustainable Use of Cassava (Manihot Esculenta) Roots as Raw Material for Biocomposites
Development. Ind. Crops Prod. 2015, 65, 79–89. [CrossRef]

47. De Carvalho, G.R.; Marques, G.S.; de Matos Jorge, L.M.; Jorge, R.M.M. Cassava Bagasse as a Reinforcement Agent in the Polymeric
Blend of Biodegradable Films. J. Appl. Polym. Sci. 2019, 136, 47224. [CrossRef]

48. Krochta, J.M.; De Mulder-Johnston, C.L.C. Biodegradable Polymers from Agricultural Products. ACS Symp. Ser. 1996, 647,
120–140. [CrossRef]

49. Medina Jaramillo, C.; Gutiérrez, T.J.; Goyanes, S.; Bernal, C.; Famá, L. Biodegradability and Plasticizing Effect of Yerba Mate
Extract on Cassava Starch Edible Films. Carbohydr. Polym. 2016, 151, 150–159. [CrossRef] [PubMed]

50. Martins, P.C.; Latorres, J.M.; Martins, V.G. Impact of Starch Nanocrystals on the Physicochemical, Thermal and Structural
Characteristics of Starch-Based Films. LWT 2022, 156, 113041. [CrossRef]

51. Efthymiou, M.N.; Tsouko, E.; Papagiannopoulos, A.; Athanasoulia, I.G.; Georgiadou, M.; Pispas, S.; Briassoulis, D.; Tsironi, T.;
Koutinas, A. Development of Biodegradable Films Using Sunflower Protein Isolates and Bacterial Nanocellulose as Innovative
Food Packaging Materials for Fresh Fruit Preservation. Sci. Rep. 2022, 12, 6935. [CrossRef] [PubMed]

52. Lomelí-Ramírez, M.G.; Kestur, S.G.; Manríquez-González, R.; Iwakiri, S.; De Muniz, G.B.; Flores-Sahagun, T.S. Bio-Composites of
Cassava Starch-Green Coconut Fiber: Part II—Structure and Properties. Carbohydr. Polym. 2014, 102, 576–583. [CrossRef]

53. Warren, F.J.; Gidley, M.J.; Flanagan, B.M. Infrared Spectroscopy as a Tool to Characterise Starch Ordered Structure—A Joint
FTIR-ATR, NMR, XRD and DSC Study. Carbohydr. Polym. 2016, 139, 35–42. [CrossRef]

54. Ahuja, D.; Kumar, L.; Kaushik, A. Thermal Stability of Starch Bionanocomposites Films: Exploring the Role of Esterified Cellulose
Nanofibers Isolated from Crop Residue. Carbohydr. Polym. 2021, 255, 117466. [CrossRef]

55. Souza, L.O.; Santos, I.A.; de Carvalho Tavares, I.M.; Sampaio, I.C.F.; Dias, M.C.; Tonoli, G.H.D.; de Carvalho, E.E.N.; de Barros
Vilas Boas, E.V.; Irfan, M.; Bilal, M.; et al. Procurement and Characterization of Biodegradable Films Made from Blends of
Eucalyptus, Pine and Cocoa Bean Shell Nanocelluloses. Waste Biomass Valoriz. 2023, 14, 3169–3181. [CrossRef]

56. Adamu, A.D.; Jikan, S.S.; Talip, B.H.A.; Badarulzaman, N.A.; Yahaya, S. Effect of Glycerol on the Properties of Tapioca Starch
Film. Mater. Sci. Forum 2017, 888, 239–243. [CrossRef]

57. Da Silva, J.B.A.; Pereira, F.V.; Druzian, J.I. Cassava Starch-Based Films Plasticized with Sucrose and Inverted Sugar and Reinforced
with Cellulose Nanocrystals. J. Food Sci. 2012, 77, 14–19. [CrossRef]

58. Wang, Q.; Zhang, L.; Liu, Y.; Zhang, G.; Zhu, P. Characterization and Functional Assessment of Alginate Fibers Prepared by
Metal-Calcium Ion Complex Coagulation Bath. Carbohydr. Polym. 2020, 232, 115693. [CrossRef] [PubMed]

59. Aouada, F.A.; Mattoso, L.H.C.; Longo, E. New Strategies in the Preparation of Exfoliated Thermoplastic Starch–Montmorillonite
Nanocomposites. Ind. Crops Prod. 2011, 34, 1502–1508. [CrossRef]
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