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Abstract

Lipolytic and esterase-like enzymes are crucial in the food industry for flavor production
and ester hydrolysis. This study presents an exploratory, baseline feasibility approach
to evaluate esterase-like enzyme production by Serratia marcescens 11E via a sustainable
co-valorization matrix, where vegetable wax residues serve as structural solid support
and cheese whey acts as the primary lipid nutritional source. Under fixed 48-h screening
conditions, the recovered cell-free extract exhibited a distinct catalytic preference for short-
chain esters, showing higher specific activity toward 4-nitrophenyl acetate (0.743 U/mg)
than 4-nitrophenyl palmitate (0.125 U/mg), confirming a predominant carboxylesterase-like
profile. Biochemical characterization revealed an initial optimal activity at pH 9.0 and 30 ◦C,
along with a noteworthy bimodal catalytic behavior featuring a secondary activity peak at
70 ◦C. Size-exclusion chromatography resolved the extract into two distinct active elution
pools (17.8 and 26.2 U/mg), which corresponded to candidate protein bands of 35–40 kDa
on SDS-PAGE. Although definitive molecular identification remains subject to ongoing
zymographic and proteomic characterization, these foundational findings demonstrate
the potential of co-valorizing lipid- and carbohydrate-rich industrial wastes to produce
resilient proteins with esterase-like activity at elevated temperatures.

Keywords: enzymes; esterase; valorization; Serratia marcescens; solid-state fermentation

1. Introduction
The ongoing increase in the global population has led to a significant rise in the

demand for goods, services, and natural resources, especially food and water. While this
has fueled industrial and agricultural growth, it has also led to a concerning surge in waste
production [1]. Inadequate management of these wastes poses a major environmental risk,
underscoring the urgent need for sustainable waste-utilization solutions. The valorization
of agricultural and industrial residues plays a crucial role in the circular economy by
reducing environmental impact through transforming waste into valuable resources [2].
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Approximately 68% of global municipal waste remains unutilized, representing a missed
opportunity to recover resources, alleviate ecosystem stress, and reduce disposal costs [1].

Nutrient-rich wastes, such as used oil cakes, fruit peels, wheat bran, bagasse, and food
and dairy by-products, are highly suitable substrates for biotechnological applications,
including microbial fermentation [3–6]. These processes can yield valuable products like
pigments, bioplastics, biofuels, and enzymes [7–10]. In particular, enzyme production
is highly relevant to industry, especially for the α/β hydrolase fold family, including
esterases and lipases, due to their ability to catalyze a wide range of reactions, including
hydrolysis, esterification, transesterification, and amidation [11,12]. These enzymes exhibit
remarkable stability over a wide temperature and pH range, demonstrating high versatility
for use across multiple sectors, including food processing [11]. In this sense, lipases are
essential in industries such as dairy, baking, and alcohol production, despite representing
less than 10% of the global enzyme market [13]. They play a key role in developing the
characteristic flavors of cheese, butter, and margarine via fat hydrolysis. In addition to
flavor development, lipases influence wine aroma profiles and help preserve the freshness
of baked goods [14]. Esterases are equally important in the food and beverage sector, used
to refine oils and fats, process fruit juices, and synthesize specific scents and flavors. In the
dairy industry, they are essential for cheese making, aiding the formation of methyl and
ethyl esters from short-chain fatty acids, which contribute distinct fruity flavor notes [15].

Despite their structural similarities, lipases and esterases are distinguished by their
substrate specificity: esterases preferentially hydrolyze short-chain triglycerides and water-
soluble substrates, whereas true lipases act on long-chain, water-insoluble triglycerides at
an oil–water interface [4,16]. Traditionally, these hydrolases have been produced through
submerged fermentation (SmF) using microorganisms such as Pseudomonas aeruginosa,
Micrococcus roseus, Serratia marcescens, and Saitozyma flava [17–20]. Although SmF is well
established, it presents notable drawbacks, including the generation of large volumes of
effluent and high operational costs [21]. Consequently, solid-state fermentation (SSF) has
gained significant attention due to its operational and economic advantages, including
lower energy requirements, improved metabolite yields, and the feasibility of using raw
agro-industrial residues directly as solid matrices [21,22].

Through SSF, practical production thresholds have been achieved by utilizing agro-
industrial wastes as substrates. For instance, studies have reported yields of 826 U/gds from
Rhizopus homotallicus grown on sugarcane bagasse [6], 6.66 U/gds from Micrococcus roseus
under low-temperature conditions [20], and up to 107.44 U/gds from Pseudomonas sp. BUP6
on oily residues [23]. Additionally, success has been reported in non-sterile environments
and using microbial consortia [24,25]. Different classes of esterases have demonstrated
immense potential in bioprocesses. For instance, carbohydrate esterases are used in the
treatment of lignocellulosic feedstock [26] and for biofuel production [27], while esterases
from Bacillus species can process olive oil to synthesize biosurfactants [28,29]. Therefore,
exploring low-cost production alternatives for enzymes with high industrial applicability
remains a growing area of interest. In this context, assessing wild-type microbial strains
capable of utilizing complex regional residues as an alternative culture is essential.

The present study aims to investigate the production of esterases by Serratia marcescens
11E via SSF, using an exploratory, baseline feasibility approach. Within this framework, a
sustainable co-valorization matrix is established in which industrial residues from vegetable
wax serve as a solid structural support, and cheese whey acts as the primary liquid nutrient
and moisture vehicle. Under fixed operational screening conditions, the recovered cell-free
extract was biochemically characterized to evaluate its preliminary catalytic performance
over a range of temperatures, pH values, and substrate acyl chain lengths. This work seeks
to establish a foundational proof-of-concept for revalorizing lipid- and carbohydrate-rich
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industrial wastes into resilient, candidate protein streams exhibiting esterase-like activity
for potential applications in the food industry.

2. Materials and Methods
2.1. Microorganisms and Chemicals

The wild-type Serratia marcescens 11E strain was originally isolated from Bustamante
National Park in Nuevo León, Mexico [30]. The culture was stored in Luria–Bertani (LB)
broth containing 20% (v/v) glycerol at −20 ◦C. Reactivation was performed in LB broth and
incubated at 24 ◦C and 150 rpm for 24 h on a rotary shaker (SHELL-LAB 1574 incubator,
Sheldon Manufacturing, Inc., Cornelius, OR, USA). Culture media, including LB broth
and LB agar, were obtained from BD Biosciences (San Jose, CA, USA). Reagents such as
phosphate-buffered saline (PBS), p-nitrophenyl acetate (pNPA), p-nitrophenyl butyrate
(pNPB), p-nitrophenyl octanoate (pNPO), p-nitrophenyl palmitate (pNPP), bovine serum
albumin (BSA), and Tris-HCl buffer components were purchased from Sigma-Aldrich
(St. Louis, MO, USA). The molecular weight marker (Invitrogen™ SeeBlue™ Pre-stained
Protein Standard, 3–198 kDa) for SDS-PAGE analysis was purchased from Fisher-Scientific
(Waltham, MA, USA).

2.2. Qualitative Screening and Culture Purity Validation

A preliminary qualitative assay was performed to verify the lipolytic and esterase-
like screening profiles of Serratia marcescens 11E and to serve as an additional internal
quality control checkpoint to confirm baseline culture purity. The culture was streaked
onto tributyrin agar (20 g/L) supplemented with calcium chloride dihydrate (CaCl2·2H2O,
0.1 g/L) and Tween 80 (10 mL/L) as a selective sorbitol ester containing an 18-carbon
fatty acid chain. The plates were incubated at 30 ◦C for 48 h under aerobic conditions.
Lipolytic activity was identified by the development of a distinct white, opaque halo of
precipitation around the colonies, resulting from localized hydrolysis of the substrate and
subsequent precipitation of insoluble calcium fatty acid salts. The macro- and microscopic
morphologies confirming strain authenticity and purity during this baseline validation
phase are provided in the Supporting Information (Figure S1).

2.3. Supported Production Media and Culture Conditions

Enzyme production was conducted via supported solid-state fermentation (SSF) using
an 80:20 (w/w) co-valorization matrix composed of agro-industrial and dairy residues.
In this operational configuration, industrial vegetable wax candle residues served as a
hydrophobic, structural solid support, while crude cheese whey sourced from a local
dairy acted as the liquid nutritional vehicle and moisture phase. Both raw substrates were
thoroughly characterized: the fatty acid profile of the wax was analyzed according to
the AOAC 969.33 saponification and transesterification method [31]. The cheese whey
was characterized for moisture content (%) in accordance with the NOM-116-SSA1-1994
standard [32], while total sugars and total carbohydrates (%) were quantified following the
protocols established in NOM-086-SSA1-1994 [33].

The bioprocess was conducted using 50 g of the prepared solid-state wax/cheese
whey medium, adjusted to an initial pH of 9.0 and incubated at 37 ◦C for 48 h. An
overnight culture of S. marcescens 11E grown in LB broth (30 ◦C, 24 h, 150 rpm) was
used as the inoculum to seed the matrix at 1% (v/v), achieving an initial cell density of
OD600 = 0.1. Following the 48-h fermentation period, the extracellular enzyme fraction
was recovered by clarification via centrifugation at 9000 rpm and 4 ◦C for 15 min. The
resulting cell-free supernatant, designated as the crude extract, was gently concentrated
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under non-denaturing native conditions via ultrafiltration using a 50-kDa molecular weight
cut-off (MWCO) polyethersulfone membrane prior to biochemical analysis.

2.4. Enzyme and Protein Assays

Esterase-like catalytic activity was monitored spectrophotometrically using a Cary 50
spectrophotometer (Varian Inc., Palo Alto, CA, USA) by tracking the rate of absorbance
increase at 410 nm released via the cleavage of p-nitrophenyl acetate (pNPA). The standard
reaction mixture (1.0 mL total volume) consisted of 500 µL of 0.15 M phosphate buffer
(pH 7.4), 0.5% Triton X-100 as surfactant stabilizer, 20 µL of pNPA dissolved in acetonitrile,
and 30 µL of the crude enzyme extract. This mixture was pre-warmed and incubated at
30 ◦C for 15 min. The reaction was immediately terminated and alkalinized by adding
500 µL of 0.5 M Tris-HCl buffer (pH 9) to maximize the molar absorptivity of the released
p-nitrophenol anion. One international unit of enzymatic activity (U) was defined as the
amount of enzyme exhibiting esterase-like traits that releases 1 µmol of p-nitrophenol per
minute under the designated assay conditions [34].

Total protein concentration was quantified by the Bradford method [35], utilizing
bovine serum albumin as the calibration standard. Specific activity (U/mg) was systemati-
cally calculated as the ratio of total catalytic units to the total protein mass (mg) present in
the sample.

2.5. Characterization of Crude Extract: Impact of Temperature, pH, and Substrate Affinity

To map the operational boundaries and possible bimodal profiles of the recovered ex-
tract, enzymatic activity was systematically screened over a temperature range of 30–70 ◦C
(with a fixed 15-min reaction window) and a pH range of 5.0–11.0. The pH thresholds
were rigorously adjusted directly at the targeted reaction temperatures using 0.15 M buffer
matrices: sodium acetate-citrate buffer for pH 5.0–6.0, Tris-HCl buffer for pH 7.0–9.0, and
sodium carbonate buffer for pH 10.0–11.0. The independent impacts of pH and tempera-
ture effects were quantified spectrophotometrically at 410 nm using 0.05 M pNPA as the
substrate under the reaction architecture described in Section 2.4.

To further elucidate the biocatalytic profile of the extract and determine whether
the active fractions possessed a distinct carboxylesterase or true lipase bias, substrate
specificity assays were conducted under standard reaction boundaries using a panel of p-
nitrophenyl esters with varying fatty acids of varying chain lengths: p-nitrophenyl butyrate
(pNPB, C4), p-nitrophenyl octanoate (pNPO, C8), and p-nitrophenyl palmitate (pNPP,
C16), alongside the baseline pNPA (C2) assay. Substrate preference was interpreted based
on relative hydrolytic efficiency toward water-soluble short-chain versus water-insoluble
long-chain configurations.

2.6. Streamlined Downstream Fractionation and Protein-Profile Analysis

To preserve the enzyme mass balance in the small-scale SSF matrix and to eliminate
low-molecular-weight agro-industrial interferences, a streamlined, preparative downstream
strategy was developed. The crude concentrate was loaded onto a size-exclusion chro-
matography column packed with Sephadex G-100 (Merck KGaA, Darmstadt, Germany)
(stationary phase), allowed to settle, and equilibrated overnight. Washing was performed
with one column volume of distilled water at a constant operational flow rate of 0.5 mL/min.
Elution and functional fractionation were carried out using two columns, with 0.15 M Tris–
HCl buffer (pH 8.5) as the mobile phase. Absorbance at 280 nm was evaluated at the
column exit strictly as a qualitative, real-time screening threshold for detecting protein
elution boundaries and guiding sample collection.

The individual collected fractions were systematically assayed for esterase-like ac-
tivity. The fractions with the highest specific activities were pooled into discrete active
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elution pools and concentrated via native ultrafiltration using a 50-kDa MWCO mem-
brane. A quantitative enzyme purification table was compiled to monitor total volume,
total protein, total activity, specific activity, yield recovery, and purification fold across the
streamlined pipeline.

The denatured monomeric molecular mass profiles of the enriched candidate fractions
were evaluated by sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-PAGE)
according to the Laemmli method [36]. Electrophoresis was performed using 12% acry-
lamide resolving gels, stained with Coomassie Brilliant Blue R250, and visualized with
the Invitrogen™ SeeBlue™ Pre-stained Protein Standard (3–198 kDa; Fisher-Scientific,
Waltham, MA, USA) as the molecular weight marker.

2.7. Statistical Analysis

All solid-state fermentation runs and subsequent biochemical characterization assays
were performed in independent triplicate (n = 3). A clear distinction was maintained be-
tween biological replicates (three entirely parallel SSD culture batches to capture operational
and matrix variability) and technical replicates (triplicate parallel instrumental readings
of each individual biological sample to minimize micro-pipetting errors). Quantitative
data gathered across this study are strictly expressed and reported as the experimental
mean ± standard deviation (±SD).

3. Results
The qualitative screening on tributyrin agar supplemented with Tween 80 confirmed

that Serratia marcescens 11E secreted active extracellular hydrolases capable of breaking ester
bonds. After 48 h of incubation at 30 ◦C, the colonies developed broad, opaque white halos
around the growth zone (Figure 1). This phenomenon indicates active, localized hydrolysis
of the emulsified substrate and subsequent precipitation of insoluble calcium fatty acid salts.
This robust hydrolytic phenotype confirmed that the wild-type strain produces extracellular
biocatalysts capable of degrading ester bonds in short- and medium-chain lipid domains,
thereby establishing its potential for downstream bioprocess applications. Concurrently,
basic phenotypic verification regarding culture purity and macro/microscopic morphology
was cross-referenced and validated (Supplementary Figure S1).

Figure 1. Qualitative screening of the biocatalytic capacity of Serratia marcescens 11E on tributyrin
agar supplemented with Tween 80 after 48 h of incubation at 30 ◦C. The uninoculated control plate
(left) displays a homogeneous, emulsified matrix, whereas the inoculated plate (right) exhibits
distinct white, opaque precipitation halos surrounding the colonies, confirming localized esterase-like
substrate hydrolysis and the subsequent formation of insoluble calcium fatty acid salts.
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The culture medium for esterase-like enzyme production via supported SSF was struc-
tured using an 80:20 (w/w) ratio of regional industrial residues. The empirical physicochem-
ical characterization of the liquid cheese whey substrate is detailed in Table 1, which shows
a high moisture content (93.86 ± 0.12%), moderate carbohydrate levels (4.20 ± 0.05%), and a
low baseline protein content (0.20 ± 0.01%), consistent with typical regional dairy effluents.

Table 1. Physicochemical and proximal composition characterization of the raw cheese whey effluent
used as the liquid nutritional vehicle for supported solid-state fermentation.

Parameter Content (%)

Moisture 93.86
Total sugars 3.78
Total Carbohydrates 4.20
Protein 0.20
Fat 1.22
Ash 0.52
NaCl 0.23
pH 6.0

Meanwhile, the solid vegetable wax portion used as the hydrophobic structural sup-
port was highly enriched in saturated fatty acids (70.32%), featuring major structural
components such as margaric acid (C17:0), stearic acid (C18:0), and arachidonic acid
(C20:4), along with notable polyunsaturated fatty acids (29.68%) (please refer to Table 2).
This balanced combination of hydrophobic and hydrophilic matrices provided a balanced
carbon source, enabling S. marcescens 11E to establish growth while secreting targeted
hydrolases under fixed operational boundaries.

Table 2. Composition and fatty acid profile of the regional industrial vegetable wax residue utilized
as the hydrophobic structural support for supported solid-state fermentation.

Parameter Content (%)

Saturated fatty acids 70.32
Monounsaturated fatty acids <0.1
Polyunsaturated fatty acids 29.68
Pentadecanoic acid (C15:0) 4.50
Palmitic acid (C16:0) 7.14
Margaric acid (C17:0) 14.0
Stearic acid (C18:0) 13.56
Linoleic acid (C18:2) 11.69
Arachidonic acid (C20:4) 15.24
Eicosadienoic acid (C20:2) 10.49
Behenic acid (C22:0) 6.94
Docosadienoic acid (C22:2) 7.50
Lignoceric acid (C24:0) 8.94

The cell-free crude extract recovered after the 48-h SSF cycle, and the active fractions
were pooled, concentrated, and adjusted to a standardized final volume of 10 mL before
determination of protein concentration and enzymatic activity. The extract exhibited an
average total protein concentration of 0.394 mg/mL. Initial substrate specificity using
a panel of p-nitrophenyl esters demonstrated a distinct catalytic preference for short-
chain fatty acids. The highest specific activity was observed for p-nitrophenyl acetate
(pNPA, C2), achieving a maximum of 0.743 ± 0.03 U/mg. As the acyl chain length of
the substrate increased, a significant and progressive reduction in catalytic activity was
recorded. Hydrolysis dropped to 0.399 ± 0.02 U/mg for p-nitrophenyl butyrate (pNPB,
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C4) and decreased further to a baseline value of 0.125 ± 0.01 U/mg when challenged
with p-nitrophenyl octanoate (pNPO, C8). Finally, negligible or background activity was
detected against the long-chain substrate p-nitrophenyl palmitate (pNPP, C16). This marked
catalytic hierarchy (pNPA > pNPB > pNPO >> pNPP) strongly points toward a predominant
carboxylesterase-like profile rather than a true lipase mechanism, which typically exhibits
a thermodynamic bias toward long-chain, water-insoluble triglycerides.

Biochemical screening revealed that the crude extract maintained operational catalytic
activity across a wide experimental architecture, spanning temperatures from 30 to 70 ◦C
and pH values from 7.0 to 11.0 (Figure 2). The system exhibited optimal performance
initially at 30 ◦C and pH 9.0, followed by a gradual thermal inactivation profile as tempera-
tures exceeded 50 ◦C under neutral-to-alkaline conditions. Notably, a distinct secondary
activity was consistently resolved at 70 ◦C and pH 9.0. This catalytic behavior could
arise from localized shifts in substrate-solvent solubility matrices or thermal variations
in buffer ionization constants, resulting in a robust operating profile. This behavior can
be considered bimodal, as it exhibits two clearly differentiated peaks of activity at differ-
ent temperatures. Compared with literature benchmarks, this candidate extract exhibits
promising traits for moderate-to-high-temperature bioprocesses. For instance, Jiang et al.
cloned an esterase-encoding gene (estS, 909 bp) from Serratia sp. in Escherichia coli DE3
(BL21), obtaining a recombinant enzyme with thermal limits capped at 50 ◦C [37], while
Bhardwaj et al. isolated an esterase from Serratia sp. exhibiting a half-life of 3 h at 60 ◦C [38].

Figure 2. Multifactorial biochemical characterization of the Serratia marcescens 11E crude cell-free ex-
tract, mapping the operational boundaries of esterase-like catalytic activity. The evaluation illustrates
relative hydrolytic velocities across an experimental architecture spanning 30–70 ◦C and 5.0–11.0 pH,
using pNPA as the substrate.

To complement these functional findings, denaturing electrophoresis (SDS-PAGE) was
used to map the protein profile of the active streams (Figure 3). Visually calibrated against
the prestained standard (Lane 1) and a commercial Pseudomonas fluorescens lipase control
(Lane 2; resolving major bands at ~41 and ~10 kDa), the crude cell-free extract from S.
marcescens 11E (Lane 3) resolved a prominent candidate band migrating at approximately
40 kDa, alongside a fainter secondary band near 30 kDa. This molecular profile falls strictly
within the structural monomeric mass ranges documented for wild-type microbial enzymes
in the α/β hydrolase fold family.
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Figure 3. Denaturing sodium dodecyl sulfate–polyacrylamide gel electrophoresis (12% SDS-PAGE)
profiling to monitor protein clearance and structural candidate fractions of the cell-free streams. Lane
1: Invitrogen™ SeeBlue™ Pre-stained Protein Standard (3–198 kDa); Lane 2: Commercial Pseudomonas
fluorescens lipase control (resolving distinct bands at ~41 kDa and ~10 kDa); Lane 3: Crude cell-free
extract from Serratia marcescens 11E, resolving a prominent candidate protein band migrating at
approximately 40 kDa, visually compatible with microbial carboxylesterases.

To reinforce these electrophoretic observations and circumvent current limitations in
direct protein sequencing, an in silico proteomic screening of annotated Serratia assemblies
hosted in the National Center for Biotechnology Information (NCBI) Protein Reference
Sequences database was conducted. Utilizing the representative carboxylesterase/lipase
family protein sequence (WP_286093549.1) as a query blueprint, a comparative analysis
across wild-type Serratia proteomes revealed a highly conserved, genus-wide repertoire
of lipolytic proteins. This distribution exhibits a clear predominance of sequences en-
coding carboxylesterases (EC 3.1.1.1) over classical long-chain lipases (EC 3.1.1.3), with
this predominance prominent across S. marcescens, S. ureilytica, S. surfactantfaciens, and S.
liquefaciens. Crucially, the alignment demonstrated that most homologs have a polypeptide
length of 511–533 amino acids, including the well-characterized carboxylesterase type B
architecture, which consistently yields theoretical molecular masses of 34.5–42.1 kDa. Fur-
thermore, established biochemical benchmarks for these family-specific enzymes confirm a
solvent-accessible active-site configuration that exhibits an evolutionary thermodynamic
preference for short-chain fatty acid esters (<C4) and displays negligible turnover rates
when challenged with long-chain lipid substrates. Therefore, the robust convergence be-
tween our empirical SDS-PAGE profile (resolving a prominent candidate band near 40 kDa)
and the established proteomic baseline of the species strongly substantiates that the recov-
ered biocatalytic stream is driven by an overexpressed candidate carboxylesterase domain
native to S. marcescens 11E.
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Based on these profiling checkpoints, the crude concentrate was subjected to prepara-
tive size-exclusion chromatography on a Sephadex G-100 matrix to achieve targeted func-
tional fractionation. A total of 40 discrete fractions (2 mL each) were collected. Real-time
absorbance tracking at 280 nm at the column exit was used successfully as an operational
screening threshold to establish protein elution boundaries. The discrete distribution of the
recovered esterase-like catalytic activity across the collected fractions is plotted in Figure 4.

Figure 4. Preparative size-exclusion chromatography profiling of the concentrated extract on a
Sephadex G-100 matrix. The plot illustrates the distribution of extracellular esterase-like catalytic
activity (measured by pNPA hydrolysis) across 40 discrete fractions collected at a flow rate of
0.5 mL/min in 0.15 M Tris-HCl buffer (pH 8.5). The fractions enclosed in blue brackets indicate the
successfully fractionated operational boundaries: Pool 1 (fractions 7–12) and Pool 2 (fractions 24–26).

The chromatographic run successfully resolved the activity into two independent,
well-demarcated elution windows: Pool 1 (encompassing fractions 7–12) and Pool 2 (encom-
passing fractions 24–26). These active pools were independently harvested, concentrated
via native ultrafiltration, and subjected to a comprehensive quantitative mass balance
to evaluate downstream efficiency, as structurally consolidated in Table 3. Pool 1 and
Pool 2 demonstrated specific activities of 17.8 ± 0.8 and 26.2 ± 1.2 U/mg against pNPA,
respectively. Furthermore, to evaluate substrate affinity, both pools were tested against
p-nitrophenyl butyrate (4C) and p-nitrophenyl octanoate (8C). The results confirmed a
consistent preference for short-chain substrates in both fractions (Figure 5).

Table 3. Streamlined downstream purification and mass balance parameters for the extracellular
esterase-like streams recovered from Serratia marcescens 11E.

Fractions Total Protein
(mg)

Total Activity
(U)

Specific Activity
(U/mg) Recovery (%) Purification Fold

Crude extract 3.94 64.45 16.36 100 1
Fractions 24–26 0.59 40.88 26.21 68.8 4.6
Fractions 7–12 0.85 23.57 17.8 67.3 3.1

Specific activities, recovery percentages, and purification folds were determined experimentally for each pooled
fraction after concentration and standardization to a final volume of 10 mL. Total activity values reflect the
measured activity of each pool. Therefore, these parameters should not be interpreted as additive in a conventional
purification mass balance.
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Figure 5. Specific activity (U/mg) of the recovered Pool 1 (fractions 7–12) and Pool 2 (fractions 24–26),
evaluated across a panel of short- to medium-chain substrates: pNPA (p-nitrophenyl acetate, C2);
pNPB (p-nitrophenyl butyrate, C4); and pNPO (p-nitrophenyl octanoate, C8).

4. Discussion
The qualitative screening on tributyrin agar supplemented with Tween 80 validated

the baseline extracellular hydrolytic capacity of Serratia marcescens 11E when cultivated
on the proposed co-valorization matrix. The development of a distinct precipitation halo
firmly established the functional secretome profile of the wild-type strain, thereby justifying
its selection for targeted bioprocess monitoring. Interestingly, the narrow diameter of the
hydrolysis boundaries (<2 mm) has historically been associated with a predominantly
carboxylesterase-like bias rather than a highly diffuse, true lipase footprint. Biochemically,
carboxylesterases preferentially cleave water-soluble short-chain fatty acid esters (<8 car-
bons), whereas classical lipases display high turnover rates toward long-chain emulsified
lipid domains through specialized interfacial activation mechanisms [39].

This enzymatic profile was effectively supported by the structural architecture of
the 80:20 (w/w) vegetable wax and cheese whey matrix, which offered a complementary,
dual-phase nutrient and physical environment during solid-state fermentation. On one
hand, the aqueous cheese whey phase served as an immediate liquid vehicle, delivering
highly bioavailable lactose, mineral salts, and trace proteins necessary for early biomass
proliferation. On the other hand, the solid industrial vegetable wax residue provided the
hydrophobic structural skeleton characteristic of supported SSF, while simultaneously
supplying complex, long-chain saturated fatty acids. These lipid components can act as
structural target triggers to stimulate the expression of baseline microbial hydrolases [40].
This synergistic multi-substrate design aligns with historical reports showing that wild-type
Serratia species exhibit adaptive metabolic plasticity when exposed to lipid-rich residues
(oils, waxes, and industrial fat co-products), especially under the localized, low-water-
activity conditions that characterize high-yield SSF environments [41,42].

Following downstream recovery, the detailed substrate profiling of the cell-free con-
centrate confirmed that S. marcescens 11E selectively synthesizes an enzyme stream with
a strong preference for short-chain esters over conventional, interface-dependent lipases.
As expected, the catalytic specificity peaked sharply against p-nitrophenyl acetate (C2)
and underwent a severe, chain-length-dependent decrease as the acyl structure expanded
toward p-nitrophenyl butyrate (C4), octanoate (C8), and palmitate (C16) [43]. This marked
preference for short-chain substrates represents a defining functional hallmark of classical
carboxylesterases belonging to the α/β-hydrolase fold family [44]. Unlike lipases, these
proteins typically possess a highly solvent-accessible catalytic triad that does not require
a hydrophobic amphipathic alpha-helical “lid” to undergo interfacial opening [45]. Simi-
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lar restrictive specificity hierarchies have been structurally documented for S. marcescens
esterases such as EstA and EstB, which exhibit high specific activities toward C2–C4 es-
ters while displaying negligible or baseline activity when challenged with long-chain C16
substrates [46]. Consequently, the catalytic trends captured in this study closely match the
established biochemical consensus for the genus Serratia.

Regarding environmental variables, the crude extract exhibited a characteristically
alkaline activity, with optimal performance initially resolved at 30 ◦C and pH 9.0. Extra-
cellular hydrolases derived from S. marcescens and related Enterobacteriaceae frequently
display evolutionarily conserved adaptations to alkaline environments, maintaining robust
structural stability between pH 8.5 and 9.5, alongside operational thermal windows be-
tween 35 and 45 ◦C [34,39,42]. However, a particularly compelling feature of this extract
was the detection of a distinct secondary activity peak at 70 ◦C under pH 9.0 conditions.
Rather than prematurely asserting the presence of a genetic isoform, this interesting bi-
modal profile can be critically cross-referenced with our size-exclusion chromatography
data. The resolution of the active extract into two distinct elution windows (Pool 1 and
Pool 2) strongly indicates that the candidate carboxylesterase coexists in multiple structural
assembly forms or distinct quaternary aggregation states, each with specific thermal sta-
bilities and localized variations in active-site accessibility under thermal stress. Although
size-exclusion chromatography data provided evidence of bimodal activity, further studies
could be carried out for confirmation, such as cellular fractionation [47].

Additionally, complementary microenvironmental dynamics cannot be ruled out, as
residual low-molecular-weight components in the industrial vegetable wax matrix might
act as non-denaturing hydrophobic stabilizers or as natural surfactant-like scaffolds. In
this context, wild-type S. marcescens strains are well-documented producers of extracellular
lipopeptide biosurfactants, such as serrawattins, particularly when cultivated on lipid-
dense substrates [48]. The co-presence of these endogenous tensoactive molecules in crude
extracts can provide a protective micellar microenvironment, effectively preserving the
structural integrity and catalytic activity of extracellular hydrolases under severe thermal
stress [39]. This physical and functional resilience at elevated temperatures warrants deeper
structural investigation in future execution phases, as it provides a valuable operational
advantage for translating these streams into harsh industrial bioprocess settings.

To further track downstream protein clearance and monitor these structural candi-
date fractions, SDS-PAGE proved crucial. The resolving gel revealed a single prominent
monomeric band migrating at approximately 40 kDa. Crucially, the successful concentra-
tion of this enzyme stream using a 50-kDa MWCO membrane under native conditions
strongly supports the hypothesis that, in its active, non-denatured state, the protein may
form oligomeric structures or stable macromolecular complexes with residual components
of the vegetable wax matrix, thereby increasing its effective hydrodynamic volume during
filtration. Nevertheless, under denaturing conditions, the resolution of this well-defined
40 kDa band aligns precisely with the documented monomeric molecular masses of wild-
type S. marcescens carboxylesterases, which typically range from 38 to 42 kDa [37,38,40,41].
In contrast, extracellular lipases from this genus, such as the classical LipA, exhibit higher
molecular masses (45–65 kDa) and are structurally characterized by broader, interface-
dependent catalytic profiles that efficiently act on long-chain triglycerides [37].

The subsequent preparative size-exclusion chromatography on Sephadex G-100 suc-
cessfully achieved targeted functional fractionation, yielding two distinct active streams
(Pool 1 and Pool 2) with purification enrichments of 3.1 and 4.6-fold, respectively, in specific
activity toward short-chain substrates. This operational concentration is highly noteworthy,
as extracellular enzymes derived from SSF are notoriously difficult to fractionate due to
the complex, heterogeneous nature of agro-industrial matrices, which often co-elute with
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interfering pigments, humic-like substances, and sticky polyphenolic complexes [49]. By by-
passing high-salt ion-exchange steps that would trigger extensive mass-transfer losses and
require additional desalting cycles, this streamlined preparative configuration successfully
preserved the catalytic mass balance of the small-scale SSF batch. Overall, this exploratory
study successfully demonstrates the baseline feasibility of co-valorizing carbohydrate-rich
dairy effluents and lipid-rich industrial wax wastes into functionally resilient, candidate
esterase-like protein streams. This dual-benefit approach establishes a foundational proof-
of-concept that directly aligns with contemporary principles of the circular bioeconomy
and sustainable downstream processing in the industrial biotechnology sector.

5. Conclusions and Perspectives
This exploratory study successfully establishes the baseline feasibility of using a novel,

supported solid-state fermentation (SSF) matrix composed of cheese whey and vegetable
wax residues to produce extracellular streams exhibiting robust esterase-like activity by
Serratia marcescens 11E. The strategic development of this 80:20 (w/w) co-valorization frame-
work demonstrates that low-cost, nutrient-rich industrial by-products can be synergistically
repurposed as sustainable, high-yielding fermentation matrices without requiring complex
multi-variable optimization.

Biochemically, the recovered cell-free extract displays a distinct functional profile
characteristic of microbial carboxylesterases, exhibiting a strict catalytic preference for
short-chain substrates (pNPA > pNPB) over long-chain fatty acid esters (pNPP). The
extract exhibits alkaline-active behavior, with optimal performance initially at 30 ◦C and
pH 9, along with a resilient, bimodal catalytic peak resolved at 70 ◦C. While denaturing
electrophoresis (SDS-PAGE) resolved a prominent candidate protein band migrating at
approximately 40 kDa, consistent with esterases from S. marcescens, definitive assignment
of molecular identity and family classification remains at the operational hypothesis stage.

To expand the boundaries of this foundational proof-of-concept, future perspectives
will focus on deploying high-resolution validation milestones. Ongoing research is directed
toward performing zymography, precise proteomic sequencing, and comparative genomic
characterization to structurally confirm the identity of the active enzyme and elucidate the
mechanisms underlying the high-temperature bimodal resilience. Additionally, subsequent
engineering phases will include optimizing reactor-scale SSF architectures, developing
matrix immobilization protocols to enhance biocatalytic reusability, and operational eval-
uation of these resilient candidate streams in targeted food processing and industrial
biotechnology settings.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/pr14132089/s1, Figure S1: Appearance of Serratia marcescens 11E
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