
Academic Editors: Marija Koprivica,
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Abstract: Spirulina platensis is a promising microalga, but biomass harvesting remains
a challenge. Fungal bioflocculation offers a potential solution, facilitating the produc-
tion of valuable bioproducts like bioethanol. Effective cell disruption methods, including
physical-chemical and enzymatic treatments, can enhance biomass utilization. However,
commercial enzymes are not optimized for microalgae, necessitating research on ideal op-
erational conditions. This study evaluated physical and enzymatic processes to hydrolyze
bioflocculated microalgae for bioethanol production. The microalga was harvested using a
fungal bioflocculant produced via submerged fermentation. Biomass hydrolysis involved
physical methods (autoclaving, ultrasound + autoclaving, ultrasound + gelatinization,
and gelatinization) combined with enzymes (amylase, amyloglucosidase, cellulase, and
xylanase), optimized for pH, temperature, and enzyme load. Hydrolysates were then used
for bioethanol production. Results showed a microalgae harvest efficiency of 99.7% with
a 1:8 fungus-to-microalgae ratio. Enzyme optimization identified ideal conditions (e.g.,
pH 4.5; 60 ◦C for amylase/amyloglucosidase, 70 ◦C for cellulase, and 50 ◦C for xylanase).
Combined enzymatic treatments achieved approximately 70% hydrolysis efficiency, yield-
ing 19.06 g/L glucose and 7.29 g/L ethanol (~79% conversion). Ethanol productivity was
~0.6 g per 1 g bioflocculated biomass L−1·hr. These findings highlight the potential of
enzymatic hydrolysis for complex biomasses, although further studies are needed to refine
enzyme applications for better biomass utilization.

Keywords: biomass valorization; fungal-assisted bioflocculation; pretreatment; enzymatic
saccharification; enzyme association; bioenergy

1. Introduction
With the increasing demand for energy, sustainable alternatives are being sought

to meet global needs and reduce the environmental impacts of fossil fuels. The use of
biomass, such as microalgae, is a viable environmental alternative due to its ability to
cycle atmospheric carbon through photosynthesis, where it captures carbon dioxide and
produces oxygen [1]. Moreover, compared to biomass used in second-generation fuels
(which rely on lignocellulosic plant biomass, such as straw, bagasse, and leaves), microalgae
overcome technological barriers related to lignin recalcitrance, which hinders consolidation
due to the complexity of converting raw materials into biofuel [2].

Microalgal biomass can be used in integrated biorefineries due to its ability to ac-
cumulate reserve compounds such as carbohydrates (between 22% and 60%) and lipids
(between 4% and 75%) [3–5], as well as other industrially important biomolecules (proteins,
pigments, vitamins, and other bioactive compounds) [6,7]. By fully utilizing the cellular
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composition of microalgae, biorefineries offer a profitable and competitive approach for
the co-production of biofuels and high-value bioproducts [3,8].

One of the limitations of the microalgae cultivation process is biomass harvesting,
which is associated with high operational costs, especially on a large scale [9]. Generally,
techniques such as centrifugation, filtration, and coagulation/flocculation are used, but
these methods are considered costly, and in the case of coagulation/flocculation, detrimen-
tal to biomass conversion processes into bioproducts due to the use of chemicals [10–12]. In
light of this, bioflocculation has emerged as a promising technique that has been studied.

Bioflocculation consists of microalgal biomass flocculation using microbial biomass [13].
This technique is considered ecofriendly and does not contaminate the final biomass with
the use of chemicals [14–16]. Through bioflocculation, biomass can also be enhanced by
incorporating fungi, bacteria, or algae as bioflocculants. However, the resulting biomass
will exhibit varied chemical compositions, necessitating the study of downstream processes
linked to subsequent applications.

Regarding its application, bioflocculation requires specific studies since the same
microalgae, even when cultivated under standardized environmental and nutritional con-
ditions, can exhibit different compositions that alter the optimal bioflocculation conditions.
Similarly, the growth phase of the microalgae at the time of harvest can affect charge
distribution in the medium, impacting bioflocculation efficiency [9].

Carbohydrates are the main product of the microalgal photosynthetic pathway and are
also present in other microorganisms used in bioflocculation. Microalgal polysaccharides
have been widely studied for the production of bioethanol, biohydrogen, and other bio-
products [17,18]. However, with bioflocculation, microbial biomass from different microor-
ganisms is obtained, which presents challenges in evaluating biotechnological conversion
routes, particularly in biomass hydrolysis for the release of intracellular carbohydrates.

Bioflocculated biomass may contain prokaryotic and eukaryotic microorganisms,
which primarily differ in their cell wall composition. Prokaryotic microorganisms have cell
walls mainly composed of glucose polysaccharides, making bond breaking easier, whereas
eukaryotic microorganisms have structures with a matrix composed of biopolymers that
are resistant to cell rupture processes [19,20]. Therefore, it is essential to use treatments
capable of hydrolyzing compounds present in both the microalgal cell wall and other
microorganisms used in bioflocculation to enhance biomass conversion efficiency.

Physical methods can be employed to rupture the cell wall and improve the yield of
intracellular compound release [21,22]. These methods include ultrasound, microwaves,
electric field pulses, mechanical methods, autoclaving, and freezing/thawing [23]. Addi-
tionally, chemical or enzymatic methods can be used, commonly associated with physical
methods as pretreatments to increase hydrolysis efficiency. Enzymatic hydrolysis has
advantages over chemical hydrolysis because it does not involve chemicals or high temper-
atures, operates under milder conditions with lower energy consumption, offers greater
substrate specificity, and does not produce toxic byproducts [24,25].

For microalgal biomass hydrolysis, the most commonly used enzymes are α-amylases
and amyloglucosidases (starch-degrading), as well as cellulases (cell wall-degrading) [26,27].
In bioflocculated biomass containing various microorganisms, different enzymes can
contribute to the breakdown of polysaccharides [28,29]. Algal biomass hydrolysis has
been widely studied for bioenergy production, particularly for its potential in produc-
ing bioethanol and biohydrogen. However, regarding bioflocculated microalgal biomass,
further studies are needed to ensure complete biomass hydrolysis and maximize energy
production efficiency. In this context, the aim of this study was to investigate different
physical and enzymatic methods for the hydrolysis of bioflocculated biomass from the
microalga Spirulina platensis using the fungus Aspergillus niger to produce bioethanol.
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2. Materials and Methods
2.1. Fungal Bioflocculation
2.1.1. Microalgal Cultivation Conditions

The microalga Spirulina platensis was cultivated in Zarrouk medium [30] at a concen-
tration of 20% (w/v), supplemented with micronutrient solutions A5 (H3BO3; MnCl2.4H2O;
ZnSO4.7H2O; CuCO4.5H2O; Na2MoO4.2H2O) and B6 (NH4VO3; KCr(SO4).12H2O;
NiSO4.6H2O; Na2WO4.2H2O; CO(NO3)2.6H2O). The cultivation was conducted in a 180 L
raceway with an initial inoculum concentration of 0.2 g·L−1. Cultivation took place in
a hydroponic greenhouse, with agitation provided by rotating blades (0.35 m.s−1), tem-
perature control maintained between 20 ◦C and 30 ◦C, and natural light supplied within
the hydroponic greenhouse. The microalgae were cultured until the end of the stationary
growth phase, when they reached a stable cell density, which was reported to result in the
highest carbohydrate accumulation [31].

A semi-continuous cultivation was performed, involving the removal of 90 L of culture
medium at the end of the stationary growth phase for fungal bioflocculation, followed by
the addition of 90 L of 20% (w/v) Zarrouk medium to continue cultivation without the need
for preparing a new inoculum. Microalgal growth was monitored by sampling three times a
week to determine pH using potentiometry and to assess microalgal biomass concentration
via spectrophotometry, which utilizes a pre-established relationship between absorbance at
670 nm and the dry weight of microalgal biomass, both performed in triplicate.

2.1.2. Production of Fungal Bioflocculant

The production of fungal bioflocculant was carried out using a methodology adapted
from [15]. For this study, a strain of the fungus Aspergillus niger DAOM was used [32]. The
fungus was transferred from test tubes containing A. niger maintained in potato dextrose
agar (PDA) culture medium at 4 ◦C to Petri dishes containing 15 mL of PDA medium.
To facilitate this transfer, 5 mL of sterile 0.1% Tween solution was added to the tubes
containing the fungus. From this suspension of fungal spores, 0.5 mL was transferred to
the Petri dishes containing PDA medium, which were then incubated in a thermostatic
oven at 30 ◦C for 5 days. The obtained inoculum was used to inoculate the submerged
fermentation (SF) culture medium to increase biomass.

The submerged fermentation culture medium was prepared using a suspension of
wheat bran at 10% (w/v) in distilled water. The suspension was boiled for 30 min at 100 ◦C,
followed by filtration to remove insoluble suspended solids. Submerged fermentation was
carried out in 250 mL Erlenmeyer flasks, with the addition of 100 mL of culture medium,
1% sodium nitrate as a supplementary nitrogen source, and a pH adjusted to 7. The media
were inoculated with the addition of 2 mycelial disks, each 1 cm in diameter, from an
A. niger inoculum prepared in Petri dishes into each Erlenmeyer flask. SF was performed
over 72 h on an orbital shaker (model TE-421, Tecnal, Piracicaba, Brazil) at 30 ◦C and 0.97 g
(120 rpm). The resulting wet biomass was initially used as a bioflocculant for the microalga
S. platensis.

2.1.3. Harvesting Microalgae

Tests of bioflocculation conditions were conducted by varying the concentration of wet
bioflocculant (microalgae/wet fungus biomass) while adjusting the millivoltage (approxi-
mately zero) using 20% glacial acetic acid. Control tests were performed with the addition
of bioflocculant without millivoltage adjustment and with millivoltage adjustment without
the addition of bioflocculant. The added bioflocculant contained 90% moisture. The microal-
gae/fungus ratio (dry basis) was determined by considering the moisture content of the
fungal biomass. Table 1 presents the experimental conditions of the bioflocculation assays.
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Table 1. Experimental conditions of the bioflocculation assays.

Experiments 1 Ratio (Microalgae/Fungus) 2 Millivoltage Adjustment (mV)

1 8:1 with adjustment
2 5:1 with adjustment
3 without fungus with adjustment
4 8:1 without adjustment
5 5:1 without adjustment

1 The experiments were conducted in duplicate. 2 Concentration was measured on a dry basis.

The bioflocculation assays were initially conducted in 250 mL beakers containing
200 mL of microalgal culture medium, with agitation performed using a mechanical stirrer
(200 rpm for 1.5 min and 20 rpm for 10 min). Subsequently, under the best flocculation
efficiency conditions, further assays were performed on a larger volume scale, using 2 L jar
test containers (at the established bioflocculant concentration and millivoltage) containing
cultures of S. platensis. The jar test mechanical stirrer (model 713, Fisatom, São Paulo, Brazil)
was used to perform rapid mixing (1.5 min), followed by slow mixing (10 min) [33,34].
After slow mixing, the medium was allowed to settle for 30 min to facilitate microalgal
biomass separation, followed by filtration, from which an aliquot was taken to determine
the bioflocculation efficiency, which was assessed using spectrophotometry. The harvesting
efficiency was determined using Equation (1).

Harvesting efficiency(HE, %) =
(C 0 − C f

)
C0

× 100 (1)

Here, HE = harvesting efficiency (%); C0 = initial concentration of S. platensis (g·L−1);
and Cf = final concentration of S. platensis (g·L−1).

2.1.4. Characterization of Biomasses

The biomasses (microalgae and fungi) were characterized using centesimal composi-
tion methodology [35], focusing on the contents of total proteins, lipids, ash, moisture, and
total carbohydrates.

2.2. Cell Disruption and Enzymatic Hydrolysis

The characterization of commercial enzymes was carried out, mainly due to the
complexity of the bioflocculated biomass, with the aim of achieving higher hydrolysis
efficiencies. Different enzymes were characterized to determine the optimal pH and
temperature, enzymatic load, and optimal hydrolysis times. The enzymes tested included
α-amylase (LpHera), amyloglucosidase—AMG (Amylase AG XXL and Saczyme GO 2),
cellulase (Celluclast 1.5L), and xylanase (Ultraflo Max) from Novozymes®, provided by
the company LNF Enzimas (RS, Brazil). The enzymes had the following characteristics:
LpHera exhibited an activity of 440 KNU–T/g at a pH between 4.5 and 6.5; Saczyme GO
2 showed an activity of 1725 AGU/g at a pH between 3.0 and 5.0; Celluclast 1.5L had
an activity of 700 EGU/g at a pH between 4.0 and 6.0; and Ultraflo Max also had an
activity of 700 EGU/g at a pH between 4.0 and 5.5. For all enzymes, the manufacturer
recommended application concentrations between 100 mL/m3 and 300 mL/m3. These
enzymes were selected according to the cellular composition of the bioflocculated biomass.
The enzyme LpHera hydrolyzes 1,4-α-D-glycosidic bonds in amylose polysaccharides, the
enzymes Amylase AG XXL and Saczyme GO 2 hydrolyze 1,4 and 1,6-α-D-glucose bonds at
the non-reducing ends of polysaccharides, the enzyme Celluclast 1.5L hydrolyzes 1,4-β-
D-glycosidic bonds and other β-glucans, and Ultraflo Max hydrolyzes 1,4-β-D-xylosidic
bonds, forming xylans.



Processes 2025, 13, 364 5 of 23

2.2.1. Enzyme Characterization Studies: Determination of Optimal pH and Temperature

The enzymes used in biomass hydrolysis (amylase, amyloglucosidase—AMG, cellu-
lase, and xylanase) were subjected to enzymatic activity analysis using their respective
standard substrates, as enzymes can lose activity over time and different batches can ex-
hibit different enzymatic activities. To characterize the optimal pH and temperature, a 3k
experimental design (k = 2) was employed, with variations in pH (4.5, 5.5, and 6.5) and
temperature (50 ◦C, 60 ◦C, and 70 ◦C) for all enzymes, except for LpHera (α-amylase),
which was tested at temperatures of 50 ◦C, 70 ◦C, and 90 ◦C. The temperature range values
were established by the manufacturer according to the enzymes’ technical datasheet.

The activity of the enzymes amylase (LpHera) and amyloglucosidase—AMG (Amy-
lase AG XXL and Saczyme GO 2) was assessed using a methodology adapted from [36]
using starch as the standard substrate (1% solution in 0.2 M phosphate buffer). Similarly,
the activity of the enzymes cellulase (Celluclast 1.5 L) and xylanase (Ultraflo Max) was
evaluated, using carboxymethyl cellulose (CMC) and filter paper as substrates, respectively.
Both activities were carried out in 0.2 M phosphate buffer at a concentration of 1%. Enzy-
matic activities were evaluated through the determination of total reducing sugars (TRS)
using the 3,5-dinitrosalicylic acid (DNS) method [37], following protein precipitation with
Carrez I and II. For all three determination methods, enzymatic activities were calculated
using Equation (2) [38].

EA =
RS
t

*
1000
180

*DF (2)

Here, [RS] = concentration of reducing sugars (mg/mL); t = reaction time (30 min);
and DF = dilution factor.

2.2.2. Study of Enzyme Concentration and Hydrolysis Times

After characterizing the enzymes regarding their optimal pH and temperatures, a
study was conducted to determine the enzymatic concentration necessary for the hydrolysis
of bioflocculated biomass. Under optimized conditions for each enzyme, concentrations of
0.01%, 0.03%, and 0.05% (v/v) were tested, with 0.01% corresponding to 100 mL/m3. The
experiments were performed in duplicate using 250 mL Erlenmeyer flasks containing a
10% (w/v) suspension of bioflocculated biomass in 0.2 M phosphate buffer, with a working
volume of 50 mL. The biomass underwent a cell disruption process and carbohydrate
gelatinization in an autoclave for 20 min at 121 ◦C [39]. The reactors were incubated
in a water bath at 150 rpm, with samples collected every hour for analysis of reducing
sugars. The initial time (t0) was without enzyme addition to evaluate the efficiency of the
pretreatment and subsequent times involved enzyme addition for a period of 6 h (Saczyme
GO 2 and Amylase XXL) and 4 h (LpHera, Celluclast 1.5 L, and Ultraflo Max) until the
results of RS stabilized. Both the pH and temperatures used were defined based on previous
optimization assays.

2.2.3. Study of Combined Use of Enzymes

After establishing the optimal conditions for enzyme usage (temperature, pH, concen-
tration, and hydrolysis time), different enzyme combinations were tested for the hydrolysis
of bioflocculated biomass. For the assays, 50 mL of volume in 250 mL Erlenmeyer flasks
were prepared with a 10% biomass suspension. The suspension underwent pretreatment
for cell disruption, followed by the addition of enzymes.

The pretreatment methods (autoclaving, ultrasound, ultrasound + autoclaving, and
gelatinization) were evaluated to assess whether different cell disruption methods would
increase total reducing sugar yields at the end of the process. Gelatinization was used as a
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control since all methods undergo subsequent gelatinization except for autoclaving, which
already utilizes high temperatures.

These methods were chosen for their ability to alter the physical and chemical charac-
teristics of biomass, promoting greater enzyme accessibility to the polymeric structures,
such as polysaccharides, present in microalgae and fungi. The use of an autoclave, for
example, involves increasing pressure and temperature, which can break resistant chemical
bonds and facilitate enzymatic hydrolysis. Ultrasound, on the other hand, generates high-
frequency waves that can promote cavitation, breaking the cells and facilitating the release
of intracellular components that are crucial for the hydrolysis process. The combination
of ultrasound with gelatinization, which involves heating starch to its gelation point, can
further improve the efficiency of hydrolysis by making the polysaccharides more suscepti-
ble to enzymatic action. Isolated gelatinization can also modify the structure of starch and
other compounds, increasing the efficiency of the bioethanol conversion process [40]. The
different pretreatment methods are tested to identify the most effective combination that
increases the hydrolysis rate and maximizes ethanol production while considering factors
such as environmental sustainability and the economic feasibility of the process.

Three duplicate assays were conducted: Blend 1: α-amylase + AMG; Blend 2: α-
amylase + AMG + cellulase; Blend 3: α-amylase + AMG + xylanase. Specific enzymes were
selected from those tested in previous stages based on their action on the microbial cell
wall and their operational range, including α-amylase (LpHera), AMG (Saczyme GO 2),
cellulase (Celluclast 1.5 L), and xylanase (Ultraflo Max). The enzyme combinations were
tested across all pretreatment methods. All assays initially used α-amylase at a temperature
of 90 ◦C for 2 h, followed by the addition of the other enzymes at 60 ◦C until stability in
total reducing sugar yields was achieved. Hydrolysis efficiency was calculated using the
ratio of the polysaccharide composition present in the initial biomass in g/100 g and after
hydrolysis, also in g/100 g. This ratio was presented as a percentage (%). Equation (3) was
used to calculate biomass hydrolysis efficiency.

HE(%) = (CHOi/CHO f )*100 (3)

Here, HE (%) = hydrolysis efficiency; CHOi = percentage of initial carbohydrates; and
CHOf = percentage of carbohydrates after hydrolysis.

For comparison, based on the best conditions obtained in these assays, the hydrolysis
of biomass from the microalgae Spirulina platensis and the fungus Aspergillus niger was
conducted individually.

2.3. Bioethanol Production
2.3.1. Enzymatic Hydrolysis

Based on the best results from the enzyme synergy tests, scale-up was carried out
for subsequent bioethanol production. Saccharification assays were conducted in a 1.2 L
stainless steel reactor (TECNAL) with benchtop agitation at 150 rpm. Enzymes were added
at a ratio of 100 mL/m3. α-Amylase was added once the medium reached 90 ◦C and
acted individually for 1 h. The temperature was then reduced to 60 ◦C for the addition of
amyloglucosidase and cellulase, which continued for an additional 2 h, followed by enzyme
inactivation at 100 ◦C for 15 min. The determination of reducing sugars was performed
using the 3,5-dinitrosalicylic acid (DNS) method [37]. At the end of saccharification, the
mixture was centrifuged for 15 min at 1320× g, and the liquid fraction was used for
alcoholic fermentation assays.



Processes 2025, 13, 364 7 of 23

2.3.2. Microorganism and Inoculum Preparation

The yeast strain S. cerevisiae CAT-1, obtained from the strain bank of the Laboratory
of Biochemistry and Bioprocesses at the University of Passo Fundo, was used for ethanol
production. This yeast strain was maintained at 4 ◦C in a refrigerated environment on solid
slant medium with the following composition: 1% yeast extract, 2% peptone, 2% glucose,
and 2% agar.

To activate the cells, a loopful of the microorganism was incubated in a previously
sterilized medium consisting of 1% yeast extract, 2% peptone, and 2% glucose (100 mL of
medium in a 250 mL Erlenmeyer flask), referred to as the pre-inoculum. This pre-inoculum
was incubated on an orbital shaker at 150 rpm and 30 ◦C for 48 h.

Subsequently, the inoculant was prepared by adding 10% (v/v) of the pre-inoculum
to the cultivation medium (2% glucose, 1% yeast extract, and 2% peptone). The inocula
were prepared in 1 L Erlenmeyer flasks (with a working volume of 500 mL) and incubated
on an orbital shaker at 150 rpm for 10 h, which was sufficient time for the yeast to reach
the exponential growth phase. Before adding the yeast to the hydrolyzed cultivation
medium, the inoculum density was measured at 600 nm using a spectrophotometer, and
the inoculum was only added when the absorbance was close to 0.8.

2.3.3. Alcoholic Fermentation

The fermentations were conducted in 1 L Erlenmeyer flasks containing 500 mL of
medium. The pH of the hydrolyzed medium was adjusted to between 4.5 and 5.0 by
adding acetic acid. The process was carried out in duplicate. The fermentation medium
was sterilized and subsequently inoculated with 10% (v/v) of the previously prepared
inoculum of S. cerevisiae CAT 1. Samples of 40 mL were collected at 0, 6, 12, 18, and 24 h
for the determination of reducing sugar (RS) and ethanol concentrations. The reducing
sugar concentration was determined using the 3,5-dinitrosalicylic acid (DNS) method with
a glucose standard curve [37].

Samples of fermented mash were distilled using a benchtop micro distiller. Ethanol
content was evaluated using the spectrophotometric method proposed by [41] for deter-
mining alcohol content in hydroalcoholic mixtures, based on the absorbance of samples at
600 nm after distillation and the subsequent reaction following the addition of potassium
dichromate at 60 ◦C for 30 min. The efficiency (η) of ethanol formation was calculated
using Equation (4) [42], and productivity was determined using Equation (5).

η(%) =
∆E

0.511 × (s 0 − s)
× 100 (4)

Here, η: ethanol formation efficiency; ∆E: change in ethanol concentration (g·L−1); S0:
initial concentration of total reducing sugars (g·L−1); S: final concentration of total reducing
sugars (g·L−1); and 0.511: stoichiometric coefficient of the reaction.

Pethanol
(

g·L−1·h−1
)
=

∆E
∆t

(5)

Here, ∆E: change in ethanol concentration (g/L); and ∆t: change in fermentation
time (h).

2.4. Data Processing

Data processing was performed using Statistica 10 software, version 10.0.228.2 (Tulsa,
OK, USA) through analysis of variance (ANOVA), followed by Tukey’s test for mean
comparison, with a confidence level of 95%.
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3. Results and Discussions
Through the analysis of the growth curve of the microalgae S. platensis, it was observed

that the adaptation phase of the microalgae occurred during the first 7 days (lag phase),
followed by the exponential growth phase (log phase), which saw a significant increase in
the cell concentration of the microalgae until the 15th day of cultivation. Subsequently, after
entering the stationary phase, it remained for 10 days until it began to show signs of decline
and cell death. Thus, on the 25th day, the cultures were terminated with a concentration of
2.18 ± 0.008 g·L−1.

Ref. [36] conducted the cultivation of the microalgae Spirulina platensis for bioethanol
production. The cultures were carried out in 10 L mini tanks using the Zarrouk 20% cul-
ture medium, similar to this study, but without the addition of vitamins A5 and B6. The
growth of the microalgae exhibited a similar behavior to that observed in this study, with
well-defined growth phases, albeit shorter, reaching the end of the stationary growth phase
in 12 days of cultivation. According to [43], micronutrients such as iron, manganese, zinc,
copper, molybdenum, cobalt, vanadium, and nickel are essential for the functioning of
microalgal cellular organelles, with each species having specific physiological character-
istics in terms of absorbing and eliminating micronutrients. For the microalgae harvest,
fungal bioflocculation was used with the aim of biomass enhancement and separation
efficiency improvement.

3.1. Fungal Bioflocculation Trials

Figure 1 presents the bioflocculation efficiency results for the different treatments
applied. The highest bioflocculation efficiencies were observed for trials 1 and 2 (99.70%
and 99.41%, respectively; p > 0.05). Experiments 3 and 4 yielded lower, but statistically
equal results (97.19% and 97.70%, respectively). The lowest efficiency was obtained for
trial 5 (89.60%), which was conducted without the use of bioflocculants. Some microalgae,
such as Spirulina, have the potential for auto-flocculation, which can occur naturally. This
phenomenon refers to cellular aggregation and/or cell adhesion in a liquid medium [44,45].
The tests yielded results similar to those obtained by [15], which ranged from 95.9% to
98.8%. In that study, different pH values (4, 6, 8, and no pH adjustment) were used; however,
millivoltage was not evaluated. The best results were achieved in control experiments
without pH adjustment (values between 10 and 11). Coagulation/flocculation assays
are commonly conducted with consideration only of the pH of the medium, without
millivoltage control. Ref. [46] described the importance of the surface charge of algae in
their coagulation process. The study suggested that the coagulation mechanism occurred
through mutual attraction and neutralization of the charges of both the algae and the
bioflocculant used. In this study, millivoltage control was conducted to assess at which
point/pH the neutralization of the medium charges would be achieved. The isoelectric
potential was obtained at a pH of approximately 6.82, similar to the results obtained by [47],
which ranged between 6.5 and 6.9.

Overall, the tests exhibited high efficiency values; however, when evaluating floc
formation, experiments 1 and 2 demonstrated greater stability compared to the others
and could be filtered using a common sieve. In the case of the other treatments, when the
liquid was agitated, the separated biomass mixed back into the medium, requiring another
separation method, such as centrifugation.
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As there was no statistical difference (p < 0.05) between using an 8:1 and a 5:1 (microal-
gae/fungus on a dry basis) ratio of fungal bioflocculant, it was decided to proceed with the
scale-up experiments using an 8:1 ratio (8:1 fraction of microalgae/fungus on a dry basis)
of bioflocculant with millivoltage adjustment, following experiment 1. Larger quantities of
microalgae were used relative to the fungus, primarily considering future biotechnological
processes, given the complexity of the fungal cell wall compared to that of microalgae. The
fungal cell wall is composed of various types of alpha-glucans. The most common of these
polysaccharides is glycogen, which consists of glycosyl units linked by α-1,4 and α-1,6
bonds, and glucans in which the glycosyl units are linked only by α-1,3 bonds, or α-1,3 and
α-1,4 bonds [48–50]. As mentioned above, glycogen is an energy storage material that accu-
mulates in the form of grains in the cytoplasm [51]. Polysaccharides from other classes are
components of the cell wall, serving as structural elements [49] and providing resistance.

When the same conditions were applied in 2 L jar test tanks, the efficiencies were
maintained, reaching values between 99.5% and 99.7%. Furthermore, when scaling up the
process, under the proposed conditions, neither rapid nor slow agitation was necessary, as
biomass separation occurred within 30 min.

In the bioflocculation process, fungal hyphae and mycelia contain polysaccharides
with active sites that enable bioadsorption and cluster formation [52]. The main phe-
nomenon enabling floc aggregation is related to the negative charges of the microalgae
and the positive charges of the fungal hyphae [53], which can also be adjusted through
millivoltage adjustment.

According to [13], when S. platensis begins to show cellular death, destabilization of
charges on the cell surface can occur, which is one of the requirements for biomass aggrega-
tion in the bioflocculation process. In this context, even at the end of the stationary growth
phase, with the use of fungal biofloculant and millivoltage adjustment, efficiencies close
to 100% were achieved. This suggests that, regardless of the growth phase of S. platensis
microalgae, with the biofloculation conditions established in this study, it is possible to
achieve high bioflocculation efficiencies.

Moreover, the physical and chemical interaction between S. platensis and A. niger can
explain the high bioflocculation efficiency. Ref. [15] performed FTIR analyses to evaluate
these interactions. The FTIR results indicate significant changes in the absorption spectra
of the biomass after the application of the fungal bioflocculant. The analysis revealed
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interactions between the functional groups of S. platensis (such as amine, carboxyl, and
hydroxyl groups) and the components of A. niger (such as the polysaccharides present in
fungal hyphae). The spectral bands associated with functional groups like –OH, –NH2, and
–COOH, present in both the microalgae and the fungus, showed variations in absorption
intensities, suggesting a physical and chemical interaction between the two organisms.
These interactions promote the formation of more stable flocs, facilitating the bioflocculation
harvesting process. This interaction was corroborated by the SEM analysis conducted
by [54], which demonstrated the formation of a porous and structured matrix resulting
from the intertwining of fungal hyphae with microalgal cells, providing greater exposure
of active sites for enzymatic action.

In the context of scaling up, the fungus-to-microalgae ratio could be optimized, as
fungal production through submerged fermentation can be adapted to a more industrial
and cost-effective process. Additionally, larger-scale systems might benefit from further
optimization of operational parameters, such as aeration, nutrient supply, and mixing
strategies, to enhance fungal bioflocculant production and maintain high separation ef-
ficiency. Moreover, integrating continuous or semi-continuous processes could improve
scalability and productivity, reducing downtime and making the process more viable for
commercial applications [55].

Conventionally employed techniques in microalgae harvesting, such as centrifugation,
flotation, filtration, and flocculation, are not economically viable when applied to industrial
bioethanol production. These technologies account for up to 50% of the total production
cost and are not environmentally sustainable, as they require high energy consumption,
and the addition of chemicals limits medium recycling and the polysaccharide hydrolysis
process, potentially causing damage to the cells due to shear stress. Bioflocculation, on
the other hand, stands out as an ecofriendly technique, offering high harvesting efficiency,
lower energy consumption, and greater technological feasibility [10–12].

3.2. Characterization of the Biomasses

The biomass used in the study (microalgae with fungi) was characterized for its proxi-
mal composition because sugar yields and hydrolysis efficiency are based on the carbohy-
drate composition of the biomass. The bioflocculated biomass contained approximately
29.2 ± 4.06% carbohydrates, 27.02 ± 3.14% proteins, 32.02 ± 5.08% lipids, 0.35 ± 0.01% ash,
and 7.41 ± 0.04% moisture. These results were calculated on a dry basis for use in enzymatic
hydrolysis assays.

3.3. Cell Disruption and Enzymatic Hydrolysis
3.3.1. Enzyme Characterization

Figure 2 presents the results of the enzyme characterization regarding pH
and temperature.

The enzyme LpHera (α-amylase) exhibits variable enzymatic activities under differ-
ent pH and temperature conditions. Optimal activity (3.77 ± 0.065 U) was observed at
pH 6.5 and 90 ◦C, similar to the activity at pH 5.5 and 90 ◦C (3.72 ± 0.060 U), while reduced
activity was noted at pH 6.5 and 50 ◦C (3.06 ± 0.044 U). Figure 2 illustrates LpHera’s
activity results, highlighting its effectiveness under gelatinization conditions due to its
robust thermal stability, which is crucial for its integration at this stage of starch processing.
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Figure 2. Results of enzyme characterization tests regarding pH and temperature.
(a) Amylase = LpHera; (b) AMG = Saczyme GO 2; (c) Amylase = Amylase AG XXL;
(d) Cellulase = Celluclast 1.5 L; (e) Xylanase = Ultraflo Max. Means ± standard deviation. Equal
letters indicate no statistical difference between assays, while different letters indicate statistical
difference between assays (p < 0.05).

Known for its application in ethanol production, LpHera possesses intermediate acid
stability, enabling starch hydrolysis within the pH range of 4.5–4.8, unlike commercially
used α-amylases, which are typically active within the pH range of 5.0–6.5 [56,57]. Employ-
ing pH 4.5 during saccharification optimizes enzyme activity, thereby reducing chemical
requirements and potentially increasing starch sugar yields by up to 0.2%, which enhances
process economics.

The enzyme Saczyme GO 2 (AMG) demonstrates superior enzymatic activity at pH 4.5
and 60 ◦C (12.03 ± 0.049 U), with reduced activity at pH 6.5 and 70 ◦C (1.08 ± 0.035 U). It is
widely used in lignocellulosic hydrolysis and lipid extraction from microalgae, although this
occurs under the ideal pH and temperature conditions specified by the manufacturer [34,58].
However, optimizing enzyme characterization for specific batches and storage durations
could potentially enhance overall efficiency.

The amylase AG XXL shows peak activity at pH 4.5 and 60 ◦C (7.39 ± 0.130 U).
Although there are no studies on microalgal hydrolysis, it shares operational pH and
temperature ranges with AMG 300L for potential applications in microalgae biomass
saccharification [16,59].

Celuclast 1.5 L achieves maximum activity on CMC substrate at pH 4.5 and 70 ◦C
(0.8026 ± 0.022 U), indicating potential for improved carbohydrate release under lower pH
and higher temperature conditions in microalgal contexts [60].

Ultraflo Max exhibits varied enzymatic activities across different pH and temperature
settings, emphasizing its versatility in enzymatic processes despite the presence of diverse
optimal conditions (data from enzyme characterization studies).

These enzymes play fundamental roles in optimizing saccharification processes across
diverse biotechnological applications, offering insights into their operational ranges and
potential for enhancing bioconversion efficiencies in industrial settings.

Figure 3 presents the results of the enzyme characterization regarding enzyme load
and hydrolysis time.
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Figure 3. Results of enzyme loading tests and hydrolysis times. (a) Amylase = LpHera;
(b) AMG = Saczyme GO 2; (c) Amylase = Amylase AG XXL; (d) Cellulase = Celluclast 1.5 L;
(e) Xylanase = Ultraflo Max. Means ± standard deviation. Equal letters indicate no statistical differ-
ence between assays, while different letters indicate statistical difference between assays (p < 0.05).

During the characterization of the enzymes LpHera, Saczyme GO 2, Amylase AG
XXL, Celluclast 1.5 L, and Ultraflo Max for hydrolyzing bioflocculated microalgal biomass,
distinct patterns of reducing sugar release were observed under varying enzyme con-
centrations and assay times. For LpHera, the highest means (1.05 ± 0.060 g·L−1) were
achieved with a 0.05% enzyme concentration at 2 h, maintaining stable yields over 4 h,
unlike lower means at 4 h with the addition of 0.01% enzyme. Similarly, Saczyme GO 2
exhibited peak averages (3.25 ± 0.059 g·L−1) at 4 h with 0.05% enzyme, underscoring stable
yields across concentrations. Amylase AG XXL mirrored these trends, showing optimal
results (2.58 ± 0.106 g·L−1) at 4 h with 0.05% enzyme, along with comparable yields at
0.03% concentration.

In contrast, Celluclast 1.5 L displayed its highest mean (0.76 ± 0.22 g·L−1) at 3 h
with 0.03% enzyme, maintaining statistical equivalence across most assays, except for the
addition of 0.01% at 0 h. Ultraflo Max, although there was no statistical difference between
treatments at 0 h, stabilized reducing sugar release from the first hour of testing.

In comparison with studies focusing solely on microalgae, these results suggest chal-
lenges in fungal cell wall disruption, which affects hydrolysis efficiency even under opti-
mized pH and temperature conditions [61,62]. Strategies for enzyme application vary, with
studies employing sequential addition methods, such as starting with amylases followed by
cellulases or vice versa, based on enzyme activity windows [63–65]. For this study, enzymes
were selected based on prior characterization data and microbial cell wall attributes, which
guided their sequential addition. Initially, LpHera will act for 2 h at 90 ◦C, followed by
a blend of Saczyme GO 2, Celluclast 1.5 L, and Ultraflo Max for another 2 h at 60 ◦C, all
maintained at pH 4.5.

Given that there are no statistical differences across different enzyme percentages,
a standard concentration of 0.01% enzyme was adopted for all tests. This methodology
aims to optimize enzymatic hydrolysis efficiencies for bioflocculated microalgal biomass,
anticipating increased sugar yield reduction through sequential enzyme application.



Processes 2025, 13, 364 13 of 23

Based on the results of enzyme characterization, specific enzymes were selected based
on the conducted tests and the microbial cell wall to evaluate their combined usage. The
LpHera enzyme (α-amylase) was selected and added at the beginning of the enzymatic
hydrolysis process for a period of 2 h, with the subsequent addition of associated enzymes
(Saczyme GO 2, Celluclast 1.5 L, and Ultraflo Max), in different blends for an additional 2 h
of testing. The pH was maintained at 4.5, and the temperatures were 90 ◦C for the LpHera
enzyme and 60 ◦C for the other enzymes. Overall, there was no statistical difference in
the utilization of different enzyme percentages in the tests; therefore, it was decided to
standardize the use of 0.01% for all enzymes.

3.3.2. Study of Combined Use of Enzyme

Figure 4 presents the results obtained from the combined enzyme assays for Blend 1:
LpHera (α-amylase) and Saczyme GO 2 (AMG).
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In the different pretreatments used for this enzyme blend, the highest mean values
of total reducing sugars were observed at 3 h of assay, after the addition of the Saczyme
GO 2 enzyme (13.88 ± 0.12 g·L−1), using gelatinization, with the results remaining stable
at 4 h for the same pretreatment. The LpHera (α-amylase) achieved maximum yields in
the first hour of assays, demonstrating statistical equality for all analyzed pretreatments,
showing stability in the following two hours after the amyloglucosidase was added. The
lowest means were observed at time zero (t0h), when there was no enzyme addition, only
the release of sugars through the pretreatments used.

The enzyme α-amylase acts by transforming starch into dextrins and oligosaccharides
through the hydrolysis of α-1,4 linkages, and then α-1,4 and α-1,6 linkages are hydrolyzed
by the action of the amylolytic enzyme, transforming oligosaccharides into low molecular
weight glucose monomers [64].

Figure 5 presents the results obtained from the assays of combined enzyme usage for
the enzymes in Blend 2: LpHera (α-amylase), Saczyme GO 2, and Celluclast 1.5 L.
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When combining the enzymes α-amylase, AMG, and cellulase, higher yields of
reducing sugars were obtained compared to assays using only α-amylase and AMG.
The highest means were observed at 5 h (20.55 ± 0.90 g·L−1) for assays using auto-
claving as pretreatment. Assays using gelatinization as pretreatment yielded the low-
est amounts over time compared to the others. Autoclaving, ultrasound + autoclaving,
and ultrasound + gelatinization pretreatments showed the same behavior over time, with
statistical equality at all analyzed times (p < 0.05).

In the study conducted by [61], the enzymes α-amylase and amyloglucosidase (AMG)
were used together to determine the optimal conditions for the enzymatic hydrolysis
process of protein extraction residues from S. platensis cells. The results indicate that
with both amylolytic enzymes added simultaneously in the enzymatic hydrolysis process,
a higher release of reducing sugars in the medium was obtained, making this strategy
promising for ethanol conversion.

Figure 6 presents the results obtained from the combined enzyme use assays for the
enzymes in Blend 3: LpHera (α-amylase), Saczyme GO 2, and Ultraflo Max. In assays using
autoclaving, ultrasound + autoclave, and ultrasound + gelatinization, there was stability in
reducing sugar yields after 3 h of assays, with the first two pretreatments showing statistical
equality (p < 0.05) at the same described times.
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Overall, the enzymatic combinations exhibited similar behavior, demonstrating almost
immediate action after addition. The enzyme LpHera (α-amylase) showed stable results
after 1 h of experimentation, and after the addition of the other enzymes, regardless of
the blend used, there was stability in reducing sugar yields after another hour of assays.
According to [66], the action of the α-amylase enzyme occurs in two stages. The first stage
involves the rapid release of reducing sugars through the breakdown of more complex
sugars, converting starch into dextrins. Subsequently, saccharification occurs more slowly,
requiring the addition of another catalyst. The α-amylase acts on internal 1,4 linkages
without interfering with the 1,6 linkages, thereby reducing the viscosity of the medium and
allowing the action of the amiloglucosidase enzyme to follow.

As observed in the obtained results, to evaluate which enzyme combination and
pretreatment is more efficient, statistical analysis was performed at the 3 h time point,
where stability in reducing sugar yields was observed for most assays. Figure 7 presents
the results obtained for the different enzyme blends at this 3 h time point.
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The highest averages were obtained using the enzymes LpHera + Saczyme GO 2 +
Celluclast 1.5 L (19.53 ± 0.13 g·L−1), with autoclaving as the pretreatment. The same blend
of enzymes showed statistical equality for treatments using ultrasound + gelatinization and
ultrasound + autoclaving. Furthermore, when using the combination of LpHera + Saczyme
GO 2 + Ultraflo Max, statistically equal results were obtained for the same pretreatments
(p < 0.05). The lowest yields were obtained using the other enzyme blends, regardless of
the pretreatment used.

In addition, the hydrolysis efficiency was calculated based on the carbohydrates
present in the biomass. Using the results of proximate analysis, the enzymatic hydrolysis
efficiency was calculated for the same 3 h period across different enzyme blends and pre-
treatments. The results show only the action of the enzymes, with the t0 time corresponding
to the action of the pretreatments.

Figure 8 presents the results of enzymatic hydrolysis efficiency. The pretreatments
showed an efficiency at t0 (without enzyme addition) of approximately 4%. For enzymatic
action, the highest means were observed using the enzymes LpHera + Saczyme GO 2 +
Celluclast 1.5 L (65.13 ± 0.46%). There was no statistical difference (p < 0.05) when using
ultrasound or ultrasound + autoclaving. Assays using the enzymes LpHera + Saczyme GO 2
+ Ultraflo Max showed similar results and statistical equality with assays from the previous
blend. Regarding hydrolysis efficiency for different biomasses, ref. [15] obtained results of
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56.93 ± 3.64%, 96.61 ± 20.26%, and 45.68 ± 0.22% for the biomass of A. niger, S. platensis,
and A. niger + S. platensis, respectively. Concerning the low hydrolysis efficiency for the
bioflocculated biomass containing fungal cells, it is noteworthy that the freezing/thawing
+ gelatinization pretreatment showed no effectiveness in breaking down the most resistant
matrices of the fungal cell wall, which are composed mainly of polysaccharides [67].
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The high hydrolysis efficiency (~70%) of bioflocculated biomass can be explained by
the enzyme-microalgae-fungus interaction. According to a study conducted by [54], when
subjected to enzymatic hydrolysis, the bioflocculated biomass exhibited a significantly
higher release of reducing sugars, such as glucose and xylose, compared to biomass from
isolated microalgae or fungi, with a conversion efficiency exceeding 85%. The assays
demonstrated high efficiency in the release of reducing sugars, indicating that the enzymes
facilitated access to the polysaccharides present in the microalgae-fungus biomass. This
performance was attributed to the production of lignocellulolytic enzymes (cellulases,
hemicellulases, and ligninases, assessed through enzymatic activity) by the fungus A. niger
during the bioflocculation process, as well as the porous matrix of the bioflocculated
biomass (analyzed using Scanning Electron Microscopy—SEM), which preserved enzy-
matic activity by reducing protein denaturation and facilitating substrate access. Raman
spectroscopy confirmed the degradation of structural polysaccharides in the bioflocculated
biomass after hydrolysis. Furthermore, the release of reducing sugars from the biofloccu-
lated biomass was approximately twice as high as that from isolated microalgae biomass,
highlighting the importance of the physical and chemical interactions between microor-
ganisms. The bioflocculated system also proved advantageous by eliminating the need for
external enzyme addition, as the fungus produced enzymes directly during the process,
thereby reducing costs and increasing the system’s sustainability.

Studies addressing the enzymatic hydrolysis of mixed biomass are scarce, especially
those involving the use of enzymatic blends. Incorporating computational modeling or
molecular simulations could even be used to predict how enzymes interact with the poly-
meric structures present in the biomass and identify preferential binding sites. Molecular
dynamics simulations, for instance, can reveal how factors such as surface charge, structural
conformation, and hydrophobic interactions influence hydrolysis efficiency. Additionally,
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computational models can help optimize process conditions, such as temperature, pH, and
enzyme concentrations, to maximize saccharification yield. By integrating experimental
data with computational simulations, it is possible not only to understand the molecular
mechanisms underlying saccharification but also to design more efficient and targeted pro-
cesses for producing bioproducts, such as bioethanol, in mixed biomass systems [63,64,68].

Based on the obtained results, it was decided to carry out the hydrolysis of microalgae
and fungus using the enzyme association LpHera + Saczyme GO 2 + Celluclast 1.5 L, under
the same concentration conditions and action times. This blend was chosen for its efficiency
and its action on the chemical bonds present in the microbial cell wall. Both cellulase and
xylanase act on (1,4)-β-D-glucosidic linkages, but cellulase exhibits a specific action on
cellulose, which is present in both microalgal and fungal cells [23,69].

3.4. Production of Bioethanol

Figure 9 shows the results of ethanol production and total reducing sugars through-
out the alcoholic fermentation process of biofloculated biomass containing the microalga
Spirulina platensis and the fungus Aspergillus niger.
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Figure 9. Ethanol concentration and total reducing sugars 1 over time. 1 Means ± standard deviation.
The same letters indicate no statistical difference between the assays, while different letters indicate a
statistical difference between the assays (p < 0.05).

The present study achieved similar results using biofloculated biomass. The lower
conversion efficiencies of biofloculated biomass are attributed to the presence of the fungus
A. niger, which has a complex cell wall composed of a matrix of polysaccharides, includ-
ing chitin, glucans (mainly β-1,3-glucan and β-1,6-glucan), and proteins, forming a rigid
network resistant to enzymatic degradation. Chitin, a polymer of N-acetylglucosamine,
contributes to this rigidity and resistance due to its crystalline structure and β-1,4 linkages,
which are difficult to hydrolyze. The heterogeneous cell wall, containing multiple layers
and types of polysaccharides, requires a specific enzyme cocktail for complete hydrolysis.
Bound proteins such as glycoproteins also increase resistance, as they are heavily glycosy-
lated, hindering enzyme action. Additionally, the dense and intertwined structure limits
enzyme accessibility to internal substrates, reducing hydrolysis efficiency [70].

As the highest yields of total reducing sugars were observed using Blend 2: α-amylase
+ amyloglucosidase + cellulase, these enzymes were employed for the enzymatic hydrolysis
of biofloculated biomass containing Spirulina platensis and Aspergillus niger for ethanol
production. The enzymatic hydrolysis produced 19.06 ± 0.11 g/L of glucose during
saccharification. The fermented mash yielded 7.29 ± 0.24 g/L of ethanol after 12 h of
fermentation, with no statistically significant difference observed in the results up to 24 h
of testing, corresponding to a 79.21 ± 0.38% conversion of glucose into ethanol. This
represents a productivity of approximately 0.6 g of ethanol per 1 g of biofloculated biomass
per L−1.h−1. In the study by [71], the authors conducted enzymatic hydrolysis of Spirulina
platensis to produce ethanol using α-amylase + amyloglucosidase + cellulase enzymes,
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achieving 27 g/L of fermentable sugars that were converted with 92% efficiency to 12.7 g/L
of ethanol after 9 h of fermentation.

In a study by [72], ethanol production from the carbohydrate-enriched biomass of the
microalga S. platensis was explored. Different acids (H2SO4, HNO3, HCl, and H3PO4) were
tested for saccharification. Higher acid concentrations resulted in greater yields of reduc-
ing sugars; however, the authors noted that the presence of acids during polysaccharide
hydrolysis significantly affected the ethanol production processes. These findings under-
score the importance of studies that involve enzymatic processes for biomass hydrolysis in
ethanol production.

In terms of values, the study by [73] showed that bioethanol production from algae
using chemical treatment (thermal acid hydrolysis) costs approximately USD 26/ton of dry
algae at the bioethanol production plant, while enzymatic treatment, which employs a sim-
pler process, results in a cost of USD 64.6/ton at a production scale of 80,000 tons per year.
When scaled up to 400,000 tons per year, production costs for enzymatic treatment increase
to USD 91.3/ton, suggesting that, despite greater energy efficiency, enzyme production
costs still represent a significant challenge. Regarding the selling price of bioethanol, the
values for the enzymatic process ranged from USD 2.39/gallon for 80,000 tons per year to
USD 2.08/gallon for 400,000 tons, indicating a slight improvement in economic viability at
a larger scale, but still remaining high compared to chemical treatments. The sensitivity
analysis in the study highlighted that the price of algae has the greatest impact on the final
cost of bioethanol, emphasizing that cost reduction in large-scale algae production is crucial
for the economic success of third-generation bioethanol production.

Ref. [74] conducted a techno-economic analysis on the use of microalgae as a source for
biofuel production, exploring various integrated biorefinery options. They demonstrated
that an integrated system could generate multiple biological products, thereby improving
economic returns and facilitating large-scale commercial implementation. Considering that
the production of S. platensis is already established industrially, integrating it with other mi-
croorganisms, such as fungi, could enable the deployment of third-generation biorefineries.

The integration of enzymatic hydrolysis and bioethanol production from biomass,
particularly from microalgae or mixed microbial systems, presents significant potential
for reducing greenhouse gas (GHG) emissions and enhancing the economic viability of
biorefineries. This approach supports renewable biofuel production and aligns with global
sustainability goals, making it an essential area for development.

From a GHG reduction perspective, bioethanol derived from algae biomass is consid-
ered carbon-neutral, as the carbon dioxide (CO2) released during combustion is offset by
the CO2 absorbed by the algae during its growth cycle. Additionally, algae cultivation does
not require arable land or freshwater resources, and its carbon sequestration capabilities
further contribute to GHG emission reductions. When combined with energy-efficient
enzymatic hydrolysis processes, which consume less energy than chemical treatments, the
overall life cycle emissions of bioethanol are significantly minimized [75–77].

Economically, this technology diversifies and strengthens the bioeconomy by reducing
reliance on food crop-based biofuels and avoiding the food vs. fuel dilemma. Utilizing
algal biomass or waste biomass materials decreases raw material costs, particularly as
algae and other non-food biomass are renewable and widely available. Moreover, the
avoided costs associated with GHG emissions in biorefineries using enzymatic hydrolysis
are noteworthy. These processes benefit from potential savings tied to carbon credits or
environmental sustainability incentives. As governments implement stricter regulations on
carbon emissions and promote green technologies, biorefineries that adopt energy-efficient,
low-emission technologies may gain economic advantages through carbon trading schemes
or subsidies [78,79].
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Integrating enzymatic hydrolysis into biorefinery systems offers a dual advantage: it
achieves substantial GHG emissions reductions while lowering production costs and creat-
ing opportunities in renewable energy markets. This comprehensive approach represents a
pivotal step toward sustainable energy production and climate change mitigation.

4. Conclusions
The use of fungal bioflocculant associated with millivoltage adjustment for charge

neutralization between microalgae and fungus allowed for the separation of microalgal
biomass with high efficiency (~100%). Millivoltage adjustment enables efficient separation
of microalgae at different growth phases, as charge neutralization causes microorganisms
to aggregate into more stable flocs. Additionally, using different concentrations of biofloc-
culant with millivoltage adjustment did not interfere with biomass separation. Thus, lower
concentrations of bioflocculant were selected for future biotechnological processes, given
the complexity of the cell wall of the fungus A. niger.

For the hydrolysis of the bioflocculated biomass (S. platensis + A. niger), autoclaving
was selected as the optimal pretreatment for cell wall disruption. This process was used to
release intracellular carbohydrates, which were subsequently hydrolyzed using different
commercial enzymes. Among the various enzyme blends applied, the combined use of
α-amylase (LpHera), amyloglucosidase (Saczyme GO2), and cellulase (Celluclast 1.5 L)
produced the highest yields of reducing sugars. The hydrolysis process achieved an
efficiency of approximately 70%, with 4% attributed to the pretreatment and the remainder
to the specific enzymes used.

Bioflocculation is a process that does not interfere with the final biomass, as it does
not use chemical reagents for separation. Therefore, this biomass can be used in hydrolysis
processes to obtain high-value bioproducts such as bioethanol. The study of microbial
cell walls and different methods of pretreatment and enzymatic hydrolysis has resulted
in high hydrolysis efficiency. Currently, methods for the hydrolysis and conversion of
microalgal biomass into bioethanol are being studied, with few studies focusing on biofloc-
culated biomass.

This study was able to produce bioethanol competitively using bioflocculated microal-
gal biomass with fungi, achieving a conversion efficiency of approximately 80%. These
results are promising, given the complexity of the raw material and in comparison to studies
that use only microalgal biomass for bioethanol production. The addition of fungal biomass
to the process addresses issues such as the interference of chemicals used in microalgae
harvesting and hydrolysis processes during bioethanol production.

For future studies, it is suggested that biofloc formulation be optimized by investigat-
ing combinations of microalgae and fungi that maximize enzymatic hydrolysis efficiency
and bioethanol yields. The development of more specific enzymes, including optimized en-
zymatic blends and genetically modified strains, could reduce costs and improve outcomes.
Studies on enzyme stability and reuse, such as enzyme immobilization, would also be ben-
eficial for reducing production costs. Additionally, detailed analyses of economic feasibility
at different scales and environmental impact through life cycle assessments are important
for identifying opportunities for improvement. Integrating biofloc production with carbon
capture systems could reduce greenhouse gas emissions, while exploring byproducts gener-
ated during the process could add value to the production chain. The use of computational
modeling and molecular simulations could predict enzymatic interactions with substrates
and optimize operational conditions. Finally, studies on public policies, economic incen-
tives, and carbon credits could improve economic viability and encourage large-scale
adoption. These suggestions encompass technological and operational improvements, as
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well as environmental and economic impact analyses, providing a holistic pathway for
advancing the use of fungal bioflocculants in sustainable bioethanol production.
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