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Abstract

:

Simple Summary


Microtubules (MTs) are dynamic structures that compose part of the cell cytoskeleton. They play important roles in various cellular functions, such as intracellular transport, cell division, and cell movement. MTs are made up of α/β-tubulin heterodimers that present a diversity due to the existence of different isotypes and post-translational modifications (PTMs). One specific PTM, tubulin-acetylation, occurs inside the MT lumen and has been found to enhance MT flexibility and prevent structural damage. This PTM is also associated with cellular responses to stress and various human pathologies. The regulation of enzymes involved in tubulin acetylation and deacetylation is important for maintaining proper cell physiology. While the role of tubulin-acetylation in MT stability remains debatable, it is clear that PTMs contribute to the unique biochemical and biophysical properties of MTs, creating a code that allows for cellular responses to different environmental cues.




Abstract


Microtubules (MTs), dynamic polymers of α/β-tubulin heterodimers found in all eukaryotes, are involved in cytoplasm spatial organization, intracellular transport, cell polarity, migration and division, and in cilia biology. MTs functional diversity depends on the differential expression of distinct tubulin isotypes and is amplified by a vast number of different post-translational modifications (PTMs). The addition/removal of PTMs to α- or β-tubulins is catalyzed by specific enzymes and allows combinatory patterns largely enriching the distinct biochemical and biophysical properties of MTs, creating a code read by distinct proteins, including microtubule-associated proteins (MAPs), which allow cellular responses. This review is focused on tubulin-acetylation, whose cellular roles continue to generate debate. We travel through the experimental data pointing to α-tubulin Lys40 acetylation role as being a MT stabilizer and a typical PTM of long lived MTs, to the most recent data, suggesting that Lys40 acetylation enhances MT flexibility and alters the mechanical properties of MTs, preventing MTs from mechanical aging characterized by structural damage. Additionally, we discuss the regulation of tubulin acetyltransferases/desacetylases and their impacts on cell physiology. Finally, we analyze how changes in MT acetylation levels have been found to be a general response to stress and how they are associated with several human pathologies.
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1. Introduction


Post-translational modifications are covalent alterations introduced in protein amino acid sequences during or after their synthesis. In most cases, distinct functional groups are covalently bound to specific amino acid residues in the protein’s primary structure by the activity of specific enzymes. In certain cases, these enzymatic modifications consist of the removal/addition of specific amino acid residues in the protein’s primary sequence. In general, these modifications are transitory and can respond to cues and challenges imposed by the cellular environment. Transient PTMs require another group of specific enzymes that catalyze the removal of PTMs. Different or the same types of PTMs can exist in the same protein: this creates the possibility of combinatory patterns that expand the number of distinct primary sequences of a given protein, most probably conferring specific three-dimensional structures with variations that can be associated with distinct functions in the same cell or that can be specific of cell types and tissues. We may envisage that this also constitutes a code that can be read by distinct groups of interactors, modifiers, and modulators of the protein, triggering distinct signalling cascades and responding to cellular challenges. The complexity of this network is increased if we include the regulation of the enzymes that catalyze the addition and removal of the post-translational modification, which can create, in every moment, a balance between different forms of the protein. Therefore, PTMs drastically increase the number of products made available by the expression of the genes in the genome (for 20,359 encoded gene products 192,917 PTMs are estimated, https://www.nextprot.org/about/human-proteome (accessed on 8 February 2023). Additionally, PTMs introduce new levels of regulation that fine-tune the role of each protein type, adjusting this to specific requirements of specific cell types or/and being able to respond to different signals or signals networks. Illustrating this complexity of PTMs that some proteins are subjected are P53 (regulating cellular processes, such as cell cycle arrest, DNA repair, apoptosis, ferroptosis, senescence, or autophagy to promote cell survival or limit the malignant transformation of a cell) [1], histones (affecting processes, such as transcription, recombination, replication, DNA repair, and the modulation of genomic architecture) [2] and tubulins (affecting, for example, the dynamic behavior of MTs and MTs structures assembly, organization, and remodeling) [3].



In this review, we will focus on one of the most elusive post-translational modifications of tubulin- acetylation—which, along with methylation, are the only tubulin post-translational modifications known to occur inside the MT lumen and whose impact on MTs properties/functions has been a matter of controversy since its discovery. Specifically, we intend to explore the current view on tubulin acetylation’s impact on the MTs’ structure, its role in cellular function, how it is regulated, and how alterations in tubulin acetylation patterns affect the physiology of organisms.



1.1. The Dynamic Nature of Microtubules


Microtubules are dynamic polymers of α/β-tubulin heterodimers found in all eukaryote cells. These polymers are intrinsically polar, and they stochastically change between phases of growth and shrinkage: a phenomenon known as dynamic instability (see Figure 1). This MT behavior is associated with the requirement of GTP-tubulin heterodimers for MT polymerization and GTP hydrolysis by β-tubulin after polymerization [4]. However, the dynamic instability of MTs cannot explain all features of MT dynamics, such as, for example, the dynamics of aged MT. Thus, more recently, MT tip structures have also been implicated in the mechanisms of tubulin polymerization and dynamic instability (for review [4]). In vivo, MT dynamics depend on the presence of competent tubulin heterodimers, either synthesized de novo or recycled from pre-existing MTs [5]. To support this process, eukaryotic cells have several molecular chaperones, including the cytosolic chaperonin CCT (cytosolic chaperonin-containing TCP1) and its cochaperone prefoldin [6,7], as well as a group of specialized tubulin cofactors (TBCA-E) [8,9]. In addition to supporting tubulin folding, tubulin cofactors also aid in the assembly/disassembly of tubulin heterodimers, as well as their degradation (see Figure 1) [8,9,10,11]. Therefore, tubulin cofactors are essential for preserving the quality of tubulin pools and the recycling/degradation of tubulin heterodimers in vivo.




1.2. The Functional Diversity of Microtubules and Microtubule-Based Structures


Microtubules play a myriad of functions in eukaryotes cells and are the components of complex structures, such as the mitotic spindles involved in cell division, centrosome/centrioles that are MT and actin organizing centers, and cilia that can generate motility and have sensory functions coupled with a variety of signaling pathways. The dynamic MT behavior allows MT ends to explore the cell space searching for and binding to intracellular structures (e.g., chromosomes during mitosis) and organelles, such as mitochondria and melanosomes, contributing to their dynamic positioning and organization of the cytoplasm [4,17,18,19]. Additionally, MTs are targeted toward focal adhesions by interacting with actin and intermediate filaments, and their plus ends are then captured and anchored to the cell cortex near these structures [20]. The turnover of focal adhesions is dependent on MTs, although the mechanisms have not been completely elucidated. However, it is well established that MTs are involved in the transport of exocytic vesicles containing cargos that are delivered near focal adhesions and control endocytosis and integrin internalization [21,22]. Consequently, MT networks regulate cellular adhesion to the extracellular matrix and cell migration. Cell migration is also essential in wound healing/tissue repair, tissue renewal, and during immune responses and angiogenesis, and it contributes to metastasis in several types of cancers [23,24,25,26].



In crosstalk with actin and intermediate filaments, the MT cytoskeleton also dynamically organizes the cytoplasm space and is involved in cell shape, which can be quickly remodeled in response to internal and external cues [27]. This is clearly illustrated by different events dependent on MT dynamics occurring during development, such as cell division, cell migration, cell polarization, and differentiation, with implications in cell fate and morphogenesis.



Polarity can be viewed as the asymmetric spatial organization and localization of biomolecules and cellular components (e.g., membrane domains, organelles such as the Golgi apparatus, mitochondria, centrosomes, cilia, and others) that originates structural/functional asymmetries [28,29,30]. The establishment of polarity is important for biological behavior at the individual cell level and for the three-dimensional organization of tissues and organs. For example, epithelial cells are permanently polarized, possessing basolateral surface domains characterized by distinct compositions of proteins and lipids that are established and maintained by tight junctions. During their morphogenesis, MTs undergo a dramatic remodeling changing from an aster organized by the centrosome to a non-centrosomal network that aligns along the apical-basolateral polarity axis [31,32]. Recently, it was shown that these MT arrays are able to bear compressive forces, and the cells are shorter in the absence of these MT-based forces. Moreover, the fact that MTs coupled with adherens junctions through the fat planar cell polarity signalling pathway allows the patterns of these forces to travel through the epithelia [33]. This shows that individual cell MT organization regulates not only cell response to forces, but also coordinates the collective response of cells during tissue morphogenesis [33].



Another example of MT cytoskeleton remodeling assisting morphogenesis is illustrated by platelets’ formation from their precursor cells, the megakaryocytes. These cells are characterized by membrane structures, called the demarcation membrane system, required for the elongation of proplatelet shafts, as well as protrusions that then shed the proplatelets from their tips (for review [34]). The formation of proplatelets requires dynamic remodeling and profound changes in the actin and MT cytoskeleton, such as the continuous growth of MT plus-ends and sliding of adjacent MTs [35]. Platelet size is limited by MT bundling, elastic bending, and actin–myosin–spectrin cortex forces [36].



Cilia biogenesis is also accompanied by cytoskeleton remodeling. During primary cilia assembly, the centrosome leaves its position at the cell center and migrates toward the cell membrane. During this migration, the older centriole (mother centriole) undergoes a complex conversion process into a basal body that finally anchors to the plasma membrane via distal appendages and assembles the MT ciliary axoneme [37]. The centrosome migration is driven by the cytoskeleton remodeling characterized by increased MT nucleation and/or stabilization and bundling, accompanied by a contraction and symmetry breaking of the actin network [38]. Microtubules assemble into a large bundle oriented between the centrosome and the cell’s basal pole, pushing the centrosome toward the apical membrane. The distal appendage protein Cep164 appears to be a critical player in MT cytoskeleton remodeling during centrosome migration [38].




1.3. In Vivo Microtubule Dynamics Is Modulated by Microtubule-Associated Proteins


In all of the referred processes, involving MTs, cells show the ability to modulate and explore their dynamic instability and organization by regulating the interaction of these polymers with a large family of motor proteins that produce forces and movement and other MT-associated proteins (MAPs) [39,40]. For example, in cell division, an overall dramatic reorganization of the interphase MT array that culminates with the mitotic spindle requires the combined action of MAPs, including motor proteins [41].



In interphase cells, centrosomes are usually located at the cell center in close association with the nucleus [42]. This localization is dynamic and, together with the nucleus position, constitutes a primary polarity axis for organelle organization in the cytoplasm. One of the important factors acting in the complex landscape of centrosome positioning is the balance of pushing and pulling forces acting on the centrosome generated by MT dynamics, MAPs, including motors (e.g., kinesins and dyneins), as well as specialized cell cortex anchor sites [43,44,45,46,47,48,49]. On the other hand, nucleus positioning also depends on pushing forces [50,51,52]. Consequently, the overall MT organization plays a pivotal role in the spatial distribution of pushing forces [53,54], and it changes in this organization, which will influence the positions of the centrosome and the nucleus.



MAPs are a vast and complex family of distinct proteins that either bind through and stabilize the MT lattice, e.g., Tau, MAP2, and MAP4, or bind to the MTs ends, e.g., the plus tip-binding proteins (+TIPs), EB1 [55], and the CAP-GLY-containing proteins, e.g., the +TIP cytoplasmic linker protein CLIP-170. Plus-end tracking proteins (+TIPs) are specific MAPs that are conserved in all eukaryotes and specifically accumulate at the growing MT plus ends and regulate MTs dynamics. MTs interact with cellular structures, membranes, signaling factors, and the forces exerted in MT arrays [56]. MAPs’ roles have an impact on various critical cellular activities, such as intracellular transport, cell division, polarity establishment, cell motility, and morphogenesis. Among +TIPs, the end-binding protein (EBs) family tracks the growing MTs ends and regulates MT dynamics both directly and by recruiting a variety of other unrelated +TIPs, such as CAP-Gly-containing proteins (CLIP-170, CLIP-115, p150Glued) [57,58]. In vitro, EB1 increases MT nucleation and growth rate and promotes both catastrophes and rescues [55,59,60]. EB proteins possibly bind to the tubulin-GTP (or GDP-Pi) MT cap [61,62,63], and the size of the EB binding region tends to decrease [61] prior to MT transition from growth to depolymerization. Therefore, long binding regions of EB proteins originate protective caps that stabilize the MT [64]. Other +TIPs, e.g., CLASPs, spectraplakins, and APC, which usually act as MT-stabilizing factors, are involved in MT capture and stabilization near the leading edge of migrating cells [65,66,67]. By contrast, the +TIP kinesin-13 family member can remove tubulin subunits by the tip hydrolyzing ATP and promoting catastrophe [68]. Other MAPs can also promote MT depolymerization, such as stathmin, which sequesters tubulin heterodimers, increasing MT catastrophe [69]. Stathmin also binds to protofilaments exposed at the tips of growing MTs and directly promotes catastrophe, at least in part, by interfering with lateral bonding between subunits [70].



Recently, MAPs that stabilize MT dynamic properties (e.g., XMAP215, TPX2, and CAMSAP/Patronin) have been found to contribute to MT nucleation, a role mainly attributed to the γ-tubulin ring complex (for review [71]). MAPs also comprise the MT-severing enzymes, namely, katanin [72], spastin [73,74], and fidgetin [75], which are members of the meiotic subfamily of AAA ATPases [76,77]. These enzymes create internal damage in the MT lattice by active extraction of tubulin heterodimers, causing depolymerization and catastrophe [75,78], and they play important roles, as, for example, in cell division [79], neurogenesis [80,81,82], and cilia biology [83]. More recently, MT-severing enzymes started to emerge as able to amplify MT arrays by promoting the incorporation of GTP-tubulin throughout the MT lattice, as well as by promoting the regrowth of severed MTs, increasing the number and the mass of these polymers [76,84]. Similar behavior was observed for the +TIP CLIP-family members that can function as rescue factors for shrinking MTs [85]. The roles played by MAPs are not limited to the regulation of MTs stability/dynamics and linking with cellular structures, since they are also involved in the control of MT architecture by regulating, for example, MT spacing [86,87,88], cross-talk of MTs with other cytoskeleton filaments (for review [40]), control of MT protofilament numbers (doublecourtin) [89], regulation of motor motility [90], and in the cross-linking of adjacent MTs promoting bundling. For example, the PRC1 protein (MAP65) crosslinks antiparallel MTs [91] that are required for cytokinesis at the end of anaphase at the spindle midzone [92]. The PRC1 protein recruits to this region the Xklp1 kinesin (Xenopus kinesin-4) that guarantees the maintenance of the size of the MTs overlap [92].



More recently, using Cryo-ET, it has been shown that the MT doublets of the motile ciliary axonemes have inner protein structures that periodically bind inside its lumen, creating a sheath (for review [93]). Although the exact role of these MT inner proteins (MIPs) is not yet completely elucidated, they establish a unique architecture of the MT doublet, stabilizing it against strong mechanical forces during cilia beating [93,94]. Additionally, their organization and periodicity limit the MT protofilaments that can be used for the intraflagellar transport (IFT) required for the assembly and maintenance of cilia [95].



In addition, diverse proteins, which can bind to MTs, are involved in signal transduction, protein translation, and metabolism [96]. Finally, it is observed that mechanical forces produced by kinesin and dynein MT motor proteins can remove tubulin dimers from the lattice and destroy MTs [97,98]. Triclin and coworkers (2021) showed the existence of a MT self-repair mechanism where tubulin heterodimer removal can be compensated for the insertion of free tubulin dimers into the MT lattice [98]. It has been proposed that MAPs may play a role in this process, maintaining the MT lattice integrity [40]. The vast functional diversity of MAPs suggests that distinct MT arrays may be regulated by different balances of distinct MAPs and respond to different MAPs networks that can locally originate distinct environments in response to various signals. MT recognition/binding by MAPs may be affected by diverse post-translational modifications (PTMs) of tubulin or by incorporating distinct ratios of different tubulin isotypes [99].




1.4. The In Vivo Diversity of Tubulin Pools and Microtubule Functional Diversity


The biochemical diversity of tubulin pools is generated by a combination of different tubulin isotypes encoded by the distinct tubulin gene family members, which may exhibit constitutive, developmental, and tissue-specific expression patterns, as well as by diverse PTMs that tubulin can experience [15,100]. There is growing evidence that specific tubulin isotypes encoded by members of tubulin multigenic families may be required to assemble functional distinct MT structures [101,102]. For example, the product of the β2-gene of Drosophila is important for the correct axonemal structure in sperm, and males expressing mutations in this gene are infertile [103,104]. Moreover, in Caenorhabditis elegans, α- and β-tubulin (coded by genes mec-12 and mec-7, respectively) are specific for the assembly of MTs, owning to 15 protofilaments that are found in the touch receptor neurons, showing that this specific α-tubulin isotype is required for the assembly of a specific class of neuronal MTs [105,106]. In mammals, the divergent β1-tubulin isotype is expressed exclusively in platelets and megakaryocytes. β1-tubulin has a specialized role in platelet synthesis, structure, and function, and it is required to maintain the high degree of MT bundling and elastic bending necessary for the specialized MT arrays of platelets [36,107].



On the other hand, tubulins present a complex pattern of distinct conserved PTMs (See Figure 2; reviewed in [108,109]), namely: (i) phosphorylation, i.e., the addition of a phosphate group to Ser, Thr, or Tyr residues in α- and β-tubulins, including β-tubulin Ser172, β3-tubulin Ser444, α-tubulin Tyr432, and yet not identified α-tubulin and β-tubulin Tyr residues [110,111,112,113,114,115]; (ii) methylation of α-tubulin at Lys40 [116] and Lys311 and β-tubulin at Lys19 and Lys297 [117]; (iii) palmitoylation, i.e., addition of long-chain fatty acid palmitate to Lys residues with α-tubulin Lys376 being a major modification site [118]; (iv) polyamination, i.e., addition of polyamines to the γ- carboxamide group of Gln side chains in α- and β-tubulin, with β-tubulin Gln15 being the major modification site [119]; (v) tyrosination/detyrosination, i.e., the enzymatic ligation of tyrosine and the enzymatic removal of tyrosine, respectively, which occurs at the α-tubulin C-terminal Tyr residue [120,121,122]; (vi) glycylation and polyglycylation, i.e., the addition of Gly to the γ-carboxy group of Glu side chains and chain elongation by additional addition of Gly residues; multiple Glu residues can be modified in α- and β-tubulin C- terminal tails [123]; (vii) glutamylation and polyglutamylation, i.e., addition of Glu to the γ-carboxy group of Glu side chains and chain elongation by additional addition of Glu residues; multiple Glu residues can be modified in α- and β-tubulin C-terminal tails [124,125,126,127]; (viii) ubiquitination, i.e., the addition of ubiquitin to Lys residues of tubulin, with α-tubulin Lys304 being the major modification site [128,129]; (ix) sumoylation, i.e., covalent conjugation of SUMO (small ubiquitin-related modifier) [130]; (x) Creation of Δ2-tubulin and Δ3-tubulin by removal of C-terminal penultimate Glu residues from detyrosinated α-tubulin [131,132,133] and (xi) acetylation, i.e., the addition of an acetyl group to Lys residues, with at least 12 sites of acetylation in α-tubulin identified by proteomic studies [134,135,136,137,138,139] (for details, see the next sections). Tubulin succination, a modification that occurs when fumarate reacts with cysteine residues to generate S-(2-succino)cysteine [140], and the α- and β-tubulin glycosylation of Ser or Thr residues by the binding of O-linked β-N-acetylglucosamine (O-Glc-NAc)) [136,141], are the two less-studied tubulin PTMs (Figure 2). Although not much is known about succinated tubulin, it seems that this post-translation modification is more abundant in more dynamic MTs [140]. The in vitro addition of O-Glc-NAcylation to α-tubulin, but not to β-tubulin, causes a decrease in the interactions required for dimer assembly and inhibits tubulin polymerization [136,141]. The extensive diversity and complexity of distinct tubulin PTMs led to the proposal that they would create a pattern on the MT surface, which is known as the “tubulin code” [142].



Tubulin PTMs are reversible and regulated and, in the last years, many of the enzymes that catalyze the formation or removal of these modifications have been identified [3,108,143]. Interestingly, the enzymes that catalyze the formation of PTMs seem to have a catalytic preference for MTs over free tubulin as substrates. This preference for MTs is illustrated by the carboxypeptidase catalyzing tubulin detyrosination [144], the specific acetyltransferase α-tubulin acetyltransferase 1 (αTAT1), which catalyzes α-tubulin Lys40 acetylation, as well as tubulin polyglutamylase [145,146]. On the contrary, the enzymes that remove tubulin PTMs, such as deglutamylases, can catalyze deglutamylation on both polymerized and soluble tubulin, whereas human histone deacetylase 6 (HDAC6), the major deacetylase catalyzing the removal of the acetyl group from α-tubulin Lys40, prefers tubulin dimers as substrates [147,148], and tubulin-tyrosine ligase (TTL) exclusively uses tubulin dimers as substrates [149,150]. One exception to these observations is the phosphorylation of β-tubulin Ser172, catalyzed by the cyclin-dependent kinase Cdk1 during the transition from interphase to mitosis and by the MNB/DYRK1a kinase, which regulates MT dynamics in neurons and which occurs mainly at the polymer and inhibits the polymerization of the heterodimers [110,111].



Although it is known that tubulin can undergo a large variety of rapid and reversible PTMs, some of which have been studied in depth, the knowledge about the crosstalk between those modifications is still sketchy. A possible crosstalk between tubulin glycylation and glutamylation has been suggested [151]. These PTMs occur within the same cluster of glutamate residues, which may indicate a possible competition between tubulin glycylation and glutamylation. In Tetrahymena and Drosophila, mouse loss of glycylation is accompanied by tubulin hyperglutamylation, indicating that both PTMs are possibly regulated together [152,153,154]. Another crosstalk is that between methylation and acetylation, since there is an obvious competition for the same α-tubulin lysine residue (Lys40) in MTs, which can undergo either acetylation or methylation catalyzed by the methyltransferase SET domain containing 2 (SETD2) [116]. The stoichiometry of Lys40 methylation and acetylation within MTs is not known, but a recent study in mouse cortical neurons showed, as expected, an inverse relationship between the levels of MT Lys40 trimethylation (which decreases between embryonic day 17.5 and adulthood) and Lys40 acetylation (which increases during this period) [155]. Moreover, another study showed that α-tubulin Lys40 trimethylation is able to rescue the defects of radial migration and morphological transition of cortical neurons caused by α-tubulin Lys40 acetylation deficiency [156]. Another crosstalk may exist between tubulin tyrosination and α-tubulin Lys40 acetylation. In fact, a correlation between tubulin acetylation and detyrosination was found in α-TAT1 that is acutely depleted and knock-out murine embryonic fibroblasts, in which both acetylated and detyrosinated MTs levels appeared to be decreased [157]. More recently, it was found in primary neurons that tubulin re-tyrosination can control acetylated tubulin levels and that tubulin acetylation is affected by the tubulin tyrosination/detyrosination cycle [158]. Interestingly, a crosstalk between the tubulin tyrosination/detyrosination cycle and neuron-specific Δ2 tubulin also occurs. The pool of detyrosinated tubulin can be further acted upon by cytosolic carboxy peptidases (CCPs), which catalyze the removal of the terminal glutamate residue from tubulin, converting detyrosinated tubulin into Δ2 tubulin [159]. Given that the enzyme catalyzing tubulin tyrosination, tubulin tyrosine ligase, is unable to use Δ2 tubulin as substrate, the formation of Δ2 tubulin is irreversible and, besides removing it from the tubulin tyrosination/detyrosination cycle [150], may also affect the levels of α-tubulin acetylation.



Since formation/removal of tubulin modifications can occur in free tubulin heterodimers or MTs, we may wonder if tubulin co-factors play a regulatory role in remodeling tubulin PTMs patterns in MTs in response to specific cues by regulating tubulin recycling, degradation, and quality control. Undoubtedly, the set of enzymes that catalyze and revert tubulin PTMs and their patterns and mechanisms of regulation are another complex layer in the regulation of MT organization, function, and dynamics, with profound importance for cell homeostasis. Thus, it is expected that abnormal tubulin posttranslational modifications may contribute to various human diseases, such as cilia, neuronal, muscle, blood disorders, and cancer (reviewed here and in [160]).



The combination of tubulin isotypes and isoforms patterns contributes to modulating/changing/fine-tuning intrinsic features of MTs, such as stability and dynamics, mechanical properties (flexibility and resistance to mechanical stress), polymerization/depolymerization rates, and the ability to form specific MTs organizations and structures. Additionally, these patterns probably affect the interactions of MTs with motor proteins and MAPs, which will also have consequences on MTs’ intrinsic properties. The generated diversity will allow cells to cope with different environments, signals and, in the case of metazoans, with different tissue architectures and physiology challenges. Supporting these ideas is the fact that distinct patterns of tubulin isotype expression and tubulin PTMs can be observed in different cell types during the cell cycle and development [161]. Tubulin PTMs may occur and be predominant in specific sets of MTs that coexist inside the same cell. Therefore, specific tubulin PTMs profiles can be found in MTs of centrioles, cilia/flagella, kinetochore fibers, midbody, and axonal and cone MTs (for review [161]), or even between adjacent MTs, as in the case of the A and B tubules of axonemal doublets. In flagella/cilia of Chlamydomonas and Tetrahymena, the B tubule is highly glutamylated [162,163], whereas, in algae A, the tubule is enriched by detyrosinated tubulin [164].





2. The Tubulin Acetyltransferases and Deacetylases


2.1. Tubulin Acetyltransferases


The acetylation/deacetylation of tubulin is mediated by the action of acetyltransferases and deacetylases. Despite α-tubulin Lys40 being the most well studied and possibly the predominant acetylation site in MTs, mass spectrometry studies have identified other potential acetylation sites in both α- and β-tubulins. Two of the residues that are consistently identified in these studies are the lysine residue 394 (Lys394) of α-tubulin and lysine residue 252 (Lys252) of β-tubulin [134,135,136,137,138,139].



αTAT1 is the enzyme responsible for catalyzing nearly all α-tubulin Lys40 acetylation [145,165], as shown by studies with transgenic mice, where deletion of the gene coding for the enzyme leads to nearly complete loss of tubulin acetylation [166,167,168]. αTAT1 belongs to the Gcn5-related N-acetyltransferase (GNAT) superfamily, presenting a catalytic domain homologous to histone acetyltransferases [169,170,171,172,173]. The enzymes in the GNAT family use acetyl-coenzyme A (acetyl-CoA) as the donor of the acetyl group that will be transferred to a primary amine—the ε-amino group of Lys40, for α-tubulin [174].



However, studies performed in Drosophila showed that overexpression of αTAT1 does not affect Lys394 acetylation levels; therefore, this acetylation is likely catalyzed by a different, yet unknown, acetyltransferase [175]. In β-tubulin, the acetylation of Lys252 is also not dependent on αTAT1, but on San acetyltransferase [176]. In fact, αTAT1 appears to be unable to catalyze the acetylation of other lysine residues at tubulin MTs besides Lys40, probably due to a very specific active site [145,177]. Nevertheless, in animal cells, other enzymes colocalize with MTs and they are also able to alter the levels of α-tubulin acetylated Lys40, such as ARD1-NAT1 [178], GCN5 [179], elongator protein 3 [180], and N-acetyltransferase 10 [181]. While αTAT1 is the major α-tubulin acetyltransferase, these other acetyltransferases appear to be responsible for minor α-tubulin Lys40 acetylation events: for example, ARD1-NAT1 catalyzes MT acetylation in dendrites; and, elongator protein 3 regulates α-tubulin in order to promote the migration and differentiation of cortical neurons; and, N-acetyltransferase 10 concentrates at the midbody, where it regulates MT acetylation during cytokinesis [178,180,181]. It is important to mention that San acetyltransferase has an important role in sister chromatid cohesion in Drosophila and human cells [182,183]. As mentioned, San acetyltransferase was also discovered to be an acetyltransferase, catalyzing the acetylation of Lys252 in free β-tubulin. This modification affects the assembly of the α/β-tubulin heterodimer and, consequently, MT polymerization and dynamics. In fact, San depletion in human HeLa cells increases the regrowth rate of MTs after nocodazole treatment [176].



Several organisms rely on αTAT1 activity to catalyze the acetylation of α-tubulin. In Tetrahymena, C. elegans, zebrafish embryos, and human HeLa cells, αTAT1 deficiency leads to the loss of Lys40 acetylation [165]. αTAT1 depletion in Tetrahymena alters the sensitivity to tubulin-targeting compounds [165,184], and in Toxoplasma, the cells present an altered morphology and are unable to undergo mitosis [185]. In human RPE-1 cells, the depletion of αTAT1 leads to a high frequency of MT depolymerization events, while overexpressing the enzyme increases the number of nocodazole-resistant MTs. However, the number of nocodazole-resistant MTs can be restored in the absence of αTAT1 by removing compressive forces that are applied to the cell [157]. The migration of cancer cells is affected by αTAT1, as well [186]. Interestingly, in mice fibroblasts, the absence of αTAT1 increases MT resistance to nocodazole, while αTAT1 overexpression destabilizes the MTs and increases their dynamics. Although these results oppose those observed in human cell lines, the authors further observed that the overexpression of catalytically inactive αTAT1 destabilizes the MTs, even if the acetylation levels were unaffected. Therefore, overexpressing catalytically active or inactive αTAT1 affects MT dynamics, suggesting that this destabilizing effect may occur due to a regulation mechanism other than MT acetylation [167,187]. Remarkably, αTAT1 is important in cells for functions other than the acetylation of α-tubulin. In C. elegans, αTAT1 is expressed solely in mechanosensory neurons [105,145]. The absence of αTAT1 impairs touch sensation [145,165,188,189], a phenotype that can be reversed by catalytically inactive αTAT1 [190]. Although α-tubulin is the major substrate for αTAT1, the enzyme can also catalyze the acetylation of other substrates, such as cortactin [186], an actin-binding protein with an important role in cell migration and adhesion [191]. Additionally, αTAT1 is able to catalyze its self-acetylation in a process that directly impacts α-tubulin acetylation [187]. αTAT1 is also enriched in structures, such as focal adhesions and clathrin-coated pits, where it can catalyze the acetylation of α-tubulin due to its interaction with the clathrin-assembly protein AP2 [192]. These alternative αTAT1 substrates may help explain αTAT1 phenotypes that seem independent of α-tubulin acetylation.



αTAT1 has a substrate preference towards polymerized MTs when compared to free α-tubulin [145]. As α-tubulin Lys40 is localized in the MT lumen, αTAT1 must enter the MTs to acetylate this amino acid residue [193,194]. There are two main hypotheses for how the enzyme can enter the lumen of MTs: either αTAT1 enters through the open MT ends and diffuses along the length of the MTs, or the enzyme permeates through irregularities in the MT wall. Several observations support the first hypothesis. Firstly, the ciliary axoneme is acetylated, in vitro, from the ends, with αTAT1 diffusing through the MT lumen [165].



Additionally, Szyk and colleagues (2014) [195] used immunofluorescence experiments to show that αTAT1 colocalizes with the MTs, with a higher affinity for MT ends, possibly because of the high density of exposed luminal sites [195,196,197]. However, these experiments do not allow us to distinguish if the enzyme is localized in the MT lumen or on the external surface of the MT. Additionally, the presence of discontinuous acetylation patterns cannot be explained [195]. Furthermore, a mathematical model suggested that diffusion of αTAT1 in the MT lumen would happen slowly, which could be explained by the enzyme’s frequent rebinding [196,198]. Consequently, it was observed that long-lived MTs are those with higher levels of acetylation across their entire length, as they are those that last long enough for αTAT1 to diffuse and acetylate them [195,197]. Besides the slow diffusion rate, the diffusion hypothesis is also challenged by the fact that, in living cells, MTs are highly dynamic structures that bind several tip-binding proteins [199], leading to high occupancy of their extremities and consequently obstruct the entry of αTAT1 in the lumen of MTs. Concerning the second hypothesis, it is assumed that αTAT1 can permeate the MT through defects in the MT wall. This would require a high number of irregularities on the surface of the MT for the enzyme to enter the MT and acetylate its entire length. The defects would, therefore, be transient, providing αTAT1 with frequent entry points into the MT lumen [196,200,201]. This is also supported by αTAT1 binding to the external wall of MTs, allowing the enzyme to search for those access sites [197,202]. It was previously mentioned that Szyk and colleagues (2014) observed discontinuous patterns of acetylation, which the diffusion of the enzyme could not justify [195]. However, these patterns could be explained by transient defects in the MTs lattice, which would allow αTAT1 to enter the MT lumen and catalyze Lys40 acetylation discontinuously [195]. Altogether, the enzyme is apparently able to access the MT lumen through both the extremities of the MTs and the defects in their walls, but a quantitative analysis of the contribution of each putative entry for αTAT1 is missing [203].




2.2. Tubulin Deacetylases


So far, we have examined the main enzyme responsible for α-tubulin acetylation. However, in what concerns the deacetylation of this protein, there are two important players: histone deacetylase 6 (HDAC6) [204,205] and SIRTUIN 2 (SIRT2) [206]. These enzymes belong to each of the two families of lysine deacetylases (KDACs), also known as histone deacetylases (HDACs) [207] and have a role in epigenetic gene expression silencing.



SIRT2 is one of seven members of the Sirtuin family (also known as class III KDACs), which encompass NAD+-dependent lysine deacetylases and ADP-ribosyltransferases [208]. SIRT2 is the only member of this family located predominantly in the cytoplasm, where it catalyzes the deacetylation of α-tubulin [206]. However, the enzyme can transiently shuttle to the nucleus during the G2/M transition and catalyze the deacetylation of histone H4, therefore modulating the condensation of chromatin during metaphase [209,210,211]. Additionally, SIRT2 overexpression increases the length of mitosis, suggesting an important role for the enzyme in the regulation of mitosis [210]. This is further supported by the identification of other SIRT2 substrates, such as CDH1/CDC20 [212] and CDK9 [213]. While CDH1/CDC20 is important in the transition from metaphase to anaphase, CDK9 has a crucial role in maintaining genome integrity. On the other hand, SIRT2 itself is regulated by cell cycle-dependent kinases (Cdk1, Cdk2, and Cdk4) [214]. Consequently, the mutual interaction between SIRT2 and these proteins illustrates the importance of this enzyme in the cell cycle regulation and establishes a link between SIRT2 and cancer, a disease characterized by genomic instability and aberrant mitosis [212,213]. It is also important to mention that SIRT2 has been associated with neurotoxicity and neurodegenerative diseases, as it influences the aggregation of α-synuclein, huntingtin, amyloid-β peptide, and Tau protein [215,216,217,218].



HDAC6 is mainly a cytoplasmic deacetylase, which can be shuttled to the nucleus by interacting with the nuclear import protein importin-α [219]. In addition to α-tubulin, this enzyme has several well known substrates, such as heat shock protein 90, cortactin, peroxiredoxins I and II, heat shock transcription factor-1, and the E3 ubiquitin ligase TRIM50 (tripartite motif-containing protein 50) [220,221]. HDAC6 regulates the degradation of misfolded/aggregated proteins [222,223] and the mitochondrial transport in hippocampal neurons [224], assuming an important role in neurodegenerative diseases [225]. Similarly to SIRT2, HDAC6 is also associated with tumorigenesis and metastasis, and the inhibition of this enzyme is an interesting approach to treating several types of cancer [226,227]. HDAC6 also influences the immune response [205]. This enzyme has a ubiquitin-binding zinc-finger in its C-terminal region [228], and it binds ubiquitin, delaying the recognition of ubiquitinated proteins by the proteasome [223,229].



Initially, it was thought that α-tubulin deacetylation occurred in free α/β-tubulin heterodimers, since deacetylation correlates with MT depolymerization [230]. Since then, studies have shown that HDAC6 can catalyze the deacetylation of polymerized MTs in vitro [204,231]. Nevertheless, more recent experiments highlighted a substrate preference towards free tubulin heterodimers [232,233]. In the case of SIRT2, it can act on both soluble tubulin and polymerized MTs [206]. The two enzymes co-localize with MTs, as well as with each other. Despite this interaction, HDAC6 and SIRT2 are able to individually catalyze the deacetylation of α-tubulin, in vitro and in vivo [148,204,206,231]. Considering that HDAC6 catalyzes the deacetylation of MTs, it needs to access the MT lumen, similarly to αTAT1. As HDAC6 interacts with EB1, a protein that localizes at the MT plus end, it has been suggested that the enzyme could permeate the MT lumen through this interaction [234].



Several studies on the impact of the overexpression/depletion of the deacetylation enzymes on cells have been made. Deletion of sirt2 in mice does not change the levels of α-tubulin acetylated Lys40 in the brain [235]. On the contrary, the deletion of the murine hdac6 gene leads to α-tubulin hyperacetylation [205], which has led to the suggestion that HDAC6 is the major tubulin deacetylase in vivo. However, it is possible that the two enzymes catalyze the deacetylation of different subsets of MTs. In fact, Skoge and Ziegler [236] found that HDAC6 inhibition led to a general hyperacetylation of the MT network throughout the cell, whereas hyperacetylation induced by SIRT2 inactivation was limited to perinuclear MTs. Following HDAC6 overexpression, hyperacetylation of these perinuclear MTs was maintained, while reactivation of SIRT2 restored the basal acetylation level and a normal MT network. Moreover, siRNA-mediated depletion of either SIRT2 or HDAC6 increased the levels of acetylated α-tubulin, with HDAC6-silencing being more effective. In mammal cells, HDAC6 knockdown stabilizes the MTs, as the increase in Lys40 acetylation leads to nocodazole-resistant MTs [231,237]. HDAC6-depleted mice are viable and fertile, but they present some phenotypes. Firstly, their fibroblasts are enriched in stable MTs, with shorter depolymerization events [237]. Regarding motility, the overexpression of HDAC6 leads to chemotactic cell movement, with fibroblasts moving about 3.5-fold faster than wild-type cells [204,238]. However, it is unclear whether HDAC6 affects motility through increased MT acetylation levels in the leading edge of the fibroblast or through deacetylation of the actin cytoskeleton (which also affects cell motility) [239]. It was also observed that HDAC6 depletion could cause alterations in cells independently from its catalytic activity. Zilberman and colleagues (2009) observed that inhibiting HDAC6 leads not only to an increase in MT acetylation levels, but also to a decrease in MT dynamics [234]. On the contrary, HDAC6 depletion had no effect on MT dynamics, which suggested that the binding of HDAC6 to the growing extremity of the MT could physically affect MT polymerization/depolymerization independently of its deacetylase activity [234].



Ciliogenesis is also affected by the action of both HDAC6 and SIRT2, as the enzymes promote cilia disassembly in mammalian cells through the deacetylation of α-tubulin. While primary cilia are mainly lost in overexpression conditions, HDAC6 or SIRT2 depletion increases the number and length of cilia [240,241,242,243,244]. Accordingly, in RPE-1 cells, the inhibition of HDAC6 dependent axoneme’s deacetylation blocks the resorption of primary cilia [240]. The effect of HDAC6 in cilia may also occur through the actin cytoskeleton, as well as the enzyme deacetylates cortactin. Actin polymerization then occurs around the base of the cilium, and the change in actin cytoskeleton dynamics will contribute to shortening the cilia length [244,245].



In vivo, tubulin acetylation levels depend not only on the activity of acetylases/deacetylases, but they also depend on factors that regulate their activities. One example is the acetyltransferase p300, an enzyme that downregulates the expression of αTAT1 and the activity of HDAC6 and SIRT2 [143,246,247]. The availability of acetyl-CoA, the donor of the acetyl group for the acetylation reaction, as well as NAD+, also regulates MT acetylation levels. The synthesis of cytosolic acetyl-CoA from citrate and acetate is catalyzed by ATP-citrate lyase and by acyl-CoA synthetase short-chain family member 2, respectively [248]. When the activity of these enzymes is reduced, the acetylation of MTs will also be impaired, as there is less available acetyl-CoA and, therefore, less acetyl groups that can be transferred onto Lys40 residues [248]. The levels and subcellular localization of acetyl-CoA are also an important indicator of the metabolic state of the cells: when there is a high need to produce energy, acetyl-CoA is formed from pyruvate in mitochondria and oxidized in order to promote ATP synthesis; when the cell has excess energy, acetyl-CoA can be exported from mitochondria to the cytosol as citrate and resynthesized from citrate, becoming abundant in the nucleus and cytoplasm, where it may be used for lipid biosynthesis and histone/protein acetylation.



On the other hand, MT deacetylation via SIRT2 is NAD+-dependent [206]. During this reaction, NAD+ acts as a co-substrate that is converted into nicotinamide, while the acetyl group is removed from the MTs to originate O-acetyl-ADP-ribose [249]. This co-substrate will, therefore, influence MT acetylation levels. Additionally, NAD+ has an important role in energy production in the cells: in glycolysis and in the tricarboxylic acid (TCA) cycle, NAD+ is reduced to NADH; NADH is then used as an electron donor to the electron transport chain in the mitochondria for ATP production through oxidative phosphorylation [250,251]. Interestingly, both NAD+ and acetyl-CoA are relevant molecules for the energetic state of the cells and for the acetylation levels of MTs. This suggests a link between MT acetylation and the energetic state of the cells. Therefore, the acetylation levels of proteins, such as α-tubulin, may reflect the metabolic and energetic state of the cells [252].





3. Tubulin Acetylation: Structural and Functional Implications


Tubulin acetylation has been one of the most puzzling tubulin PTMs studied throughout the years. To this day, although several breakthroughs have been made, the role of tubulin acetylation is far from being completely understood.



3.1. Structural Implications of Tubulin Acetylation


Since the early studies on tubulin acetylation at Lys40, scientists have found an association between this PTM and stable MTs [230,253]. Several in vitro studies showed that acetylated MTs are more resistant to depolymerization when exposed to cold and when treated with depolymerizing drugs (nocodazole or colchicine) [230,254]. However, whether this MT stabilization was due to the acetylation or if tubulin acetylation occurred because the MTs were long-lived, as well as how this stabilization was achieved, remained open questions [231,255,256,257,258]. For many years, the data obtained from several in vivo studies did not allow any conclusion, since the results supported different roles for tubulin acetylation. While some studies showed that tubulin acetylation resulted in more stable MTs [231,237], others showed no or even a destabilizing effect [257,259].



The molecular structure of acetylated and deacetylated tubulin is highly similar [202], so how the acetylation could contribute to the previously described alterations in MT stability remained unclear. In 2012, Cueva et al., using molecular dynamics simulations, proposed that Lys40 acetylation could be involved in establishing salt bridges between adjacent α-tubulins, leading to a rearrangement in the inter-protofilament angle [260]. This suggested that α-tubulin Lys40 acetylation could contribute to the mechanical properties of the MTs. Microtubules bend in response to various cellular cues and stresses, which requires adjacent protofilaments to slide in relation to one another. This process depends on the interactions between tubulin molecules of adjacent protofilaments [261,262]. These ideas have been supported by recent studies that have given more information about how tubulin acetylation could contribute to changes in the mechanical properties of MTs. One structural study indicates that the acetylation of Lys40, which is located in an unstructured loop of α tubulin, reduces interactions between protofilaments, potentially promoting protofilament sliding and enhancing MT flexibility [263]. As a result, acetylation of Lys40 alters the mechanical properties of MTs in cells. This new research suggests that acetylation of α-tubulin at Lys40 helps to prevent MTs from mechanical aging, in which they lose their rigidity from repetitive bending [264], stopping MT breakage and extending the MTs’ lifespans within cells [157].



Interestingly, the changes in the flexibility of MTs do not seem to be the only structural alteration promoted by tubulin acetylation. In a C. elegans ortholog of αTAT1 (MEC-17) mutant, the MTs of touch receptor neurons display a variable number of protofilaments, even when the mutant is rescued with an inactive MEC-17 [190,260,265]. Thus, the acetylation activity of MEC-17 seems essential to control the protofilament number in these neurons. This variation in protofilaments number could also be explained by the model where tubulin acetylation regulates the lateral interactions of tubulin protofilaments [260,263].



Beyond its role in mechanical stabilization, the question of whether Lys40 tubulin acetylation is involved in regulating MT dynamics was posed right from the beginning. Earlier work, using tubulin purified from calf brain, suggested that acetylation of α-tubulin at the Lys40 residue did not affect the MTs dynamics in vitro [256]. However, the experimental design of these early experiments had some flaws. Tubulin in neurons is heavily acetylated [266]; therefore, the tubulin used as a control in those experiments would already have high acetylation levels. More recent studies have shed some light on this issue. In 2017, Portran et al. [264] showed that the self-assembly rate of acetylated tubulin was much slower than that of deacetylated tubulin. Interestingly, no differences were found in polymerization rates for acetylated and deacetylated tubulin when the measurements were made with the MTs already formed. However, in this scenario, acetylated MTs had a disassembly rate threefold faster than deacetylated MTs [264]. The authors suggested, as they have for the mechanical stability against breakage, that this is consistent with a model where tubulin acetylation at Lys40 modulates lateral, but not longitudinal, interactions in the protofilaments [264].



Another way tubulin acetylation could control MT stability is by regulating MT severing proteins. Several studies have shown that the MT-severing protein katanin preferentially severs acetylated MTs [267,268]. Why katanin severs these more stable MTs has yet to be fully understood, but this process may be related to the facilitation of the transport of short MTs around the cell and not to their depolymerization. In fact, the transportation of stable acetylated MTs would prevent their depolymerization during the process [268]. Similar to katanin, fidgetin also shows a preference for specific groups of MTs. However, unlike katanin, the preferred group of MTs varies in different organisms, since, in mouse neurons, fidgetin presents a higher affinity to sever deacetylated MTs, while in Drosophila, it shows a preference for acetylated MTs [269].




3.2. Functional Impact of Tubulin Acetylation


The cell’s three major groups of MT structures can present α-tubulin acetylation on Lys40: cilia, centriole, and the MT cytoplasmic network (Figure 2) [230,270]. Although the general consequences of the acetylation in the MTs are common to the different groups, some particularities are worth dissecting in each of these groups.



3.2.1. Cilia Microtubules


Tubulin acetylation at Lys40 was first discovered in the cilia of Chlamydomonas [254,271]. Since then, the study of α-tubulin acetylation has been intensively associated with cilia. α-tubulin Lys40 acetylation is the most abundant acetylation site in cilia MTs [165], with this PTM being present in most axonemal tubulin, both in the central pair and in the outer MTs [184,253]. The acetylation of axonemal tubulin seems evenly distributed, whereas other PTMs seem to accumulate closer to the proximal part of the cilia [108].



The association of acetylated tubulin to ciliary MTs seems logical, since these are stable MTs. Besides that, αTAT1 localizes in motile and primary cilia of different types of cells [272]. However, the specific role of this PTM in the cilia structure and function remains far from being completely understood. Some studies have shown that tubulin acetylation is critical for cilia assembly and stability. Shida and coworkers (2010) showed that tubulin acetylation is required for the correct assembly of cilia in mammalian cells [145]. Additionally, lithium treatment in human fibroblasts induced cilia elongation through tubulin acetylation [273]. Mutant mice for αTAT1 display subfertility phenotypes, with the authors suggesting that acetylation of the axonemal tubulin is crucial for sperm motility [167]. As mentioned, in human hTERT-RPE1 cells, HDAC6 leads to cilia disassembly, which may result from a combination of deacetylation of α-tubulin with that of cortactin [244].



Several ciliopathies and other diseases, such as Bardet-Biedl syndrome or Huntington’s disease, present altered tubulin acetylation, causing cilia to malfunction [274,275]. On the contrary, many other studies show that tubulin acetylation is unnecessary for cilia assembly. For example, Kalebic and colleagues (2013) showed that, although mutant mice for αTAT1 had defects in the functioning of sperm flagella, cilia in other animal cells were present and only showed mild defects, even in the absence of tubulin acetylation [167]. In the ciliate protozoa Tetrahymena and the algae Chlamydomonas, mutants for αTAT1 or expressing a Lys40Arg non-acetylatable α-tubulin have relatively normal cilia [165,184,276].



Tubulin acetylation may also have a role in controlling ciliary motor proteins. In fact, in vitro, Lys40 acetylation seems to increase the rate of motility of dynein from the axoneme outer arm [277]. The observation helps to explain why mice lacking αTAT1 show defects in the functioning of sperm flagella, resulting in reduced fertility [167]. In the case of kinesin-1, results appear to be more conflicting. Initial studies have shown that α-tubulin Lys40 acetylation increases the speed of kinesin-1 motility in vitro [278]. However, more recent studies observed that this PTM might not influence the motility of kinesin-1 in axonemes [279,280]. Interestingly, MIPs containing the DM10 domain (the axonemal FAP67 and RIB72) were found to bind to the αLys40 loops [95]. However, if these MIPs are recruited to this localization by α-tubulin Lys40 acetylation, or if the binding of these proteins prevent the α-tubulin Lys40 acetylation, requires further investigation.




3.2.2. Centrioles


Microtubules in mature centrioles are heavily and entirely acetylated [281]. However, the precise role of acetylation in centrioles is far from being understood. Still, based on the current knowledge about the impact of α-tubulin Lys40 acetylation in MTs, i.e., allowing them to bear more mechanical stress and rendering them more flexible [157,263,264], we can start to envisage how helpful this PTM can be in centrioles. Centrioles are relatively stable structures that must endure complete cell cycles without disassembling [281]. Besides that, due to their function in the cell and its structure, centrioles are subjected to a series of mechanical stresses, especially torsion, due to their architecture and functions [282]. Therefore, it is tempting to suggest that centrioles’ MTs have high levels of acetylation, so they can be flexible enough to deal with the mechanical challenges posed by their functions [282]. The timing of centriole MT acetylation during their maturation is also interesting. Procentrioles start to show acetylation of their MTs during the early steps of formation, but this acetylation shows a slight delay concerning MT growth. By the time the centriole matures, the entire MT wall will be acetylated [283].




3.2.3. Cytoplasmic Microtubules Arrays


Cytoplasmic MT acetylation is much more heterogeneous than that of cilia and centrioles. Although α-tubulin Lys40 acetylation is present in most cells, its abundance and distribution pattern varies according to cell type, cell life cycle, and cell region [284]. Among the several cell types, neurons have a high level of α-tubulin Lys40 acetylation, with a higher density of this PTM in the axons, while dendrites are globally less acetylated [253,285,286]. In fact, studies have shown that MTs display a gradient of acetylation toward the end of the axon [285,287]. Surprisingly, although neuronal tubulin is highly acetylated, mutant mice for the αTAT1 gene have a low neurological impairment [166]. The major defects observed at the neurological level in these mutant mice are related to the loss of touch sensation [288]. Noteworthy, similar mutants in other organisms (e.g., Drosophila and C. elegans) display the same type of phenotype [190,289,290].



More recent studies in neuronal tubulin acetylation have shown the existence of two neuronal MT populations [291]. In dendrites, MTs have a heavily acetylated population of MT organized in bundles and another population with very low acetylation levels [291]. These two populations of MTs presented different polarities, with the heavily acetylated MTs being associated with the retrograde transport driven by kinesin-1 and the low acetylated MTs being associated with the anterograde transport driven by kinesin-3 [291]. In fact, several other studies have suggested a relationship between MT acetylation status and the binding of molecular motors dynein and kinesin, especially in neurons [292,293,294,295]. Mitochondrial movements around the cell, probably driven by molecular motors associated with MTs, have been shown to occur favorably using acetylated MTs [296,297]. The same phenomenon is observable in vesicular trafficking, where vesicles (that can even contain αTAT1) are transported along acetylated MTs [298].



Despite this evidence for the role of tubulin acetylation in regulating intracellular trafficking, a complete picture is far from being attained. As mentioned, in vitro assays showed no influence of tubulin acetylation in kinesin-1 movement along MTs [279,280]. Additionally, if tubulin acetylation severely affected axon trafficking, it would be expected that organisms with altered tubulin acetylation levels would have severe neurological defects, but that is not what was found in several studies, as explained before [166,205,288]. This apparent lack of consistency in the results opens the door to other factors that can contribute to this process, together with tubulin acetylation [299]. There are several pieces of evidence that the combination of multiple PTMs [293,300], the existence of adapters and helpers for motor proteins [301,302], and the existence of MAPs that can bind to MTs and create blocks for motor proteins movement [303,304] are all factors that can modulate the effect of tubulin acetylation in intracellular trafficking, and they should be explored in the following years [299].



In fact, the crosstalk between MAPs and the Lys40 α-tubulin acetylation is far from being completely understood. Several studies have shown a relationship between distinct MAPs and the Lys40 α-tubulin acetylation [305,306,307,308,309,310]. Tau protein has been one of the most intensively studied MAPs. Early studies have shown that Tau overexpression increases MT Lys40 α-tubulin acetylation levels and corresponding stabilization against MT depolymerizing agents [305,306]. The mechanism by which this increase in Lys40 α-tubulin acetylation is achieved seems to be related to the binding of Tau protein to HDAC6, causing a decrease in the activity of this enzyme [308]. Besides affecting Lys40 α-tubulin acetylation levels, Tau protein seems also to bind preferentially to acetylated and tyrosinated MTs [307]. Interestingly, Lys40 α-tubulin acetylation levels also seem to affect Tau protein functions. In 2017, Mao and colleagues showed that cells present an acetylation-mimicking mutation in α-tubulin rescued the Tau-induced MT defects [309].



Besides Tau, other MAPs have been associated with Lys40 α-tubulin acetylation. This is the case for MAP1B and MAP2c, which have been shown to increase Lys40 α-tubulin acetylation levels when overexpressed [305]. On the other hand, the MAP α-synuclein has recently been shown to decrease the Lys40 α-tubulin acetylation levels when overexpressed, as well as expressing a reduced binding to deacetylated MTs [310].



Another process where cytoplasmic MT acetylation seems to be involved is cell division. Acetylation of α-tubulin Lys40 is highly abundant in the mitotic spindle, midbody, and kinetochore MTs [311,312]. A general deacetylation of the MTs occurs during telophase, except for the midbody [313,314,315]. Although the spindle MTs are enriched in tubulin MTs, α-tubulin Lys40 acetylation does not seem to affect the polar chromosome congression [311]. Interestingly, the enzymes involved in MT acetylation/deacetylation (αTAT1, HDAC6, and SIRT2) have a regulation dependent on the cell cycle stage and seem to affect cell cycle progression [270,316,317,318,319]. However, as stated previously, mice lacking functional αTAT1 and, consequently, showing no acetylation, exhibit relatively normal cell division and proliferation [166,167], although their cultured cells have reduced levels of contact inhibition and a low number of focal adhesions during proliferation [168]. The same seems true for HDAC6 and SIRT2 mutant mice, which showed no severe defects in cell proliferation [205,235]. As already mentioned for intracellular trafficking, these apparently contradictory results seem to suggest the existence of other mechanisms involved in the regulation of cell cycle and cell division, beyond tubulin acetylation, that can compensate for its effects.



Cytoplasmic tubulin acetylation also seems to regulate cell shape and migration, although this last hypothesis remains controversial. One of the most striking examples of the participation of tubulin acetylation in cell structure is the marginal band of blood platelets formed by a bundle of heavily acetylated MTs that maintain the discoidal shape of resting platelets [320,321]. Upon platelet activation, the MTs suffer an abrupt deacetylation catalyzed by HDAC6, leading to their reorganization and allowing a change in platelet shape [321]. For cell migration to occur, an intracellular rearrangement must happen, with several organelles being re-localized. Evidence shows that tubulin acetylation is involved in this process by contributing to the organelles’ reorganization [322] or reorganizing MTs near the cell’s leading edge [192]. Loss of αTAT1 and overexpression or inhibition of HDAC6 also seems to affect cell migration, with cells presenting an increased chemotactic movement when tubulin was deacetylated [186,204,259,323,324]. Cell adhesion to the substrate, a process crucial for cell migration, has been shown to be affected by changes in the level of tubulin acetylation. Although there are some contradictory results, loss of either HDAC6 or αTAT1 has been associated with an increase in the number of focal adhesions [237,325]. This opens the possibility of tubulin acetylation playing a crucial role in tissue morphogenesis. In fact, recent studies have shown that, during tissue morphogenesis, acetylation of MTs is critical for the penetrative capacity of cells undergoing radial intercalation in epithelia [326]. Additionally, Seetharaman and colleagues have shown that the protein Talin recruits αTAT1 to the focal adhesions where the MT acetylation is critical for fine-tuning the mechanosensitive cell adhesion and migration [327]. This role of acetylated α-tubulin Lys40 in cell migration has been explored in oncology, with several studies targeting MT acetylation as a chemotherapeutic approach [328].





3.3. Tubulin Acetylation beyond Lys40


Although most studies on tubulin acetylation have been focused on acetylation at the Lys40 residue, several studies have shown that both α- and β-tubulins can also be acetylated in other lysine residues [135,136,139]. Still, acetyl incorporation studies have shown that α-tubulin is far more acetylated than β-tubulin [329]. Although there is not yet extensive work on the function of each of these other tubulin acetylation sites, some data are already available. The β-tubulin Lys252 residue, which can be acetylated, localizes at the interface between the two tubulins in the heterodimer, and its acetylation seems to affect the α/β tubulin interaction and, consequently, the stabilization of the heterodimer [176]. In fact, acetylation of this β-tubulin residue seems to impact MT polymerization directly. On the other hand, the knockdown of San acetyltransferase, which catalyzes the acetylation of β-tubulin Lys252, resulted in faster MT regrowth after cold-shock depolymerization, and the MT depolymerization rate was not affected [176]. Acetylation of other α-tubulin lysine residues besides Lys40 has also been studied and shown to have some impact on MT polymerization/depolymerization rates [136]. Of those, Lys394 acetylation has been shown to be essential for MT stability and to be regulated by HDAC6 deacetylase [175]. This lysine residue locates at the interface of the α/β-tubulin heterodimer in the MT surface, a region that suffers a conformational change as the dimers are added to the MT [330]. Studies overexpressing a Lys394Arg mutant α-tubulin, which cannot be acetylated, showed poor tubulin incorporation during MT assembly [136].



With the discovery and increasing data about these new tubulin acetylation sites, the question arises of whether these acetylation sites influence each other in controlling MT properties [299]. However, we are still far from understanding how these PTMs can collectively contribute to regulating MT function, and many more studies on the role of these new acetylation sites are needed (Table 1).





4. Tubulin Acetylation and Stress Conditions


Increased levels of MT acetylation (hyperacetylation) at α-tubulin Lys40 have been found in cells exposed to several cellular stresses and lead to increased cell survival [227,246,331]. MT hyperacetylation has been observed in human (HeLa, RPE-1) and mouse (embryonic fibroblast, 3T3) cell lines under nutrition starvation [246,331], high glucose [227], salt stress by excess NaCl [246], oxidative stress caused by high levels of hydrogen peroxide (H2O2), and after exposure to several chemical agents, e.g., taxol [230], Ni2+ [333], the synthetic hormone ethinyl estradiol, the insecticide methoxychlore, the apoptotic agent staurosporine [227,246], and physical agents, such as UVC radiation [334]. Despite being observed in several cell lines, stress-dependent MT hyperacetylation does not seem to be a general cell response to stress, since, in pulmonary vascular endothelial cells, both LPS-induced and H2O2-induced oxidative stress decreased MT tubulin acetylation [335]. Therefore, what seems to be a general cell response to stress is the occurrence of changes in the levels of MT acetylation.



4.1. Mechanisms of Microtubules α-Tubulin Acetylation Regulation under Stress


Stress-dependent tubulin hyperacetylation is not due to decreased activities of deacetylases, since deacetylase activity remains unchanged in lysates from stressed cells when compared to control cells [246]. However, αTAT1 participates in tubulin hyperacetylation in response to stresses, since, in cells where αTAT1 was knocked down using siRNA, or in mutant Atat1−/− mouse fibroblasts, stress conditions failed to induce tubulin acetylation [227,246].



H2O2 is a possible mediator of the signaling processes, leading to tubulin hyperacetylation under several stresses, since N-acetylcysteine decreases the levels of MT acetylation induced not just by H2O2, but also by ethinyl estradiol and NaCl [246]. This reduced α-tubulin acetylation in the presence of N-acetylcysteine has led to the proposal that stress-dependent tubulin hyperacetylation involves activation of AMP-activated protein kinase (AMPK) by increased levels of H2O2, originating in the mitochondria, leading to increased αTAT1 activity [246]. AMPK, a sensor of the energetic state of the cell [336], is a regulator of acetyl-CoA homeostasis. AMPK catalyzes the phosphorylation and inhibition of acetyl-CoA carboxylase, which catalyzes the carboxylation of acetyl-CoA to malonyl-CoA, the initial reaction in fatty acid synthesis. As already referred, since acetyl-CoA is a substrate for αTAT1, AMPK activation could lead to increased αTAT1 activity by increasing the cellular level of acetyl-CoA [337,338,339].



AMPK activation involves phosphorylation of the AMPKα subunit, which is dependent on upstream AMPK kinases, identified as liver kinase B1 (LKB1), Ca2+/calmodulin-dependent protein kinase kinase 2 (CaMKK2), and transforming growth factor-β-activating kinase 1 (TAK1) [340]. H2O2 is known to activate AMPK, either directly through oxidation of the AMPKα subunit [341] or indirectly through activation of the upstream AMPK kinase TAK1 [342] or through changes in the ATP/ADP ratio [343]. In agreement with the proposal, stress-dependent tubulin hyperacetylation involves H2O2 activation of the AMPK pathway [246]. Mackeh et al. (2014) showed that AMPK phosphorylation levels increase both during H2O2 and NaCl stress and that knocking down AMPKα 1/2 by RNAi decreases both basal and stress-induced MT acetylation by 50% when compared to controls [246]. Additionally, STO609, which can inhibit AMPK activity through its inhibition of CaMKK2 [344], inhibits stress-dependent hyperacetylation of MTs [246]. Moreover, stress leads to the appearance of phosphorylated αTAT1, and phosphorylation increases αTAT1 activity [345,346]. Recently, Deb Roy et al. [345] showed, in HeLa cells, that phosphorylated αTAT1 binds to 14-3-3 adapters and accumulates in the cytosol where it can access MTs, whilst the non-phosphorylated αTAT1 form is sequestered inside the nucleus, which allows one to decrease MT acetylation levels [345]. However, phosphorylation of αTAT1 may not be dependent on AMPK activity and could be performed instead by the upstream AMPK kinases. In fact, TAK1 is able to directly catalyze the phosphorylation of αTAT1 at Ser237 and enhance αTAT1 catalytic activity [346].



Other mechanism(s) independent of H2O2 may also be involved in the regulation of tubulin hyperacetylation during stress because NaCl-induced MT hyperacetylation is only partially reduced by N-acetylcysteine [246]. In fact, tubulin hyperacetylation induced by NaCl stress might also involve slower cellular responses to stress, such as regulation of αTAT-1 expression by the lysine acetyltransferase p300. P300 is a transcriptional coactivator located mainly in the nucleus [347], but, upon NaCl stress, p300 has been shown to translocate to the cytoplasm, where it binds to acetylated MTs [246]. When in the nucleus, p300 inhibits αTAT-1 transcription. Therefore, p300 sequestration in the cytoplasm allows an increased αTAT-1 expression and favors tubulin hyperacetylation. In favor of p300 being a negative regulator of tubulin acetylation is the fact that both basal and stress-induced tubulin acetylation levels increase when p300 is knocked down with siRNA [246]. AMPK might also have a role in the p300-dependent regulation of αTAT1 expression during stress, since AMPK directly phosphorylates and downregulates p300 [338,348,349].



Autophagy is a major pathway through which cells perform waste clearance, and induced autophagy is crucial for sustaining cell homeostasis and, eventually, cell survival during stress conditions. Autophagy is driven by the fusion of lysosomes with autophagosomes to form an autolysosome that degrades misfolded and damaged proteins and organelles [350,351]. The MT network is needed to maintain both the basal and stress-induced autophagic flux, and MTs are involved in the regulation of multiple stages of autophagy [351]. MT α-tubulin hyperacetylation favors cell survival during stress through induction of autophagy [246,331], and α-tubulin acetylated MTs are essential for the autophagosome transport towards a lysosome and their fusion [332]. In fact, when MT α-tubulin hyperacetylation is prevented by knocking down αTAT1 expression using RNAi, there is a decreased starvation-induced autophagy [246]. The main regulator of autophagy is the mammalian target of rapamycin complex 1 (mTORC1), which is one of the main targets of AMPK [338]. Active mTORC1 promotes cell growth and proliferation [352] by catalyzing the direct phosphorylation of two protein targets, EIF4E-binding protein 1 (4E-BP1) and ribosomal protein S6 kinase beta-1 (S6K1), which control the activity of translation eukaryotic initiation factors (eIFs) and eukaryotic elongation factors (eEFs). Active mTORC1 also prevents autophagy by catalyzing the phosphorylation of UNC51-like kinase 1 (ULK1) and its interacting partners, the autophagy related protein 13 (Atg13), focal adhesion kinase (FAK)-family interacting protein of 200 kDa (FIP200), and ATG101, which form the so-called ULK1 complex, thus inhibiting it [353]. Following a cellular stress, mTORC1 is inactivated, which leads to the release of the ULK1 complex, its dephosphorylation, and the subsequent activation of ULK1 kinase activity. ULK1 then catalyzes its own phosphorylation and that of its partners, ATG13 and FIP200, leading to the activation of autophagy. The absence of mTORC1 substrate S6K1 abolishes stress-induced α-tubulin hyperacetylation and disrupts the acetylated MT network, leading to impaired autophagosome-lysosome fusion [354]. S6K1 overexpression restores α-tubulin acetylation and the autophagic flux in stressed S6K1/2-deficient cells. Since these alterations in α-tubulin acetylation were observed in autophagy induced by different stress conditions and in two different cell models, this suggests that S6K1’s role in α-tubulin acetylation is a general phenomenon in stress response.




4.2. Dysregulation of Tubulin Acetylation and Disease


Although the functions of tubulin acetylation remain, in most cases, controversial, the association of alterations in this tubulin PTM has long been linked to the development of human diseases.



4.2.1. Neurodegenerative Diseases


Decreased α-tubulin acetylation levels have been observed in several neurodegenerative diseases, including Alzheimer’s disease [355,356], Huntington’s disease [294] Charcot-Marie-Tooth disease [166,357,358,359,360], Amyotrophic lateral sclerosis (ALS) [361], and Parkinson’s disease [295]. These lower levels of acetylated α-tubulin were associated with the defective axonal transport, a MT-dependent process also found in these diseases. In agreement with this proposal, inhibition of HDAC6 restores both normal α-tubulin acetylating levels and axonal transport in these neurodegenerative diseases [295,357,358,359,360]. Moreover, the degeneration of motor and sensory nerves can be prevented by inhibition of HDAC6 when given either prior to or after the onset of symptoms or by deletion of the gene coding for HDAC6, as shown in a mice model of Charcot-Marie-Tooth type 2A disease [360]. The use of HDAC6 inhibitors leads to cognitive deficit improvement, as shown in studies using mice models of Alzheimer’s disease [362,363]. These studies suggest that regulation of α-tubulin acetylation plays a role in the pathogenic mechanisms underlying these neurodegenerative diseases and open the possibility of using HDAC6 inhibition as therapy for these diseases [266,358,364]. However, using inhibitors for HDAC6 has the caveat that other signalling pathways might be affected, since HDAC6 is not specific for α-tubulin and has a diversity of substrates. Additionally, the fact that Atat1(−/−) mice, which have no acetylated α-tubulin, do not develop degenerative phenotypes [288], suggests that α-tubulin acetylation is not the only factor leading to defective axonal transport and the development of these neurodegenerative diseases.



Some insight into the mechanisms by which α-tubulin acetylation affects axonal transport and is involved in the development of different neurodegenerative diseases has been obtained for Parkinson’s and Alzheimer’s disease. Parkinson’s disease features pathogenic intracytoplasmic inclusions (Lewy bodies). α-Synuclein is the main component of Lewy bodies [365], and mutations on the SNCA gene and allele multiplication are linked to familial forms of Parkinson’s disease [366]. α-Synuclein is a MAP involved in regulating MT dynamics [310,367,368]. α-Synuclein binds to both MTs and to tubulin α2β2 tetramer, and the latter interaction induces a structural change in the α-Synuclein polypeptide. This tubulin-induced structural change enables α-Synuclein to promote MT nucleation and to enhance MT growth rate and catastrophe frequency, both in vitro and in vivo. On the contrary, α-Parkinson’s disease-linked α-Synuclein variants do not undergo tubulin-induced folding and cause tubulin aggregation instead of polymerization [368]. Inhibition of SIRT2 leads to an increase in α-tubulin acetylation, a decrease in the formation of α-Synuclein inclusions, and α-Synuclein-mediated neurotoxicity [369]. The most common genetic cause of Parkinson’s disease involves mutations of the Leucine-rich repeat kinase 2 (LRRK2) gene [370,371]. LRRK2 co-localizes with MTs in cells, forming MT-associated LRRK2 filaments, an association enhanced by Parkinson’s disease mutations [372]. Mutant LRRK2 proteins interact directly with three β-tubulin isoforms, TUBB, TUBB4, and TUBB6 [372,373,374] and bind preferentially deacetylated MTs inhibiting axonal transport [295,375]. Association of mutant LRRK2 with MTs is prevented when MT acetylation levels are increased, either by using deacetylase inhibitors or αTAT1, and the HDAC6 inhibitor trichostatin A (TSA) restores axonal transport [295].



Alzheimer’s disease is characterized by two pathological features, involving deposits of misfolded proteins, i.e., extracellular deposition of amyloid-β (Aβ), leading to amyloid plaques and intracellular accumulation of hyperphosphorylated Tau in neurofibrillary tangles (NFTs) [376]. In Alzheimer’s disease studies, conflicting results have been obtained for the levels of acetylated tubulin in postmortem human brain samples. Some studies reported decreased levels of acetylated tubulin in the postmortem brain of Alzheimer’s disease patients [355,356], which could be explained by the higher abundance of HDAC6 found in Alzheimer’s disease [377]. In agreement with these results, studies using tauopathy or Aβ plaque models for Alzheimer’s disease showed that pharmacological inhibition of HDAC6 rescues axonal transport and some features of the Alzheimer’s disease phenotype, e.g., spatial memory deficits, as well as hippocampal synapse loss, possibly through HDAC6 interaction with Tau [362,363,377,378,379,380]. Hyperphosphorylation of Tau and its accumulation has been linked to MT destabilization and cytoskeletal abnormalities and subsequent axonal degeneration [310,378], which regulates axonal function [381]. Tau preferentially binds to acetylated α-tubulin and stabilizes MTs [378]. HDAC6 not just interacts with Tau, but also catalyzes its deacetylation [382], and its inhibition decreases Tau phosphorylation and accumulation [377,380]. However, a direct role of increased tubulin acetylation against Tau toxicity could be established using site-directed α-tubulin Lys40Gln mutagenesis. In fact, acetylation-mimicking α-tubulin was able to rescue Tau-induced MT defects and neuromuscular junction developmental abnormalities [309]. Moreover, α-tubulin acetylation, induced by SIRT2 inhibition, is functionally associated with an improvement of MT dynamics determined by decreased Tau phosphorylation and by increased Tau/tubulin binding [310]. Contrary to the previous studies, other results obtained in postmortem brains suggest that the proportion of acetylated tubulin is increased when normalized for the total MT mass in Alzheimer’s disease [158,308,383]. Increased acetylated tubulin levels were also obtained in human neurons harboring the Alzheimer’s familial APP-V717I mutation [158]. Since these increased acetylated tubulin levels do not correlate with the amounts of HDAC6 or αTAT1, it has been proposed that the reduced MT dynamics associated with impaired tubulin re-tyrosination, which is defective in Alzheimer’s disease, may upregulate the levels of acetylated tubulin, irrespective of the levels of the enzymes regulating tubulin acetylation. [158].




4.2.2. Cancer


In addition to neurological disorders, α-tubulin acetylation has been linked to cancer. Increased levels of MT α-tubulin acetylation have been observed in the head and the neck, pancreatic cancer, and breast cancer [324,384,385]. Higher α-tubulin acetylation levels are a prognostic marker for squamous cell carcinoma of the head and the neck [384]. Increased acetylation of α-tubulin and HDAC6 inhibition enhance autophagy in non-small cell lung cancer [386]. Metastatic breast cancer cells have higher α-tubulin acetylation levels that extend along microtentacles and membrane protrusions in detached cancer cells. These higher α-tubulin acetylation levels are a sufficient cause of metastatic potential and are linked to an increased risk of disease progression and aggressive metastatic behavior [324].



Since α-tubulin acetylation levels are dependent on αTAT1/HDAC6 activities, studies have been made to establish how changes in the activity of these enzymes affect cancer cells, namely, their ability to migrate and metastasize [186,324,387,388,389]. For example, it was suggested that acetylated α-tubulin is a regulator and a marker of epithelial-to-mesenchymal transition (EMT), which has been associated with tumor progression with metastatic expansion. Gu and coworkers (2016) described that increased levels of acetylated α-tubulin were associated with the epithelial morphology and were dramatically decreased during TGF-β-induced EMT as a consequence of the increased activity of HDAC6 by TGF-β [323]. αTAT1 overexpression, which leads to higher α-tubulin acetylation levels, increases the formation of microtentacles and reattachment in a non-metastatic breast cancer cell line [324] and inhibits cancer cell migratory and invasive ability and tumour metastasis on an orthotopic lung cancer animal model [388]. The presence of αTAT1 is needed for extracellular matrix invasion of the highly metastatic MDA-MB-231 breast cancer cell line [186]. The inhibition of HDAC6 by siRNA or HDAC6 inhibitor TSA causes a decreased invasion capacity of MDA-MB-231 cells in a three-dimensional type I collagen matrix [387]. Recently, conflicting results were obtained for several cancer cell lines (the human breast cancer cell lines MCF-7, MDA-MB-231, T1-Luc, a mouse breast cancer cell line, SK-OV-3, a human ovarian cancer cell line, and human mesothelioma MSTO-221 h cells) using selective HDAC6 inhibitors (Tubathian A, Tubastatin A, Tubacin, and Ricolinostat) [389]. HDAC6 inhibition increased acetylation levels of α-tubulin without affecting histone acetylation, but it did not decrease tumor cell growth or block tumor cell migration or invasion. Therefore, although it can be taken from some studies that αTAT1/HDAC6-dependent control of tubulin acetylation levels may have a key role in the regulation of cancer cell migration, invasion, and cancer metastasis, recent contradictory results have shown that further research is needed to clarify the role of α-tubulin acetylation in cancer. Additionally, a recent study using the NCI-60 cancer cell panel showed that, although high levels of acetylated α-tubulin correlate with, they were not required for, taxol cytotoxicity [390].




4.2.3. Cardiac Diseases


Several stresses (e.g., pH, temperature, osmotic stress, mechanical strain, oxidative stress) and also DNA mutations may cause cellular proteins to misfold [391]. Additionally, with ageing, there is a gradual accumulation of both misfolded and damaged proteins associated with failures in the protein quality control of proteins involved in protein maturation, transport, and breakdown. Misfolded proteins can exist as soluble monomers, but they can also associate with each other to form sequentially more complicated protein aggregates, including soluble oligomers, soluble aggregates, and large insoluble protein aggregates called inclusion bodies. All these protein aggregates, including the soluble protein oligomers, can be cytotoxic by stressing the protein degradation machinery, disrupting membrane structure, or sequestering other proteins, and they may induce cell death, a process known as proteotoxicity [392,393].



Proteotoxicity is better known for its role in neurodegenerative diseases, but it has also been associated with cardiac stress disorders and causes heart failure [394,395,396]. In fact, soluble amyloid oligomers have been identified in cardiomyocytes from patients with hypertrophic cardiomyopathy, idiopathic dilated cardiomyopathy, and Becker’s muscular dystrophy, but not in those from healthy controls [397]. In a mouse model of proteinopathy-induced heart failure, α-tubulin was found to be hyperacetylated, whilst other proteins in heart extracts were hypoacetylated. Inhibition of HDAC6 has a protective role against cardiac proteotoxicity, as, for example, when HDAC6 is inhibited, autophagy is promoted, leading to reduced levels of protein aggregates in cardiomyocytes [398].



Changes in acetylated α-tubulin levels are also involved in atrial fibrillation, the most common persistent clinical tachyarrhythmia and an important contributor to cardiovascular morbidity and mortality [399]. Atrial fibrillation induces activation of HADC6, which leads to decreased levels of acetylated α-tubulin, disruption of the cardiomyocyte MT structure, and loss of contractile function [399].




4.2.4. Innate Immunity and Virus Infections


Several DNA and RNA viruses use cytoskeletal networks to efficiently enter, replicate, and exit the host cell while evading host immune responses [400,401]. Tubulin acetylation is involved in every stage of virus infection [402,403,404,405,406]. Regarding viral fusion and entry, it has been shown that the influenza A virus (IAV) induces MT acetylation in epithelial cells through Rho GTPase-mediated downregulation of HDAC6 activity in IAV-infected cells, resulting in increased α-tubulin acetylation [405]. Additionally, the release of virions from infected cells increases with enhanced acetylation of MTs, [405], and HDAC6 inhibits IAV infection [407]. Decreasing acetylation of α-tubulin by HDAC6 overexpression markedly prevents HIV-1 envelope-dependent cell fusion and infection, whilst knockdown of HDAC6 expression or its inhibition enhances HIV-1-cell fusion and HIV-1 infection [402]. Increased α-tubulin acetylation of MTs is also used by numerous DNA and RNA viruses to expedite their intracellular transport to replication sites and to the cell periphery for exit and to enhance their replication [406,408]. HIV-1 has been shown to induce the formation of acetylated and detyrosinated stable MTs early in infection [409]. The human parainfluenza virus type 3 (HPIV3) may form cytoplasmic viral replication sites called inclusion bodies (IBs), in which viral RNA is synthesized. It has been shown that HPIV3 IBs rely on higher cellular α-tubulin acetylation for fusion and maturation [410]. Expression of αTAT1 resulted in the fusion of small IBs into large IBs and effective viral replication whilst overexpressing HDAC6, and SIRT2 profoundly inhibited the fusion of small IBs and viral replication. Recently, it has been shown that vimentin inhibits the formation of HPIV3 IBs and viral replication by decreasing α-tubulin acetylation via enhanced degradation of αTAT1 [411].



Tubulin α-acetylation is also involved in counteracting the innate immune system so that viruses persist in the host. The Epstein-Barr virus (EBV) genome encodes a mitochondrial and ER-localized protein, named BHRF1, which participates in this viral persistence [412]. BHRF1 interacts with αTAT1 to increase MT tubulin α-acetylation levels and, therefore, there is a clustering of autophagosomes and mitochondria near the nucleus. This sequestration of mitochondria inside the autophagosomes leads to mitophagy induction and inhibits the signaling pathway, triggering interferon production.



In summary, altered levels of tubulin acetylation have been implicated in neurodegenerative disorders, cancer, cardiac diseases, and innate immunity. In some cases, e.g., neurodegenerative diseases, the use of inhibitors of the deacetylase HDAC6 has shown some therapeutic effects, namely, rescue of the phenotype of those diseases. However, in most cases, knowledge of the mechanisms underlying the regulation of tubulin acetylation levels and the involvement of tubulin acetylation in the etiology of these diseases is still scarce.






5. Concluding Remarks


In the last decades, we have had a clear advancement in our understanding of the role of different PTMS in the variety of MTs functions. However, in the case of acetylation, we still have contradictory observations, and it is still challenging to have a clear picture of the impact of this PTM on MT properties, interactors, and functional modulators.



Tubulin acetylation has been pointed out as a hallmark of stable old MTs. However, the question if it is a cause or a consequence of long-lived MTs has never been clarified. The current view on tubulin acetylation is that this modification alters the mechanical properties of MTs by decreasing inter-protofilament interactions and by allowing MTs to bend and to resist age-related lattice damage caused by multiple interactions with different factors during their existence, thus facilitating MT self-repair [263,264]. However, how this ability of MTs to survive structural damage is translated into specific cellular functions is still controversial, and it is far from being elucidated. One of the major difficulties in establishing the cellular functions of tubulin acetylation relies on the fact that most of the approaches used to address these questions have relied on the manipulation of acetyltransferases and deacetylases levels and activities. Unfortunately, our knowledge about the functions and possibly complex regulation in vivo of these enzymes is limited. In fact, it is already established that these enzymes have other substrates besides tubulin, especially the deacetylases. This raises the hypothesis that their impact on MT structure and function is not just a direct effect, but it may also be due to indirect effects through the pathways where their other substrates are players. In this scenario, alterations in the activities of acetytransferases/deacetylases may lead to diverse patterns of acetylated substrates, resulting in different functional outcomes. This complexity will be expanded if the cell type and microenvironment are included in the analysis. For example, studies have shown that, in cell culture, changing the adhesion substrates [157] or cell plating number causes a change in the acetylation pattern of MTs.



Moreover, although all eukaryotic cells have a cytoskeleton, the organization and the abundance of distinct components of the cytoskeleton varies from cell type to cell type. In fact, there is evidence that other cytoskeleton components may regulate tubulin acetylation. For example, Rho GTPases, critical molecules in actin cytoskeleton reorganization, mediate the downregulation of HDAC6 [405,413], and vimentin, an intermediate filaments protein, decreases tubulin acetylation levels via αTAT1 degradation [411]. Illustrating this are the heterogeneous tubulin acetylation patterns in different cell types and also in distinct cancer cells from different origins [390]. Additionally, the consequences of tubulin acetylation will be modulated by the content (identity and abundance) of MAPs and motor proteins in each cell type. These proteins will be able to read, remodel, and function according to tubulin acetylation patterns, as proposed by the tubulin code model [142,161]. This will have direct consequences in generating distinct cell responses, upon changes in tubulin acetylation/deacetylation, and in response to challenges and specific stress situations that cells have to cope with within their physiological microenvironment.



Furthermore, we are also probably losing information because most works only analyze the impact of an isolated PTM at a time. It is probable that tubulin acetylation works in close crosstalk with other tubulin PTMs. For example, the fact that methylation also occurs in Lys40 and competes with acetylation for this Lys residue [155]. The crosstalk between different PTMs may create a high number of combinatorial patterns, and in certain situations, these patterns will create redundancy, causing difficulties in the analysis of the phenotypes. This indicates that future approaches to studying acetylation roles require more integrated analysis that incorporates, whenever possible, the ability of cells, in the context of their intrinsic features (e.g., cytoskeleton organization, metabolic activity, migration, and proliferation), to respond to challenges and their physical/mechanical and physiological microenvironments. More attention should be paid to tubulin acetylation’s role in generating different cellular MT subset arrays that may create specific local and temporal organization, impacting the three-dimensional positioning of organelles. For example, not much is known about the fact that MTs nucleated by the Golgi apparatus are rapidly acetylated when newly polymerized [414].



Intriguingly, no data exist concerning the functional relationship between tubulin cofactors and tubulin PTMs, such as acetylation. In fact, these proteins play critical roles in tubulin heterodimer assembly/dissociation, tubulin degradation, as well as in maintaining tubulin pools and tubulin heterodimers recycling/degradation by controlling their native structure’s quality [5,13]. Therefore, these proteins are potential candidates to assist in the remodeling of PTMs patterns. Tubulin acetylation is proposed to facilitate the self-repair of mechanically damaged MT, a process that should require the removal of damaged tubulin dimers and the incorporation of free ones. Consequently, mechanisms regulating this repair process should probably involve tubulin cofactors activities, for example, the control of the tubulin pool of free heterodimers competent to polymerize, and future research efforts should cover their involvement.
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Figure 1. Microtubule structure, dynamics, and tubulin folding and recycling pathways. To originate MTs, tubulin heterodimers interact head-to-tail, arranging in linear protofilaments. The lateral association of the protofilaments, in general, 13 protofilaments, creates the hollow cylindrical structure of the MT with about 25 nm of diameter. Since tubulin heterodimers are oriented inside the MT, this produces a structural polarity; one end of the MT always initiates with α-tubulin, whereas the other terminates with β-tubulin, which is reflected in the dynamic behavior of the polymer with the two ends of a MT displaying different rates of polymerization, a faster-growing end (where β-tubulin is exposed; plus end), and a slower-growing end (where the α-tubulin is ex-posed; minus end). MTs polymerize from soluble tubulin heterodimers bound to guanosine triphosphate (GTP). After incorporation in the polymer, the β-tubulin GTPase activity is activated, GTP is hydrolyzed to guanosine diphosphate (GDP), and the energy from that hydrolysis is assumed to induce conformational changes in tubulin, reducing the stability of the MT lattice (for review [12]). In growing MTs, most heterodimers in the lattice are bound to GDP. However, whenever a MT maintains a cap of GTP tubulin heterodimers at the tip, the entire polymer will be stabilized (the GTP cap model), and the MT grows. On the contrary, if the tip of the MT accumulates a critical number or density of GDP-tubulins, the MT lattice will become unstable, and the MT will transition to a depolymerization state, rapidly shrinking its length (a process designated as “catastrophe”). MTs show stochastic transitions between periods of shrinkage (catastrophe) and growth (rescue) in a process designated “dynamic instability”. A schematic representation of the tubulin folding and native dimer disassembly pathways is also shown. The CCT (cytosolic chaperonin-containing TCP1) captures tubulin folding intermediates, with important native-like domain structures, either directly from ribosomes or from the hetero-hexameric chaperone prefoldin (for review [13]). α- and β-tubulin monomers released from CCT follow different pathways: α-tubulin is captured by cofactor B (TBCB) and β-tubulin by cofactor A (TBCA). Then, cofactors E (TBCE) and D (TBCD) capture α- and β-tubulin, respectively. Additionally, after TBCC binding, a supercomplex is formed. TBCC stimulates GTP hydrolysis by β-tubulin and the consequent release of α/β-tubulin-GDP heterodimers. Upon exchange of GDP by GTP, a functional α/β-tubulin dimer competent to polymerize into a MT is formed. Along with tubulin folding, tubulin cofactors assist tubulin heterodimer assembly/dissociation, as well as tubulin degradation. Tubulin heterodimers released from MTs can be dissociated by cofactors and recycled or degraded. TBCD and TBCE are capable of dissociating the tubulin heterodimer by themselves, but in the case of TBCE, its dissociation activity is highly increased by the presence of TBCB. In this process, the β-tubulin is retained by TBCD, whereas α-tubulin is stabilized by the complex TBCB/TBCE. TBCA mainly receives β-tubulin from the dissociation of pre-existing heterodimers instead of newly synthesized tubulins. Both pathways may lead to the tubulin monomer degradation through the ubiquitin-proteasome system by unknown mechanisms. By recycling the tubulin heterodimers, the TBCE/TBCB+TBCA system is crucial for controlling the critical concentration of free tubulin heterodimers and MT dynamics in the cells [14]. TBCD activity is regulated by Arl2, a small GTP (guanosine triphosphate) binding protein of the Arf family. The figure was inspired on [15,16]. 
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Figure 2. Tubulin post-translational modifications. Specific groups of functionally distinct MT structures and their more common PTMs are highlighted (i.e., centrosome, cilia, and mitotic spindle). Specific tubulins amino acid residues or tubulin specific domains where PTMs occur are indicated. PTMs chemical structure are specified. Tubulin PTMs caused by association with specific proteins, such as SUMO and ubiquitin, as well as those originated by specific proteolysis (detyrosination and Δ2 and Δ3 tubulin) are also shown. For Glutamylation PTM, only the chemical structure corresponding to monoglutamylation is shown. 
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Table 1. Brief summary of α and β-tubulin acetylation functions.






Table 1. Brief summary of α and β-tubulin acetylation functions.





	
Acetylated Tubulin and Amino Acid Residue

	
Acetylases/Deacetylases

	
Structural Localization

	
Functions

	
References






	
α-tubulin lysine 40 (Lys40) residue

	
αTAT1/HDAC6 and SIRT2

	
Unstructured loop of α-tubulin of polymerized MTs.

	
Mechanical properties of MTs and prevention from mechanical aging

- Establishing salt bridges between adjacent α-tubulins, leading to a rearrangement in the inter-protofilament angle.

- Reducing interactions between protofilaments, potentially promoting protofilament sliding and enhancing MT flexibility and controlling the protofilament number.

- Modulation of lateral, but not longitudinal, interactions of the protofilaments.

- Avoiding long-lived MTs to lose their rigidity due to repetitive bending and stopping MT breakage and extending the MTs’ lifespan.

	
[157,167,187,231,237,257,259,269]




	
Regulation of MT dynamics

- Self-assembly rate of acetylated tubulin was much slower than that of deacetylated tubulin.

- No differences were found in polymerization rates for acetylated and deacetylated tubulin

- When the measurements were made with the MTs already formed

- acetylated MTs had a disassembly rate threefold faster than deacetylated MTs

	
[157,260,263,264]




	
Acetylation in centrioles

- Allow centrioles to bear more mechanical stress and rendering them more flexible.

	
[282]




	
Cilia assembly

- Lys40 acetylation is the most abundant acetylation site in cilia MTs

- It is controversial that Lys40 acetylation is critical for correct cilia assembly and structure maintenance and stability. This may depend on cell type.

- Controversial if it is required for sperm motility

- Controversial in controlling ciliary motor proteins

	
[145,165,167,187,244,273,277,278,279,280]




	
Cargo transport

- Cytoplasmic MT acetylation is more heterogeneous than that of cilia and centrioles.

- The abundance and distribution patterns vary according to cell type, cell life cycle, and cell region; neurons illustrate this complexity.

- A relationship between the MT acetylation status and the binding of molecular motors dynein and kinesin, especially in neurons, has been suggested.

- Regulation of intracellular trafficking

	
[166,205,253,279,280,284,285,286,287,288,292,293,294,295,296,297,298,299]




	
Cell division

- The acetylation of α-tubulin Lys40 is highly abundant in the mitotic spindle, midbody, and kinetochore MTs.

- It is controversial that cell cycle progression is affected by MT acetylation/deacetylation.

- Enzymes αTAT1, HDAC6, and SIRT2 present a regulation dependent on the cell cycle.

	
[166,167,235,270,311,312,316,317,318,319]




	
Cell shape and migration

- MT acetylation is required for change in platelets’ shapes.

- Tubulin acetylation in migration is involved in intracellular rearrangement of MTs accompanied by organelles re-localization.

- It is controversial that loss of either HDAC6 or αTAT1 is associated with an increase in the number of focal adhesions.

- It is proposed that MT acetylation is critical for the fine tuning of the mechanosensitive cell adhesion and migration.

- Acetylation of MTs is critical for the penetrative capacity of cells undergoing radial intercalation in epithelia.

	
[186,192,204,237,259,320,321,322,323,324,325,326,327]




	
Stress response and autophagy

- Increased levels of MT acetylation have been found in cells exposed to several cellular stresses, and this leads to increased cell survival.

- MT α-tubulin hyperacetylation favors cell survival during stress through the induction of autophagy.

	
[227,246,331,332]




	
β-tubulin Lys252 residue

	
SAN/?

	
Interface between α/β-tubulins in the heterodimer

	
Stabilization of tubulin heterodimer

- Affect the α/β tubulin interaction with impact in MT polymerization

- Low levels of San acetylase, after cold-shock depolymerization, leads to MT depolymerization at a normal rate, but MT regrowth is faster.

	
[176]




	
α-tubulin Lys394 residue

	
?/HDAC6

	
Interface of the α/β-tubulin heterodimer in the MT surface, a region that suffers a conformational change as the dimers are added to the MT

	
Microtubule polymerization

- This is required for heterodimer incorporation during MT assembly.

	
[135,175,330]
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