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Abstract: Seagrass beds are important coastal habitats that are diminishing globally. Nitrogen, a key
nutrient, often limits seagrass growth. Nitrogen fixation provides new, bioavailable nitrogen to the
plants. This study explores its importance and factors controlling rates in sediments colonized by
two dominant taxa in Northwest Florida, Thalassia testudinum and Halodule wrightii, compared to
unvegetated sediments. We hypothesized that nitrogen fixation rates would be greater in seagrass
colonized sediments, particularly during high growth periods. We expected to observe a positive
relationship between rates and porewater sulfide concentrations because sulfate reducers were
the dominant diazotrophs in similar studies. Rates were higher in vegetated areas. In H. wrightii
beds, nitrogen fixation was driven by the decreased availability of porewater ammonium relative
to phosphorus. In T. testudinum beds, rates were highest during winter. Organic matter may be a
controlling factor in all substrate types albeit the exact mechanism driving nitrogen fixation differs
slightly. During the summer and fall, nitrogen fixation provided between 1–15% of T. testudinum
nitrogen demand. Annually, nitrogen fixation provided 4% and 1% of T. testudinum and H. wrightii
nitrogen demand, respectively. Nitrogen fixation was an important source of nitrogen during periods
of senescence and dormancy when organic matter content was high.

Keywords: Halodule wrightii; Thalassia testudinum; nitrogen fixation; porewater nutrients; porewa-
ter sulfide

1. Introduction

Seagrass beds are critical marine habitats that increase biodiversity by providing
habitat during vital periods of the life histories of many commercially and recreation-
ally important vertebrate and invertebrate species [1]. Due to extensive rhizomes and
multitudes of leaves, they stabilize sediments, decrease wave attenuation, prevent the
resuspension of particles, improve water quality and protect shorelines [2,3]. Seagrasses
play a significant role in global carbon and nutrient cycling [4] as well as reducing bacterial
pathogens [5]. Although seagrasses are important coastal resources, more than 40 large
scale declines of 24 different species have been reported since the 1970s [6].

Seagrass meadows demonstrate natural cycles of expansion and decline on the scale
of several years or even decades. They also experience annual cycles composed of several
key periods of growth. In the Northern Gulf of Mexico, the key periods include early
growth (March through April), peak growth (May through July) and late growth (August
through mid-September) [7,8]. Senescence and dormancy take place in fall and winter
months. Seagrasses slough off their leaves during senescence which occurs from late
September to December. Following senescence, dormancy generally takes place during
January and February. Seagrass growth, productivity and reproduction change throughout
the annual growth cycle due to factors such as temperature, light attenuation, salinity,
epiphytic and algal growth, phytoplankton productivity in the water column, substrate
quality and nutrient availability [9].
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Like all plants, seagrass productivity is primarily altered and dictated by the availabil-
ity of nutrients, frequently nitrogen [10]. Nitrogen fixation, the reduction of dinitrogen (N2)
to ammonium (NH4

+), is a key nitrogen cycling process due to its generation of biologically
available nitrogen from a source otherwise unavailable to most organisms [11]. This process
is solely carried out by prokaryotes, known as diazotrophs, and include both bacteria and
archaea [12]. Nitrogenase is the enzyme complex required for nitrogen fixation [13], and
all of its necessary components are encoded by the nif genes. In some diazotrophs that lack
the ability to protect the enzyme system from external conditions, exposure to oxygen can
decrease or inhibit expression of nitrogenase [12]. Other environmental conditions that
influence the level of nitrogenase are ammonium concentrations, light availability and en-
ergy availability. Diazotrophs are found on seagrass leaves and in sediments surrounding
seagrass root systems [10].

Although seagrasses are able to take up nitrogen from the water column and sediment,
they obtain nitrogen mainly from the sediments [14,15]. Therefore, nitrogen fixation in
sediments is potentially an important source of nitrogen for seagrasses. Nitrogen fixation
rates are usually higher in seagrass colonized sediments compared to unvegetated sed-
iments [3,16–18], where they are often associated with the seagrass rhizosphere [19,20].
Nitrogen fixation activity increases as belowground biomass increases [3,21], indicating that
the rhizosphere provides a propitious environment for diazotrophic microbial communities
to develop and thrive [3,22]. Seagrass rhizomes release oxygen and organic compounds,
including labile carbon which create an attractive environment for diazotrophs. Some
sulfate reducing bacteria can fix nitrogen and may be important diazotrophs in marine
sediments [23–26]. Cook et al. [27] found that nitrogen fixation corresponded to increases
in plant biomass, consistent with the idea that seagrasses supply labile, organic compounds
to sulfate-reducing diazotrophs. Sulfate reduction was correlated with nitrogen fixation
even when ammonium concentrations were relatively high (1 mM), and the overlying
water column was hypoxic [28–30]. In previous studies, sulfate reduction was stimulated
and enhanced by the root exudates released by belowground seagrass biomass, which
also stimulated nitrogen fixation [3,17,31,32]. However, hydrogen sulfide produced by
sulfate reduction inhibits plant growth and decreases nutrient uptake by the plant [33].
Sulfide toxicity can be a serious problem by inhibiting growth and killing seagrasses if
concentrations reach thresholds of approximately 300 µM and 2000 µM, respectively [34].
In organic-rich sediments, bacterial activity is increased, the anoxic layer is very close to
the sediment surface, and hydrogen sulfide concentrations can be high [22]. To combat this
detrimental impact from hydrogen sulfide, seagrasses pump oxygen through their root
systems to oxidize the toxic hydrogen sulfide [35].

This study was carried out in the northern Gulf of Mexico, where the two dominant,
subtropical seagrass species, Thalassia testudinum (turtle grass) and Halodule wrightii (shoal
grass), have experienced declines due to anthropogenic causes. In the Pensacola Bay system,
increased nutrient input resulted in significant decreases in submerged aquatic vegetation
from the late 1940s to the early 1970s [36]. Understanding how different nitrogen cycling
processes contribute to the total seagrass nitrogen demand is vital for understanding the
factors limiting their productivity and guiding appropriate management actions. We com-
pared the role of nitrogen fixation in T. testudinum, H. wrightii and unvegetated sediments
at Big Sabine Point, Florida, USA. The sampling of nitrogen fixation encompassed an entire
year to assess how it changed over the annual growth cycle of seagrass. We examined how
nitrogen fixation was affected by seasonality, biogeochemical conditions of the sediment
and overlying water column and seagrass colonization. We hypothesized that nitrogen
fixation rates would be higher in seagrass colonized sediments than unvegetated sediments
and during periods of high seagrass productivity. Because the activity of sulfate reducers
has been linked with nitrogen fixation in seagrass beds [37], we hypothesized that nitrogen
fixation rates would correlate with porewater sulfide concentration, a reflection of sulfate
reduction activity, regardless of porewater ammonium concentrations.
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2. Materials and Methods

The Pensacola Bay System (PBS) watershed covers almost 18,130 km2 [38]. Two-thirds
of the watershed is located in Alabama, and the remainder is located in Florida. This
watershed drains mostly agricultural land, but urbanized areas also contribute significant
non-point source runoff to the system [38]. Freshwater inputs to the Pensacola Bay System
average 245 m3 s−1 [39], and salinity within the estuary fluctuates throughout time and
space in the system based on rainfall in the watershed. Low evaporation rates during the
winter and high rates during the summer exacerbate this effect. This study was conducted
in Santa Rosa Sound, a subestuary of the PBS and a shallow (<10 m) 109 km2 lagoon [38,39].
Water temperatures range from 15 to 32 ◦C in Santa Rosa Sound (SRS) [40]. SRS has a
0.5 m tidal range and tides are diurnal [41]. It is well mixed and oxygenated throughout
the year due to the relatively shallow water. In the PBS, T. testudinum and H. wrightii are
the dominant species [42]. Syringodium filiforme (manatee grass) also occurs in the PBS,
but it is not as common as T. testudinum or H. wrightii [42]. In SRS, seagrass presence
is almost continuous on the north and south shores [42]. The study site at Big Sabine
Point in Santa Rosa Sound (Northwest Florida) was selected because it was undeveloped
and experienced little anthropogenic pressure relative to other nearby seagrass meadows
(Figure 1). Sediments found at this site are almost entirely composed of quartz sands [40,43].
Both species of interest, T. testudinum and H. wrightii, occurred at this locale in monospecific
and mixed beds in ecological succession. Varying sizes of bare patches occurred throughout
the seagrass meadows at Big Sabine Point.

Figure 1. Location of sampling location at Big Sabine Point within the Pensacola Bay System and in relation to the Gulf of
Mexico (ArcMap 10.4.1). Sampling at this site began in May 2015 and ended in September 2016.

Sampling was conducted from May 2015 through September 2016. During each
sampling event, environmental parameters were measured, and the following samples
were collected: overlying water, porewater and triplicate cores from each substrate type.
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Abiotic environmental parameters, including water temperature, salinity, pH, dissolved
oxygen and light attenuation were measured at the surface and bottom of the water column.
Overlying water was collected and filtered through GF/F 0.7 µm filters immediately upon
collection. The filtrate was collected for dissolved inorganic nutrients (nitrate + nitrite,
nitrite only, ammonium and dissolved inorganic phosphate), and the filter was saved for
subsequent chlorophyll analysis. Triplicate porewater samples at an approximated 10 cm
depth were collected with a PVC sipper, filtered through GF/F 0.7 µm filters and analyzed
for hydrogen sulfide (H2S), dissolved inorganic phosphate (DIP) and ammonium (NH4

+).
Porewater samples for H2S analysis were preserved with 1 mL of zinc acetate. Beginning in
September 2015, triplicate cores were taken in each substrate type (T. testudinum colonized,
H. wrightii colonized and unvegetated sediments). The sediments from these cores were
used to assess nitrogenase activity using the acetylene reduction assay (ARA) and percent
water and percent organic matter of the sediments.

All nutrient samples were frozen at −2 ◦C until analysis. The protocol for analyses of
dissolved inorganic phosphate (DIP) concentrations followed the molybdate method with
a 5 cm quartz cell and measured on a Shimadzu Pharma-Spec UV-1700 UV-Visible Spec-
trophotometer [44]. The detection limit for this assay was 0.05 µM. The Holmes et al. [45]
method was used to analyze ammonium concentrations using different ratios of working
reagent and sample depending on the type of sample (overlying water or porewater).
All samples used 4 mL of working reagent and either 2 mL of overlying water or 1 mL
porewater and 1 mL of Milli-Q water. A Turner Designs TD-700 Fluorometer was used to
analyze ammonium concentrations in samples collected in May 2015 through March 2016;
A Turner Designs Trilogy Model 7200-0000 was used to analyze ammonium concentrations
in samples collected in April 2016 through September 2016. The detection limit for this
assay was 0.03 µM. Nitrate + nitrite and nitrite only concentrations were analyzed via
vanadium reduction and chemiluminescence on a Thermo Scientific™ Model 42i (NO-NO2-
NOx) analyzer [46]. The detection limit for this assay was 0.1 µM. Porewater samples for
H2S analysis were stored at 4 ◦C, processed within one week following sampling and mea-
sured on a Shimadzu Pharma-Spec UV-1700 UV-Visible Spectrophotometer. The protocol
followed Fonselius [47] and had a detection limit of 1 µM. Filters used for the chlorophyll a
analysis were frozen at −2 ◦C until they could be processed. The chlorophyll a concentra-
tion was determined using the Welshmeyer [48] method with extraction in 6 mL of 90%
acetone for 24 h in the freezer at −2 ◦C. Samples from September 2015 through November
2015 were read on a Turner Designs TD-700 Fluorometer, and samples from January 2016
through September 2016 were read on a Turner Designs Trilogy Model 7200–0000. The
detection limit for this assay was 0.14 µg L−1.

The protocol for the ARA experiments conducted in this study was modified from
Capone [49] and Capone and Montoya [50]. Nitrogen fixation experiments included the
sediments from the top 10 cm of the sediment core and were conducted under dark and
anoxic conditions. In order to exclude diazotrophs located on the leaves of the seagrasses,
the seagrass leaves were removed from the samples. Nitrogen fixation rate measurements
were determined with a gas chromatograph fitted with a 3 m × 1/8 in stainless steel
column packed with Porapak N, 100/120 mesh. The carrier gas was helium, and the gases
utilized by the flame ionization detector (FID) were Airgas Zero Grade Air® and hydrogen.
The injector temperature was 100 ◦C on samples run from September 2015 through January
2016 and 150 ◦C on subsequent samples when a different GC was utilized. The oven
temperature was 80 ◦C, the hydrogen flame ionization detector (H2 FID) was set to 100 ◦C,
and carrier gas flow was set to 30 mL min−1. Nitrogen fixation rate measurements were
determined with a Hewlett Packard 5890 Series II Gas Chromatograph on samples collected
in September 2015 through January 2016. Nitrogen fixation rates for samples collected
in February through September 2016 were determined using a Thermo Fisher Scientific
TRACE 1310 Gas Chromatograph. Retention times were around 2.4 min and 1.5 min for
acetylene and ethylene, respectively.
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Acetylene made up 10% of the gas phase in these experiments. The samples were
incubated at temperatures equivalent to water temperatures at the sampling site. For
the samples collected in September 2015 through January 2016, sample gas volumes of
100 µL were injected immediately into the GC sample port after addition of acetylene and
at regular periods over the course of 4 h. For samples collected in February 2016 through
September 2016, 7 mL gas samples were taken from the incubation flasks and replaced
with 7 mL of N2 gas at regular periods throughout the 4 h incubation time, the gas samples
were injected into 7 mL BD Vacutainers for subsequent gas chromatograph analysis.

The standard curve was constructed based on ethylene concentration (ppm) and
peak area. The following equation from Capone [49] that was used to calculate the num-
ber of moles of acetylene fixed in each 100 µL injection was modified by removing the
solubility correction:

E = (A1/A2) s g, (1)

where E is nmol acetylene fixed, A1 is the peak area of unknown, A2 is the peak area of
the standard, s is the standard concentration (nmol mL−1), and g is the gas phase volume
(mL). The samples used in this study did not require a solubility correction because the
flasks did not contain any water. The gas phase volume was the total volume of the flask
(250 cm3) minus the sediment volume (100 cm3). For each mole of dinitrogen reduced, four
moles of acetylene are reduced to ethylene [49]. After completion of ARA experiments,
the sediments were dried at 65 ◦C in a Fisher Scientific Isotemp Incubator Model 655D,
weighed and muffled at 500 ◦C for 4 h in a Fisher Scientific Isotemp Programmable Forced-
Draft Furnace. Additional sediment from each core was used to measure water and
organic matter content, where samples were dried at 65 ◦C in a Fisher Scientific Isotemp
Incubator Model 655D for at least one week before dry weights were recorded and muffled
at 500 ◦C for 4 h in a Fisher Scientific Isotemp Programmable Forced-Draft Furnace to
obtain the percent organic matter. In addition to sediment parameters, plant parameters
were included in this study. Percent cover was assessed utilizing 625 cm2 PVC quadrats;
there were ten quadrat assessments per substrate type (T. testudinum colonized, H. wrightii
colonized and unvegetated).

Nitrogen limitation was evaluated based on comparisons between ratios of ammo-
nium to dissolved inorganic phosphorus (DIP) concentrations in porewater samples and
established nitrogen to phosphorus ratios in plant tissue from Atkinson and Smith [51].
The hypotheses were tested using R (Version 3.4.0) and R Studio (Version 1.0.414) statistical
packages. All data were checked to see if assumptions for each statistical analysis were met.
If assumptions were not met, non-parametric tests were used. We tested for differences in
nitrogen fixation rates from ARA experiments using parametric ANOVA statistical tests
to see if there were differences in either one based on the substrate or growth periods,
senescence, early growth, peak growth and late growth. We ran correlation analyses
(spearman method) on environmental parameters (salinity, temperature, dissolved oxygen
and surface irradiance), water column and porewater nutrients (nitrate + nitrite, ammo-
nium and dissolved inorganic phosphate), porewater hydrogen sulfide concentrations
and nitrogen fixation rates. We checked assumptions using the “stats” R package, and we
ran correlation analysis using the “Hmisc” package. We included multivariate analyses,
analysis of similarities (ANOSIM) and principal component analysis (PCA) to determine if
there were differences between substrate types or growth periods using the “devtools”,
“factoextra” and “vegan” R packages.

We estimated the relative contribution of nitrogen fixation to plant nitrogen demand
using productivity data from the literature. Nitrogen demand was estimated from produc-
tivity measurements using the following conversions. The conversion of grams dry weight
m−2 to carbon was 0.5. The carbon to nitrogen atomic ratios used were 35.8 and 13.9 for
T. testudinum and H. wrightii, respectively [51].
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3. Results
3.1. Environmental Parameters

Water temperature, salinity and surface irradiance were highest during summer
months (Figure 2). The water temperature ranged from 10.0–30.8 ◦C. Salinity ranged from
12.4–28.9. Percent of surface irradiance in the beds ranged from 52.6–88.1%. The dissolved
oxygen concentration was highest during winter months, lowest during summer months
and ranged from 4.70–9.41 mg L−1 (Figure 2). The pH ranged from 6.98–8.47 (Figure 2).

Figure 2. Water temperature (◦C), salinity (PSU), dissolved oxygen (mg L−1) surface irradiance (%),
and pH from May 2015 to September 2016 at Big Sabine Point.

3.2. Percent Areal Cover and Sediment Characteristics

Percent areal cover of both seagrass species, T. testudinum and H. wrightii, was highest
during the summer and fall months which correspond to the peak and late growth periods
(Figure 3). T. testudinum areal cover ranged from 5–100%, and H. wrightii areal coverage
ranged from 30–100% (Figure 3). In sediments colonized by T. testudinum, areal cover
was positively correlated with surface irradiance (Correlation analysis; r = 0.57, p = 0.05),
temperature (r = 0.66, p = 0.01) and salinity (r = 0.46, p = 0.10). In sediments colonized by H.
wrightii, areal cover was positively correlated with temperature (r = 0.46, p = 0.10).
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Figure 3. Percent areal cover for both seagrass species, T. testudinum and H. wrightii, between
September 2015 and September 2016 at Big Sabine Point.

The average percent water was 28.9 ± 0.7% in sediments colonized by T. testudinum,
26.2 ± 0.3% in sediments colonized by H. wrightii and 20.2 ± 0.2% in unvegetated sediments
(Table 1). The average percent organic matter content in sediments colonized by seagrass
(1.20 ± 0.04%) was significantly higher than adjacent unvegetated sediments (0.29 ± 0.02%,
p = 7.98 × 10−13). Sediment organic matter content was much more variable in sediments
colonized by seagrass compared to unvegetated sediment (Figure S1). In T. testudinum
colonized sediments, H. wrightii colonized sediments and unvegetated sediments organic
content ranged from 0.34–2.07%, 0.30–2.75% and 0.09–0.89%, respectively (Table 1). The
average percent organic matter was 1.27 ± 0.06% in sediments colonized by T. testudinum,
1.14 ± 0.07% in sediments colonized by H. wrightii and 0.29 ± 0.02% in unvegetated
sediments (Table 1). In sediments colonized by T. testudinum or H. wrightii, the sediment
organic matter content was positively correlated with sediment water content (r = 0.80,
p = 0.01; r = 0.70, p = 0.01, respectively).

Table 1. Percent water, percent organic matter, and porewater nutrients in unvegetated sediments
and H. wrightii and T. testudinum sediments. Leaf N:P ratios are from Atkinson and Smith [51].

Substrate Type Unvegetated H. wrightii T. testudinum

Sediment Water (%) Range 17.2–22.2 20.9–32.2 21.2–44.9
Average ± SE 20.2 ± 0.2 26.2 ± 0.3 28.9 ± 0.7

Sediment Organic Matter (%) Range 0.09–0.89 0.30–2.75 0.34–2.07
Average ± SE 0.29 ± 0.02 1.14 ± 0.07 1.27 ± 0.06

Dissolved Inorganic Phosphate
(DIP) (µM)

Range 0.1–1.7 0.6–3.0 0.6–3.3
Average ± SE 0.7 ± 0.1 1.6 ± 0.2 1.6 ± 0.2

Ammonium (µM) Range 8.0–46.9 2.9–48.0 2.2–33.7
Average ± SE 21.6 ± 3.4 10.8 ± 3.1 9.6 ± 2.7

Porewater Nitrogen:Phosphorus
Ratio (N:P)

Range 16.8–107 1.6–18.2 0.7–19.0
Average ± SE 39.6 ± 6.1 7.0 ± 1.3 6.0 ± 1.3

N:P Seagrass Leaves N/A 16 26

3.3. Water Column Chlorophyll a and Nutrients

Water column dissolved inorganic phosphate (DIP), ammonium, nitrate + nitrite and
chlorophyll a concentrations were variable throughout the sampling period and showed
no distinct seasonal patterns (Figure S2). Water column DIP concentrations ranged from
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below detection to 0.26 µM, ammonium concentrations ranged from 0.04–2.40 µM, and
nitrate + nitrite concentrations ranged from 0.31–7.78 µM. Nitrite concentrations were
below the detection limit. Chlorophyll a concentrations ranged from 0.36–6.06 µg L−1.
Chlorophyll a concentrations were positively correlated with water column DIP concentra-
tions (r = 0.49, p = 0.10). There were no other significant statistical correlations between
water column chlorophyll a, ancillary nutrients and abiotic environmental parameters.

3.4. Porewater Nutrients

Porewater ammonium and DIP concentrations showed no seasonal patterns in any
substrate type (Figure 4). Unvegetated sediments had significantly less DIP and more am-
monium than sediments colonized by seagrass. In unvegetated sediments, porewater DIP
and ammonium averaged 0.7 ± 0.1 µM and 21.6 ± 3.4 µM, respectively (Table 1). In sedi-
ments colonized by H. wrightii, porewater DIP and ammonium averaged 1.6 ± 0.2 µM and
10.8 ± 3.1 µM, respectively (Table 1). In sediments colonized by T. testudinum, porewater
DIP and ammonium averaged 1.6 ± 0.2 µM and 9.6 ± 2.7 µM, respectively (Table 1).

Figure 4. Porewater ammonium (top panel) and phosphate (bottom panel) in bare sediments,
colonized by H.wrightii and T. testudinum from May 2015 to September 2016 at Big Sabine Point. Error
bars represent standard error of the mean.

Porewater N:P in unvegetated areas were much higher (39.6 ± 6) than sediments
colonized by H. wrightii and T. testudinum which were 7.0 ± 1.3 and 6.0 ± 1.3, respectively
(Table 1). The average porewater N:P ratios for both seagrass species were much lower than
their respective leaf N:P ratio (Table 1). Porewater ammonium and DIP were positively
correlated with one another in unvegetated sediments (r = 0.75, p = 0.01). In sediments
colonized by H. wrightii, the porewater ammonium concentration was positively correlated
with percent areal cover (r = 0.46, p = 0.10), sediment percent water (r = 0.59, p = 0.05), pore-
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water DIP concentration (r = 0.51, p = 0.05) and the water column ammonium concentration
(r = 0.60, p = 0.01). Porewater DIP was positively correlated with sediment organic content
in sediments colonized by only H. wrightii (r = 0.54, p = 0.01). In sediments colonized by
T. testudinum, there were no significant correlations between porewater nutrients, abiotic
environmental parameters, percent areal cover or sediment characteristics.

3.5. Porewater Sulfide (H2S)

Porewater H2S concentrations in sediments colonized by H. wrightii and T. testudinum
ranged from 0–5968 µM and 0–6035 µM, respectively. The average H2S concentration was
591.4 ± 199.6 µM in unvegetated sediments, 1830 ± 529.0 µM in sediments colonized by
H. wrightii and 2627 ± 568.5 µM in sediments colonized by T. testudinum. In all substrate
types, H2S concentrations were highest during the summer in seagrass sediments and were
often above the threshold for seagrass growth inhibition (>300 µM) throughout the year
(Figure 5). Measurements of H2S were above the growth inhibition level for 79% of the
sampling events in T. testudinum colonized sediments and 71% of the sampling events in
H. wrightii colonized sediments. Porewater H2S was higher during peak and late growth
periods relative to other annual seagrass growth periods when concentrations were above
the threshold for sulfide toxicity (>2000 µM) (Figure 5). H2S concentrations were above
the threshold for sulfide toxicity in 50% of the sampling occasions in sediments colonized
by T. testudinum and 43% of the sampling occasions in sediments colonized by H. wrightii
(Figure 5).

Figure 5. Porewater hydrogen sulfide concentrations in all substrate types from September 2015 to
September 2016 at Big Sabine Point. Error bars represent the standard error of the mean. Growth
inhibition begins at 300 µM; sulfide toxicity is approximately equal to 2000 µM [52].
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In all substrate types, porewater H2S was positively correlated with seagrass percent
cover (r = 0.62, p = 0.01), sediment percent organic matter (r = 0.49, p = 0.01) and porewater
DIP (r = 0.46, p = 0.01), but negatively correlated with porewater N:P (r = −0.30, p = 0.05). In
unvegetated sediments, H2S was positively correlated with porewater ammonium and DIP
(Table S1). In areas colonized by H. wrightii, H2S was positively correlated with seagrass
percent areal cover, surface irradiance and temperature (Table S1). In T. testudinum colo-
nized sediments, H2S was positively correlated with seagrass percent areal cover, surface
irradiance, temperature, salinity and porewater ammonium (Table S1). Moreover, H2S was
negatively correlated with water column dissolved oxygen concentration (Table S1).

3.6. Nitrogen Fixation Rates

Nitrogen fixation rates were variable in all substrate types throughout the study period
(Figure 6); however, rates were higher during senescence for both seagrass species (Table 2).
The average nitrogen fixation rates across all growth periods were 0.98 ± 0.25 mg N m−2 d−1

in unvegetated sediments and 2.61 ± 0.26 mg N m−2 d−1 in seagrass colonized sediments.
Nitrogen fixation rates averaged across all seagrass growth periods were significantly
higher in sediments colonized by T. testudinum and H. wrightii than adjacent unvegetated
sediments (ANOVA; p < 0.001).

Figure 6. Nitrogen fixation rates in all substrate types from September 2015 to September 2016 at Big
Sabine Point. Error bars represent the standard error of the mean.

In all substrate types, nitrogen fixation was positively correlated with porewater DIP
(r = 0.36, p = 0.05), sediment percent organic matter (r = 0.36, p = 0.05) and sediment percent
water (r = 0.34, p = 0.05). In unvegetated sediments, nitrogen fixation was positively
correlated with porewater hydrogen sulfide concentration, surface irradiance and salinity
(Table S1). In sediments only colonized by H. wrightii, nitrogen fixation was negatively
correlated with porewater N:P (Table S1). In sediments colonized by T. testudinum, nitrogen
fixation was negatively correlated with surface irradiance and temperature; however, it
was positively correlated with dissolved oxygen concentration (Table S1).
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Table 2. Nitrogen fixation rates from this study compared to other studies.

Substrate Type Location Season or Month Nitrogen Fixation
Rate (mg N m−2 d−1) Reference

T. testudinum

NW Florida, USA

Early Growth (Mar.-Apr.) 2.40 ± 0.95 This Study
Peak Growth (May-Jul.) 1.40 ± 0.89 This Study

Late Growth (Aug.-Sept.) 2.48 ± 0.66 This Study
Senescence (Sept.-Nov.) 3.33 ± 0.57 This Study
Dormancy (Dec.-Feb.) 2.04 ± 0.74 This Study

Spring 2.54 [53]
Summer 4.21 [53]

Fall 10.45 [53]
Winter 4.95 [53]

Florida, USA January/March 0.03 [54]

Biscayne Bay, Florida, USA August/October 5–24 [19]

Bimini Harbor, Bahamas
July 5.1–5.3 [55]

August 6–9 [55]

Barbados September 27–140 [56]

H. wrightii

NW Florida, USA

Early Growth (Mar.-Apr.) 1.42 ± 0.57 This Study
Peak Growth (May-Jul.) 1.74 ± 0.94 This Study

Late Growth (Aug.-Sept.) 3.06 ± 0.69 This Study
Senescence (Sept.-Nov.) 4.66 ± 0.97 This Study
Dormancy (Dec.-Feb.) 3.53 ± 0.68 This Study

Spring 5.50 [53]
Summer 3.15 [53]

Fall 7.39 [53]
Winter 8.25 [53]

North Carolina, USA
June 0.021 [57]

August 0.023 [57]
November 0.001 [57]

H. beaudettei Jamaica December 28 [32]

Unvegetated NW Florida, USA

Early Growth (Mar.-Apr.) 0.53 ± 0.31 This Study
Peak Growth (May-Jul.) 0.82 ± 0.39 This Study

Late Growth (Aug.-Sept.) 1.27 ± 0.46 This Study
Senescence (Sept.-Nov.) 1.68 ± 1.06 This Study
Dormancy (Dec.-Feb.) 0.13 ± 0.07 This Study

Spring 2.61 [53]
Summer 12.05 [53]

Fall 3.89 [53]
Winter 64.71 [53]

3.7. Principal Component Analysis (PCA) and Analysis of Similarities (ANOSIM)

Principal component one (PC1) explained 27.3% of the variation and was most strongly
associated with porewater H2S concentration, percent water, percent organic matter and
percent areal cover of seagrass (Figure 7, Tables S2 and S3). Principal component two
(PC2) explained 21.2% of the variation and was most strongly associated with temperature,
porewater ammonium, salinity and surface irradiance (Figure 7, Tables S2 and S3). The
principal component analysis (PCA) of the data revealed a separation of the unvegetated
samples compared to seagrass. This was confirmed by an analysis of similarities (ANOSIM;
r = −0.098). PCA revealed a negative relationship between nitrogen fixation and porewater
ammonium (Figure 7).
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Figure 7. Principal component analysis (PCA) biplot showing relatedness of variables based on
substrate type. The variables included in this plot are pH (pH), temperature (Temperature), salinity
(Salinity), surface irradiance (X..SI), dissolved oxygen (DO.mg.L), water column chl a (OW.Chl.a),
water column ammonium (OW.NH4+), water column DIP (OW.P), water column nitrate (OW.NO3),
percent areal seagrass cover (X..Cover), sediment water content (X..Water), sediment organic matter
content (X..OM), porewater ammonium (Pore.NH4), porewater DIP (Pore.P), nitrogen fixation (N.fix),
porewater sulfide (Sulfide, and porewater N:P (NP.Ratio.Pore). The relatedness of temperature,
salinity and surface irradiance overlap their respective vectors in the lower right-hand corner of
the biplot.

4. Discussion

In Northwest Florida (30.35◦ N), H. wrightii is well within its normal geographic range
which extends to 35.6◦ N [58]. However, T. testudinum is at the northern extent of its range
where it is frequently exposed to suboptimal temperatures [58]. During the study period,
the water temperature dropped to 10 ◦C in January 2016. Salinity varied little throughout
most of the study period but was below the optimal salinity range for T. testudinum and
H. wrightii during the winter and early spring. Throughout the study, light attenuation
was low and within optimal ranges for T. testudinum and H. wrightii. Water temperatures,
salinities, pH and dissolved oxygen in this study were similar to previous studies conducted
within SRS [40,42,53,59]. In this study, temperature, salinity and percent surface irradiance
were highest during the summer, and dissolved oxygen was highest during the winter,
similar to previous studies in the same area [40,53,59]. Seagrass cover of both species was
highest during peak and late growth periods, the same time period aboveground biomass
of T. testudinum in Santa Rosa Sound was highest [40]. Positive correlations between
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seagrass areal cover and percent surface irradiance, temperature and salinity correspond
to increased seagrass growth rates during summer months. Temperature is the foremost
variable controlling seagrass growth for many species [60]. Because T. testudinum at Big
Sabine Point is at the northern edge of its range, distribution and growth rates were likely
controlled by temperature [41,61].

Water column nutrient concentrations were approximately 10% of porewater nutrient
concentrations, did not display any clear seasonal patterns and were likely a less important
sources of nutrients to the seagrasses than sediment porewater. Porewater ammonium
in sediments colonized by T. testudinum from this study were low compared to a study
conducted in Texas [58]. Porewater ammonium had a significant, positive correlation
with seagrass percent cover in sediments colonized by H. wrightii similar to Devereux
et al. [40] which suggested that seagrass growth and leaf production were stimulated by
ammonium availability.

Previous studies suggested that nitrogen is the limiting nutrient for T. testudinum
growth when porewater ammonium concentrations are below 100 µM [62]. Ammonium
concentrations were well below 100 µM across all substrate types during the entire study
period. Moreover, porewater N:P ratios in seagrass colonized sediments were much lower
than leaf N:P ratios as measured by Atkinson and Smith [51], below the 25–30 N:P ratio
threshold for P limitation [34,63] and were considered N limiting (Table 1). Previous
studies on H. wrightii and T. testudinum leaves collected from Grand Bay, MS and Big
Lagoon, FL, respectively, suggest phosphorus limitation [64], but Devereaux et al. [40]
found high phosphorus levels in T. testudinum leaves from SRS. High porewater N:P ratios
in adjacent unvegetated sediments suggested that relatively high uptake of nitrogen from
sediment porewater by seagrasses was mostly likely the cause for the apparent nitrogen
limitation (Table 1). The relatively high uptake of nitrogen from sediment porewater by
seagrass was most likely the cause for the apparent nitrogen limitation. Devereux et al. [40]
found that T. testudinum leaf growth rates were positively correlated with porewater NH4

+

concentrations. In this study, porewater NH4
+ was positively correlated with percent areal

cover in sediments colonized by H. wrightii, but not areas colonized by T. testudinum.
H2S accumulation was higher in areas colonized by seagrass than bare sediments.

Release of dissolved organic carbon by seagrasses as well as microbial breakdown of dead
seagrass tissue represent significant organic matter sources for sulfate reduction [65]. In sed-
iments colonized by either seagrass species, porewater H2S concentrations were positively
correlated with water temperature, consistent with the positive correlation between sulfate
reduction rates and temperature found by Devereux et al. [40]. Although H2S is toxic and
kills seagrasses when porewater concentrations are too high (>2000 µM) [52], our pore-
water H2S concentrations exceeded the sulfide toxicity threshold in 50% of the sampling
events in sediments colonized by T. testudinum and 43% of the sampling events in sediments
colonized by H. wrightii (Figure 5). In sediments colonized by seagrass, porewater H2S
concentrations were higher than the threshold during warmer months and in peak and late
growth periods (Figure 5). Although porewater H2S was very high during peak and late
growth periods in seagrass colonized sediments, there was no apparent dieback most likely
due to the oxic microshield around the roots and rhizomes [66]. Borum et al. [35] found
that seagrass oxygen release through their roots and rhizomes depended on water column
oxygen concentration and seagrass photosynthetic activity [35]. Oxygen release by roots
has not been measured for H. wrightii. Using the leaf to root dry weight ratio to predict
root oxygen release as in Sand-Jensen et al. [67], both species may release about 1–2% of
their total oxygen production through their roots. H. wrightii may release more oxygen
from its roots than T. testudinum because H. wrightii has a higher leaf to root dry weight
ratio [67]. Jovanovic et al. [68] found that Ruppia maritima, which is found in conditions
similar to H. wrightii, released more oxygen from its roots that Zostera marina which is
found is areas with more stable conditions similar to T. testudinum. In order to maintain
an oxic microshield against the sulfide intrusion, H. wrightii may need to release more
oxygen from its roots and rhizomes due to the greater surface area its subterranean root
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system compared to T. testudinum. Both species of interest in this study may have released
more oxygen from their roots and rhizomes during summer, when plant photosynthetic
activity and sulfide concentrations were highest, as observed in other species [69]. Koch
and Erskine [70] found that seagrass may be tolerant to exposure of high porewater sulfide
concentrations (up to 10 mM) for short periods of time (<28 d) and not result in a dieback;
however, a combination with other stressors, such as high temperature (35 ◦C), salinity
(55–60 PSU) and hypoxia, may elicit a dieback [71]. Koch and Erskine [70] observed high
rhizome-extracted oxygen levels (>30%), which may be retained during extended periods
of darkness (18 h). Other stressors, such as hypersalinity (65 PSU), may result in higher
seagrass respiration rates and lower the time it takes for H2S intrusion into seagrass tissues
to occur [72]. The lack of other stressors might explain why we did not witness a seagrass
dieback even though porewater hydrogen sulfide concentrations were as high as 6 mM.

Vegetated sediments had significantly higher nitrogen fixation rates than adjacent
unvegetated sediments, particularly during the winter (Figure 6). In T. testudinum colonized
sediments, nitrogen fixation rates were highest during the colder, winter months which was
unexpected. In areas colonized by H. wrightii, results suggest that the decreased availability
of bioavailable nitrogen (NH4

+) stimulated nitrogen fixation. The PCA plot showed a nega-
tive relationship between porewater ammonium and nitrogen fixation. Nitrogen fixation
rates were positively correlated with porewater H2S concentrations which were correlated
with porewater NH4

+ and DIP. We believe that increased organic matter mineralization
resulted in increased inorganic nutrient concentrations and dissolved organic carbon which
stimulated diazotrophic sulfate-reducing bacteria. Sulfate-reducing bacteria have a higher
threshold of ammonium concentrations, usually millimolar concentrations, in order to
inhibit nitrogen fixation [10,73]. This might explain why there was no significant nega-
tive correlation between nitrogen fixation rates and porewater ammonium concentration.
Nitrogen fixation rates from this study were lower than a previous study conducted in
Santa Rosa Sound, especially in unvegetated sediments (Table 2) [53]. Price [53] observed
higher nitrogen fixation rates relative to this study during winter, especially in H. wrightii
colonized sediments and unvegetated sediments (Table 2). Price [53] observed the fol-
lowing trends in nitrogen fixation, albeit they were not statistically significant: increased
nitrogen fixation rates in aerobically incubated sediment, increased nitrogen fixation rates
in unvegetated sediments compared to vegetated sediments, increased nitrogen fixation
rates in upper sedimentary layers (0–10cm) compared to lower layers (10–15 cm), a positive
relationship between nitrogen fixation rates and temperature and a negative relationship
between nitrogen fixation rates and dissolved oxygen.

Price [53] concluded that diazotrophs may meet nitrogen requirements in Santa Rosa
Sound because seagrass nitrogen demand may be lower in cooler waters. On an annual
basis, this study showed that nitrogen fixation in sediments contributed 0.8 and 1.0 g m−2

to T. testudinum and H. wrightii. At Big Sabine Point, nitrogen the demand for T. testudinum
estimated from productivity measurements was 47.6 mg N m−2 d−1, 459 mg N m−2 d−1

and 248 mg N m−2 d−1 during June 2016, July 2016 and September 2016, respectively [74].
This represented 14%, 1.0% and 2.0% of the plant nitrogen demand during those months.
On an annual basis, nitrogen fixation from sediment may supply 4% of the nitrogen
demand [75]. In contrast, annual mean nitrogen demand of H. wrightii was estimated to be
310 mg N m−2 d−1 with nitrogen fixation providing 1% of the annual nitrogen demand
for this seagrass species [75]. Measurements from the Bahamas suggest that nitrogen
fixation provided between 12 and 47% of the estimated nitrogen demand of 11–44 mg
N m−2 d−1 by T. testudinum observed by Capone et al. [55] The contribution of nitrogen
fixation to nitrogen demand in mature Zostera marina beds was also high, about 20%,
compared to this study [76]. This appears to be true even during periods of decreased
growth (senescence and dormancy). Different factors appear to influence nitrogen fixation
rates in different habitats. High H2S concentrations were apparent in seagrass colonized
sediments. Sulfate reducing bacteria may be primarily responsible for nitrogen fixation,
especially in unvegetated sediments.
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Because this study was conducted in an area with very little anthropogenic impacts,
future studies should focus on areas with greater anthropogenic impact and higher nutrient
inputs. Root and rhizome oxygen release should be measured for both seagrass species
and compared to porewater sulfide concentrations. This would determine if the oxic micro-
zone seagrasses have around their root system is maintained or strengthened in order to
withstand very high sulfide concentrations during summer. In order to more accurately
assess nitrogen fixation rates and sedimentary organic carbon utilization, stable isotope
techniques should be applied. In addition to nitrogen fixation, porewater nitrate concen-
trations, nitrification rates and dissimilatory nitrate reduction to ammonia (DNRA) rates
should be quantified in order to assess the importance of other nitrogen cycling processes
to meeting seagrass nitrogen demands. The sources of N loss, including denitrification and
anaerobic ammonium oxidation (anammox) should be quantified to determine if there is
net loss or gain of N in seagrass ecosystems.

5. Conclusions

Nitrogen fixation rates from this study are comparable to rates found by previous
studies (Table 2). Organic matter content in the sediments may be an important factor con-
trolling nitrogen fixation, but the mechanism driving nitrogen fixation is slightly different in
each substrate type. In unvegetated sediments, organic supply to sulfate reducing prokary-
otes seems to be driving nitrogen fixation (Figure 8a). Rates were higher during summer
months when microbial activity was likely highest. In H. wrightii colonized sediments,
decreased availability of bioavailable nitrogen relative to phosphorus may be stimulating
nitrogen fixation (Figure 8b). Moreover, nitrogen fixation rates were highest during periods
with higher organic matter availability. In T. testudinum colonized sediments, nitrogen
fixation rates were higher during dormancy when organic matter availability was highest
(Figure 8c). Lee and Dunton [15] found that T. testudinum acquired the majority of its total
nitrogen acquisition from its leaves during summer and from its roots during winter. Per-
haps, sediment nitrogen fixation rates were higher in winter and a more important source
of N for seagrasses during this period due to lower remineralization rates and overall lower
N availability. Sediment nitrogen fixation at Big Sabine Point may be an important source
of bioavailable nitrogen during winter when seagrasses experience decreased growth and
less important during summer when seagrasses experience high growth.

Figure 8. Cont.
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Figure 8. Conceptual models for conditions that stimulated sediment nitrogen fixation in the different substrate types:
(a) Organic matter remineralization in unvegetated sediments resulted in increased inorganic nutrients and carbon energy
sources for diazotrophic sulfate reducing bacteria which produced sulfide; (b) Decreased availability of bioavailable nitrogen
relative to phosphorus stimulated nitrogen fixation in sediments colonized by H. wrightii; (c) In sediments colonized by
T. testudinum, nitrogen fixation was highest when water column temperature and percent surface irradiance were at their
lowest and water column dissolved oxygen was at its highest. These conditions were associated with dormancy which had
the highest percent organic matter content in the sediments.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/jmse9070766/s1, Table S1: Spearman correlation coefficients and significance levels for the
following correlations between the various environmental and biogeochemical parameters for the
three substrate types, Table S2: Eigenvalues for principal components calculated by R for the PCA
biplot found in Figure 7, the percent variation explained by each principal component, and the total
cumulative percent variation explained by eigenvectors, Table S3: Contributions of each variable
represented in Figure 7 to PC1 and PC2, Figure S1: Sediment organic matter content during major
periods of the seagrass growth cycle. Error bars represent the standard error of the mean, Figure S2:
Water column chlorophyll a (µg L−1), ammonium (µM), nitrate and nitrite (µM), and DIP (µM)
concentrations from September 2015 through September 2016 at Big Sabine Point. Data from this
study is available in Supplemental Data.csv.
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