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Abstract: Giant unilamellar vesicles (GUVs) are frequently used as membrane models in studies of
membrane properties. They are most often produced using the electroformation method. However,
there are a number of parameters that can influence the success of the procedure. Some of the
most common conditions that have been shown to have a negative effect on GUV electroformation
are the presence of high cholesterol (Chol) concentrations, the use of mixtures containing charged
lipids, and the solutions with an elevated ionic strength. High Chol concentrations are problematic
for the traditional electroformation protocol as it involves the formation of a dry lipid film by
complete evaporation of the organic solvent from the lipid mixture. During drying, anhydrous Chol
crystals form. They are not involved in the formation of the lipid bilayer, resulting in a lower Chol
concentration in the vesicle bilayer compared to the original lipid mixture. Motivated primarily by the
issue of artifactual Chol demixing, we have modified the electroformation protocol by incorporating
the techniques of rapid solvent exchange (RSE), ultrasonication, plasma cleaning, and spin-coating
for reproducible production of GUVs from damp lipid films. Aside from decreasing Chol demixing,
we have shown that the method can also be used to produce GUVs from lipid mixtures with charged
lipids and in ionic solutions used as internal solutions. A high yield of GUVs was obtained for
Chol/1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) samples with mixing ratios ranging
from 0 to 2.5. We also succeeded in preparing GUVs from mixtures containing up to 60 mol% of the
charged lipid 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine (POPS) and in NaCl solutions with
low ionic strength (<25 mM).

Keywords: GUV; electroformation; damp lipid film; cholesterol demixing artifact; cholesterol;
charged lipids; saline solution; lipid film deposition

1. Introduction

Vesicles serve as vital tools for researchers exploring the membrane properties un-
der controlled conditions. Based on their lamellarity, they are divided into unilamellar,
multilamellar (MLVs), and oligolamellar vesicles. Unilamellar vesicles consist of a single
lipid bilayer, multilamellar vesicles have several concentric lipid bilayers, and oligolamellar
vesicles contain smaller vesicles within the outer membrane. Unilamellar vesicles are fur-
ther subdivided according to their size into small (SUVs, diameter less than 100 nm), large
(LUVs, diameter from 100 nm to 1 µm), and giant unilamellar vesicles (GUVs, diameter
over 1 µm). While SUVs and LUVs are frequently used for drug delivery investigations,
GUVs attract more attention for studies on membrane properties and organization, mainly
due to their size, which is comparable to that of eukaryotic cells [1]. Furthermore, due to
their size, GUVs can be observed using light microscopy techniques, which is an additional
advantage for researchers [2].
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In modern research, electroformation has become one of the most widely used methods
for the production of GUVs [3]. In this technique, an electric field is applied to an electrode
containing lipids to generate vesicles [4]. Typically, lipids dissolved in an organic solvent
are deposited onto an electrode. The solvent is then evaporated and vacuum treatment
is applied to remove the residual solvent, leaving a dry lipid film. The lipid-coated and
lipid-free electrodes were used to assemble the electroformation chamber, which was then
filled with a chosen internal solution and connected to an alternating current generator.
The hydration of the lipid film, assisted by the electric field, promotes the detachment of
the lipids, which leads to the formation of vesicles.

Electroformation offers significant advantages over the natural swelling method,
including a higher yield of unilamellar vesicles and less heterogeneity in composition.
However, the method is not without its challenges. The traditional electroformation
protocol, which involves depositing lipids using the drop-deposition method, often results
in lipid films with non-uniform thickness, leading to GUVs with broad size distribution
and varying compositions, ultimately reducing experimental reproducibility.

Researchers have made various attempts to improve this process [5–7]. For instance,
the spin-coating technique, in which a lipid solution is deposited onto a flat glass surface
coated with indium tin oxide (ITO) and spun rapidly, has been employed to create uniform
lipid films [8]. This method has been validated using techniques such as ellipsometry and
atomic force microscopy and has gained acceptance among researchers employing a wide
range of lipid compositions for GUV production [8–14].

Another significant issue with the traditional protocol is cholesterol (Chol) demixing
during the drying of the lipid film, particularly when working with lipid mixtures contain-
ing high Chol concentrations. In such cases, Chol can separate and form anhydrous Chol
crystals, which do not participate in the formation of the lipid bilayer during rehydration,
leading to a lower Chol concentration in the resulting bilayer (Figure 1) [9,15–17]. To ad-
dress this issue, some researchers have utilized the rapid solvent exchange (RSE) technique,
in which the drying phase is avoided by combining lipids dissolved in organic solvent with
an aqueous solution, followed by the rapid evaporation of the organic solvent [18–20]. This
method is effective in preventing Chol demixing; it primarily produces MLVs.
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Figure 1. Examples of Chol crystals formed during the dry film phase when using the traditional
electroformation protocol. The observed crystal structures are in good agreement with those observed
in the study of Park et al. [21] on the phases of Chol crystallization. The scale bar represents 50 µm.

Recent advances in electroformation protocols have also focused on the cleaning
of electrodes prior to lipid film deposition. Traditionally, electrodes are cleaned using
organic solvents, but plasma cleaning has proven to be a more effective alternative. Plasma
treatment not only cleans the electrodes but also enhances the efficiency of GUV formation,
particularly when using buffers with physiological levels of charged particles, likely due to
improved hydration of the lipid film [22,23].
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In this study, we combine the above modifications with the traditional method of pro-
ducing GUVs using an electroformation protocol from damp lipid films. This method has
the potential to prevent Chol demixing during electrofromation while keeping the prepara-
tion time short and enhancing the reproducibility of the protocol. Such GUVs are of particu-
lar interest to researchers studying the role of Chol in various biological membranes, includ-
ing those of the eye lens fiber cells, and in the development of atherosclerosis [20,24,25].
We show that the method is not only suitable to be applied to lipid mixtures with high Chol
concentrations but can also be used to produce GUVs from mixtures with charged lipids or
in ion-containing solutions.

2. Materials and Methods
2.1. Materials

1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), 1-palmitoyl-2-oleoyl-sn-glycero-
3-phospho-L-serine (POPS), and Chol were purchased from Avanti Polar Lipids Inc. (Alabaster,
AL, USA). The fluorescent dye 1,1-dioctadecyl-3,3,3,3-tetramethylindocarbocyanine Perchlorate
(DiIC18(3)) was purchased from Invitrogen, Thermo Fisher Scientific (Waltham, MA, USA).
Lipids were stored at −20 ◦C when not in use. ITO-coated glass (ICG-90 INS 115, resistance
70–100 Ω and dimensions of 25 × 75 × 1.1 mm) was purchased from Delta Technologies
(Loveland, LO, USA). A fresh ITO-coated glass was used for each preparation to ensure
efficient GUV formation [26]. Mili-Q deionized water (Merck, Rahway, NJ, USA), preheated
to 60 ◦C, was used as the internal chamber solution. For the saline solutions, NaCl 99.5%
(Gram-mol, Zagreb, Croatia) was dissolved in Mili-Q deionized water.

2.2. Preparation of Multilamellar Vesicles Using the Rapid Solvent Exchange Method

MLVs were produced using a custom-built rapid RSE device to resolve the issue
of Chol demixing. A lipid mixture dissolved in chloroform was prepared by mixing
25 mg/mL of POPC, 25 mg/mL of Chol, 10 mg/mL of POPS, and 1 mg/mL of DiIC18(3) in
the appropriate proportions. The Chol/POPC mixing ratios ranged from 0 to 2.5 (equivalent
to a cholesterol mixing concentration of 0 to 71.4 mol%), while the DiIC18(3)/POPC mixing
ratio was kept constant at 1/500. When working with POPS/POPC/Chol ternary mixtures,
the Chol mixing concentration was kept at 10 mol%, and the POPS mixing concentration
ranged from 5 to 60 mol%. The total lipid mass per sample was 2.1 mg. Either Mili-Q water
or a NaCl solution with low ionic strength (10 and 25 mM) were used as internal solutions.
In total, 400 µL of the internal solution of choice was added to the lipids dissolved in the
organic solvent, and the resulting mixture was vortexed (Vortex IR, Star Lab, Blakelands,
UK) at a speed of 2200 rpm. While vortexing, the pressure was kept at approximately
0.05 bar using a vacuum pump (HiScroll 6, Pfeiffer Vacuum, Asslar, Germany). The sample
was maintained at this pressure for 90 s to ensure the full removal of any remaining
organic solvent.

2.3. Preparation of Unilamellar Vesicles by Sonication

The MLV solution prepared by the RSE method was sonicated using an ultrasonic
homogenizer (SONOPLUS Ultrasonic Homogenizer HD 4050, Bandelin, Berlin, Germany)
and an ultrasonic tip (Probe TS 102, Bandelin, Berlin, Germany) connected at an ultrasonic
converter (UW 50, Bandelin, Berlin, Germany). If not stated differently, the sonication
lasted 30 min at an amplitude of 60% (81 µm). Pulsed sonication was used (0.5 s on, 0.5 s
off) to allow cooling and reduce the risk of overheating. To keep the lipids above their
mixing temperature, the glass vial with the vesicle solution was heated at 60 ◦C using a
hotplate (Cimarec + stirring hotplate, Thermo Fisher Scientific, Waltham, MA, USA).

2.4. Preparation of the Damp Lipid Film

The ITO-coated glass stored in Mili-Q deionized water overnight was taken out and
then wiped five times with lint-free cloths saturated with 70% ethanol. Afterward, the
electrode underwent a 1-min oxygen plasma treatment using a plasma cleaner (PDC-
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002-HPCE with PLASMAFLO PDC-FMG-2 attachment, Harrick Plasma, Ithaca, NY, USA)
connected to a vacuum pump (HiScroll 6, Pfeiffer Vacuum, Asslar, Germany). Subsequently,
550 µL of a LUV suspension was applied to the hydrophilic plasma-treated ITO-coated
glass electrode and spun using a spin-coater (SM-150, Sawatec, Sax, Switzerland) to obtain
the lipid film. The electrode was spun at 600 rpm, reaching full speed within 1 s. The
spin-coating was performed for 30 s to ensure the formation of a uniform damp lipid film.
To prevent unintended evaporation, the coated ITO-coated glass was immediately placed
into a Petri dish and used to assemble an electroformation chamber.

2.5. Electroformation Protocol

The electroformation chamber was assembled by sandwiching two ITO-coated glass
slides (25 × 37.5 mm) with a 1.6 mm thick polytetrafluoroethylene (Teflon) spacer in
between. The electrodes were made by cutting a 25 × 75 mm ITO-coated glass slide in half
with a diamond pen cutter. To assemble the chamber, the lipid-coated glass was sealed
to the Teflon spacer using vacuum grease, while the lipid-free electrode was sealed to the
Teflon spacer on the opposite side. After the addition of 280 µL of Mili-Q water or saline
solution, the stopper was sealed with vacuum grease. The care was taken that the grease
did not come into contact with the water in order to prevent contamination that could
affect GUV formation. The chamber was secured with clamps at three points along the
electrodes—two near the stopper and one on the opposite side. The chamber was connected
to a pulse generator (PSG 9080, Joy-IT, Neukirchen-Vluyn, Germany) and placed in an
incubator set at 60 ◦C. Copper tape was applied to the outer edges of the electrodes to
improve the wire–electrode contact. As in previous experiments with aqueous solutions, a
voltage of 2 V and a frequency of 10 Hz were used [7,9,10,12]. In experiments using saline
solution as the internal solution, a voltage of 4 V and a frequency of 500 Hz were applied.
After 2 h, the pulse generator was turned off and the chamber was kept in the incubator for
an hour.

2.6. Dynamic Light Scattering

Dynamic light scattering (DLS) was utilized to determine the hydrodynamic diameter
and polydispersity index of the MLV and LUV suspensions (Litesizer 500, Anton Paar,
Graz, Austria).

2.7. Fluorescence Imaging and Data Analysis

In order to comprehensively analyze the entire chamber volume, images were captured
at 16 different regions of the sample. A total of 300 vesicles were randomly tracked from
fluorescent images. If an image contained less than 300 vesicles, all visible vesicles were
selected. To avoid bias, a subset of 100 vesicles was randomly chosen from these 300 vesicles
for further analysis. Imaging was performed with a fluorescence microscope (Olympus
BX51, Olympus, Tokyo, Japan), and vesicle diameters were measured using the line tool in
Fiji software (ImageJ 1.53c) [27]. The numerical results are presented as the mean ± standard
errors. Both data analysis and visualization were conducted using the R programming
language [28].

3. Results and Discussion
3.1. The Protocol

The modifications of the protocol were inspired by the vesicle fusion method often
used for the production of supported lipid bilayers [29–33]. In this method, an aqueous
suspension of LUVs or SUVs is deposited on a hydrophilized surface. The hydrophilic
surface causes vesicle rupturing, resulting in planar bilayers. Since our main motivation
was to prevent Chol demixing induced during the drying of the lipid film, in order to
utilize this new protocol, we first had to find a way to reliably create LUVs containing high
Chol concentrations.
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The easiest way to create vesicles is to use the hydration method. Unfortunately,
this method also requires the evaporation of the organic solvent before the hydration of
the film [34–36]. This is why our protocol begins with the preparation of MLVs using
the RSE method (Figure 2a), which was confirmed to be effective in preventing Chol
demixing [18,19]. The lipids dissolved in an organic solvent are first mixed with an aqueous
solution of choice and stirred using a vortex mixer. The mixture is then subjected to a
sudden vacuum, causing the organic solvent to rapidly evaporate from the mixture.
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Figure 2. The modified protocol is for electroformation of GUVs from a damp lipid film. (a) The
RSE method is used to produce an MLV solution. The RSE method is used to produce an MLV
solution. An organic solvent (blue) containing lipids (red) is mixed with an aqueous solution (tube 1).
The organic solvent is removed by vortexing the solution under vacuum in order to form MLVs
(tube 3). (b) The suspension of MLVs is sonicated to produce LUVs. (c) A plasma cleaner is used
to hydrophilize the ITO electrode. (d) The LUV suspension is deposited onto a plasma-cleaned
ITO-coated glass and spin-coated to obtain a damp lipid film. (e) The coated electrode is used to
assemble the electroformation chamber and connected to a voltage source to enable the growth
of GUVs.

Although effective, the RSE method does not provide a homogeneous suspension of
LUVs, but instead contains MLVs instead. The preparation of LUVs from a suspension of
MLVs is most commonly conducted using mechanical extrusion or sonication. We tested
the extrusion approach in our previous work [10,12] but found a couple of drawbacks
to the method. Firstly, the method is time-consuming and always results in a loss of a
small portion of the suspension volume [37]. Secondly, the extrusion of MLVs with a high
Chol content results in a very large opposing force, making the extrusion process difficult,
especially when using smaller pore sizes [10,12].
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For this reason, we have opted for the sonication technique in this study (Figure 2b).
It is much simpler and faster than extrusion [37], with only one manual action required:
submerging a sonicator tip into the suspension of MLVs. It is also cheaper in the long term,
as there is no need to buy disposable filters, as is the case with extrusion.

After the LUV suspension was obtained, it should be deposited onto a hydrophilized
electrode surface. The hydrophilization was achieved using a plasma cleaner (Figure 2c).
The traditional way of lipid deposition is the drop deposition technique, but it leads to the
creation of inhomogenous lipid films, reducing the reproducibility of the experiment [7].
Therefore, we opted to deposit the suspension of LUVs using the spin-coating method
(Figure 2d), which was proven effective in creating homogeneous lipid films [8,10]. Addi-
tionally, by controlling the spin-coating duration, we can reproducibly control how wet the
film is and prevent it from drying out completely [12].

Now that the electrode was coated with the damp lipid film, all that remained was
to create an electroformation chamber and attach it to an alternating voltage source to
facilitate the growth of the GUVs (Figure 2e).

3.2. Determination of the Sonication Parameters

The size distribution of vesicles can be influenced by factors such as lipid composition,
sonication duration, and sonication amplitude [37–39]. Therefore, we first tested the effect
of three different sonication amplitudes at a fixed Chol/POPC ratio of 1.5 (Figure 3a). The
tested amplitudes were 20, 40, and 60%, with the amplitude of 100% corresponding to
an oscillation of 135 µm. The amplitude was not increased above 60% in order to avoid
possible excessive damage to the vesicles. In addition, pulsed sonication (0.5 s on, 0.5 s
off) was utilized to allow cooling and reduce the risk of overheating. By continuously
measuring the temperature throughout the duration of sonication, we did not detect any
significant increase in temperature with this approach. After inspecting the rate of decrease
in average vesicle size, we decided to use an amplitude of 60%.
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Figure 3. The effect of sonication parameters on the size of produced LUVs. (a) The effect of sonication
duration using different sonication amplitudes for MLVs produced from a mixture with a Chol/POPC
ratio of 1.5. (b) The effect of sonication duration for different Chol/POPC mixing ratios at a sonication
amplitude of 60%.

Next, fixing the sonication amplitude at 60%, the effect of different lipid compositions
on the change in particle size over time was tested (Figure 3b). Five different composi-
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tions were tested, with a Chol/POPC ratio ranging from 0 to 2. Similar to another study
investigating the influence of increasing Chol concentration in the sonicated vesicles [38],
we observed that vesicles with a lower Chol content broke more easily. However, after
approximately 30 min, there seemed to be no appreciable additional decrease in average
diameter with time. This saturation behavior is consistent with other studies on liposome
sonication [39,40]. Furthermore, prolonged sonication induces the formation of free rad-
icals [40], altering the properties of membrane lipids. Therefore, we settled on a pulsed
sonication duration of 30 min.

3.3. The Effect of Chol Content

After finding the optimal sonication parameters, we tested the effect of increasing the
Chol concentration on GUV electroformation using our modified protocol (Figure 4). The
results indicate a decrease in the average diameter of GUVs with increasing Chol/POPC
ratio, with a size range similar to that observed in previous studies [12].
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Figure 4. The effect of increasing the Chol content on the electroformation of GUVs. (a) Size
of GUVs as a function of the different Chol mixing ratios. The points and bars represent mean
values and standard errors. The mean values were calculated by averaging the mean diameters
from three independent samples for each concentration. (b) Size distribution densities for different
Chol contents. Each distribution density represents 300 vesicles (100 vesicles from each of the
three samples). (c) Fluorescence microscopy images for each sample. The scale bar represents 50 µm.

This trend could be a result of reduced membrane elasticity and increased rigidity
when more Chol is incorporated, which hinders vesicle formation. The effect is especially
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pronounced when the Chol/POPC mixing ratio exceeds 1.5 (more than 60 mol% Chol
in the mixture), where GUV membranes are expected to contain pure cholesterol bilayer
domains (CBDs) [17]. An increase at a ratio of 2.5 (71.5 mol% Chol in the mixture) could
be explained by Chol demixing due to the Chol/POPC ratio being higher than the Chol
solubility limit of 66 mol% [41]. The demixing was also evident from a high number of
Chol crystals observed during microscopy after the Chol/POPC ratio exceeded two. No
Chol crystals were detected at the Chol/POPC mixing ratio lower than 2. At a ratio of
2, a negligible number of crystals were found, which was much lower than the number
observed at the same ratio when using the traditional protocol. As expected, many crystals
appeared on the surface after exceeding the Chol solubility limit at a Chol/POPC ratio
of 2.5.

3.4. The Effect of Charged Lipids

The effect of different concentrations of a negatively charged POPS lipid was also
tested (Figure 5).
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Figure 5. Electroformation from damp lipid films using different concentrations of POPS. (a) GUV
size as a function of POPS concentrations. The points and bars represent mean values and standard
errors. Mean values were calculated by averaging the mean diameters of three independent samples
for each concentration. (b) Size distribution densities of GUVs for different POPS concentrations.
Each distribution density represents 300 vesicles (100 vesicles from each of the three samples).
(c) Fluorescence microscopy images for each sample. The scale bar represents 50 µm.
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We succeeded in producing GUVs from a ternary POPS/POPC/Chol mixture with
a POPS concentration ranging from 5 to 60 mol%, and a fixed Chol concentration of
10 mol%. The number of vesicles produced at POPS concentrations higher than 60 mol%
was negligible.

Regarding the amount of POPS incorporated into the membrane, it has been shown
that the incorporation of negatively charged lipids reduces membrane stability due to
the reduction in membrane edge tension, which can lead to the complete collapse of the
vesicle [42]. The results using POPC/POPG mixtures indicate high instability after 50 mol%
of POPG [42], which is in line with the results presented here.

In comparable studies (using DOPS instead of POPS), an even lower amount of charged
lipids was used for testing, namely about 30 mol% [23,43]. The average diameters of the
obtained vesicles with such a composition were about 10 µm [43] and 20 µm [23], which is
much smaller compared to our results with similar concentrations of charged lipids.

It should also be noted that one of these studies performed a comprehensive optimiza-
tion of the electrical parameters for each lipid composition [23], whereas we contented
ourselves with the commonly used values. Additionally, in the aforementioned studies, the
drop deposition method was used (with or without subsequent smearing) to deposit the
lipid film. Although this approach is inherently less reproducible, it has the advantage of
resulting in a lipid film with regions of varying thicknesses, ensuring that there is always
a portion of the lipid film that has the optimal thickness for that lipid composition. Our
protocol uses the spin-coating technique instead, which can lead to greater homogeneity of
film thickness, but requires more optimization because film thickness varies greatly with
different lipid compositions and lipid concentrations [8,11]. Consequently, even though the
present results with POPS are already quite good, we expect even better outcomes once the
fine-tuning of the electrical parameters and film thickness is performed.

3.5. The Effect of Using Saline Solutions

GUVs prepared from a Chol/POPC mixture with a fixed Chol concentration of
10 mol% can also be successfully produced even when saline solutions were used dur-
ing electroformation (Figure 6). We selected a voltage of 4 V and a frequency of 500 Hz
according to the literature [22]. The average GUV diameters and standard errors were
11.2 ± 2.6 µm and 7 ± 0.3 µm for NaCl concentrations of 10 and 25 mM, respectively.
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Previous studies have shown that cleaning the electrodes with plasma [22] or apply-
ing preformed liposome suspensions during film deposition [43,44] can promote GUV
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electroformation under ionic conditions. Our modified protocol applies both of these
modifications, and the results obtained are in agreement with those presented in their
studies under similar conditions [22].

It is important to note that visibly wet lipid films were used for these experiments, as
the duration of spin-coating was only 30 s. Since the amount of Chol in the mixture here
was low, we could have dried the film even more, which would probably have given us
even better results [10].

4. Conclusions

GUVs are extensively used in studies on membrane properties and are most commonly
produced using the electroformation method. In this study, a modified protocol is described
that addresses some of the shortcomings of the traditional method, offering a more efficient
and reproducible approach for the preparation of GUVs, particularly for experiments
requiring high Chol concentrations. In order to eliminate the dry lipid film phase and
reduce Chol demixing, we used techniques that have been shown to be beneficial for GUV
production under other conditions, such as when using charged lipids or ionic solutions.

Initially, the RSE method was used to avoid drying the lipid film and Chol demixing
artifact. Sonication is a new method included in this protocol. We concluded that a
sonication time of 30 min is sufficient to form LUVs. Replacing the extrusion step with
sonication has further improved our protocol. Sonication is less time-consuming and results
in a smaller amount of lipids used in the protocol. The extrusion of MLVs with a high
Chol content, which results in a very large opposing force and makes the extrusion process
difficult, was a problematic step in our previous protocol. Applying the sonication method
instead of extrusion in our protocol makes the process shorter and easier to perform. We
have also included plasma cleaning of the electrode, which has been shown to promote
vesicle formation when using charged lipids or saline solution. To ensure methodological
reproducibility, the solution of LUVs was applied to the electrode by spin-coating instead
of drop deposition.

We tested our modified protocol using lipid mixtures with very high Chol concen-
trations, charged lipids (POPS), and saline solutions. Compared to other studies testing
GUV electroformation under similar conditions, the results obtained were similar or better
than the data found in the literature [22]. Furthermore, by bypassing the dry phase, our
protocol should be more suitable for protein insertion into GUVs and further reduce the
risk of protein denaturation [45,46].

In the future, we plan to test the performance of the new protocol using a larger
number of lipid species and ionic solutions to further customize the protocol for the best
possible outcomes.
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