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Abstract

:

Mushroom ligninolytic enzymes are attractive biocatalysts that can degrade lignin through oxido-reduction. Laccase, lignin peroxidase, manganese peroxidase, and versatile peroxidase are the main enzymes that depolymerize highly complex lignin structures containing aromatic or aliphatic moieties and oxidize the subunits of monolignol associated with oxidizing agents. Among these enzymes, mushroom laccases are secreted glycoproteins, belonging to a polyphenol oxidase family, which have a powerful oxidizing capability that catalyzes the modification of lignin using synthetic or natural mediators by radical mechanisms via lignin bond cleavage. The high redox potential laccase within mediators can catalyze the oxidation of a wide range of substrates and the polymerization of lignin derivatives for value-added chemicals and materials. The chemoenzymatic process using mushroom laccases has been applied effectively for lignin utilization and the degradation of recalcitrant chemicals as an eco-friendly technology. Laccase-mediated grafting has also been employed to modify lignin and other polymers to obtain novel functional groups able to conjugate small and macro-biomolecules. In this review, the biochemical features of mushroom ligninolytic enzymes and their potential applications in catalytic reactions involving lignin and its derivatives to obtain value-added chemicals and novel materials in lignin valorization are discussed.
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1. Introduction


Lignocellulose is a renewable bioresource used to produce bio-based fuel, chemicals, and materials. Lignocellulosic biomass is an abundant and renewable resource from plants such as soft grasses, hard woods, agricultural crops, and their waste byproducts, mainly composed of polysaccharides. These plant cell walls consist of a complex polyphenolic lignin combined with rigid cellulose amorphous hemicellulose structures [1,2]. Since plant cell walls are arranged with multi-layers consisting of lignin, cellulose, and hemicellulose, which have strong interactions with each other, the disturbance and breakdown of polymeric structures are the initial processes required for the utilization of subunit compounds such as sugar monomers, oligomers, and other aromatic derivatives [1,2]. Lignin binds to cellulose fibers to harden and strengthen plant cell walls. Cellulose is the main structural polysaccharide of the primary plant cell wall, and it accounts for 30–50% of the dry weight of lignocellulose. The second polysaccharide component of lignocellulose is hemicellulose, which accounts for 15–34% of the plant cell wall. The third main component is lignin. Conceptually, the microbial bioconversion of renewable chemicals from the biomass involves four main steps: physical and chemical pretreatment of biomass, depolymerization of the pretreated biomass, fermentation of the resulting sugars, and purification or distillation of the products [3,4]. Other processes directly depolymerize biomass under harsh physical and chemical reactions, and the lysed monomers or oligomers can then be converted to renewable products through chemical or biological catalysts [1,2,3,4]. Theoretically, the main three fractions (% dry wt), cellulose (30–50%), hemicellulose (15–34%), and lignin (9–32%), from renewable sources could be converted completely to fuels and chemicals within the concept of net-zero emissions technology [5]. Nevertheless, different physical or chemical pretreatment procedures are employed for various types of lignocellulosic biomass, which may influence the downstream process for the conversion efficiency and productivity of final products [5,6].



Over recent decades, the process of the extraction of cellulose and hemicellulose linked to lignin from different types of biomass has been well-established to obtain fermentable sugars for the production of cellulosic biofuels or bio-building-block substances for chemical polymers [1,2,4]. Since cellulose and hemicellulose consist of simple or uniform monosaccharide subunits, these fractions can be extracted easily as monomeric or oligomeric sugars through pretreatment processes rather than lignin-containing complex heteropolymers within aromatic structures [6,7,8]. Most of the conventional pretreatments comprised chemical methods combined with physical processes to enhance the cellulose content per gram of biomass or to extract hemicellulose fractions [6,7,8,9,10,11]. However, lignin fractions are released as byproducts of these pretreatment processes [7,10,12]. The high content lignin substances are then found in the wastewater generated by the pretreatment processes. Treatment of this wastewater accounted for approximately 20% of overall production costs [13]. The extracted lignin could be potentially utilizable for renewable chemicals to reduce non-utilized materials from biomass and overall production costs down for a sustainable green technology [14].



Lignin consists of aromatic heteropolymers with complex chemical linkages. The heteropolymeric structures contain hydroxyl, methoxyl, carbonyl, and carboxyl groups linked to aromatic or aliphatic moieties, with different molecular weights [15]. Lignin valorization is challenging due to the complexity of its structures compared with other cellulose and hemicellulose polymers [15,16]. The chemical bonds from the heterogeneous structures in lignin should be cleaved off by sophisticated catalysts with chemo-, regio-, and stereo-selectivity. Therefore, ligninolytic enzymes could be potential biocatalysts to convert lignin into valuable aromatic compounds [17,18,19]. Although plant lignin is resistant to biodegradation, many microorganisms, including fungi, secrete lignocellulotic enzymes to decay biomass for mineralization of the recalcitrant compounds [19]. These microorganisms, along with other degraders in nature, play a carbon-recycling role in ecosystems. These bacterial degradation ecosystems could potentially mimic lignin conversion into high-value aromatic compounds [16,17,19].



Ligninolytic enzymes that could be used for lignin valorization (i.e., that can selectively carry out regio- and stereo-specific bond formation under mild reaction conditions) have been highlighted as a promising method to overcome the limitations associated with classical chemical catalysts [17,18]. In this review, I describe the biochemical properties of ligninolytic enzymes reported from mushroom species and their applications for chemoenzymatic approaches to produce renewable aromatic compound derivatives.




2. Structure of Lignin for Valuable Aromatic Compounds


Lignin is one of the main components consisting of a plant biomass. Lignin has a unique structure of closely associated cellulose and hemicellulose, which resists the bio-degradation of plant cell walls to protect plants against environmental stress [19,20,21,22]. Lignin is a heterogeneous polymer containing various aromatic structures consisting of phenylpropane subunits, linked with carbon–carbon (C–C) or ether (C–O–C) into a complex three-dimensional structure [20,21,22]. The complex structure of lignin is initially biosynthesized from an aromatic amino acid phenylalanine or tyrosine. Then, the aromatic amino acid is converted into p-coumaryl alcohol via the phenylpropanoid pathway following deamination, ring hydroxylation, methylation, and carboxyl reduction. Following that, p-coumaryl alcohol (H-unit) is elaborated to coniferyl and sinapyl alcohols (G- and S-units). These phytochemical substances of the three alcohol types are called monolignols or lignols, which are the main building blocks of lignin structures [23,24,25] (Figure 1).



Interestingly, the biochemical synthesis of lignin is a unique polymerization through chemoenzymatic reactions, in which oxidases and peroxidases generate reactive quinone methide intermediates as lignin precursors from hydroxylated monolignols, p-hydroxyphenyl, guaiacyl, and a syringyl unit, and then these compounds are spontaneously polymerized [23,24,25]. Lignin polymers have been assumed as non-optically active chemicals since their monomers do not contain chiral structures. Nevertheless, the subunit structures of phenylpropanoid have two potential asymmetric carbons at the α- and β-positions of the side-chain moiety [23,26]. These two chiral centers generate structural variety of lignin in the monomer condensation process. In the polymerization reaction, benzylic hydroxyl groups in the β-aryl ether structural units in monolignols are lost, forming benzylic cation [26]. One of them is formed at the β-position by a β-O-4, β–β, β-5, or β-1 coupling reaction between new Cα–Cβ cross-linkage bonds from monolignols or the phenolic end of the growing polymer [23,26,27]. This polymerization of the precursors randomly occurs to form lignin complex structures. This reduces the enzyme accessibility and solubility for biodegradation, compared with the uniform structures of other cellulose and hemicellulose polymers in plant cell walls.



Although lignin, cellulose, and hemicellulose contents vary across plant species, plant cell walls usually contain around 20–35% lignin by weight [22,25]. Comparing lignin subunits in soft and hard woods, soft wood plants contain higher guaiacyl content and lower p-hydroxyphenyl unit content in their lignin structures [28]. Hardwood lignin primarily consists of guaiacyl and syringyl units in various proportions, together with minor levels of p-hydroxyphenyl units [28]. These different subunits of lignin contribute to differences in their physical properties.




3. Challenge of Lignin Fractionation and Depolymerization


To achieve lignin valorization, fractionation and depolymerization are still challenging research issues due to the complex mixture of lignin’s subunits and the oligomers extracted from its biomass. Some procedures, preparing klason, alkali, sulfide lignin, etc., are known to fractionate lignin from biomass [29,30]. However, separating certain types of β-aryl ether structural units or the monomerized monolignols from lignin remains a challenging task for lignin valorization to obtain products, such as hydrolyzed sugars or oligosaccharides from cellulose or hemicellulose. Nevertheless, two main resources are considered to obtain potentially available lignin as byproducts in the utilization of lignocellulose. One major source of lignin is the byproducts of the pulp and paper industry [21,30]. The kraft and sulfite processes generate kraft lignin and water-soluble lignosulfonates as a byproduct, respectively. These two methods can extract lignin by chemical treatments with sodium hydroxide and sodium sulfide for kraft lignin or using aqueous sulfur dioxide for lignosulfonate. The other main source is byproducts of lignocellulosic bio-ethanol production processes [14]. There are various chemical pretreatment processes used to extract cellulose and hemicellulose for fermentable sugars of ethanol production, and lignin is usually solubilized into wastewater or remains in the treated biomass [7,12,13]. The residual lignin in the biomass remains as a solid waste after fermentation and the product recovery process [12]. However, these byproducts are still considered waste and are burned to generate energy to operate their process [13,14]. Recently, pyrolysis or gasification of these biomass byproducts has been alternatively applied to valorize lignin fractions [31,32].



Although these lignin fractions would be potentially useful resources, lignin depolymerization is a barrier to producing valuable chemicals from lignin due to its heterogeneous and complex structure, the different physical properties of pretreated byproducts, difficulties associated with linkage cleavages in monolignols, repolymerization of depolymerized products, and so on [2,16,25,29]. Nevertheless, there is increasing interest in developing novel biocatalyst methods for lignin valorization by mimicking the natural processes of biodegradation in microorganisms [17,18,19].




4. Lignin Biodegradation and Ligninolytic Enzymes


Lignin is degraded by microorganisms under aerobic conditions, although the degradation rate of lignin is much lower than it is for cellulose and hemicellulose. The intact biomass is attacked first by Basidiomycetes fungi [17,18,19,33]. These fungi initiate degradation processes enzymatically to decompose lignin, cellulose, and hemicellulose. The biodegradation of lignin is a heavily oxidative process by indirectly random mechanisms involving several enzymes in the oxidoreductase family [22,25,33]. Enzymatic biodegradation is associated with oxidizing agents such as superoxide anion (O2−), hydrogen peroxide (H2O2), hydroxyl radicals (–OH), and singlet oxygen (1O2) [19,33]. These reactive compounds break the bonds between the subunit of monolignols and depolymerize lignin gradually within ligninolytic enzyme reactions.



The main four enzymes in fungus species reported as key biocatalysts for breaking C–C or C–O bonds in heterogeneous and complex structures of lignin are laccase and laccase-like multicopper oxidase, lignin peroxidase (LiP), manganese peroxidase (MnP), and versatile peroxidase (VP). These proteins are secreted from fungi species including mushrooms, penetrate into undecayed wood tissue, and initiate lignin degradation using phenolic compounds as mediators by radical mechanisms [19,33]. Since the lignin degradation activities in white- and brown-rot fungi, such as basidiomycetes, last several decays, many ligninolytic enzymes have been identified and characterized [17,18,19]. In addition to fungi, some bacterial lignin degradation activities have been reported in Arthrobacter, Flavobacterium, Micrococcus, Pseudomonas, Brucella, Ochrobactrum, Sphingobium, and Sphingomonas and other related species belonging to Actinobacteria, α- and γ-Proteobacteria [34,35,36]. Nevertheless, fungal enzymes are most commonly used in lignin degradation. Moreover, the ligninolytic enzymes from mushroom species belonging to phylum Basidiomycota are attractive sources for the application of lignin valorization based on chemoenzymatic approaches [17,19,37].



4.1. Laccase and Laccase-Like Multicopper Oxidase


Laccase (EC 1.10.3.2) is a polyphenol oxidase belonging to the copper-containing oxidase family that is capable of oxidizing aromatic compounds with substrate spectra in diverse organisms including fungi, bacteria, insects, and plants [38,39]. With coupling reactions of radical formation as well as one-electron oxidation, a laccase catalyzes the cleaving of C–C or C–O bonds in lignin and other aromatic compounds. This enzyme can oxidize a wide range of aromatic compounds, aliphatic amines, hydroxylindoles, polysaccharides, and inorganic or organic metals [17,19]. Consequently, it is favored by various industries for oxidation reactions [38,39,40].



In eukaryotes, laccase activity has been reported from most higher fungi in the orders Ascomycetes and Basidiomycetes [17,19,39]. Besides lignin degradation, laccase and laccase-like multicopper oxidase is an essential enzyme playing a role in multiple functions of development and morphogenesis, pathogenesis and detoxification, the biosynthesis of secondary metabolites (e.g., melanin pigments), and polymerization of polyphenolic compounds, etc. [19,38,39]. Interestingly, mushroom laccases and related enzymes were found to be intracellular or extracellular proteins. These localized enzymes may participate in different cellular and physical functions in mushrooms. The extracellular enzymes are secreted proteins containing signal sequences and protein N-glycosylation for cellular localization, which catalyze high molecular weight complex aromatic compounds such as lignin [39,41]. The intracellular enzymes are endogenous cytoplasmic proteins that convert the low molecular weight of intracellular compounds for biosynthesis of secondary metabolites as well as pigment chemicals [25,42].



As summarized in Table 1 [43,44,45,46,47,48,49,50,51,52,53,54,55,56,57,58,59,60,61,62,63,64,65,66,67,68,69,70,71,72,73,74,75,76,77,78,79,80,81,82,83,84,85,86,87,88,89], several species of mushroom, including Agaricus bisporus, Lentinula edodes, Pleurotus ostreatus, and Trametes versicolor, produce more than one laccase isoenzyme, each with different biochemical features. Although the biological functions of some of these isoenzymes remain unclear, they display differences in terms of their substrate specificities and expression patterns [74,79,86]. In higher eukaryote mushrooms, alternative RNA splicing in the transcription process results in multiple transcript variations for isoenzymes of laccase and laccase-like multicopper oxidase with highly homologous sequences in one species [90,91,92]. The number of isoforms varies depending on the mushroom species, presence or lack of an inducer, growth and stress condition, and other environmental conditions [92,93,94,95,96]. However, the regulatory mechanisms of isoenzymes and the cellular functions have not yet been characterized. Although the biological functions of these laccase isoenzymes are still unclear, most mushroom laccases are secreted extracellular enzymes with different substrate specificities toward aromatic compounds. Therefore, it has been suggested that they play an important role in the degradation of lignin in nutrient uptake to support the growth of mushroom fruit bodies. L. edodes H600 harbors extracellular and intracellular laccases, Lcc1 and Lcc2, within different substrate specificities [59,60]. The activities of both enzymes for typical laccase substrates such as ABTS, p-phenylenediamine, 2,6-dimethoxyphenol, ferulic acid, and guaiacol were similar, but those of intracellular laccase for catechol and L-DOPA were noticeably lower than the extracellular enzyme [60]. The expression of these two laccase-coding genes was high in the caps of the fruiting body, and high enzyme activities were also detected when the pigment of the fruit bodies changed during post-harvesting preservation. Thus, the intracellular laccase could play a role in pigment synthesis by oxidation of phenolic compounds, such as dihydroxyphenols, to making the fruiting bodies turn brown [60]. However, the oxidized chemical structures of dihydroxyphenol precursors are not yet known for the synthesis of melanin in vivo.




4.2. Lignin Peroxidase (LiP)


Lignin peroxidase (LiP: EC 1.11.1.14) was the first reported lignin-degrading oxidase. This oxidase is an extracellular heme glycoprotein with approximately 35–50 kDa and pI of 3.0–4.0 belonging to the heme oxidase II family [97,98]. Since LiP activity was identified in a white-rot fungus P. chrysosporium, most laccase-produced mushroom species, including C. cinereus, L. edodes, P. eryngii, P. ostreatus, P. sajor-caju, and T. versicolor, can produce LiP and/or other oxidase enzymes together [43,98]. The number of LiP coding genes for isoenzymes, their expression level, and their productivity depend on the fungal growth condition, inducers, growth stage, medium composition, etc. These LiPs play an active role in lignin depolymerization, similar to other extracellular oxidases including laccase, manganese peroxidases (MnP), and versatile peroxidases (VPs) [99,100,101,102,103]. In lignin depolymerization, LiPs attack Cα–Cβ linkages in phenylpropanoid units and β–O–4 ether linkages between the side chain and the next subunit to open aromatic rings [17]. Since the mechanism of lignin degradation by these extracellular class II peroxidase has been determined by using protein structure models with biochemical characterizations [17,98], the basic reaction is identified as a heme oxidase involving H2O2. In the depolymerization of lignin, this oxido-reduction reaction is initiated when H2O2 accesses the heme prosthetic group via the heme channel, acts as an electron acceptor, and then reduces to water (Figure 2a). Interestingly, LiP has a higher redox potential (E0′ ≈ 1.2 V versus Standard hydrogen electrode, SHE) than other oxidases and therefore can oxidize both phenolic and non-phenolic compounds in the absence of mediators [17,104]. This advantage of LiPs displayed the broad substrate specificities for a variety of applications to degrade recalcitrant petroleum-based chemicals [105,106,107].




4.3. Manganese Peroxidase (MnP)


Manganese peroxidase (MnP: EC 1.11.1.13) is a heme glycoprotein belonging to the extracellular oxidase II family, similar to LiPs [17,97,98]. The physicochemical properties of these oxidases display secreted enzymes with approximately 40–55 kDa and pI of 3.5–4.5. Even though LiPs were sometimes not observed in the culture media for mushroom growth [43,108,109], MnPs are abundantly secreted proteins in most wood-decayed Basidiomycetes fungi. Recently, the productivity of MnP was shown to be more efficient in terms of H2O2 consuming capacity than a cofactor metal ion and carbon sources in the solid-state medium of A. bisporus [110]. H2O2, when used as a cofactor for peroxidase, is considered a limiting factor for the ligninolytic activity and productivity of lignin degradation. Compared to the catalytic reaction of LiP, MnPs also require H2O2 as an electron acceptor for the oxidation reaction, but this enzyme needs Mn2+ as an electron donor, generating Mn3+. The Mn3+ released from the enzyme is reacted with a carboxyl acid moiety-contained substance, and the diffusible chelated complex plays the role of a redox mediator oxidizing phenolic compounds (Figure 2b) [17,19,98]. Therefore, MnP oxidizes phenolic compounds indirectly via the oxidation of Mn ions and secretion of Mn3+ to the extracellular environment [111]. The diffusible Mn3+ is advantageous due to its elimination of the need for complicated heterogeneous catalytic kinetics to broaden the substrate scope [17,111,112]. Nevertheless, MnPs have lower redox potential than LiPs. Thus, MnP can oxidize phenolic compounds, 2,6-dimethoxyphenol, guaiacol, 4-methoxyphenol, and the phenolic moiety in lignin, but is unable to convert nonphenolic compounds and veratryl alcohol [17,112].




4.4. Versatile Peroxidase (VP)


Versatile peroxidase (VP: EC 1.11.1.16) is the third member of the extracellular oxidase II family used for lignin degradation [17,97,98]. The VP activity has been reported from Pleurotus eryngii [113], but a limited number of VPs have been identified and characterized, mainly from the white fungal Basidiomycetes Pleurotus, Bjerkandera, and a few other fungi genera [99,100,113,114,115,116]. Recently, the comparative genomics for wood-decayed fungi showed that other fungi could harbor VP coding genes [98,117,118]. Indeed, fungal VPs may have evolutionarily split from a common ancestral peroxidase origin and then acquired the ability to catalyze nonphenolic compounds [117]. VPs have similar biochemical characteristics to MnPs. They are secreted glycoproteins with approximately 37–55 kDa in size and with a pI of 3.5–4.5. VPs display multifunctional properties typical of both LiP and MnP: they have a catalytic function similar to LiPs toward nonphenolic substances, such as veratryl alcohol, but these oxidases are capable of oxidizing Mn2+ to Mn3+ via a mechanism similar to that of MnPs [119,120,121]. The versatility of VPs allows it to directly oxidize low- and high-redox potential substrates because it contains two additional active sites [116,122]: one site is exposed to the heme edge to provide VPs with the capability to oxidize substrates directly without Mn2+; and the other site is the exposed tryptophanyl radical (Trp164 residue in VPs of Pleurotus strains), which is exposed on the surface of VPs, and is involved in the direct oxidation of low- and high-redox potential substrates in the presence of redox mediators [119,120,121,122]. On the basis of the Trp residue in the active site, VP has a higher redox potential (E0′ > 1.4V versus SHE at pH 3) to catalyze nonphenolic compounds without a mediator like LiPs. Therefore, this high-redox potential peroxidase could be used for catalyzing the degradation of xenobiotics, depolymerization, or polymerization of functional monomers or macromolecules, through enzymatic oxidoreduction [105,123,124,125].




4.5. Other Ligninolytic Enzymes in Mushroom


In addition to the lignin degradation by three main peroxidases described above, fungal genera also produce other ligninolytic enzymes [17,18,19], such as dye-decolorizing peroxidases (DyPs: EC 1.11.1.19), which are among the extracellular peroxidases. These peroxidases are not evolutionarily related to the oxidase II family for lignin [126,127]. A fungal DyP was identified as an extracellular enzyme from a Basidomycete fungus, Geotrichum candidum (now Bjerkandera adusta) [128]. This fungal peroxidase did not have a homology with another peroxidase, named DyP, which can catalyze the decolorization activity of a wide range of dyes, including poor degrading anthraquinone families such as Reactive blue 5 [129]. Comparative studies of DyPs derived from other wood- and litter-degrading fungi revealed that all fungal DyPs efficiently oxidized recalcitrant dyes as well as the phenolic substrate [129]. These peroxidases showed higher activity than LiP and VP toward Reactive Blue 5, Reactive Black 5, and 2,6-DMP. On the other hand, these enzymes displayed lower activity than other fungal peroxidases toward a recalcitrant heterocyclic dye, Azure B, and a nonphenolic compound (veratryl alcohol). Since fungal DyPs have been reported, the similar heme structure protein, YcdB, as a substrate of the twin-arginine translocation system of Escherichia coli, was shown to be bacterial DyP [130]. An ever-increasing number of prokaryotic genome data is being gathered, and now several thousand bacterial DyP homologous sequences have been identified and their proteins have been characterized [126,127,131]. The protein structures of DyPs revealed the presence of a dimeric α/β ferredoxin-like fold, which is different from any other peroxidase superfamily, which consists of an α-helical fold domain [126]. Indeed, a phylogenetical analysis of the fungal DyPs displayed that the fungal enzymes are distinct from the bacterial DyPs [126]. Comparative studies of the enzyme activities for both fungal and bacterial DyPs toward a variety of lignin-derived substrates have been performed, and a comparison of the kinetic parameters for a general oxidoreductase substrate, ABTS, showed that the fungal enzyme has enhanced oxidation activity compared with the bacterial enzymes [126].



Other minor enzymes involved are phenoxy radical-reducing enzymes, such as glyoxal oxidase (EC 1.2.3.5), aryl alcohol oxidase (EC 1.1.3.7), pyranose 2-oxidase (EC1.1.3.10), and cellobiose dehydrogenase (EC 1.1.99.18) within a cofactor heme or flavin adenine dinucleotide (FAD) to generate extracellular hydrogen peroxide [17,132]. Although these enzymes catalyze different substrates, such as dicarbonyl and methylglyoxal compounds, phenolic and nonphenolic alcohols, and cellobiose in lignin depolymerization, their oxidation reactions commonly produce hydrogen peroxide via the reduction of O2 to H2O2. These secreted hydrogen peroxides could regulate peroxidase activity in vitro [132]. In addition, heme-thiolate haloperoxidases and FDA-dependent glucose-dehydrogenases have also been known as minor oxidoreductases that catalyze the hydroxylation of organic and aromatic substances and scavenge phenolic radicals and quinone compounds [17,133,134].





5. Structural Properties of Mushroom Laccases


For lignin depolymerization, most mushroom laccases are secreted dimeric or tetrameric glycoproteins that contain signal sequences, which are cleaved during a protein secretion process via the productive folding of glycoproteins in the endoplasmic reticulum (ER) [135]. The molecular weights of monomeric fungal laccases range from 30 to 130 kDa (Table 1). The apparent sizes of the proteins are usually greater than predicted theoretical molecular weights based on the calculation of their protein sequences due to protein N-glycosylation.



The overall sequence homologies of fungi laccase proteins are less than 30%. Nevertheless, the copper-binding motifs and the overall structures are well-conserved and share several residues close to the metal-binding site (Figure 3a). Laccases have four copper-binding motifs conserved: NH2-His-x-His-Gly-CO3- for Cu motif I, NH2-His-x-His-CO3− for Cu motif II, NH2-His-x-x-His-x-His-CO3− for Cu motif III, and NH2-His-Cys-His-x-x-x-His-x-x-x-x-Met/Leu/Phe-CO3- for Cu motif IV (where x represents any amino acid). A protein structural analysis of mushroom laccase revealed that the active sites consist of four copper centers with four different catalytic forms (T1, T2, T3, and T2/T3), which are arranged with the identified residues of the motifs for the interaction of copper atoms [136,137] (Figure 3b). The T1 copper atom is bound by Cys, Met, and His residues in the motif IV and another His residue in motif III, with a distance of 2.05–3.27 Å. This T1 copper-binding protein or domain is called cupredoxin. The T2 copper atom of the trinuclear center is coordinated by two His-residues in motifs I and III, with a distance of less than 2.0 Å. The other two T3 copper atoms have interactions with three His-residues in motifs I―IV, with a distance of about 2.0 Å. In addition, the three T2/T3 copper atoms are arranged in a triangular fashion. Six His-residues in the copper-binding motifs coordinate the T3 copper pair, while T2 is coordinated by the other two His residues in the motifs. The four residue-bound T1 copper atoms are distant from the T3 copper atom consisting of the trinuclear center with a distance of around 13 Å. These copper ions binding in the active sites are classified as T1, T2, and T3 according to their different spectroscopic characteristics with the signals of electronic paramagnetic resonance (EPR) [136].



The oxidation mechanism of laccase occurs in its four copper centers via three main steps: the enzyme initially oxidizes a substrate at a mononuclear copper center T1 or blue copper center. Then, electrons are transferred internally from the T1 copper atom at a distance of around 13 Å though a Cys-His pathway to the tri-nuclear copper center, a normal type (T2), and a binuclear type (T3), where dioxygen is reduced by four electrons, generating two water molecules. In the laccase reaction, the monoelectronic oxidation of substrates generates free radicals. The initial product is unstable and then propagates a second oxidation by enzymatic catalysis or a non-enzymatic reaction [136,137,138].



Although laccase has lower redox potential (≤0.8 V) compared to other peroxidases for oxidation of a phenolic moiety in lignin degradation, a variety of low molecular substrates, intermediators, and products (e.g., reactive and unstable cationic radicals) oxidized by the enzymes can participate as redox mediators to enhance its oxidoreduction [137]. These laccase mediators can expand the catalytic ability toward non-aromatic and aromatic compounds, more than 100 mediators known as synthetic and natural compounds [38,139,140,141,142]. Synthetic mediators include 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), 1-hydroxybenotriazole (HBT), N-hydroxyphtalimide (HPI), and 2,2,6,6-tetramethylpiperidine-1-oxyl (TEMPO). Natural mediators include acetosyringone (AS), catechol, p-coumaric acid, 4-hydroxybenzoic acid (4-HBA), 4-hydroxybenzilic alcohol, syringaldehyde (SA), vallinin, veratryl alcohol (VA), and violuric acid (VLA). The co-utilization of these mediators and a laccase, known as laccase-mediator systems (LMS), has been intensively studied to apply a variety of the enzymatic processes to pulp and paper bleaching, bioremediation, dye-decolorization, and the degradation of antibiotics and xenobiotics [38,39,40,63,68,134]. Moreover, the dual or triple mediators (ABTS and others) used with laccase for degradation of polyaromatic carbons showed synergistic effects of enhanced oxidative activities compared with a single mediator for the enzyme reaction, due to the recycling of ABTS radical formation [143]. The redox potential of mediators differs depending on their chemical structure and the biochemical activity of an individual laccase [144]. Based on many case studies for LMS, an effective mediator should be a favorable substrate because it has high oxidation potential, which means the oxidized radical form has a long half-life and can propagate more oxidation of the remaining substrate. Nevertheless, synthetic mediators have a limitation because they are unable to be used in a wide variety of industrial applications due to their cost, potential toxicity, and inhibition of laccases [145].



In contrast, natural mediators, such as oxidized lignin units, AS, p-coumaric acid, 4-HBA, SA, vanillin, VA, and VLA, derived from lignin degradation could be potential substances for use instead of synthetic compounds. These naturally-derived phenolic compounds were used as laccases mediators and worked effectively in the application of paper pulp delignification and the degradation of recalcitrant chemicals such as xenobiotic compounds, antibiotics, pesticides, dyes, and polycyclic aromatic hydrocarbons petroleum derivatives [140,142].




6. Bioconversion of Lignin Derivative into Bio-Based Chemicals and Materials


The ligninolytic enzyme-based bioconversion of lignin and its derivatives would be an attractive green technology for reducing wastes and energy consumption. Most ligninolytic enzymes for lignin degradation could be useful biocatalysts for biotechnological applications, due to their oxidation capacity toward both aromatic and non-aromatic compounds [37,38,39,40]. Among these ligninolytic oxidases, laccases are most broadly applicable due to their powerful oxidizing capability in the fields of high demand for highly oxidized agents such as the degradation of xenobiotics, hormones, biocides, and drug chemicals; decolorization of dyes; and detection of redox potential as biosensors [37,38,39,40] (Table 1).



Laccase can oxidize lignin through the abstraction of a single electron from a monolignol subunit, which causes activated radicals to react to functionalization on the lignin surface (Figure 4a). Activation of functionalized structures in lignin could propagate C–C bond and alkyl–aryl linkage cleavages, functional group modification, and radical coupling (Figure 4b). These oxidation mechanisms of laccase are applicable for biomass pretreatment as well as the detoxification of biomass hydrolysate in biorefinery processes [37,38,39,40]. In the biomass pretreatment, physicochemical processes generally use harsh reaction conditions with intensive energy consumption for the breakdown of biomass [1,2,3,4,5]. On the other hand, the biological process using white-rot fungi to produce a ligninolytic enzymes cocktail with laccase could reduce energy consumption and decrease reduce toxic residual compounds [38,39]. Moreover, the enzymatic process with laccase has already been used for typical delignification and bio-bleaching in the pulp and paper industries instead of chemical oxidation agents [146].



The oxidation of laccase was also used to degrade inhibitory compounds, phenolic and furanic substances, and carboxylic acids, generated in biomass pretreatment processes due to thermal lignin or sugar decompositions [147]. This detoxification could enhance the fermentation productivity or enzymatic conversion yield of biomass hydrolysate for the biorefinery process. However, the synthetic mediators in LMS-based pretreatment increase the overall process cost. Moreover, laccase-based biomass pretreatment combined with enzymatic hydrolysis showed low sugar generation yields due to laccase mediators inhibiting cellulases and lytic polysaccharide monooxygenases [37,148,149]. Thus, these two processes should be separated to enhance their benefits to biomass utilization.



Another unique application of laccase is grafting, which is the covalent bond formation between a macromolecule, e.g., lignin, and a small molecule, soluble functional groups, carboxylic and sulfonic acid, and hydrophilic N–OH [144,150]. Laccase-mediated grafting would be advantageous to converting hydrophobic lignin into soluble lignin by changing the functional groups on the lignin surface to enhance their reactivity to make enzymes easily accessible in the aqueous reaction phase. Grafting of sulfanilic acid or p-aminobenzoic acid by laccase showed that lignin is soluble in water under acidic or neutral pH conditions [151].



The bioconversion of lignin or lignin derivative directly to valuable chemicals and materials is still challenging with the existing techniques due to lignin’s properties for monomerization via depolymerization and the limitation of suitable enzymes for enzymatic processes. A recent review summarized lignin depolymerization for renewable chemicals based on chemical catalyst processes [29]. Interestingly, at least 37 chemicals could potentially be produced as lignin-based monomers obtained via different homogeneous and heterogeneous catalytic processes. Although the monomer content in lignin is heterogeneous in the origin of lignocellulose biomass, the procedure follows two steps of fractionation and catalytic depolymerization or a single step with reductive catalytic fractionation for platform chemicals. Bulky monomers are then converted into value-added chemicals by functionalization or fuel additives by defunctionalization. Ideally, these fractionation and depolymerization processes are performed by a chemical catalyst under high temperatures (100–300 °C) in acidic, alkaline, or solvent conditions [29]. Most chemical catalyst strategies are not adaptable for bioconversion processes due to the strict thermal and chemical reaction conditions.



Only two monomers among the 37 putative chemicals derived from lignin are biologically producible in temperature below 50 °C and under mild reaction conditions: hexa-2,4-dieneioic acid (muconic acid) and medium-chain-length polyhydroxyalkanoate. These two chemicals were biosynthesized by a wild type or engineered Pseudomonas strain, which is the most dominant soil bacteria capable of mineralizing a broad range of recalcitrant xenobiotics [152,153]. Various Pseudomonas strains and other bacteria can degrade aromatic compounds to either catechol or protocatechuic acid [154,155]. Through subsequent oxidative reactions, these compounds are converted to acetyl-CoA and succinate or pyruvate and acetaldehyde, which are common metabolites in the main metabolisms of most organisms (Figure 5) Depolymerized heterogeneous monomers from lignin consisting of syringyl-, gualacyl-, and hydroxyphenyl-aromatic polymers can also be metabolized to reconstruct various bio-building blocks by microorganisms engineered through metabolic engineering or synthetic biology technology [150,155,156,157]. Since the reconstruction of a bio-building block through bacterial metabolisms of lignin monomers has been proposed, various microorganisms have been engineered to convert lignin and lignin-derived aromatics into a variety of value-added compounds: cis,cis-muconic acid, catechol, protocatechuate, benzoate diol, p-hyroxybenzoate, guaiacol, pyrogallol, syringate vaillin, vanillate, vanillyl alcohol, coniferyl aldehyde, pyruvate, lactate, succinate, pyridine-related organic acids, polyhydroxyalkanoates (PHAs), and lipids [150,155,156,157,158]. Recently, itaconic acid, a chemical building block listed among the top 12 value-added chemicals, was also produced from p-coumaric acid by the engineered Pseudomonas strain [159,160]. In addition, the engineered Pseudomonas strain accumulated and converted p-coumaric/ ferulic acid into 4-vinylphenol/4-vinylguaiacol, which were further applied to polymerize 4-vinylguaiacol and 4-vinylcatechol styrene by the enzymatic reaction of T. versicolor laccase [161].



These results showed that bioconversion processes for lignin valorization could be potential cell factories for the production of a variety of renewable chemicals and materials through metabolic engineering and synthetic biology technology. However, the biological processes still have lower productivities and yields than chemical processes due to the physiochemical properties of lignin and its derivatives and their toxicities.



The alternative utilization of lignin as a functional material source without depolymerization has been intensively studied. Although the physicochemical properties of lignin are relatively reactive, immiscibility, strong inter- and intra-hydrogen bonding in complex aromatic compounds, and laccase-mediated grafting can modify functional groups and convert their characteristics by introducing functional molecules (Figure 4b). Enzyme grafting has demonstrated the coupling of various functional molecules such as sulfonation, fluorophnols, acrylamide, fatty acids, epoxides, long-chain alkylamine, etc., onto hydroxyl group moieties in lignin or lignin-derived structures [150]. Among these functionalized lignins, the conjugation with sulfanilic acid or p-aminobenzoic acid onto lignin also showed enhanced miscibility for the application of concrete dispersing agents [151].



In addition to small-molecule conjugation, macromolecule grafting with proteins, polysaccharides, and oligomeric compounds can also be broadly applied to synthesize functionalized novel biopolymers or synthetic polymers exhibiting mechanical strength, antibacterial activity, and antioxidant activity via laccase-mediator systems with ABTS, TEMPO, HOBt, and HPI [161]. Examples of such materials include linen–chitosan and linen–catechin coupling, silver nanoparticle composite, polyaniline-functionalized cotton, and catechin or gallic acid oligomer-coated wool. Additionally, laccase-assisted copolymerization enables the conversion of kraft lignin with methyl-hydroquinone and a trithiol to lignin-core hyperbranched copolymers [162,163]. In the future, the bioconversion of lignin into value-added materials and chemicals via laccase-assisted copolymerization could be expanded to develop novel biomaterials as well as green products based on renewable biomass resources.




7. Concluding Remarks and Future Perspective


Even though the chemical properties of lignin and its derivatives, its biodegradation, and related enzymes have been studied intensively, their application in biorefinery-derived platform chemicals and materials is still in the proof-of-concept phase. To date, the individual processes or techniques for lignin utilization have been studied at the tube-, flask-, and bench-scales. Nevertheless, emerging technologies for the scale-up and industrial application face bottlenecks of bio-based processes for lignin valorization from the raw lignin resource to final products for chemicals or materials. The following prospective could be considered for developing the techniques for lignin valorization in the production of platform chemicals and materials within a biorefinery:



(1) Lignin is a macromolecule consisting of heterogeneously aromatic polymer compounds, containing syringyl-, gualacryl-, and hydroxyphenyl-subunits. Although the predominant subunit composition ratios are different depending on the plant species, these aromatic compounds are potential substances for renewable chemicals, which can be obtained through lignin depolymerization with thermal or catalytic deconstruction. Depolymerized lignin subunits could fractionate based on their chemical properties for further manipulation processes. In addition, these depolymerization processes would need high-energy consumption steps such as the pretreatment of lignocellulose. Mushroom ligninolytic enzymes could be potential biocatalysts for the initial depolymerization step, combined with mild condition extraction by organosolv or ionic liquid from lignocellulose [164,165]. Mushroom ligninolytic enzymes are secreted proteins including laccases, LiPs, MnPs, VPs, and other oxidases, in the solid-state fermentation [37]. The enzymatic processes with secreted oxidase proteomes for lignin depolymerization from the solid phase of lignocellulosic biomass could reduce energy consumption and byproducts. Moreover, the residual biomass after these treatments could be also utilized further for biorefinery products.



(2) Although biocatalyst processes are an eco-friendly technology, the production of ligninolytic enzymes incurs higher financial costs in the scale-up process in lignin valorization rather than chemical catalysts. Since effective and powerful oxidases are produced from higher eukaryotic microorganisms, such as fungi, most researchers have developed a yeast or fungus expression system, such as P. pastoris, K. lactis, S. cerevisiae, A. niger, and A. oryzae, for recombinant protein production considering the secretion and glycosylation of an active enzyme [47,49,57,62,71,75,81]. These heterologous expression systems for the recombinant ligninolytic enzymes should enhance protein productivity to reduce the production costs of renewable chemicals. In addition, the secreted proteins in the solid-state fermentation after mushroom harvesting could be useful resources to obtain native enzymes through further formulation processes. This topic should be further studied to identify proteomes for ligninolysis and establish a novel protocol for the formulation of crude proteins extracted from the solid media.



(3) The bioconversion or biocatalytic process for lignin valorization faces many challenges due to the characteristics of biological molecules such as instability, toxicity, and solubility of lignin-derivative molecules, as well as the strict reaction conditions. Most aromatic compounds derived from depolymerized and fractionated lignin subunits are also hydrophobic, insoluble, and toxic properties for microorganisms. Thus, the high concentration of aromatic derivatives cannot be transformed into products by biological processes. Nevertheless, bioprocesses would still be attractive methods for eco-friendly sophisticated reactions that are simple, low-energy consumption processes without byproducts that can convert lignin monomers to usable chemicals and materials. The disadvantages associated with biological conversion may be overcome by the development of novel chemoenzymatic or hydride processes with the help of chemical catalysts or by improved and optimized unit process designs. Novel emerging technologies should be researched to combine biological and chemical processes.



(4) To date, most research on lignin valorization has been performed at small scales. Utilizing lignin and its derivatives for commercialized products is clearly still in the early phase. To evaluate the economic feasibility of lignin conversion processes, a pilot scheme at a large scale should be established to estimate various aspects of the process design to achieve a commercial scale. These approaches might help to determine whether current technologies can be used to produce lignin-based chemicals or materials, identify the advantages and drawbacks in the process, and assess the modifications or new technologies required to help develop this green technology process.



(5) The last point of view we consider here is the life cycle assessment (LCA) of lignin valorization. Ideally, lignin conversion would reduce environmental impacts by saving energy in comparison with conventional petroleum-based products. Recently, an LCA for the production of lignin-derived adipic acid and catechol showed that it produces less CO2 emissions and byproducts [166,167,168]. Most LCAs performed to data have concluded that lignin-based products offer better environmental performance than petroleum-based products due to their reduced impact in terms of climate change. Nevertheless, over recent decades, the chemicals and materials derived from petroleum oil have been produced under optimized processes to minimize their negative effects on the environment to survive in the competitive market with bio-based products. However, it is not yet known whether lignin valorization would be a more environmentally friendly process than oil refinery products because the procedures used to create the final products have not yet been optimized, and the market processes of these products are uncertain [169,170,171]. Further research on lignin valorization should focus on the environmental impact and cost of processes based on both a techno-economic analysis and a life cycle analysis, and further designs should be developed to optimize the processes involved.
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Figure 1. Schematic representation of biosynthesis for three main monolignol subunit structures for lignin using two aromatic amino acid precursors. Moss green, green, and Prussian blue indicate the biosynthetic pathways for the H-, G-, and S-unit, respectively. 
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Figure 2. Comparison of reaction mechanisms for lignin peroxidase (a) and manganese peroxidase (b). 
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Figure 3. Sequence alignment (a) and putative structural model (b) of fungal laccases. (a) Partial sequence alignment of Trametes versicolor laccase and its homologs. PDB accession number: 1KYA, Trametes versicolor laccase; 2HZH, T. ochracea laccase; 1GYC, T. versicolor laccase 2; 3T6V, Steccherinum ochraceum laccase; 1A65, Coprinus cinereus laccase; 5EHF, Antrodiella faginea laccase; 1V10, Rigidoporus microporus laccase; 3PPS, Canariomyces arenarius laccase; 2Q9O, Melanocarpus albomyces laccase-1. Four copper (Cu) binding motifs were marked. (b) Overall structure of Hericium erinaceus laccase 1 and a closer view of the active site for putative copper binding in a laccase with modification from the reference [137]. The mushroom laccase structure was predicted by PHYRE2 based on the homologous laccase 3-D structure in Pdb data files. 
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Figure 4. Summary of the potential applications of various lignin derivatives and other biomolecules by laccase catalytic activity for lignin valorization. (a) Schematic representation of the laccase catalytic mechanism (b) Biotechnological applications for depolymerization, grafting, and polymerization based on laccase catalytic activities. 
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Figure 5. Metabolic pathways for biodegradation of aromatic compounds derived from depolymerized lignin and its derivative for lignin valorization. 
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Table 1. Physicochemical and biochemical properties of mushroom laccases.
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	Mushroom
	NCBI Accession Number
	Type

(Host) (1)
	Cellular Localization

(Inducer) (2)
	Molecular Weight (kDa)
	pI
	Opt. Temp. (°C)

(Substrate) (3)
	Opt. pH

(substrate) (3)
	Substrate Specificity (3),(4)

(%)
	Protein Structure Availability (PDB)
	Application
	References





	Agaricus bisporus
	-
	native
	extracellular
	
	3.3–3.65
	
	6
	Syringaldazin
	-
	
	[43]



	A. bisporus CU13

Lacc1
	-
	native
	extracellular
	40
	
	55
	5
	ABTS
	-
	Dye decoloriztion

Acid Blue dye
	[44]



	Lacc2
	-
	native
	extracellular
	27
	
	55
	5
	ABTS
	-
	
	



	A. blazei
	-
	native
	extracellular
	66
	4.0
	
	5.5 (2,6-DMP,

Syringaldazine)
	Syringaldazine (100)

ABTS (28)

2,6-DMP (1.1)

Guaiacol (0.3)
	-
	-
	[45]



	A. brasiliensis

Lac1a/1b
	BAO09156.1

BAO09157.1
	
	
	
	
	
	
	
	
	
	[46]



	Lac2a */2b mutant
	BAO09158.1

BAO09159.1
	recombinant

(P. pastoris)
	extracellular
	-
	-
	40–50
	6
	ABTS
	-
	Aromatic compound polymerization
	[47]



	Lac3
	
	
	
	
	
	
	
	
	
	
	



	Lac4
	
	
	
	
	
	
	
	
	
	
	



	Coprinus cinereus
	
	Native
	extracellular
	63
	3.37

/4.0
	60–70
	4 (ABTS)

6.5 (Syringaldazine)
	ABTS

Syringaldazine
	
	-
	[48]



	Lcc1
	AAD30964.1
	recombinant

(A. oryzae)
	extracellular
	65
	3.5
	60–70
	4 (ABTS)

6.5 (Syringaldazine)
	ABTS

Syringaldazine
	1A65
	-
	[49,50]



	Lcc2
	AAD30965.1
	-
	
	
	
	
	
	
	
	
	



	Lcc3
	AAD30966.1
	-
	
	
	
	
	
	
	
	
	



	C. comatus

Lac1
	AFD97050.1
	recombinant

(P. pastoris)
	extracellular
	67
	-
	65 (ABTS)

55 (Guaiacol)

70 (2,6-DMP)

50 (Syringaldazine)
	3 (ABTS)

6 (Guaiacol)

5.5 (2,6-DMP)

6 (Syringaldazine)
	ABTS (100)

Guaiacol (0.4)

2,6-DMP (0.1)

Syringaldazine (9.1)
	
	Dye decolorization
	[51]



	Lac2
	AFD97049.1
	-
	-
	-
	
	
	
	
	
	
	



	Cyathus bulleri
	ABW75771.2
	native

recombinant

(P. pastoris)
	extracellular

extracellular
	58

53
	
	30
	5.5 (Guaiacol)

3.5–4.0 (ABTS)
	Guaiacol (100)

ABTS (55.9)

Pyrogallo (3.3)

p-Hydroquinone (2.9)
	
	Dye decolorization
	[52,53]



	Dichomitus squalens CBS 432.34

Laccase c1
	-
	native
	extracellular
	66
	3.5
	
	3 (2.6-DMP)
	Syringic acid (100)

2,3-DMP (85)

Guaiacol (80)

Catechol (51)

p-Hydroquinone (70)

2,6-DMP (87)
	
	
	[54]



	Laccase c2
	-
	native
	extracellular
	66
	3.6
	
	3 (2.6-DMP)
	Syringic acid (100)

2,3-DMP (82)

Guaiacol (77)

Catechol (50)

p-Hydroquinone (69)

DMP (85)
	
	
	



	Ganoderma lucidum 77002

laccase Glac15
	-
	native
	extracellular
	66
	
	45–55
	4.5–5.0 (Syringaldazine)
	Syringaldazine (100)

DMP (9.9)

Guaiacol (3.5)

Catechol (11.3)

L-Dopamine (5.3)

ABTS (16.8)

K4Fe(CN)6 (9.4)
	
	Removal of phenolic compounds in corn stover prehydrolysate for bioethanol fermentation
	[55]



	Grifola frondosa

Lac1
	
	native
	extracellular
	71
	3.5
	30–60
	2 (ABTS)

2 (2,6-DMP)

3 (Guaiacol)

3 (Catechnol)

5 (L-DOPA)
	ABTS (100)

2,6-DMP (0.6)

Guaiacol (0.2)

Catechnol (0.05)

L-DOPA (0.13))
	
	
	[56]



	rLac2
	BBB89275
	recombinant

(P. pastoris)
	extracellular
	93 (60)
	
	30–40
	2 (ABTS)

3 (2,6-DMP)

4 (Guaiacol)
	ABTS (100)

2,6-DMP (2.0)

Guaiacol (0.14)
	
	
	[57]



	rLac3
	BBB89276
	recombinant

(P. pastoris)
	extracellular
	96 (60)
	
	30–40
	2 (ABTS)

4 (2,6-DMP)

4 (Guaiacol)
	ABTS (100)

2,6-DMP (0.22)

Guaiacol (0.05)
	
	
	[57]



	Hericium coralloides
	-
	native
	extracellular
	65
	
	40
	2.2 (ABTS)
	ABTS (100)

DMPD (34.9)

Catechol (34.2)

m-Catechol (17.6)

Pyrogallol (3.1)
	
	HIV-1 inhibition
	[58]



	Lentinula edodes H600

Lcc1
	
	native
	extracellular
	72.2
	3.0
	40
	4.0 (ABTS)
	ABTS (100)

p-Phenylenediamine (0.05)

Pyrogallol (2)

DMP (1.7)

Guaiacol (0.04)

Catechol (0.02)
	
	Dye decolorization

Naphtol Blue Black,

Bromophenol blue

Remazol brilliant blue R
	[59]



	Lcc2
	
	native
	intracellular
	53–58
	6.9
	40
	3.0 (ABTS)
	ABTS (100)

DMP (67)

Pyrogallol (9.8)

Guaiacol (2.4)

Catechol (1.4)

L-DOPA (0.74)

Ferulic acid (0.16)

p-Phenylenediamine (0.02)
	
	
	[60]



	rLcc1
	BAB84354.1

BAB83131.1
	recombinant

(tobacco BY-2)
	extracellular
	72.2
	
	
	
	ABTS (100)

DMP (30)

Pyrogallol (10)

Guaiacol (3)

Catechol (<1)

L-DOPA (<1)
	
	Dye decolorization

Naphtol Blue Black

Bromophenol blue

Remazol brilliant blue R
	[61]



	L. edodes L54

Lcc1A
	AET86511.1
	recombinant

(P. pastoris)
	extracellular
	72.2
	
	20–40
	
	ABTS (100)

DMP (4.6)

Guaiacol (0.4)

L-DOPA (0.06)

Catechol (0.16)
	
	Dye decolorization

Methyl red

Reactive orange 16

Coomassie brilliant blue R-250

Bromophenol blue

Crystal violet

Indigo carmine

Naphthalo blue black

Remazol brilliant blue R

PHA degradation
	[62]



	Lcc1B
	AET86512.1
	recombinant

(P. pastoris)
	extracellular
	72.2
	
	20–40
	
	ABTS (48)

DMP (44)

Guaiacol (40)

L-DOPA (45)

Catechol (100)
	
	
	



	L. edodes L54A

Lcc4A/B
	AGO04559.1

AGO04560.1
	recombinant

(P. pastoris)
	extracellular
	70
	
	49
	2.5
	ABTS (100)

Catechol (6.8)

DMP (18.4)

L-DOPA (1.9)

Guaiacol (0.45)
	
	Bioremediation
	[63]



	Lcc5
	AGO04561.1
	recombinant

(P. pastoris)
	extracellular
	55
	
	99
	2.5
	ABTS (100)

Catechol (6.1)

DMP (76.4)

L-DOPA (2.3)

Guaiacol (3.7)
	
	Bioremediation
	



	Lcc7
	AGO04562.1
	recombinant

(P. pastoris)
	extracellular
	70
	
	57
	3
	ABTS (543)

Catechol (0.003)

DMP (0.027)

L-DOPA (-)

Guaiacol (0.004)
	
	Bioremediation
	



	Marasmius sp.

Laccase I

Laccase II
	
	native
	extracellular
	53
	3.8
	45–55
	3 (ABTS)

6 (Syringaldazine)

5.5 (Guaiacol)
	
	
	Dye decolorization

Blue H-EGN 125

Blue PN-3R

Crystal Violet

Lanaset Blue5G

Levafix Blue E-RA

Procion Royal H-EXL

Remazol Brilliant Blue BB

Remazol Brilliant Blue R

Remazol Bordo B

Remazol Brilliant Orange FR

Remazol Golden Yellow RNL

Remazol Black RL
	[64]



	M. scorodonius

NO. 42740
	
	native
	extracellular
	67
	
	75
	3.4 (ABTS)

4.6 (DMP)

4.0 (Guaiacol)
	ABTS (100)

DMP (4.6)

Guaiacol (3.1)
	
	Dye decolorization

Malachite green

Crystal violet

Congo red

Methylene green,

Reactive orange 16

Remazol brilliant blue R
	[65]



	M. quercophilus C30

(Trametes sp. C30)
	AAF06967.1
	native
	extracellular

(p-hydroxybenzoic acid)
	63
	3.6
	75
	4.5 (Syringaldazine)
	ABTS (100)

Catechol

4-Methyl catechol

Protocatechuic acid

Guaiacol

Coniferylic acid

Coumarylic alcohol

Sinapylic alcohol

Ferulic acid

Gallic acid

Caffeic acid
	
	
	[66]



	Panus tigrinus CBS 577.79
	
	native
	extracellular

(2,5-xylidine)
	69.1
	3.15
	55
	3.75 (DMP)
	ABTS (100)

DMP (51)
	
	
	[67]



	Perenniporia tephropora
	
	native
	extracellular
	63
	3.3
	
	4 (DMP)

5 (ABTS)
	DMP (100)

ABTS (33.5)
	
	Dye decolorization

Remazol brilliant blue R (91)

Neolane blue (88)

Neolane pink (81)
	[68]



	Phanerochaete chrysosporium BKM-F1767
	
	native
	extracellular
	46.5
	
	
	
	ABTS

6-Hydroxydopamine
	
	
	[69]



	Pleurotus eryngii

CBS 613.91Laccase I
	
	native
	extracellular
	65
	4.1
	65
	4 (ABTS)
	DMP (66.5)

MeOH2 (100)

QH2 (7.9)

Catechol (25.1)

Guaiacol (1.4)

p-Methothyphenol (23.2)

p-Anisidine (11.3)

p-Aminophenol (10.7)
	
	
	[70]



	Laccase II
	
	native
	extracellular
	61
	4.2
	52
	3.5 (ABTS)
	DMP (100)

MeOH2 (63.4)

QH2 (12.2)

Catechol (46.3)

Guaiacol (2.4)

p-Methothyphenol (11.0)

p-Anisidine (65.9)

p-Aminophenol (9.8)
	
	
	



	Pel3
	AAV85769.1
	recombinant

(A. niger)
	extracellular
	58
	
	
	2.5 (ABTS)

6 (DMP)
	ABTS
	
	
	[71]



	Pel4
	ABB30169.1
	
	
	
	
	
	
	
	
	
	



	P. eryngii var. tuoliensis C.J. Mou
	
	native
	extracellular
	60
	
	50
	7 (Estirol)
	ABTS (100)

DMP (78.8)

Catechol (77.8)

Pyrogallol (39.9)

Guaiacol (57.6)

Estriol (6.6)
	
	Degradation of natural steroid hormones
	[72]



	P. florida ITCC 3308

L1
	
	native
	extracellular
	77–82
	4.1
	50
	
	
	
	
	[73]



	L2
	
	native
	extracellular
	70–73
	4.2
	
	6 (Guaiacol)

5.5 (o-Dianisidine)

4.0 (ABTS)
	o-Dianisidine (100)

Guaiacol (0.8)
	
	
	



	P. nebrodensis

Lac1
	
	native
	extracellular
	68
	
	50–60
	3 (ABTS)
	ABTS (100)

Guaiacol (16)

Dimethylphthalate (22.8)

Syringaldazine (100)

Ferulic acid (72.7)

Caffeic acid (34.6)

Hydroquinone (25)

Catechol (100)

p-Phenylenediamine (18)
	
	
	[74]



	Lac2
	
	native
	extracellular
	64
	
	60
	3 (ABTS)
	ABTS (100)

Guaiacol (24)

Dimethylphthalate (100)

Syringaldazine (89.5)

Ferulic acid (3.6)

Caffeic acid (12.5)

Hydroquinone (6.25)

Catechol (92.7)

p-Phenylenediamine (54.6)
	
	
	



	Lac3
	
	native
	extracellular
	51
	
	50–60
	3 (ABTS)
	ABTS (100)

Guaiacol (100)

Dimethylphthalate (92.4)

Syringaldazine (84.5)

Ferulic acid (100)

Caffeic acid (100)

Hydroquinone (100)

Catechol (42.7)

p-Phenylenediamine (100)
	
	
	



	P. ostreatus

rPOXA1b
	CAA84357.1
	recombinant

(Kluyveromyces

lactis; Saccharomyces cerevisiae)
	extracellular
	62
	6.5–7.6
	
	
	ABTS (100)

DMP (84)
	
	
	[75]



	rPOXC
	CAA06292.1
	recombinant

(K. lactis;

S. cerevisiae)
	extracellular
	71
	7.2–7.3
	
	
	ABTS (100)

DMP (7.2)
	
	
	



	P. ostreatus (Jacq.:Fr.) Kummer (type Florida),
	
	
	
	
	
	
	
	
	
	Dye decolorization

Remazol Brilliant Blue R
	[76]



	POXC
	
	native
	extracellular
	
	
	
	4.5 (RBBR)
	
	
	
	



	POXA3
	CAC69853
	native
	extracellular
	
	
	
	4 (RBBR)
	
	
	
	



	rPOXA3

(Large subunit)
	
	recombinant

(K. lactis)
	extracellular
	
	
	
	
	
	
	
	[78]



	P. ostreatus MYA-2306
	
	
	
	
	
	
	
	
	
	
	[77]



	POXA3a
	CAL64897.1

(small subunit)
	native
	extracellular
	67 (L)/

18–16(S)
	
	
	
	
	
	
	



	rPOXA3

(small subunit)
	
	recombinant

(E. coli)
	
	18–16(S)
	
	
	
	
	
	
	[78]



	POX3b
	CAL64898.1

(small subunit)
	native
	extracellular
	67 (L)/

18–16(S)
	
	
	
	
	
	
	



	Pleurotus pulmonarius CCB19

Lcc1
	
	
	extracellular
	
	
	
	
	
	
	
	[79]



	Lcc2
	
	
	extracellular
	46
	
	45
	4–5.5 (Guaiacol)

6–8 (ABTS)

6.2–6.5 (Syringaldazine)
	Syringaldazine (100)

ABTS (13.3)

Guaiacol (1.0)
	
	
	



	P. sapidus DSMZ 8266
	AJ786026
	native
	extracellular
	66.8/64.3
	4.0–4.1
	50
	3.5 (ABTS)
	
	
	
	[80]



	P. sajor-caju P32–1

Lac4
	AAG27436.1
	recombinant

(P. pastoris)
	extracellular
	59
	4.38
	35
	3.3 (ABTS)

6 (DMP)

6.5 (Syringaldazine)

7 (Guaiacol)
	ABTS (6.1)

DMP (100)

Syringaldazine (25.9)

Guaiacol (21.3)
	
	
	[81]



	Pycnoporus cinnabarinus
	
	native

(2,5-xylidine)
	extracellular
	81
	3.7
	50
	4 (Guaiacol)
	ABTS (100)

Guaiacol (31.2)

4-Hydroxyindole (23.8)

m-Catechol (22.9)

DMP (22.1)

Ferulic acid (16.8)

Catechol (16.4)

Hydroquinone (13.7)

Pyrogallol (7.6)

DMPD (4.4)
	
	
	[82]



	Sclerotium rolfsii

CBS 350.80

SRL1
	
	native

(2,5-xylidine)
	extracellular
	55
	5.2
	62
	2.4 (ABTS)
	Syringaldazine (100)

ABTS (82)

DMP (60)

Guaiacol (21)

Catechol (11)

Lignin sulfonic acid (0.9)

Pyrogallol (7)
	
	Dye decolorization

Diamond Black PV 200
	[83]



	SRL2
	
	native

(2,5-xylidine)
	extracellular
	86
	
	
	
	
	
	
	



	Stropharia aeruginosa CBS 839.87

Yel1p
	AFE48785.1
	native
	extracellular
	55
	
	40
	3 (ABTS)
	ABTS (100)

o-Dianisidin (6.8)

Syringaldazine (2.3)
	
	Dye decolorization

Amaranth (5)

New coccine (7)

Orange G (8)

Tartrazine (8)

Remazol Brilliant Blue R (19)

Reactive Black (12)

Reactive Orange (7)
	[84]



	Yel3p
	
	
	extracellular
	55
	
	40
	3 (ABTS)
	ABTS (100)

o-Dianisidin (0.90)

Syringaldazine (0.94)
	
	Dye decolorization

Amaranth (8)

New coccine (13)

Orange G (31)

Tartrazine (11)

Remazol Brilliant Blue R (59)

Reactive Black (19)

Reactive Orange (13)
	



	Trametes trogii

LacI
	
	native
	extracellular
	58–62
	4.2
	50
	2 (ABTS)

2.5 (DMB)
	ABTS
	
	Dye decolorization

Neolane yellow

Neolane pink

Neolane blue

Bezaktiv yellow
	[85]



	LacII
	
	native
	extracellular
	58–62
	4.5
	50
	
	
	
	
	



	Trametes versicolor

HEMIM-9

Lcc1

Lcc2
	
	native

(Synthetic inducer)
	
	 

 

55

130
	 

 

4.6–5.8
	
	
	
	
	
	[86]



	Trametes orientalis

Tolacc-T
	
	native
	extracellular
	44
	
	80
	4 (ABTS)
	ABTS (100)

Hydroquinone (14)

Guaiacol (3.3)

Phenol (2.2)

Veratryl alcohol (1.8)

L-DOPA (1.6)

Tyrosine (1.1)

Catechol (0.7)

DMP (0.5)

Gallic acid (0.4)
	
	Dye decolorization (5)

Reactive Blue 4 (40)

Reactive Blue 19 (34)

Acid Black 172 (51)

Direct Red 28 (60)

Basic Blue 9 (11)

Basic Red 5 (51)

Vat Blue 1 (43)

Acid Green 1 (69)

Basic Violet 3 (65)
	[87]



	Tricholoma giganteum AGDR1
	AWX24479.1
	native
	extracellular
	41
	6.45
	45
	3 (ABTS)
	ABTS (100)

Syringaldazine (26.8)

Guaiacol (1.69)

o-Dianisidine (0.99)

Catechol (0.90)

DMP (0.54)

Vanillin (0.44)

Phenol Red (0.75)
	
	Removal of pesticides(5)

Chlorpyrifos (29.4)

Profenofos (6.89)

Thiophanate methyl (72.4)
	[88]



	Volvariella volvacea
	AAO72981.2
	native
	extracellular
	58
	3.7
	45
	3 (ABTS)

5.6 (Syringaldazine)

4.6 (DMP)
	ABTS (100)

Syringaldazine (89.6)

DMP (1.8)
	
	
	[89]







(1) A host was used for the recombinant laccase protein; (2) inducer was an additive to induce laccase genes or to increase its gene expression level in a fungal strain. (3) ABTS, 2,2′-azino-bis (3-ethylbenzthiazoline-6-sulfonate); 2,6-DMP or DMP, 2,6-Dimethoxyphenol; DMPD, N,N-Dimethyl-1,4-phenylenediamine; m-Catechol, 2-methyl catechol; (4),(5) The substrate specificity was re-calculated as the relative activity (%) value toward tested various substrates. The relative activity was calculated by the activity divided by the maximum value toward a substrate.
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