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Abstract: Microplastic contamination has been linked to a range of impacts on aquatic environ-
ments. One important area that is only beginning to be addressed is the effect of microplastics on 
marine carbon cycling and how these compare to the effects related to inorganic particles typically 
present in ocean waters. The present study explores these impacts on dissolved organic matter dy-
namics by comparing three scenarios: a particle-free environment, a particle-enriched system with 
polystyrene microplastics, and a particle-enriched system with inorganic particles (water insoluble 
SiO2). Natural marine organic matter was obtained by culturing a non-axenic strain of Chaetoceros 
socialis in 2L flasks under each of three scenarios. Following the diatom growth phase, filtered sam-
ples from the three flasks containing dissolved organic matter and bacteria were incubated sepa-
rately in the dark for 5 days to monitor changes in dissolved organic matter. Chromophoric dis-
solved organic matter (CDOM), a bulk optical property, was monitored daily to examine changes 
in its quality and quantity and to compare degradation dynamics in the three systems. CDOM ab-
sorbance (quantity) remained higher in the control with respect to particle-enriched systems, sug-
gesting that the presence of particles led to different rates of CDOM production and degradation. 
Using indicators for CDOM that could be related to microbial activity, results showed a higher 
CDOM alteration in the particle-enriched systems. These results indicate that microplastics have a 
potential role in modifying marine organic matter dynamics, on a similar magnitude to that of bio-
genic inorganic particles. Given their increasing concentrations of marine ecosystems, their role in 
marine microbial processing of organic matter needs to be better understood. 

Keywords: microplastics; inorganic particles; chromophoric dissolved organic matter; marine mi-
crobial processes 
 

1. Introduction 
From the synthesis of the first polymers, the production and use of plastics has grown 

constantly, largely due to their expanding range of application. The global plastic produc-
tion in 2019 reached 368 million tons [1]. The amount of plastic that reaches the ocean, as 
of 2010, was estimated between 4.7 and 12.7 million tons per year [2]. Most of this plastic 
comes from land-based sources through river discharge [3], evidenced by the high con-
centrations found in freshwater environments [4]. As plastic is resistant to biological deg-
radation, it accumulates in the environment and can be considered a persistent organic 
pollutant (POP) like many other compounds of anthropogenic origin [5,6]. When present 
as microplastics, these allochthonous particles have been shown to have multiple effects 
on marine macro- and micro-organisms: from their ingestion to the release of toxic con-
taminants and additives present within and on their surfaces, with repercussions on the 
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marine food web [7–9]. At present, there are likely to be over 5 trillion (1012) plastic debris 
pieces present in marine surface waters [10]. However, estimating real concentrations is 
challenging given the difficulty in measuring the partitioning and sinks of microplastic 
debris across different marine compartments [11,12]. 

Microplastics, usually defined as particles below 5 mm in diameter [12], have the 
capacity to interact with a range of organisms [8]. Microplastics impacts on microbial com-
munities has raised particular interest, since the first observations in the 1970s [13]. Many 
microorganisms live on plastic debris, in particular diatoms and bacteria [14–16]. Certain 
microbes are so specialized in this environmental niche that they have been named the 
“plastisphere” community [16]. The adhesion of a microbial community on a plastic par-
ticle is favored by weathering and photo-oxidative processes at sea that change particle 
properties over time [17,18]. Plastic’s hydrophobic surface attracts microbial colonization 
[16].  

Microbial colonization is rapid and starts with the excretion of exudates [19] and the 
formation of a biofilm around the microplastic particle [18,19]. The coating of plastic par-
ticles by organic exudates increases the natural particle aggregation rate and particle ex-
port [20,21], removing microplastics from the upper layers of the ocean [22–24]. Besides 
enhancing the downward flux of particulate organics [8,21], the presence of microplastics 
can alter the microbial processing (production and transformation) of dissolved organic 
matter (DOM) compounds [25,26]. Changes in processing have a direct influence on the 
“quality” and lability of DOM in surface waters and their eventual descent to greater 
depths [27].  

DOM is a complex mixture of organic molecules that rapidly changes in composition 
due to microbial alterations and photochemical processes [28]. Every year between 15 and 
25 Pg of DOM enters the ocean from the surrounding environment, representing the main 
source of nutrients for marine organisms [29]. A vast amount of terrigenous DOM reaches 
the oceans through riverine inputs, being photochemically and microbially transformed 
during the transport [30]. When exposed to sunlight, DOM may form highly reactive in-
termediate species; the extent of its photochemical reactivity strongly depends on indi-
vidual DOM components, on the degree of DOM processing or microbial alteration 
[31,32], and on the catchment soil characteristics when proceeding from terrestrial sources 
[30]. Microbially processed DOM has been shown to be highly photo-reactive [31]. The 
fraction of DOM that has an interaction with solar radiation is referred to as chromophoric 
dissolved organic matter (CDOM), and it may represent up to 70% of all dissolved organic 
carbon (DOC) in the ocean [33,34]. CDOM optical properties are related to the presence of 
chromophores absorbing at specific wavelengths [34,35]. 

CDOM can be produced both by autotrophic and heterotrophic marine microbes 
[35,36]. Fresh phytoplankton-derived DOM is commonly recognized as being more bio-
labile and prone to bacterial remineralization; however, photo-transformation processes 
may reduce the initial DOM bio-lability of this material [37]. At the same time, photo-
chemical breakdown of high-molecular-weight compounds may make more biologically 
refractory DOM available as plankton substrates [38]. Being photochemically active, 
CDOM can act as a reactant or intermediary during a photochemical reaction [31], but it 
is also responsible for natural attenuation or extinction of UV–Visible radiation in aquatic 
environments [35,39]. In surface waters, high CDOM concentration may limit primary 
production because of an overlap of its absorption spectrum with the absorption peaks of 
chlorophyll and other pigments [40–42]. On the other hand, as CDOM has its strongest 
absorption in the UV region, its presence protects microorganisms from cellular damage 
in high irradiance environments [43–45].  

It has been recently shown that polystyrene microplastics may increase the produc-
tion and release of CDOM by bacteria [25], and especially in the marine surface layer [26], 
where high accumulation of this chromophoric DOM fraction is often observed [43,46–
49]. Several studies have focused on plastic and microplastics toxicity related to material 
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type, size and shape and interaction with marine microbes [50–52] or in the ability of ma-
terials different than plastics to attract a biofilm-forming microbial community [53–55]. 
However, there is little known of the comparative behavior of inorganic (mineral) versus 
plastic particles in the marine environment. In particular, it is unclear whether these ma-
terials interact with microbial processes to alter DOM cycling and lability in a similar man-
ner. Inorganic particles are natural constituents of seawater (biogenic silica, calcite, and 
aluminosilicates), acting as a microbial substrate in aquatic environments [56].  

To understand the impacts of microplastics versus inorganic particles on marine car-
bon cycles, we examined differences in CDOM dynamics in controlled laboratory condi-
tions and by focusing on the following two hypotheses: 

1. The presence of particles (inorganic or organic) versus a particle-free environment (con-
trol) promotes microbial activity and processing (production and transformation) of 
CDOM. 

2. Microbial activity differs upon substrates: inorganic substrates and microplastics have 
different impacts on the production and processing of CDOM. 

We compared three conditions: a control without any particles addition; and two 
particle-enriched systems, one added with polystyrene microplastics and the other with 
inorganic silica (silica gel particles) in similar sizes and concentrations.  

2. Materials and Methods 
To address the hypotheses of the study, we designed a simple experiment with a 

limited number of parameters and non-invasive analytical approaches. These limitations 
were dictated by the aim to examine temporal dynamics of closed systems with minimal 
disturbance. The experiment was carried out in two sequential phases described in detail 
below. In part 1 (day 0 to day 7), a diatom culture of Chaetoceros socialis was grown in three 
different treatments (control, microplastics and SiO2 particles) to obtain the dissolved or-
ganic matter to allow for microbial dark incubations in the second part of the experiment. 
In part 2 (day 7 to day 11), dissolved organic matter produced by Chaetoceros socialis was 
incubated in the dark in replicate microcosms containing the culture-associated hetero-
trophic bacteria. The specific culture strain was chosen to build on the results of previous 
microplastics studies [25,26]. Knowing this particular species’ behavior in similar experi-
mental settings allowed for the validation of changes under different treatments. Prior to 
the experimental work, all laboratory equipment and glassware were acid washed (HCl, 
1% and 10%) and sterilized by autoclave cycles of 15 or 30 min at 1 bar and 120 °C. 

Part 1: Cell Growth 
A non-axenic culture of the diatom Chaetoceros socialis was obtained from the Scottish 

Association of Marine Sciences (CCAP nr. 1010/19) and grown in three different 2 L flasks 
for 14 days on a 12:12 light/dark cycle at 20 °C ± 2 °C. Each flask was filled with pre-filtered 
(0.2 µm) and autoclaved Guillard’s f/2 + Si medium prepared from artificial seawater (den-
sity = 1.022 g/cm3, pH = 7.6 ± 0.3, salinity = 30 PSU) according to recipe nr. 1 of the Woods 
Hole Marine Biological Laboratory [57]. As a reference, the final molar concentrations of 
the nutrients in the f/2 + Si medium are: NaNO3, 8.82 × 10−4 M; NaH2PO4 H2O, 3.62 × 10−5 

M; and Na2SiO3 9H2O, 1.06 × 10−4 M.  
Flask 1-C (control) contained phytoplankton, heterotrophic bacteria and the growing 

medium. The other two flasks were particle-enriched: flask 2-PS contained ~ 200 parti-
cles/L of 30 µm polystyrene microspheres (density: 1.05 g/cm3, Sigma Aldrich), flask 3-S 
contained ~ 200 particles/L SiO2 particles (Silica gel 60 for flash chromatography, Carlo 
Erba reagents, density: 0.7 g/cm3, water insoluble, molar mass 60.09 g/mol) of a similar 
dimension (> 87% of the particles had a size of ~32 µm). The SiO2 in the 3-S flask was 
added through subsequent dilutions of silica gel powder to a final concentration of 2.4 µg 
L−1. Compared to real environmental conditions, particle concentrations in our experiment 
were high in order to discern the effects. However, microplastic concentrations found in 
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polluted marine waters are quite elevated (103–104 particles per m3) [27]. Moreover, the 
increase in marine plastic pollution suggests that this concentration may characterize 
much of the ocean in the coming years [58]. The standard polystyrene particles chosen 
had homogeneous size and a density close to the artificial seawater used in the experi-
ments. Given the different density of particles in both flasks, an air diffusion system was 
used to avoid particle deposition to the bottom of the flask. The three flasks were contin-
uously aerated to allow a constant and homogeneous mixing (24 h a day). A 0.2 µm air-
filter prevented airborne particulates from entering the culture flasks. The flasks were 
kept covered with sterile gauze, aluminum foil and closed with parafilm to avoid ex-
change with the ambient air.  

Cell growth was monitored daily through optical density measurements (OD) at 420 
nm, following recent studies using this specific diatom [25,26]. Measurements were per-
formed with a Lambda 25 ultraviolet–visible light (UV–Vis) spectrophotometer (Perkin 
Elmer, Waltham MA, USA) in 1 cm path length quartz cuvettes at room temperature and 
corrected for baseline and Milli-Q water. Before each spectrophotometric measurement, 
the levels of the solutions were checked to avoid biases due to water evaporation or con-
densation. Part 1 of the experiment (cell growth) lasted 7 days. However, the remaining 
cell culture of each flask was monitored until the end of the dark experiment (part 2).  

Part 2: Microbial CDOM Dynamics 
On day 7, a 5-day experiment in dark conditions was performed to compare modifi-

cations of CDOM substrates produced in the three systems. Firstly, diatom cells, particles 
(polystyrene and SiO2) and particulate organic matter were removed by filtering 250 mL 
of each flask through a 47 mm Whatman GF/F filter (0.7 µm pore size), leaving a filtrate 
containing DOM and bacteria. To avoid cross-contamination of the samples with different 
particles, separate filtration devices were used. In one system, first 1-C and then 2-PS sam-
ples were filtered. In the other, only the 3-S treatment was filtered.  

Twelve 28 mL capacity quartz cuvettes (10 cm path length, Hellma 120-QS, Quartz 
SUPRASIL, Helma Analytics) were filled with the filtrate and closed with an air-tight seal. 
Each treatment had four replicate cuvettes which were kept in the dark at a temperature 
of 20 °C ± 2 °C to exclude any photosynthetic process or any photodegradative processes 
which could alter the organic matter. All modifications in CDOM were then related to the 
heterotrophic bacterial activity. CDOM degradation was monitored daily for 5 days. To 
quickly assess CDOM alterations without opening the 12 cuvettes, we measured bulk op-
tical properties using UV–Visible absorbance. This method allows for an estimate of 
CDOM composition and reactivity while minimizing sample disturbance, loss of sample 
volume and the risk of contamination. It should be noted that other analytical methods 
provide a more detailed analysis of CDOM [32].  

CDOM absorbance of the closed cuvettes was measured at room temperature with a 
Lambda 25 ultraviolet–visible light (UV–Vis) Spectrophotometer (Perkin Elmer) from 200 
to 750 nm at 960 nm/min, with a lamp change at 326 nm. All data were manually corrected 
for baseline, Milli-Q absorbance, and scattering at 700 nm. CDOM raw absorbance data 
were transformed to absorption coefficients (ࢇ, m−1) as follows: ܽ = ஺ × ଶ.ଷ଴ଷ௟   (1)

where ࡭ is the absorbance and ࢒ is the path length (m) [59]. In the study of CDOM ab-
sorption spectra, a useful indicator of CDOM dynamics is the spectral slope coefficient (S, 
nm−1), to describe changes in CDOM composition and possible origin. S is calculated as: (ࣅ)ࢇ = (૙ࣅ)ࢇ × (2) (૙ࣅିࣅ)ࡿିࢋ 

where (ࣅ)ࢇ (m−1) is the absorption coefficient at wavelength ࣅ (nm), ࢇ(ࣅ૙) is the ab-
sorption coefficient at a reference wavelength, and S is the spectral slope parameter (nm−1). 
Spectral slope values were calculated for all CDOM absorbance from 200 to 750 nm with 
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a 20 nm and 50 nm wavelength intervals by a nonlinear regression fitting method imple-
mented in Scilab code, an open source software provided by ESI group (www.scilab.org, 
v. 6.1.0) [60]. A spectral slope between 302 and 322 nm (S302–322) was used to explore qual-
itative changes in CDOM composition produced by this specific diatom [25,26]. 

An indicator of CDOM changes associated to microbial processing is the slope ratio 
(SR), defined as the ratio between spectral slope calculated in the interval 275–295 nm and 
spectral slope for the interval 350–400 nm [61]: ࡾࡿ = ૜૞૙ష૝૙૙  (3)ࡿ૛ૠ૞ష૛ૢ૞ࡿ 

Dissolved oxygen concentration was used as a proxy for bacterial activity. The oxy-
gen content was measured in the 12 quartz cuvettes with a FireSting Oxygen needle-type 
optical probe and temperature sensor, PyroScience® (Aachen, Germany), at the beginning 
of part 2 (day 7). The two sensors were previously calibrated and then immersed into each 
cuvette; measurements (n = 50 measurements) were taken for 1 min and corrected for tem-
perature and salinity. Oxygen measurements were repeated at the end of experimental 
part 2 (day 11) but exposure with ambient air during opening made the final oxygen data 
not reliable.  

Statistical Analysis 
Temporal data were compared with two-way ANOVA tests (mixed-effects model 

analysis). To separate the effect of the treatment (particles/no particles and type) from the 
temporal variability of the 12 microcosms systems (cuvettes), data were normalized [20]. 
Daily anomalies ࢐࢏࢟ were calculated from each system (j) for any day (i = day 7– day 11) 
as  ࢐࢏࢟ = ࢐࢏࢞) − (4)  ࢏ഥ࢟/(࢏ഥ࢟

where ࢐࢏࢞ is the daily value of a certain parameter in each system/cuvette and ࢟ഥ࢏ is the 
daily mean of each treatment:  ࢟ഥ࢏ = ૚૚૛ ∑ ࢐૚૛࢏(࢐࢞) . (5)

Differences between control and treated mesocosms were determined with Mann–
Whitney tests on normalized daily anomalies. Statistical analysis was performed with 
GraphPad® Prism 9.0.  

3. Results 
3.1. Part 1 

Figure 1 shows the comparison of the diatom growth curve for the three treatments, 
while day 0, day 7 and day 11 represent starting, middle and final cell abundance respec-
tively, and are summarized in Table 1. In Part 1, optical density measurements of cell 
numbers monitored in the culture flasks showed that after a slight decrease in the first 
days of the experiment (day 0–day 2), an exponential diatom growth occurred in all treat-
ments. Cell abundances during the growth phases significantly differed between the treat-
ments (mixed-effects model analysis, F = 152.0, p < 0.0001), with more evident differences 
between the 3-S system compared to the other two (Figure 1a,b, Table 1). The cumulative 
analysis (Figure 1b) further highlighted this trend. By comparing the slopes of the regres-
sion of the growth curve in time, we observed significant differences between 3-S and the 
other two (p = 0.016 between 3-S and 1-C, p = 0.02 between 3-S and 2-PS), while the slopes 
were similar between 1-C and 2-PS.  
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Table 1. Initial (day 0), middle (day 7) and final (day 11) cell numbers (number per mL) in the 
three treatments (1-C, 2-PS and 3-C) measured via optical density. Cell concentration on day 7 
refers to the concentration measured prior filtration from each system, before experimental part 2. 

Treatment Initial Time (Day 0) Middle Time (Day 7) Final Time (Day 11) 
1-C (control) 3.14×104 ± 719 1.10×105 ± 35 1.40×105 ± 198 

2-PS (microplastics) 5.33×104 ± 1237 1.11×105 ± 213 1.34×105 ± 137 
3-S (SiO2) 2.83×104 ± 422 1.03×105 ± 179 1.27×105 ± 303 

 

  

(a) (b) 

Figure 1. (a) Daily cell numbers from optical density (OD) measurements, per treatment. Each data point is the average of 
three replicate measurements per culturing flask (± standard deviation); (b) cumulative cell numbers per treatment. 

Samples for part 2 were collected on day 7 when cell concentration reached about 105 
cells/mL, typical for the Gulf of Naples, where this culture was isolated [62], and all sys-
tems were in the exponential growth phase. It is expected that at this stage the fresh or-
ganic material produced by the culture dominated over any degraded organic matter pre-
sent. Cell concentrations (N° cells/mL) of three systems were similar on day 7, with 
slightly lower values in 3-S (Table 1). 

3.2. Part 2 
CDOM absorption coefficient at 355 nm (a(355)), chosen to compare with similar re-

cent studies [25,26] showed significant differences in the absorption dynamics in the three 
systems over time (mixed-effects model analysis, F = 4.799, p = 0.0005), with the highest 
absorption values observed in 1-C, followed by 2-PS and 3-S. Average values of a(355) 
were 2.91 ± 10.19 m−1 (1-C), 2.76 ± 0.11 m−1 (2-PS) and 2.44 ± 0.15 m−1 (3-S). The difference 
among treatments excluding the temporal effect was tested using normalized daily anom-
alies (Figure 2b) (Mann–Whitney 3-S versus 1-C and 2-PS, p < 0.05).  
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(a) (b) 

Figure 2. (a) Daily a(355) values per treatment during experimental part 2. Each data point is the average of four replicate 
cuvettes (± standard deviation); (b) normalized daily anomalies per each treatment during experimental part 2. (*) indicates the 
evident difference observed between 3-S and the 1-C and 2-PS with Mann–Whitney tests. Box plots have the following color 
code: 1-C (black line), 2-PS (blue line) and 3-S (red line). 

CDOM spectral slope S302–322 and slope ratio (SR) were used to track microbial CDOM 
alteration in the three treatments. A lower spectral slope generally indicates a less de-
graded CDOM with a higher average molecular weight, while higher spectral slope val-
ues indicate CDOM with a relatively lower molecular weight and a higher degree of deg-
radation [61]. In natural systems, SR has been used to distinguish between different water 
masses and combined with spectral slope to improve the understanding of DOM pro-
cesses, as a lower SR has been linked to microbially altered CDOM [43,61]. In this experi-
ment, while S302-322 did not show a clear temporal trend, SR increased over time (Figure 
3a,b). This suggests a progressive degradation of the available organic matter. Differences 
between treatments were significant for both S302–322 and SR (Mann–Whitney tests on nor-
malized anomalies, p = 0.008 for all comparisons 1-C versus 2-PS and 3-S, and 2-PS versus 
3-S). While S302–322 was highest in 3-S, followed by 2-PS and 1-C, SR had the complete op-
posite behavior with lowest values observed in 3-S (Figure 3c,d). Lower SR showed a 
higher microbial alteration in the SiO2 enriched system.  

 

  
(a) (c) 
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(b) (d) 

Figure 3. Daily values of spectral slope S302–322 (a) and slope ratio (SR) (b) for each treatment during part 2 of the experiment. 
Each data point is the average of four replicate cuvettes (± standard deviation); Normalized daily anomalies per each treatment 
during experimental part 2 for spectral slope S302–322 (c) and slope ratio (SR) (d). Box plots have the following color code: 1-C 
(black line), 2-PS (blue line) and 3-S (red line). 

As a reference, we estimated the concentration of DOC in each cuvette from CDOM 
absorbance by applying the approach developed by Fichot and Benner [63] using culture-
specific parameters previously calibrated [25]. The estimated DOC concentrations in the 
12 cuvettes (4 replicates per each treatment 1-C, 2-PS and 3-S) (part 2) ranged from initial 
(day 7) 157 ± 30 µM L−1 to final (day 11) 410 ± 82.2 µM L−1. In part 2, DOC was highest in 
1-C, followed by 2-PS with lowest values in 3-S, and averaged 420 ± 132 µM L−1 (1-C), 370 
± 100 µM L−1 (2-PS) and 269 ± 82 µM L−1 (2-S). These values were significantly different 
between treatments in time (mixed-effects model analysis, F = 15.94, p < 0.0001, and Mann–
Whitney tests on normalized daily anomalies, p < 0.05, data not shown). DOC concentra-
tion dynamics are typical of experimental diatoms studies, where DOC accumulates to-
wards the decline of the bloom [64].  

Oxygen concentrations at the beginning of part 2 measured in the cuvettes right after 
filtration were similar for both particle-enriched systems. Dissolved oxygen concentra-
tions were significantly higher in the control system (1-C) (Mann–Whitney test, p < 0.001 
in both cases, 1-C versus 2-PS and versus 3-S). 

4. Discussion 
In part one of the experiment, algal growth in the culture flasks was higher in the 

control (1-C) and microplastic (2-PS) systems compared to SiO2 (3-S) system (Figure 1). 
We note that this observation may be biased by the measurement approach. OD measure-
ments only account for free-floating cells and thus may lead to an underestimation of the 
total cell number. Recent observations show that algal cell abundance on the surfaces of 
polystyrene and glass (comparable to SiO2 particles) are similar in short term (a week) 
cultures [53].  

Like other substrates for microbial attachment, plastics facilitate the growth of micro-
bial organisms [15,16]. Studies show the attachment of different plankton species on plas-
tic debris, with diatoms in particular being the most abundant species and first colonizers 
[14,15,53].  

C. socialis was cultured in all the three flasks in a f/2 + Si medium. Particles of silica 
gel in the 3-S flask have a limited potential to contribute to the concentration of dissolved 
SiO2 even though silica gel for chromatography is generally considered insoluble. The 
amount of silicon in the SiO2 (silica gel) compared to the silicon as Na2SiO3 as nutrient in 
the f/2 + Si medium was about 1:1000. However, it should be noted that some forms of 
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amorphous silica gel have a higher dissolution rate in seawater compared to distilled wa-
ter [65] and that bacteria can promote silica dissolution [66].  

It was not possible to determine if SiO2 particles attracted a higher concentration of 
diatoms compared to microplastics, but their sedimentation is likely the explanation for a 
net removal of phytoplankton cells from the suspension. Under certain nutrient condi-
tions, C. socialis has been seen to favor chain and aggregate formation [67,68]. Despite the 
aeration system to promote a gentle mixing of the cultures, silica gel particles, with a high 
hygroscopicity, may have had an increased sinking rate as some deposition was evident 
at the bottom of the 3-S culture flask.  

At the end of part 1 and the beginning of part 2 (day 7), cell abundance was measured 
from the culturing flasks. Subsequently part of the culture was filtered and transferred to 
the 12 quartz cuvettes. Oxygen was measured from each cuvette, the cuvettes were air-
tight closed, and CDOM was measured right after. Our results suggest that on this day 
CDOM concentration (a(355)) was largely determined by cell abundance and growth, with 
CDOM production dominating over microbial alteration of the CDOM present. In the sil-
ica-enriched system 3-S on day 7 we observed the lowest number of cells (Figure 1a,b) and 
the lowest CDOM absorption (Figure 2a). This may indicate an increased production of 
particulate organic matter (POM) compared to the dissolved fraction as exudates helping 
the aggregation and sinking of diatom cells. POM was not measured in the systems; how-
ever, the higher values of CDOM in the control system 1-C and the higher DOC concen-
trations observed in part 2 may support this hypothesis, and we may think that the pres-
ence and type of particles influence the partitioning of organic matter into DOM or POM, 
with the highest amounts of DOM occurring in the absence of particles like microplastics 
or silica (Figure 2a,b). In a mesocosm experiment a higher concentration (400 particles/L) 
of the same polystyrene spheres in fact promoted the production of POM [20].  

Part two of the experiment was performed in dark conditions; all the alterations of 
CDOM were related to microbial activity (no photodegradation). Operating at a constant 
temperature of 20–25 °C, thermal degradation of the organic material was also minimized. 
Previous leaching tests on the same type of polystyrene beads indicated that no release of 
CDOM occurred over short periods (weeks) [25].  

In the dark incubations (part 2), CDOM spectral slopes and slope ratio indicated 
changes in the CDOM pool. Changes in spectral slope (S302–322) had an opposite trend to 
that of SR (Figure 3c,d). Spectral slopes values and SR have been shown to increase with 
photodegradation and photobleaching and associated with a reduction in molecular 
weight [61]. Photodegradation and photobleaching were absent in the dark conditions of 
this part of the experiment. SR has been shown to be sensitive to microbial processes, with 
a decrease in SR indicating an increase in microbial alteration of CDOM [43,61]. S302–322 and 
SR may thus be considered complementary indexes and their opposite behavior observed 
in this study is not contradictory. In general, this trend suggests a reduced microbial al-
teration of the CDOM pool in the control compared to the other two systems. This hy-
pothesis is supported by the higher dissolved oxygen values in the control flask (part 1, 
day 7) (Figure 4). DOM freshly produced by phytoplankton may be more biologically 
available for bacterial reworking when it has not been subject to any prior photo-transfor-
mation [37]. Autotrophic and heterotrophic microbial activity (DOM production and pro-
cessing) is enhanced in the presence of particulate substrates, including plastics [20,25,56].  
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Figure 4. Initial oxygen concentrations per treatment (t7). Per each box plot, n = 200 (50 measure-
ments per cuvette, for 4 replicate cuvettes each treatment). Box plots have the following color 
code: 1-C (black line), 2-PS (blue line) and 3-S (red line). 

Our results suggest that CDOM derived from the same phytoplankton species in dif-
ferent conditions (treatments) may have a different biological lability in relation to the 
substrate on which it is produced. The fact that CDOM (a(355)) was lowest in the 3-S treat-
ment and spectral slope was the highest possibly indicates that CDOM produced in the 
presence of silica particles (part 1) underwent the highest amount of microbial reworking 
in the subsequent dark incubation (part 2). We recommend that future studies should ad-
dress these DOM dynamics and changes in bulk optical parameters by using high-resolu-
tion techniques that have recently proven successful to assess DOM components [30–
32,37]. 

These first results indicate that SiO2 particles had possibly the strongest effects on 
microbial CDOM processing. Water insoluble SiO2 particles were used as a proxy for nat-
ural inorganic particles in marine environments. However limited, there is the possibility 
that these particles may interact with diatoms. Nevertheless, the results show that not only 
the presence, but also the type of suspended particles can influence microbial processing 
of organic matter in the marine environment. 

Carbon export through the formation of diatom aggregates is a well-known pathway 
[69]. Aggregates also present a high concentration of nutrients and a large number of mi-
croorganisms, attracted by these favorable conditions [70]. Since the culture used in the 
present study was non-axenic, it was possible that the aggregates attracted both auto-
trophic and heterotrophic organisms, stimulating a competition for inorganic nutrients 
[70].  

What differentiates plastic particles from silica particles (and inorganic substrates in 
general), is that plastic is an allochthonous material, highly persistent and new to the ma-
rine environment. Plastic has been recently and massively (~last 50 years) introduced in 
our oceans, and the effects on the microbial cycling of carbon and organic matter are 
shown in the present study to be significant and similar to those of naturally occurring 
particles. Given that several anthropogenic forcing factors are at work on our oceans, this 
amplification of DOM processing may be further affected and is in need of further re-
search [27]. Plastic particles can leach several compounds: besides DOC that increases ma-
rine bacterial activity [71,72], plastic may contain additives like halogen atoms (e.g., PVC, 
polyvinyl chloride containing chlorine) that are released during photo-oxidative pro-
cesses [73]. Many plastics found at sea are positively buoyant and accumulate in the upper 
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ocean layers, where weathering and photo-degradative processes promote the break-
down of larger items into debris of smaller size, along with the leaching of plastic addi-
tives and components. Surface waters of productive upwelling systems may be character-
ized by elevated concentrations of biologically derived halocarbons that contribute to at-
mospheric halogen concentrations, often associated with diatom blooms [74]. In coastal 
areas of upwelling systems, the concentration of microplastics might be significant [75], 
and the smaller the particles, the stronger the interaction of plastic and its leachates with 
microbial metabolism and microbial organic matter production, processing and release. 
In these areas, the effects of microplastics might be further amplified by the high biological 
activity.  

With respect to our starting hypotheses, the present study indicates that 1) the pres-
ence of particles promotes a higher microbial processing of CDOM; and 2) particles of 
different materials (inorganic versus plastic) lead to differences in microbial processing of 
CDOM and potentially, of marine organic matter.  

Plastic concentration in the oceans is increasing exponentially, yet there are still many 
uncertainties as to its effects on marine biogeochemistry. This work was intended to iden-
tify important knowledge gaps where further research is needed. The present study, alt-
hough limited in its extent, shows different effects of inorganic versus plastic substrates 
on CDOM processes. In light of these considerations, we think that a better understanding 
of DOM dynamics in the presence of particulate substrates (either biogenic or anthropo-
genic) is required. Further research that includes the study of other phytoplankton spe-
cies, different types of plastics, as well as high-resolution methods for DOM characteriza-
tion (NMR, FT-ICR-MS) is necessary. There is an urgent need for a better understanding 
of the multiple effects of microplastics on aquatic systems, to inform adequate mitigation 
and prevention strategies for this global threat. Indeed, it would be very useful to have a 
commonly agreed standard of marine plastic debris that may be compared to other sub-
strates, as once it is subjected to weathering, plastic will also behave differently in the 
environment.  

We suggest that these dynamics and comparisons are further considered when ad-
dressing plastic and microplastics contamination in aquatic systems.  
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