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Abstract

Soil degradation can strongly constrain plant establishment and ecosystem restoration,
highlighting the need for amendments able to improve both soil functionality and plant–
microbiome interactions. This study evaluated whether biochar preconditioned for six months
in healthy pine forest soil could enhance the early growth of Pinus halepensis Mill. compared
with untreated biochar in degraded agricultural soil. Seedlings were grown for 85 days under
controlled conditions in five substrates, including pine forest soil, non-intensively cultivated
agricultural soil, degraded agricultural soil, and degraded soil amended with either untreated
or bioactivated biochar. Above- and below-ground plant morphological traits, soil chemistry,
and rhizosphere microorganism communities were assessed. Untreated biochar markedly
promoted root development, increasing absorptive fine-root length, root biomass, and stem
diameter compared with degraded soil and forest-conditioned biochar. In contrast, bioactivated
biochar resulted in more limited early seedling growth. Microbial community composition
varied among treatments, whereas Shannon diversity did not differ significantly. Bacterial
communities showed partial overlap among treatments, while fungal communities displayed
clearer treatment-associated separation. Overall, forest-soil conditioning did not improve
biochar effectiveness during early seedling development. Further drought and field trials are
required to determine whether these contrasting growth and rhizosphere responses influence
long-term establishment and restoration performance.

Keywords: biochar; fine root traits; rhizosphere microbiome; soil restoration; Pinus halepensis

1. Introduction
Soil biodiversity contributes to the development of aboveground vegetation and the

enrichment of soil quality through the decomposition of plant residues [1]. Soil resilience,
defined as the capacity to maintain functional health after a severe disturbance, is enhanced
by biodiversity itself. Globally, the contribution of soil biodiversity to ecosystem services
has been estimated to range between €1.4 and €12.5 trillion per year [2]. Soil organic carbon
is recognized as a primary determinant of agricultural productivity and water security,
representing a key factor for biodiversity and resilience to climate change [2]. The loss of
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organic carbon, especially in arid regions where baseline levels are already low, invariably
leads to soil degradation and the impairment of related ecosystem functions. It is estimated
that between one-third and one-quarter of the world’s land area is affected by some
form of degradation [3], a phenomenon that contributes to declining agricultural yields,
disruption of hydrological cycles, and the release of greenhouse gases. The overexploitation
of soils for agricultural purposes led to systematic degradation, characterized by secondary
salinization and severe depletion of the indigenous microbiome [4,5]. In addition to
intensive agricultural practices, wildfires represent one of the major disturbances to soil
and natural habitats.

In this context, the introduction of hardy pioneer species like Pinus spp. constitutes
an effective approach to facilitate land-use transitions in degraded ecosystems [6]. The
objective is to establish a structural and functional foundation that facilitates subsequent
spontaneous recolonization by plant species typical of neighboring natural habitats, specifi-
cally, those species that occur naturally in the area due to specific environmental conditions.
However, this operation faces significant obstacles: the mere planting of saplings may not
be sufficient due to the drastic reduction in biodiversity and the loss of key symbionts,
such as mycorrhizal fungi [7]. The latter are indispensable for vegetation recovery and the
restoration of the soil-plant equilibrium. Their absence severely limits the establishment
capacity of seedlings and the functional recovery of the ecosystem [8].

Carbon and micronutrient cycles are predominantly driven by bacterial diversity,
which can mitigate anthropogenic effects on soil and plant productivity [9]. Various species
of soil bacteria and fungi are capable of solubilizing nutrients and producing molecules and
phytohormones that support plant health [7,10,11]. Within this perspective, interest in the
use of biochar as an amendment has grown over the last two decades due to its specialized
properties: (1) water and nutrient retention capacity; (2) high porosity, which provides a
refuge for beneficial microorganisms; and (3) increased stable carbon sequestration [10].
Biochar has shown significant effects on the microbial communities’ composition, including
mycorrhizae and enzymatic activity [12–16]. Furthermore, long-term biochar application
has proven to be an effective strategy for the rehabilitation of degraded soils, stabilizing
interactions between nutrients, metabolites, and the soil microbiome [17]. Specifically, it
has been widely documented that biochar application can significantly improve plant traits,
including root biomass and length, fostering more efficient soil exploration [18]. However,
the efficacy of “as-is” biochar may be limited by its initial biological inertia. To overcome
these limitations, recent research has focused on pre-conditioning (or bioactivation) tech-
niques aimed at optimizing biochar–soil–plant interactions and enzymatic activity in the
rhizosphere [19–21]. Significant examples include nutrient loading and co-composting,
which enhance the biotic response of the system [19–21].

To date, biochar manipulation has primarily referred to studies on the efficacy of
biochar-loaded composts, which report variable results (positive, negative, or neutral) on
plant growth, demonstrating that composting is not a universal solution for the safety of
the biochar–plant system [20]. There is a growing consensus that the microbial activation
of biochar contributes to its positive impacts on plant productivity and health [20,22].

Within this framework, and as part of the STOREROOM project implemented in Italy
under the National Recovery and Resilience Plan (PNRR), this study tested an innovative pre-
conditioning phase consisting of the inoculation of biochar in healthy soil of pine forest prior
to its application in degraded agricultural soil. The aim is to evaluate whether soil-mediated
conditioning can promote microbial recovery and plant growth, specifically improving the
development of Pinus halepensis Mill. in soil degraded by intensive agriculture.
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2. Materials and Methods
2.1. Biochar Bioactivation

The site selected for the bioactivation phase is a natural pine forest located along
the Ionian arc near Taranto, Apulia, Southern Italy, which has not been affected by fire
since 1982 (40.521935◦ N, 17.085023◦ E). This area is a Special Area of Conservation (SAC,
IT9130006) under the Habitats Directive (92/43/EEC). The biochar used in this study was
produced by Romagna Carbone s.n.c. (Bagnacavallo, RA, Italy) from orchard pruning
residues through slow pyrolysis. The main biochar feature are reported in the Table 1. The
untreated biochar was sieved through a 1 cm mesh to remove the finer fraction, and only
the particles retained on the sieve (>1 cm) were placed into mesh bags with a 1 cm mesh
size. The bags were then buried at a depth of 5 cm and covered with the same native forest
topsoil removed when the burial pit was excavated. After an in-soil incubation period of
approximately 6 months, the bioactivated biochar was retrieved and stored at 4 ◦C until
experimental use, which occurred within the days following its recovery from the forest.

Table 1. Physicochemical characteristics and production parameters of the biochar used in the study.

Biochar parameters Unit Value

Pyrolysis temperature ◦C 500
Average residence time h 3

pH 9.7
Electrical conductivity (EC) dS m−1 7.5

Total carbon (TC) g kg−1 778
Organic carbon (TOC) g kg−1 705

Cation exchange capacity (CEC) cmol kg−1 21.3
BET specific surface area m2 g−1 410

2.2. Experimental Design

Growth chamber experiments were conducted using Pinus halepensis Mill. (Aleppo
pine) as the target species. Seeds were collected from the aforementioned Taranto pine
forest in collaboration with ARIF Puglia, the Regional Agency for Irrigation and Forestry of
Apulia. An intensively cultivated agricultural greenhouse soil was selected as the degraded
agricultural soil (AD). The classification of this soil as degraded was based on both its
long-term intensive management history and its chemical characteristics (Table 2). All soils
were collected from the upper 15 cm of the soil profile, with one collection site representing
each source-soil category. In the pine forest (P), the approximately 1 cm thick litter layer was
removed before sampling the underlying soil. Soil samples were stored at 4 ◦C and used
in the experiment within a few days of collection. Soil from each site was homogenized
before pot filling, and the same homogenized degraded agricultural soil was used for all
treatments involving this substrate. The experiment comprised five substrate treatments,
each represented by five replicate pots containing one seedling per pot:

P: natural pine forest soil, from the same site of the biochar bioactivation;
A: non-intensively cultivated agricultural soil (no use of pesticides, herbicides, chemical
fertilizers, or heavy machinery);
AD: degraded, intensively cultivated agricultural soil (use of pesticides, herbicides, chemi-
cal fertilizers, and heavy machinery);
ADB: degraded agricultural soil amended with untreated biochar;
ADBP: degraded agricultural soil amended with bioactivated biochar.

The experiment was designed to compare untreated and forest-conditioned biochar
in degraded agricultural soil, using the corresponding unamended soil as the control.
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Pine forest soil and non-intensively cultivated agricultural soil were included as reference
substrates. The design therefore comprised five substrate treatments and was not intended
as a factorial test of soil type and biochar treatment.

Pinus halepensis seeds were pre-germinated in Petri dishes and sown in 2 L pots
containing 1.85 L of substrate. Before biochar application, the moisture content of each
biochar was determined by oven-drying subsamples at 105 ◦C to constant mass. Untreated
and bioactivated biochar were applied without prior drying, with their masses adjusted to
provide the same dose of 21.9 g dry weight per pot, equivalent to approximately 15 Mg ha−1

(15,000 Kg ha−1) based on the substrate surface area. Both types of biochar were thoroughly
mixed with the soil before pot filling. Pots were then placed in a growth chamber under
controlled environmental conditions. Seedlings were maintained at a constant temperature
of 25 ◦C with a 16 h light/8 h dark photoperiod. Photosynthetically active radiation (PAR,
400–700 nm), measured at plant height, was 400 ± 27 µmol m−2 s−1. The cultivation cycle
lasted 85 days. Pots were checked daily on weekdays and manually watered as needed to
prevent excessive substrate drying, adding approximately 50–100 mL of water per pot at
each watering event. Before weekends, water was left in the saucers to provide a reserve
for uptake through the drainage holes and reduce substrate drying between checks.

Table 2. Analytical methods, instrumentation, operating conditions, and quality control procedures
used for the chemical characterization of soil samples.

Analytical Parameter Sample
Preparation/Extraction

Instrument/Analytical
System

Main Analytical
Conditions

Quality
Control/Replication

Element concentrations
(e.g., Al, Mg, Ca, Si, Na, K, etc.)

Dried soils were
pulverized using a
planetary ball mill.

Samples were digested
with HNO3 (65%) and HF
(50%) at a 2:1 (v/v) ratio.

Planetary ball mill PM4
(Retsch, Haan, Germany);

microwave digestion
system (Milestone Srl,

Sorisole, Italy); ICP-OES
Optima 7000DV

(PerkinElmer Italia Spa,
Milan, Italy)

Microwave program: 1
min at 250 W; 1 min at 0
W; 5 min at 250 W; 4 min

at 400 W; 4 min at 600 W; 5
min at 250 W. Calibration

curves were obtained
using standard metal

solutions.

Three biological
replicates and three

technical readings per
sample.

Inorganic anions
(Br−, Cl−, F−, SO4

2−, NO2
−,

NO3
−, PO4

3−)

Soil extracts were
analyzed by ion
chromatography.

Dionex DX 120 ion
chromatograph (Dionex,

Sunnyvale, CA, USA) with
IonPac AS14 column

(4 × 250 mm)

Eluent: 1.8 mM Na2CO3 +
1.6 mM NaHCO3; flow

rate: 2 mL min−1;
pressure: 970 psi.

Blank samples and
international standards

were analyzed for
quality control.

Anions by suppressed
conductivity

Extracts were analyzed by
ion chromatography with
suppressed conductivity

detection.

Dionex DX 120 equipped
with IonPac AS20 analytical
column (4 × 250 mm) and

IonPac AG20 guard
column (4 × 50 mm)

Eluent: 10 mM NaOH;
flow rate: 0.25 mL min−1.

Blank samples and
international

standards.

Trace inorganic ions

Trace ions were
concentrated before

chromatographic
determination according

to EPA Method 314.1.

Cryptand concentrator
column (4 × 35 mm)

coupled with AS16 primary
analytical column and

AS20 confirmation column

Cryptand concentrator
column positioned in the

sample loop; determination
according to EPA Method

314.1 (EPA, 2005).

Method-based quality
control and

confirmation using a
secondary analytical

column.

Metallic cations

Analyses were performed
on acidic samples adjusted

to pH < 2.0.
Exchangeable cations (i.e.,
Ca, Mg, Na and K) were

determined by displacing
these ions from soil

colloids with NH4. This is
done by shaking the soil

with 1N NH4OAc
adjusted to pH 7.0

Analyst 100 atomic
absorption spectrometer

(PerkinElmer) with
deuterium-arc

background correction

Atomic absorption
spectrometry under acidic

conditions.

Analytical-grade
reagents were used for

all determinations.
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2.3. Morphological Measurements

At the end of the growth period, the seedlings were destructively sampled, and the
roots remaining attached to them were gently cleaned of adhering soil and analysed for
root traits. Roots that became detached and remained in the soil were quantified according
to [23] and included in the estimates of whole-root-system traits. Roots were scanned
submerged in water at a resolution of 800 dpi with a calibrated flatbed scanner coupled to a
transparency unit for image acquisition ( Expression 13,000 XL, Epson Italia S.p.A., Cinisello
Balsamo, MI, Italy.) and analyzed by using WinRhizo Pro V. 2007d (Regent Instruments
Inc.,Quebec City, QC, Canada). Micrometric image analysis was used to define functional
diameter classes of P. halepensis fine roots, following the approach described by Montagnoli,
Terzaghi [24]. The following parameters were measured: total dry biomass of leaves, stems,
and root systems; plant height, crown width, lateral branch number, stem diameter; root
length of the whole root system and for functional diameter classes; specific root length
(SRL), root tissue density (RTD) and root:shoot ratio.

During sampling, rhizosphere samples were also collected and prepared for micro-
biological analysis to evaluate the effects of the treatments on soil quality and microbial
biodiversity, as described in Section 2.5.

2.4. Soil Characterization
2.4.1. Soil Chemical Analyses

The methods for chemical soil characterization are reported in Table 2.

2.4.2. Soil Texture Analysis (Andreasen Pipette Method)

A dispersing solution was prepared by dissolving sodium carbonate (Na2CO3) and
sodium hexametaphosphate (NaPO3)6 in Milli-Q water and combining the two solutions.
Approximately 10 g of air-dried soil (<2 mm) was placed in a 500 mL container, and 240 mL
of distilled water and 10 mL of dispersing solution were added. The suspension was
mechanically shaken for 2 h (130–160 rpm) to ensure complete particle dispersion. The
sample was then wet-sieved through a 0.2 mm mesh using an Andreasen sedimentation
apparatus to separate the coarse sand fraction, which was collected, rinsed, and transferred
into a pre-weighed container (SG). The remaining suspension, containing finer particles, was
transferred into a sedimentation cylinder, brought to volume, and homogenized. Sedimentation
times were determined according to Stokes’ law, and aliquots were collected at fixed intervals
to separate silt and clay fractions. All fractions (coarse sand, silt + clay, and clay) were dried at
105 ◦C overnight, weighed, and their percentages calculated. Soil texture was then determined
using the IUSS soil texture triangle based on particle-size distribution.

2.5. Microbiome Analyses

The pine forest bulk soil and microbial rhizo-communities, collected from five Aleppo
pine roots for each experimental group, were analyzed using an NGS approach to estimate
their bacterial and fungal composition, according to Piccolo, Gentile [25]. Briefly, root-
associated microorganisms were extracted by suspending 2.5 g of roots in 25 mL of sterile
physiological solution (NaCl, 9.0 g/L), followed by agitation at 200 rpm for 30 min at 25 ◦C.
After root removal, the suspension was centrifuged at 600 rpm for 10 min. The resulting
supernatant was collected and subjected to two sequential washing steps by centrifugation
at 3000× g for 15 min. After removing the supernatant, the pellet was resuspended in
200 µL of sterile physiological solution (NaCl 0.9%). Subsequently, 10 µL of a 0.1 OD600
solution was added to 90 µL of extraction buffer from the Extract-N-Amp™ Plant PCR
Kit (Merck Life Science, Milan, Italy) and incubated at 94 ◦C for 20 min. Then, 100 µL of
dilution buffer, included in the kit, was added and mixed by pipetting. This procedure
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was performed in triplicate. The target regions, 16S rDNA and ITS, were then amplified
following the manufacturer’s instructions. In particular, the V3–V4 hypervariable region of
the bacterial 16S rRNA gene was amplified, in triplicate, using the specific primers 341F (5′-
CCTACGGGRSGCAGCAG-3′) and 909R (5′-TTTCAGYCTTGCGRCCGTAC-3′), whereas
the fungal ITS2 region was amplified using the ITS3 (5′-GCATCGATGAAGAACGCAGC-
3′) and ITS4 (5′-TCCTCCGCTTATTGATATGC-3′) primers. An annealing temperature of
55 ◦C was used. Amplicon libraries were prepared and sequenced using an NGS approach
by Genomics4life company (Baronissi, SA, Italy). Illumina sequence data were sorted
based on unique barcodes and quality-controlled using Quantitative Insights into Microbial
Ecology 2 (QIIME 2, version 2019.4), with the demux2, dada2, and feature-table plugins.
Alpha- and beta-diversity analyses were performed using the alignment and diversity
plugins. For taxonomic analysis, a pre-trained Naive Bayes classifier based on the SILVA
138 Operational Taxonomic Units database was used for 16S rDNA sequences, trimmed
to include the V3–V5 region of the 16S rRNA gene bound by the 341F/909R primer pair.
Meanwhile, the classifier for fungal ITS2 sequences was pre-trained on the UNITE database,
version 7–99%, and applied to paired-end sequence reads to generate taxonomy tables.
Taxonomic and compositional analyses were conducted using the feature-classifier, taxa,
and composition plugins.

2.6. Statistical Analysis
2.6.1. Morphological Data Analyses

Morphometric data were subjected to statistical analysis using SPSS Statistics (Version 25).
Data distribution and variance homogeneity were assessed using the Shapiro–Wilk and Lev-
ene’s tests, respectively. When the assumptions for parametric analysis were not met, data
were transformed using square-root or logarithmic functions, as appropriate. Differences
among treatments were assessed using one-way ANOVA, with substrate treatment as a fixed
factor with five levels (P, A, AD, ADB, and ADBP) and individual pots as experimental units
(n = 5 per treatment), followed by Fisher’s least significant difference (LSD) test for pairwise
comparisons. Differences were considered statistically significant at p < 0.05.

2.6.2. Microbiological Data Analyses

Alpha diversity was evaluated to characterize within-sample microbial diversity using
the Observed features, Chao1, Shannon, and Simpson indices. Alpha-diversity analyses
and statistical comparisons among experimental groups were performed in RStudio (Ver-
sion 2024.12.1+563). Differences in alpha-diversity metrics among groups were assessed
using the Kruskal–Wallis test (referenza), with statistical significance set at p < 0.05. The
resulting diversity indices were used to assess differences in microbial richness, evenness,
and overall community diversity among the experimental groups. Beta diversity was
evaluated to assess differences in microbial community composition among samples. Bray–
Curtis dissimilarity and weighted UniFrac distance matrices were calculated separately
for the bacterial and fungal datasets. Principal coordinates analysis (PCoA) was used to
visualize patterns of community composition based on both distance measures. In addi-
tion, three-dimensional PCoA ordinations were generated from Bray–Curtis and weighted
UniFrac distance matrices to provide a complementary visualization of sample distribution
according to soil condition.

The significance of differences in community composition among groups was assessed
using permutational multivariate analysis of variance (PERMANOVA) implemented with
the adonis2 function in the vegan package. Statistical significance was evaluated at p < 0.05.

Relationships among bacterial genera, soil chemical properties, and plant morphome-
tric traits were assessed using Pearson’s correlation coefficient based on n = 20 indepen-
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dent observations. Microbial relative abundances were subjected to a centered log-ratio
(CLR) transformation prior to correlation analysis, after replacement of zero values with a
small pseudocount. Pearson’s correlation coefficients were then calculated between CLR-
transformed microbial abundances and soil chemical and plant morphological variables. To
account for the large number of simultaneous correlation tests, p-values were adjusted for
multiple comparisons using the Benjamini–Hochberg false discovery rate (FDR) procedure.
Correlations were considered statistically significant at an FDR-adjusted p < 0.05.

Pearson’s correlation analysis was carried out in the R statistical environment using
RStudio (Version 2024.12.1+563). The analysis was performed to investigate linear rela-
tionships among the quantitative variables measured (relative frequency of the OTUs, soil
chemical parameter, plant morphological parameter) in the study. Before the analysis, the
dataset was screened to verify data consistency and to exclude non-numeric variables or
missing observations that could affect matrix computation. Pairwise correlation coefficients
were then calculated using Pearson’s method. The correlation matrix was graphically
represented using the corrplot package in R. Correlation coefficients were displayed accord-
ing to their sign and magnitude, allowing clear visualization of positive (blue color) and
negative associations (red color) among variables. The intensity of the color scale reflected
the strength of each relationship whilst the presence of the white dot indicated statistical
significance (p < 0.05). This approach was used to identify groups of strongly associated
variables, inverse relationships, and general patterns of co-variation within the dataset.

3. Results
3.1. Soil Analyses

In this study, the growth of P. halepensis seedlings and their rhizosphere microbiome
were evaluated under different treatments based on biochar amendments preconditioned
in healthy pine forest soil. The soils used in this experimentation, including the healthy
one where the biochar was conditioned, were preliminarily analyzed from a chemical point
of view (Table 3).

Table 3. Analyses of the five soils used in the experiment. Each value is the mean (n = 5) ± SE. P,
pine forest soil; A, non-intensively cultivated agricultural soil; AD, degraded agricultural soil; ADB,
degraded agricultural soil amended with untreated biochar; and ADBP, degraded agricultural soil
amended with pine-forest-soil-bioactivated biochar.

Chemical Parameter
Treatments

P A AD ADB ADBP

pH (H2O) 6.80 6.50 7.40 7.60 7.70

EC (dS m−1) 0.35 0.42 0.85 0.95 1.05

TOC g kg−1 3.30 ± 0.13 10.40 ± 0.42 2.70 ± 0.11 18.00 ± 0.72 16.05 ± 0.64

N total g kg−1 2.70 ± 0.11 1.30 ± 0.05 0.80 ± 0.03 0.85 ± 0.03 0.88 ± 0.04

P total mg kg−1 325.00 ± 9.75 214.00 ± 6.42 210.00 ± 6.30 225.00 ± 6.75 285.00 ± 8.55

K total g kg−1 15.00 ± 0.45 12.00 ± 0.36 7.00 ± 0.21 7.45 ± 2.23 7.60 ± 2.28

Cl mg kg−1 32.64 ± 0.98 42.93 ± 1.29 96.38 ± 2.89 98.50 ± 2.96 101.20 ± 3.04

K mg kg−1 20.64 ± 0.62 6.55 ± 0.20 48.40 ± 1.45 59.17 ± 1.78 64.30 ± 1.93

Ca mg kg−1 62.18 ± 1.87 75.90 ± 2.28 281.97 ± 8.46 295.40 ± 8.86 302.10 ± 9.06

Mg mg kg−1 3.09 ± 0.09 3.22 ± 0.10 41.98 ± 1.26 45.20 ± 1.36 47.10 ± 1.41

Mn mg kg−1 0.1568 ± 0.0063 0.1524 ± 0.0061 0.2170 ± 0.0087 0.2240 ± 0.0090 0.2310 ± 0.0092

Cu mg kg−1 0.0036 ± 0.0001 0.0079 ± 0.0003 0.0190 ± 0.0008 0.0195 ± 0.0008 0.0205 ± 0.0008
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Table 3. Cont.

Chemical Parameter
Treatments

P A AD ADB ADBP

B mg kg−1 0.0090 ± 0.0004 0.0116 ± 0.0005 0.0199 ± 0.0008 0.0220 ± 0.0009 0.0235 ± 0.0009

Mo mg kg−1 0.0002 ± 0.0001 0.0001 ± 0.0001 0.0006 ± 0.0001 0.0006 ± 0.0001 0.0007 ± 0.0001

Ni mg kg−1 0.0042 ± 0.0002 0.0063 ± 0.0003 0.0110 ± 0.0004 0.0115 ± 0.0005 0.0120 ± 0.0005

Pb mg kg−1 0.0030 ± 0.0001 0.0041 ± 0.0002 0.0083 ± 0.0003 0.0085 ± 0.0003 0.0086 ± 0.0003

Cr mg kg−1 0.0980 ± 0.0039 0.0131 ± 0.0005 0.0430 ± 0.0017 0.0435 ± 0.0017 0.0440 ± 0.0018

Co mg kg−1 0.0020 ± 0.0001 0.0027 ± 0.0001 0.0058 ± 0.0002 0.0060 ± 0.0002 0.0062 ± 0.0002

Extractable P mg kg−1 0.1487 ± 0.0060 0.2337 ± 0.0093 0.0897 ± 0.0036 0.4520 ± 0.0181 0.8620 ± 0.0345

Sand % 31 16 32

Silt % 20 35 6

Clay % 49 49 62

IUSS Classification Clay Clay Clay

The five substrates showed marked differences in their chemical properties. Among
the unamended soils, AD had the lowest TOC and relatively low total N, P, and K contents,
but considerably higher concentrations of Cl, K, Ca, Mg, and more trace elements than P
and A. Biochar amendment markedly increased TOC, with a higher value in ADB than in
ADBP, whereas total N and K changed only slightly compared with AD. ADBP showed a
more pronounced increase in total P and generally slightly higher concentrations of mineral
and trace elements than ADB. The soil texture analyses highlighted that the three different
soils were classified as clay soil on the basis of soil texture analyses.

3.2. Morphological Results

Fine roots were classified into three functional classes: absorptive fine roots (AFR;
diameter < 0.45 mm), pioneer-transport fine roots (PFR; diameter 0.45–0.70 mm), and
transport-structural fine roots (TSFR; diameter > 0.70 mm). Only 1.74% of the total root
volume was associated with root diameters greater than 2 mm, corresponding to the basal
portion of the taproot, immediately below the root collar.

Table 4 shows different plant traits, divided into aboveground and belowground
categories. Among aboveground traits, plant height differed significantly among soil treat-
ments. The greatest values were observed in seedlings grown in the degraded agricultural
soil, both without amendment (AD) and with untreated biochar (ADB), and these two
treatments did not differ significantly from each other. Both AD and ADB produced taller
seedlings than the non-intensively cultivated agricultural soil (A), whereas pine forest soil
(P) and degraded agricultural soil amended with bioactivated biochar (ADBP) showed
intermediate values, not significantly different from either extreme. Crown width showed
a similar pattern. The highest value was observed in AD, which was significantly greater
than A and ADBP, but did not differ from P or ADB. Seedlings grown in ADB also had
significantly wider crowns than those in A, whereas P and ADBP again displayed interme-
diate values. In contrast, lateral branch number was not significantly affected by treatment.
Stem diameter showed an opposite trend compared with height and crown width. The
largest diameter was recorded in P, which differed significantly from all other treatments.
Seedlings grown in A also had significantly larger stem diameter than those in all degraded
agricultural soil treatments. Within the latter group, stem diameter was significantly greater
in ADB than in AD and ADBP, which showed similarly low values.
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Table 4. Above- and belowground traits of 85-day-old Pinus halepensis Mill. seedlings grown in
five different soils: P, pine forest soil; A, non-intensively cultivated agricultural soil; AD, degraded
agricultural soil; ADB, degraded agricultural soil amended with untreated biochar; and ADBP,
degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.

Treatment

Variable P A AD ADB ADBP

Aboveground
traits

Plant height
(cm) 7.00 ± 0.65 ab 6.50 ± 0.22 b 8.40 ± 0.43 a 8.16 ± 0.65 a 6.92 ± 0.46 ab

Crown width
(cm) 3.70 ± 0.25 abc 3.24 ± 0.25 c 4.20 ± 0.20 a 4.02 ± 0.26 ab 3.48 ± 0.09 bc

Lateral branch
number (n) 3.60 ± 0.81 a 3.40 ± 0.81 a 3.40 ± 0.51 a 3.80 ± 0.58 a 2.40 ± 0.60 a

Stem diameter
(mm) 1.20 ± 0.04 a 1.08 ± 0.04 b 0.64 ± 0.02 d 0.80 ± 0.04 c 0.56 ± 0.02 d

Belowground
traits

AFR mean
diameter (mm) 0.37 ± 0.01 a 0.370 ± 0.004 a 0.380 ± 0.005 a 0.370 ± 0.005 a 0.37 ± 0.004 a

PFR mean
diameter (mm) 0.570 ± 0.007 a 0.560 ± 0.009 a 0.560 ± 0.005 a 0.560 ± 0.005 a 0.570 ± 0.001 a

TSFR mean
diameter (mm) 0.950 ± 0.024 ab 0.950 ± 0.021 b 0.830 ± 0.012 c 1.030 ± 0.037 a 0.940 ± 0.035 b

Root system
mean diameter

(mm)
0.610 ± 0.013 a 0.580 ± 0.016 ab 0.550 ± 0.005 bc 0.540 ± 0.013 c 0.560 ± 0.010 bc

Root system
SRL * (m/g) 19.8 ± 1.1 c 22.3 ± 1.7 c 35.5 ± 0.9 a 29.4 ± 3.0 b 29.70 ± 2.2 b

Root system
RTD ** (g/cm3) 0.180 ± 0.010 a 0.180 ± 0.005 ab 0.120 ± 0.003 c 0.170 ± 0.017 ab 0.140 ± 0.013 bc

Root:shoot ratio 0.370 ± 0.02 ab 0.540 ± 0.06 a 0.28 ± 0.04 b 0.38 ± 0.04 ab 0.260 ± 0.04 b

AFR, absorptive fine roots (diameter < 0.45 mm); PFR, pioneer-transport fine roots (diameter 0.45–0.70 mm);
TSFR, transport-structural fine roots (diameter > 0.70 mm); * Specific root length; ** Root tissue density.
Diffrent letters indicate statistically significative differences (p < 0.05).

Among belowground traits, no significant differences were observed in the mean root
diameter of the 0.0–0.45 mm (AFR) and 0.45–0.70 mm (PFR) classes. By contrast, the coarse
root fraction (> 0.7 mm, TSFR) differed significantly among treatments. In this class, ADB
showed the highest mean diameter, whereas AD showed the lowest.

ADB was significantly higher than A, AD, and ADBP, whereas P was intermediate
and differed significantly only from AD. Root system mean diameter was highest in P and
lowest in ADB. Pine forest soil produced significantly greater values than AD, ADB, and
ADBP, although it did not differ significantly from A. The A treatment was intermediate
and differed significantly only from ADB, whereas no significant differences were found
among AD, ADB, and ADBP.

Root functional traits were also significantly influenced by substrate. Specific root
length (SRL) was highest in AD, which differed significantly from all other treatments.
Intermediate SRL values were observed in ADB and ADBP; these two treatments did
not differ significantly from each other, but both were significantly lower than AD and
significantly higher than P and A. The lowest SRL values were recorded in P and A, which
did not differ significantly from each other. Root tissue density (RTD) showed the opposite
pattern, with the lowest value in AD. This treatment had significantly lower RTD than P, A
and ADB but did not differ significantly from ADBP. The highest RTD was observed in P,
which differed significantly from AD and ADBP, but not from A or ADB. Overall, A and
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ADB occupied intermediate positions, whereas ADBP remained statistically similar to AD,
A, and ADB. The root:shoot ratio was highest in A, with values significantly greater than
those observed in AD and ADBP. P and ADB showed intermediate values.

Figure 1 shows the biomass data for leaves, stems, and roots. Leaf biomass was
significantly higher in AD and ADB than in A and ADBP. No significant differences
were found within both pairs, while P showed intermediate values. Stem biomass was
significantly greater in ADB than in P, A, and ADBP, whereas AD showed intermediate
values and did not differ significantly from any other treatment. Root biomass was also
maximized in ADB, which significantly exceeded P, AD, and ADBP. In contrast, A showed
intermediate values, whereas ADBP exhibited the lowest root biomass, corresponding to
an almost threefold reduction compared with ADB.

Figure 1. Biomass of the leaf, stem, and root compartments. Different lowercase letters in regular,
bold, and italic type indicate significant differences among treatments for leaves, stems, and roots,
respectively (LSD test, p < 0.05). P, pine forest soil; A, non-intensively cultivated agricultural soil; AD,
degraded agricultural soil; ADB, degraded agricultural soil amended with untreated biochar; and
ADBP, degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.

No significant differences among treatments were detected for the length of TSFR
(Figure 2), although a marked, albeit non-significant, reduction was observed in ADBP;
interestingly, this decrease was significant when assessed on a volumetric basis. By contrast,
AFR length responded significantly to the addition of untreated biochar to AD soil, with
ADB showing nearly double the values recorded in all other treatments. A similar trend
was found for PFR roots, whose length was greatest in ADB, although it did not differ
significantly from AD. Overall, the volumetric patterns of the three root classes mirrored
those observed for root length.
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Figure 2. Root length in the three diameter classes investigated. Different lowercase letters in regular,
bold, and italic type indicate significant differences among treatments for the AFR (0.00–0.45 mm),
PFR (0.45–0.70 mm), and TSFR (>0.70 mm) diameter root classes, respectively (LSD test, p < 0.05.
P, pine forest soil; A, non-intensively cultivated agricultural soil; AD, degraded agricultural soil;
ADB, degraded agricultural soil amended with untreated biochar; and ADBP, degraded agricultural
soil amended with pine-forest-soil-bioactivated biochar.

3.3. Microbiome Results
3.3.1. Rhizosphere Bacterial Community

Table 5 reported the results of the rhizosphere bacterial community associated with the P.
halepensis root grown in the AD soil, amended with biochar (ADB), and with biochar conditioned
in pine forest soil (ADBP). Moreover, the rhizosphere of P. halepensis growth in non-intensive
agricultural soil (A) was investigated and considered as control. In this case, the most abundant
OTU was Hydrogenophaga (18.7%), followed by Pseudomonas (15.2%) and Acidovorax (11.6%).

The other seven OTUs are less represented with relative abundance comprising be-
tween 5.8% and 3.0% in the case Arthrobacter and Rhodobacter, respectively. Considering
the AD soil used to assay the effects of biochar being conditioned or not, on growth of
P. halepensis seedlings, the OTUs most represented were Pseudomonas (22.8%) and Bacillus
(17.7%), followed by Hydrogenophaga (12.8%) and Agrobacterium (8.6%). The less represented
OTUs were Rubrivivax, Acidovorax, Actinoplanes and Streptomyces characterized by a relative
abundance comprising between 7.5% (Rubrivivax) and 2.3% (Streptomyces).

When the ADB experimental group was considered, Pseudomonas were represented at
27.8% whilst Hydrogenophaga was represented at 23.1%. The other OTUs less represented were
Acidovorax (6.5%), Bacillus (5.3%), Arthrobacter (5.1%) and Agrobacterium (2.5%). Moreover, the
rhizosphere bacterial community differed from ADBP for the presence of Rhodobacter (3.3%).

A similar qualitative trend was observed in the case of the rhizosphere of P. halepensis
belonging to the ADBP experimental group; in fact, the most represented OTU was Pseudomonas
(39.8%), followed by Hydrogenophaga (16.8%). Other relevant but less represented OTUs were
Acidovorax, Bacillus, Arthrobacter and Agrobacterium, which ranged between 7.4% and 3.3%.

Alpha diversity, measured by the Shannon index, showed a clear upward trend across the
experimental groups (Figure 3), although this difference was not statistically significant. Interest-
ingly, the ADB group showed the highest median diversity and the greatest internal variance.
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Table 5. Relative abundance (%) of rhizosphere bacterial community associated with the P. halepensis
root. A, non-intensively cultivated agricultural soil; AD, degraded agricultural soil; ADB, degraded
agricultural soil amended with untreated biochar; and ADBP, degraded agricultural soil amended
with pine-forest-soil-bioactivated biochar.

Taxonomic Operation Units (OTUs)
Treatments

A AD ADB ADBP

Pseudomonas 15.2 22.8 27.8 39.8

Hydrogenophaga 18.7 12.8 23.1 16.8

Acidovorax 11.6 3.3 6.5 7.4

f__Bacillaceae; g__Bacillus 3.2 17.7 5.3 4.3

Arthrobacter 5.8 1.1 5.1 4.2

Rhodobacter 3.0 1.0 3.3 0.8

Agrobacterium 5.6 8.6 2.5 3.3

Rubrivivax 3.3 7.5 2.4 2.8

Actinoplanes 0.0 2.8 2.0 0.3

Methylibium 2.6 1.0 2.0 0.3

Microbacterium 0.2 0.3 1.3 0.0

Paenibacillus 1.5 1.5 1.2 1.3

Cellvibrio 0.1 0.2 0.9 1.2

Streptomyces 1.0 2.3 0.9 0.3

Aquamonas 0.0 1.0 0.9 0.0

Shinella 0.0 0.5 0.8 0.6

Lysobacter 0.2 1.0 0.8 0.8

Variovorax 2.0 0.8 0.8 1.8

Propionibacterium 0.4 1.2 0.7 0.3

f_Planococcaceae; g_Bacillus 0.0 0.0 0.7 0.0

Pseudoxanthomonas 0.6 0.7 0.7 1.0

Luteolibacter 4.3 0.4 0.6 0.6

Figure 3. Alpha diversity of rhizosphere bacterial communities. Differences among groups were
assessed using the Kruskal–Wallis test (p < 0.05). A, non-intensively cultivated agricultural soil;
AD, degraded agricultural soil; ADB, degraded agricultural soil amended with untreated biochar;
and ADBP, degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.
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The beta-diversity analysis based on Bray–Curtis dissimilarity, visualized through
Emperor ordination, revealed that ADB, ADBP, A, and AD samples showed partial overlap,
although a degree of separation is still observable, particularly along Axis 1 (18.46) and
Axis 2 (15.12%) (Figure 4).

Figure 4. Beta diversity of bacterial communities based on the Bray–Curtis dissimilarity index.
Principal Coordinates Analysis (PCoA) was used to visualize differences in community composition
among samples. Each point represents an individual sample, and distances between points reflect
differences in microbial community structure. P, pine forest soil; A, non-intensively cultivated agricultural
soil; AD, degraded agricultural soil; ADB, degraded agricultural soil amended with untreated biochar;
and ADBP, degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.

3.3.2. Rhizosphere Fungal Community

In Table 6, OTUs with a relative abundance greater than 1% in at least one experimental
group are reported. Overall, the fungal community was more consistent among treatments
compared to bacteria, although several dominant genera showed strong variability across
treatments. The most abundant genus was Plectosphaerella, which reached its highest
relative abundance in ADB (38.4%) and AD (29.9%), followed by ADBP (13.2%). Another
highly represented OTU was the Lobulomycetales group, which was mainly associated
with ADB (18.0%) and ADBP (9.9%), while it was nearly absent in the other experimental
groups. Penicillium is consistently present across all treatments, with relatively stable
abundances ranging from 3.5% (AD) to 9.8% (ADBP), indicating a widespread distribution
independent of treatment conditions. Malassezia showed a marked enrichment in A (13.2%)
and ADBP (8.1%), while lower abundances were observed in the other treatments. Similarly,
Cladosporiaceae exhibited high abundance in A (13.0%) and ADBP (7.3%) but much lower
values in the remaining groups. Among filamentous fungi, Fusarium and related taxa (e.g.,
Dactylonectria) were broadly distributed, with moderate abundances across all treatments,
although Dactylonectria was particularly enriched in A (5.1%) and ADBP (6.9%). Notably,
Suillus represented a dominant genus in AD (39.3%), while it was almost absent in the other
treatments. Additionally, a number of low-abundance genera (<2%) were detected across
all experimental groups, contributing to the overall fungal diversity.
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Table 6. Relative abundance (%) of rhizosphere fungal community associated with the P. halepensis
root. A, non-intensively cultivated agricultural soil; AD, degraded agricultural soil; ADB, degraded
agricultural soil amended with untreated biochar; and ADBP, degraded agricultural soil amended
with pine-forest-soil-bioactivated biochar.

Taxonomic Operation Units (OTUs)
Treatments

A AD ADB ADBP

Plectosphaerella 0.9 29.9 38.4 13.2

Lobulomycetales_gen_Incertae_sedis 0 0.1 18 9.9

Penicillium 6.3 3.5 4.8 9.8

Malassezia 13.2 3.3 4.4 8.1

Cladosporiaceae_gen_Incertae_sedis 13 2.5 2.2 7.3

Dactylonectria 5.1 0 1.4 6.9

Mortierella 2.5 1.8 1.5 4.5

Fusarium 3.2 1 2.9 4.3

Simplicillium 2.2 0.2 0 3.8

Hypocreales_gen_Incertae_sedis 1.3 0.6 2.8 3.1

Alternaria 2.6 2.1 0.8 2.9

Bionectriaceae_gen_Incertae_sedis 2.8 0.1 0 1.9

Cladosporium 1.2 0.1 0 1.9

Thelephora 3.2 1.2 0.3 1.2

Oliveonia 3.7 0 0 1.2

Rozellomycota_gen_Incertae_sedis 0 0.1 1.3 0.8

Curvularia 2.4 0.3 1.3 0.7

Suillus 0 39.3 0.4 0.6

Thelonectria 1.3 0 0 0.4

Olpidium 0.1 3.9 3.9 0.2

Vuilleminia 1.8 0.3 0 0.2

Bisifusarium 0 0.2 1.7 0

Aspergillus 2.1 0.2 1.2 0

Ascochyta 7.1 2 0.8 0

The Shannon index was not statistically significant different across treatments, even if
ADB soil promoted the highest fungal diversity and the ADBP experimental group led to
increased heterogeneity (Figure 5).

The Bray–Curtis beta-diversity analysis, visualized through Emperor ordination,
showed a clear separation of samples; ADBP and AD samples cluster distinctly from
ADB and A. Notably, P bulk soil samples clustered separately from the other ones across
the ordination space (Figure 6).
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Figure 5. Alpha diversity of rhizosphere fungal communities. Differences among groups were
assessed using the Kruskal–Wallis test (p < 0.05). A, non-intensively cultivated agricultural soil; AD,
degraded agricultural soil; ADB, degraded agricultural soil amended with untreated biochar; and
ADBP, degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.

Figure 6. Beta diversity of fungal communities based on the Bray–Curtis dissimilarity index. Principal
Coordinates Analysis (PCoA) was used to visualize differences in community composition among
samples. Each point represents an individual sample, and distances between points reflect differences
in microbial community structure. P, pine forest soil; A, non-intensively cultivated agricultural soil;
AD, degraded agricultural soil; ADB, degraded agricultural soil amended with untreated biochar;
and ADBP, degraded agricultural soil amended with pine-forest-soil-bioactivated biochar.

3.4. Correlation Plot

The OTUs (represented by a relative abundance greater than 1% for at least one
experimental thesis), micro- and macro-nutrients, and the main morphological parame-
ter measured for P. halepensis under the different experimental theses were analyzed to
investigate the potential positive or negative correlation among them.
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In Figure 7, the correlation plot is reported where the blue and red colors are associated
with positive (+1) or negative (−1) correlation, respectively. Moreover, a statistical test
was carried out to highlight the significant results (p < 0.001). The correlation among
genera and root growth parameters was positive and statistically significant in the case
of several genera such as Hydrogenophaga, Rhodobacter, Aquamonas, Microbacterium and
Bacillus. Among soil chemical variables, Ca is statistically and positively correlated with
root biomass and root length (all three classes). Nevertheless, the results also showed that
Cl concentrations were statistically and positively correlated with the same OTUs previously
identified and with root growth, whilst the contrary (negative correlation) was observed in the
case of Mg concentrations. In fact, they statistically and negatively correlated with the main
root parameter. It is noteworthy that the Mg concentrations were also strongly and negatively
correlated with the OTUs previously found (e.g., Hydrogenophaga, Rhodobacter, etc.). Similarly,
the same and most abundant OTUs such as Hydrogenopaha, Rhodobacter, and Aquamonas were
negatively correlated (p < 0.001) with the concentrations of some micronutrients such as Mo,
Ni, B and with heavy metals (HMs) such as Pb, Cr and Co. On the contrary Pseudomonas and
Bacillus were positively correlated with both micronutrients and HMs.

Figure 7. Correlation matrix showing the relationships among the relative abundance of dominant
microbial genera, soil chemical properties, and plant growth parameters. Correlation coefficients
(Pearson’s r) are represented by the color scale, ranging from −1 (red, strong negative correlation) to
+1 (blue, strong positive correlation). The triangular matrix is displayed to avoid redundancy. White
dots indicate statistically significant correlations (p < 0.05).

Figure 7 also highlights the correlation among the OTUs allowing us to emphasize
the co-occurrence (positive correlation) of the bacterial genera already correlated with
root growth and Cl and Ca concentrations. In particular, Hydrogenophaga, Rhodobacter,
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Microbacterium, Aquamonas and Bacillus showed a strongly positive correlation among them
(p < 0.001), suggesting a co-occurrence among the experimental group. In addition, a
positive correlation was also observed in the case of Cellvibrio and Shinella, which were,
however, positively correlated with the root parameter but not in a statistically significant
way. In the case of Ca concentrations, it was positively and statistically correlated only with
the root diameter belonging to classes 2 or 3, corresponding to the thick ones.

As in the case of bacterial community analyses, the fungal OTUs, micro- and macro-
nutrients and the main morphological parameter measured for P. halepensis underwent the
correlation analyses reported in Figure 8.

Figure 8. Correlation matrix showing the relationships among the relative abundance of dominant
fungal genera, soil chemical properties, and plant growth parameters. Correlation coefficients
(Pearson’s r) are represented by the color scale, ranging from −1 (red, strong negative correlation) to
+1 (blue, strong positive correlation). The lower triangular matrix is displayed to avoid redundancy.
White dots indicate statistically significant correlations (p < 0.05).

Significant positive correlations were observed between the main root growth parame-
ters and several fungal taxa, including Plectosphaerella, Lobulomycetales, Olpidium, Mycoacia,
Sistotrema, and Bisifusarium. Among soil chemical variables, the results showed that Cl
concentrations were statistically and positively correlated with the same OTUs previously
identified and with the root growth, whilst the contrary (negative correlation) was ob-
served in the case Mg concentrations. It is noteworthy that Plectosphaerella and Olpidium,
etc. were strongly and positively correlated (p < 0.001) with the HMs and micronutrients
analyzed as, for instance, in the case of Pb, Cr, Cu, Ni, B etc. On the contrary, Malassezia
was significantly and negatively correlated with the chemical concentration estimated.
Figure 8 illustrates the correlation patterns among identified OTUs, highlighting significant
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co-occurrences between fungal genera previously associated with root development and
Cl or Ca concentrations. Notably, Plectosphaerella, Lobulomycetales, and Olpidium exhibited
strong mutual positive correlations (p < 0.001), suggesting a robust co-occurrence pattern
within the experimental groups.

4. Discussion
Forest-soil conditioning did not enhance the effectiveness of biochar in supporting

early P. halepensis development. Instead, untreated biochar promoted absorptive fine-
root elongation and stem thickening in degraded agricultural soil, while maintaining leaf
biomass comparable to the unamended treatment. This response addresses the central
hypothesis of the study: exposing biochar to a forest environment before application did
not necessarily produce a more beneficial plant–microbiome association, at least during the
early seedling development. Across substrates, differences in biomass allocation and root
traits were more evident than changes in lateral branch number or the mean diameter of
the two finest root classes, suggesting plasticity in growth and biomass investment within
a broadly similar morphological framework.

The contrasting SRL and RTD values in AD and P indicate different patterns of root
construction. AD seedlings produced more root length per unit dry mass, whereas P
seedlings had thicker stems and denser root tissues. These combinations are consistent
with relatively acquisitive and conservative tendencies, respectively. Root traits can vary
along partly independent dimensions [26], and the higher root:shoot ratio in A further
shows that allocation did not follow a single gradient across substrates. Seedling quality
therefore requires consideration of both shoot and root development, particularly because
nursery morphology interacts with field conditions in determining establishment [27].

Untreated biochar modified the AD phenotype chiefly by expanding the finest root
fraction. AFR length was approximately doubled, whereas TSFR length did not differ
significantly among treatments. This selective response supports resolving fine roots
into narrower classes rather than using a single diameter cutoff [28]. In Pinus sylvestris,
Mucha, Zadworny [29] showed that a cutoff of 0.5 mm better represented absorptive-
root nutrient characteristics than the conventional 2 mm threshold, while emphasizing
that classification must account for species and site differences. The present 0.45 mm
boundary similarly reveals a treatment response concentrated in the putatively absorptive
compartment. Because AFR mean diameter remained unchanged, this response primarily
involved elongation or production of roots within that class [30].

ADB also had greater stem diameter than AD and ADBP and the largest mean root
biomass, indicating that root expansion accompanied additional structural growth. Nev-
ertheless, ADB and ADBP had similar SRL, distinguishing overall root-system size from
length produced per unit biomass. The positive root response agrees with the synthesis by
Xiang, Deng [18]. Experiments also show that biochar properties can influence root devel-
opment through nutrient supply and changes in the rooting environment [31,32]. These
mechanisms are plausible here, although their relative contributions remain unresolved.
Notably, ADBP contained more extractable phosphorus than ADB but supported weaker
root development. This indicates that greater extractable P did not translate into improved
growth. A contribution of P-related nutritional imbalances cannot be excluded, although
the available data do not establish excessive P supply or accumulation in plant tissues.

The difference between ADB and ADBP also highlights the specificity of conditioning
procedures. Managed preconditioning of biochar-containing media can improve plant
responses [33], while co-composting can generate nutrient-rich organic coatings that alter
biochar properties [34]. Six months of forest-soil incubation represent a different process,
potentially combining microbial colonization with chemical and physical changes. Its
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outcome cannot therefore be interpreted as the effect of microbial inoculation alone. The
smaller root system in ADBP compared with ADB indicates that forest-soil conditioning
did not reproduce the benefits of untreated biochar within 85 days. However, the present
study cannot determine whether this difference resulted from microbial activity, altered
substrate properties or their interaction. Nevertheless, the lower biomass accumulation
in ADBP should not automatically be interpreted as poorer suitability for restoration.
Seedling height and crown width were close to those observed in P, suggesting that forest-
conditioned biochar supported a more restrained pattern of shoot development than
untreated biochar. This raises the possibility that lower early growth could be compatible
with establishment under resource-limited conditions. However, this resemblance was
partial, as ADBP seedlings retained thinner stems, higher SRL and lower RTD than those
grown in P. Whether their smaller size reduces water demand sufficiently to compensate for
a less developed root system remains unresolved. Conversely, the greater root development
in ADB could improve water acquisition after planting. Drought trials are therefore needed
to determine whether these contrasting growth responses represent different establishment
strategies or differences in seedling vigor.

Bacterial profiles suggest that biochar modified the relative representation of shared
genera rather than producing wholly distinct assemblages. Shannon diversity did not differ
significantly, and the bacterial ordination showed partial overlap. This differs from experi-
ments in which biochar-associated diversity changes were accompanied by demonstrated
changes in microbial substrate utilization [22]. In the present study, Pseudomonas was most
abundant in ADBP, whereas root development was greatest in ADB. Its relative abundance
was therefore insufficient to predict growth promotion. Evidence specific to Aleppo pine
reinforces the importance of microbial partners: Rincón, Ruiz-Díez [35] found that Pseu-
domonas fluorescens and Suillus granulatus stimulated seedling growth when co-inoculated,
but not when applied individually. Thus, taxonomic presence alone is less informative than
the functional interactions established in the recipient substrate [36,37].

Fungal profiles provided a complementary perspective. The ordination visually
separated AD and ADBP from A and ADB more clearly than the bacterial ordination,
suggesting treatment-associated reorganization without a significant change in Shannon
diversity. Suillus dominated AD but represented less than 1% of sequences in either
biochar treatment. Although selected Suillus collinitus inocula have improved Aleppo
pine survival in degraded gypsum soil [38], the present sequence abundances cannot
quantify functional ectomycorrhizal colonization. Moreover, forest-soil inoculation benefits
in Aleppo pine can diminish under drought and competition [39]. The high representation
of Plectosphaerella in ADB likewise identifies an association with vigorous root development,
without establishing a beneficial function. However, genus-level identification alone does
not establish whether these fungi promoted plant growth or caused disease.

The correlations between fungal relative abundances and seedling growth do not estab-
lish that fungi caused the observed growth responses. Several explanations remain possible:
fungal activity may have contributed to plant development; larger root systems may have
altered fungal communities through changes in rhizodeposition and habitat availability; or
both fungi and seedlings may have responded independently to substrate properties [40].
The potential influence of plants on microbial communities is consistent with the role of
root exudate chemistry in microbial assembly [37]. Because fungal profiles and plant traits
were assessed at the same final harvest, the temporal sequence of these responses cannot
be resolved. Furthermore, a higher relative abundance does not necessarily indicate greater
absolute fungal abundance or activity. These associations should therefore be treated as
hypotheses for targeted experiments combining fungal inoculation with measurements of
colonization, absolute abundance, and plant responses. Correlations with Ca, Cl, Mg and
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trace elements should similarly be treated as hypotheses rather than evidence of nutrient
stimulation or toxicity. Shared treatment effects and the compositional nature of sequencing
data constrain causal interpretation [41]. Because biochar amendments were tested only
in the degraded agricultural soil, the experiment does not resolve soil × biochar interac-
tions. The observed amendment effects therefore apply to the degraded soil examined
here, while comparisons with the forest and non-intensively cultivated agricultural soils
provide reference conditions rather than evidence of biochar responses across soil types.
Furthermore, each source soil originated from a single collection site, and replication was at
the pot level. Differences among source soils therefore cannot be attributed to management
history independently of other site-specific characteristics.

These findings concern early seedling responses during an 85-day pot experiment
and do not demonstrate improved field productivity or long-term establishment. For
restoration-oriented seedling production, the main implication is that untreated biochar
supported absorptive-root development without reducing leaf biomass, while forest con-
ditioning provided no additional benefit in the early growth traits measured. The next
step is to establish whether this morphology improves water acquisition and survival after
outplanting. More targeted conditioning with selected, compatible microorganisms could also
be tested but should be evaluated against untreated biochar using direct colonization and
functional measurements. Such comparisons would distinguish successful microbial delivery
from plant benefit and determine whether the early response persists under field conditions.

5. Conclusions
Untreated biochar promoted absorptive fine-root development and stem thickening

in P. halepensis seedlings grown in degraded agricultural soil, whereas forest-conditioned
biochar supported more limited growth during the first 85 days after germination. However,
lower biomass accumulation in ADBP does not necessarily imply poorer suitability for
restoration. Although some shoot dimensions resembled those observed in forest soil, this
partial similarity does not establish an equivalent conservative strategy or greater drought
tolerance. Associations between microbial composition and plant traits do not establish
causal effects on growth, highlighting the need to assess microbial functions alongside plant
responses. Drought and outplanting trials are therefore required to determine whether the
contrasting developmental responses translate into differences in water use and survival,
and whether forest conditioning provides benefits beyond the early growth stage.
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