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Abstract: Diesel spills in freshwater systems have adverse impacts on the water quality and the 
shore wetland. Microbial degradation is the major and ultimate natural mechanism that can clean 
the diesel from the environment. However, which, and how fast, diesel-degrading microorganisms 
could degrade spilled diesel has not been well-documented in river water. Using a combination of 
14C-/3H--based radiotracer assays, analytical chemistry, MiSeq sequencing, and simulation-based 
microcosm incubation approaches, we demonstrated succession patterns of microbial diesel-
degrading activities, and bacterial and fungal community compositions. The biodegradation 
activities of alkanes and polycyclic aromatic hydrocarbons (PAHs) were induced within 24 h after 
diesel addition, and reached their maximum after incubation for 7 days. Potential diesel-degrading 
bacteria Perlucidibaca, Acinetobacter, Pseudomonas, Acidovorax, and Aquabacterium dominated the 
community initially (day 3 and day 7), but later community structure (day 21) was dominated by 
bacteria Ralstonia and Planctomyces. The key early fungi responders were Aspergillus, Mortierella, and 
Phaeoacremonium by day 7, whereas Bullera and Basidiobolus dominated the fungal community at day 
21. These results directly characterize the rapid response of microbial community to diesel spills, 
and suggest that the progression of diesel microbial degradation is performed by the cooperative 
system of the versatile obligate diesel-degrading and some general heterotrophic microorganisms 
in river diesel spills. 

Keywords: diesel biodegradation; microbial dynamics; microbial activity; radiotracer assay; river 
diesel spill 
 

1. Introduction 
An oil spill is the anthropogenic input of petroleum into the environment, and it 

could cause great and long-lasting damage to both the environment and the local 
economy [1]. An oil spill could occur during the whole process of the modern petroleum 
industry chain, including the production, transportation, and consuming processes [2]. 
the type of the leaked oil could be crude oil, as well as other petroleum products such as 
diesel. As one of the most common productions of the petroleum industry, diesels are 
widely used as fuel not only in the global automotive and tractor fleet, but also in other 
facilities such as thermal power plants. Generally, major studies of diesel oil spills are 
associated with the marine environment [3,4], rather than inland rivers. Inland river diesel 
spills also cause environmental damage by contaminating the fresh water and riparian 
ecosystem, which can directly increase concerns toward human health [5]. Although great 
efforts have been taken to prevent diesel fuel spills, the accelerating development of cities 
inevitably leads to an increased risk of river oil spills due to water-front construction, 
high-load discharge, and inland shipping [6]. For example, one of the largest inland fuel 
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diesel spills was an accident in a Russian power station in June of 2020, which released 
about 200 million kilograms of diesel into the Norilsk–Pyasino lake–river ecosystem and 
was spread by the river flow over a large area of 350 square kilometers. It has been 
reported that both the surface water and bottom sediments in the catchment of river were 
polluted with oil products, phenols, and organic matter [7,8]. Current physicochemical 
technologies are applied as emergency actions to clean up the spilled oil, but, ultimately, 
a substantial proportion of oil hydrocarbons are biodegraded by oil-degrading 
microorganisms [9], which use oil hydrocarbons as energy and carbon sources [10,11]. The 
complete degradation of diesel compounds, which are mainly a mixture of a series of 
saturated hydrocarbons and aromatic hydrocarbons, usually requires the cometabolism 
of several highly specialized hydrocarbon-degrading microorganisms [11–14]. However, 
the effect of a diesel spill on the activity and community composition of oil-degrading 
bacteria in river systems remains largely unexplored. 

Many hydrocarbon-degrading taxa across different river ecosystems have been 
identified in surface water with diesel contamination [15,16], For example, the bacterial 
genera of Acinetobacter and Staphylococcus populated the diesel-polluted surface water in 
the Kizilirmak river and Thesjaswini river, respectively, and both have remarkable 
capabilities to degrade diesel contaminants [17,18]. Fungi-containing hydrocarbon 
catabolic enzymes also have the potential to biodegrade diesel hydrocarbons [19,20]. The 
low specificity of many fungal enzymes facilitates them to cometabolize structurally 
diverse oil compounds [20]. In addition, it has been reported that microorganisms usually 
respond quickly to the load of oil hydrocarbons, such as the increase in microbial 
production rate and changes in the community structure [21,22]. The successive pattern 
of microbial oil-degrading activities and community compositions are also found to be 
associated with the changing concentrations of dissolved oil compounds in the water 
[10,14,23]. However, there is little research of the dynamic changes in microbial 
communities and their hydrocarbon biodegradation activities in the scenarios of river 
diesel spills. 

The Jialing River is the second longest tributary of the Yangtze River, China, and is 
the main drinking, industrial, and agricultural water supply for the cities along the river. 
It also supports much river traffic, including passenger ships and sand dredgers, meaning 
much diesel fuel is used in this region [24]. Oil spills are considered a major threat to the 
Jialing River ecosystem, where many diesel spills have been documented [25]. This 
indicates that studies of an oil spill microbial response there are necessary and urgent. 
However, data about the presence, diversity, and activity of oil-degrading 
microorganisms in response to diesel fuel in the Jialing River have not been reported. 
Hence, the study objectives were as follows: (i) to reveal the bacterial and fungal taxa that 
would be responsible for the compositional shifts over time in the exposure of diesel fuel; 
and (ii) to probe the microbial oil biodegradation rates as time progress. 3H-leucine 
incorporation tracing method and MiSeq sequencing were used to detect the changes in 
the activity and structure of microbial communities, respectively. A radiotracer method 
using 14C-hexadecane and 14C-napthalene was employed to directly determine microbial 
hydrocarbon degradation rates. We also performed gas chromatography coupled with 
mass spectrometry (GC–MS) to track the diesel biodegradation rate in the experimental 
microcosms. 

2. Materials and Methods 
2.1. Water Sampling Procedure 

Surface water samples (100 L) were collected from the Nanchong urban section of the 
Jialing River (106°5′45.88″, 30°46’40.47″). As depicted in Figure S1, the sampling site of the 
water sample is near to a dock. The boats are powered by diesel engines. Spilled diesel 
was seen on the decks. Water samples were obtained by filling six 20 L, sterile acid-
washed plastic buckets. After sampling, water samples were stored on ice packs in the 
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field (~4 °C), and transported within 2 h to the laboratory where the experiment was 
conducted immediately. The physicochemical properties of the water sample were 
determined. The water pH value was 8.0 ± 0.02. The NO3-, NH4+, total phosphorus, and 
dissolved oxygen contents were 1.2 ± 0.03, 2.1 ± 0.04, 0.2 ± 0.02, and 4.9 ± 0.1 mg/L, 
respectively. The concentrations of total n-alkanes and 16 U.S. Environmental Protection 
Agency (EPA)-listed priority polycyclic aromatic hydrocarbons (PAHs) were 0.1 mg/L, 
and 0.1 μg/L, respectively. 

2.2. Microcosm Setup 
Both control (biotic) and diesel treatments were set up in triplicate for each time 

point. Sampling was carried out after incubation for 0, 3, 7, and 21 days. The diesel fuel 
used in this study was purchased from a local Shell gasoline station. Each microcosm 
contained 900 mL of water in a 1 L Schott bottle with a Teflon cap. Diesel treatments were 
amended with diesel fuel at a final concentration of 10 mg/L. The microcosms were 
incubated on shakers at 25 °C at a speed of 15 rpm under natural light. 

2.3. Hydrocarbon Extraction and Analysis 
Diesel hydrocarbons in each microcosm were solvent–solvent extracted at days 0, 3, 

7, and 21 using dichloromethane. Briefly, 50 mL of dichloromethane (≥99.8%) was added 
to a sterile funnel containing 300 mL of water. Hydrocarbons were extracted by vigorous 
shaking for ~10 min. The organic phase was collected, and the water was re-extracted 
twice. The total extracts were concentrated to 10 mL with an IKA RV10 rotary evaporator 
(IKA, Königswinter, Germany) at 750 pa and 35°C. The concentrated hydrocarbon extract 
was purified by passing through a magnesium silicate chromatography column, and 
eluted with v(n-hexane):v(dichloromethane)=1:1. The eluate was concentrated to ~1 mL 
using the rotary evaporator, and the volume was adjusted to 2 mL with chromatography-
n-hexane (≥98%, Sigma-Aldrich, Oslo, Norway). n-Alkane (C7-C40) and 16 EPA PAHs 
were quantified by gas chromatography–mass spectrometry (GC–MS) installed with an 
automatic injector (Agilent 7890-5977MS, Santa Clara, CA, USA). The temperature 
programs for n-alkanes and PAHs were described previously [26]. Quantitative analysis 
was performed using an eight-point external standard consisting of n-alkane (C8-C40, 
Sigma-Aldrich, Taufkirchen, Germany) or 16 EPA PAHs (Sigma-Aldrich, Germany). The 
diluted concentrations were 0, 1, 2, 5, 10, 25, 50, and 100 mg/L for both standards. 
Compound identification was based on individual mass spectra and retention times in 
comparison to library data and to external standards that were injected and analyzed 
under the same conditions [27]. 

2.4. Microbial Biomass Production 
Microbial biomass production based on 3H-leucine incorporation was determined as 

a general index of microbial activity or growth rates [28]. The 3H-leucine incorporation 
assay was conducted at 25 °C for each microcosm in triplicate (n = 3). For each incubation, 
1.5 mL subsamples were amended with 3.5 nM 3H-leucine (activity: 0.47 μCi), and then 
incubated for 2 h at 25 °C. Killed controls were amended with 100% trichloroacetic acid 
(TCA) prior to adding 3H-leucine. The volume ratio of TCA to seawater equaled 1:15. The 
incubations were terminated using the same procedure by adding TCA. The cells in these 
samples were washed with 5% TCA and 80% ethanol. Afterwards, 1.75 mL scintillation 
cocktail (Ultima Gold™, Perkin Elmer, Waltham, MA, USA) was added to the tubes, and 
the radioactivity was quantified using a Beckman LS-6500 liquid scintillation counter 
(Beckman, Fullerton, CS, USA). The rate of bacterial production was calculated as described 
previously [28]. 
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2.5. Microbial 14C-hydrocarbon Oxidation Rates 
14C-hexadecane and 14C-naphthalene radiotracer assays were applied for all 

microcosms to monitor the microbial degradation rate of n-alkanes and PAHs in water 
samples, respectively, as described previously [29]. For each sample, 8 mL of water 
subsample was transferred to a headspace-free scintillation vial, and amended with 14C-
hexadecane or 14C-naphthalene (American Radiolabel Chemicals; ARC). The unit of 
radioactivity per 8 mL sample was 1.76 nCi. Killed controls were amended with 2 mL 2 M 
NaOH solution prior to tracer addition. The incubation was also halted by adding 2 mL 2 
M NaOH solution. Afterwards, 1 g of activated carbon (Sigma Aldrich, Burlington, MA, 
USA) was added to the water for absorbing the remaining 14C-hexadecane/14C-
naphthalene. The water was then transferred to a 250 mL flask. A total of 5 mL H3PO4 
(≥80% wt) was added to release the 14C-dissovoled inorganic carbon (DIC). The 14C-CO2 
was trapped by Carbo-Sorb (Perkin Elmer, USA) in an acid digestion system as described 
[29]. The radioactivity measurements were performed with a Beckman LS-6500 liquid 
scintillation counter (Beckman, Fullerton, CA, USA) with scintillation cocktail 
(Permafluor® E+, Perkin Elmer, USA). The rate of 14C-hexadecane/naphthalene oxidation 
was calculated as described previously [29]. 

2.6. DNA Extraction and Cell Counting 
A total of 400 mL of water was filtered through 0.2 μm filter membranes (Millipore, 

Burlington, MA, USA), and the membranes were cut into fractions using sterile scissors 
prior to DNA extraction. The total DNA was extracted from filters using a FastDNA spin 
kit (Qbiogene, Irvine, CA, USA) according to the instructions of the manufacturer. The 
quality and purity of the extracted DNA were determined using a NanoDrop 
spectrophotometer (NanoDrop Technologies, Wilmington, Germany). The DNA was 
stored at −80 °C until further analyses. 

2.7. Illumina Miseq Sequencing of 16S rRNA Gene Amplicons and Data Analysis 
The composition of the microbial communities was analyzed by sequencing the V4–

V5 region of the 16S rRNA gene. All amplifications were performed for each treatment 
using the 515F/907R primer pair. The MiSeq sequencing data were analyzed using 
Quantitative Insights Into Microbial Ecology, v2 (QIIME2) software package [30]. The 
original sequences were demultiplexed using the DADA2 plugin with chimera removal 
to infer amplicon sequence variants (ASVs) [31], which are high-resolution classifications 
for microbes analogous to the traditional use of operational taxonomic units [32]. For 
taxonomic assignment, the 16S rRNA gene sequences were assigned using the QIIME2 
“q2-feature-classifier” trained on the Silva database (nr_v132). 

2.8. Statistical Analyses 
The resulting data of isotope assays were analyzed though multiple comparisons 

using one-way ANOVA analysis followed by LSD Duncan. SPSS version 20.0 was used 
for these statistical analyses (SPSS Inc., Chicago, IL, USA). A p-value significance 
threshold of 0.05 was employed. Comparisons of bacterial community compositions in 
different treatments or different time points was performed using one-way analysis of 
similarities (ANOSIM) using Plymouth routines in multivariate ecological research 
(PRIMER 6). 

3. Result 
3.1. Response of Microbial Total Activities to Diesel Addition 

The activities of total microbial communities were determined and monitored using 
3H-leucine-based radiotracer assays (Figure 1a). The result show that diesel addition 
significantly enhances microbial activity, as reflected in rates of bacterial production (3H-
leucine incorporation, p < 0.05). The rate of bacterial production increases significantly 
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from 602.0 nmol C L−1 d−1 at day 0 to 2276.1 and 3002.6 nmol C L−1 d−1 in diesel treatment 
after incubation for 3 and 7 days, representing 3.8- and 5.0-fold increases, respectively. 
The bacterial production rate reaches its maximum at day 7, and then drops down at day 
21. The rate at day 21 is still significantly much higher in the diesel treatment than in the 
biotic control. 

 
Figure 1. Changes in the rate of bacterial production (a), hexadecane oxidation rate (b), and 
naphthalene oxidation rate (c) incubated with (diesel) or without (biotic) diesel across the 
incubation. Different letters above the columns for each treatment indicate a significant difference 
(p < 0.05). Day: 0 d, 3 d, 7 d, and 21 d indicate the microcosms incubated for 0, 3, 7, 21 days, 
respectively. Error bars represent standards errors of three biological triplicates. 

3.2. Response of Oil-Degrading Microorganisms to Diesel Oil Addition 
Radiotracer assays allowed direct quantification of alkane (14C-hexadecane) and PAH 

(14C-naphthalene) oxidation rates, and were applied to monitor the changes in microbial 
oil-degrading activities to diesel addition during the incubation (Figure 1b,c). Similar 
trends were observed for hexadecane and naphthalene oxidation rate. Both the rates of 
hexadecane and naphthalene oxidation reach their maximums at day 7 in the diesel 
treatment, representing 11.0- and 2.0-fold increases compared to day 0, respectively, and 
then decrease slightly at day 21. The dynamic changes in hexadecane and naphthalene 
oxidation rates with time is not correlated with that of bacterial production rate in the 
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diesel treatment (p > 0.05). The biggest increase in the bacterial production rate occurs at 
day 3, whereas the rates of hexadecane and naphthalene oxidation do not increase 
significantly until day 7. The biggest increase in the hexadecane oxidation rate occurs 
during the incubation between day 3 and day 7. 

It is also noteworthy that the response of oil-degrading bacteria to diesel addition is 
much faster than that of the total microbial community. Compared to the biotic controls 
without diesel addition, in less than about 24 h after the addition of diesel (the necessary 
incubation time in radiotracer assays), the oxidation rates of hexadecane and naphthalene 
suddenly increase by 2.3 and 10.5 times at day 0, respectively. However, such a sudden 
increase is not observed in the rates of bacterial production. 

3.3. The Degradation of Total n-Alkanes and PAHs during the Incubation 
Degradation of the total n-alkanes and PAHs over the incubation were evaluated 

using the relative concentration of the total n-alkanes and total PAHs at different time 
points to day 0 (Figure 2). The result shows that the degradation ratio of total dissolved n-
alkanes and PAHs decreases as time progressed. By day 3, the degradation ratio of the 
total n-alkanes and PAHs decreases to 81.1% and 74.7% of the initial concentrations at day 
0, respectively. At day 7, the ratio of degraded PAHs (53.8%) is remarkably higher than 
that for total alkanes (33.5%). However, the degradation ratio of total PAHs and alkanes 
is similar at day 21. The n-alkanes and PAHs may also undergo several abiotic dissipation 
mechanisms, such as volatilization and photodegradation. 

 
Figure 2. Changes in relative concentrations of residual total n-alkanes and PAHs incubation with 
diesel across the incubation in the diesel treatment. Ct/C0 represent the relative concentrations of 
total n-alkanes and PAHs, respectively, at different time point (Ct) compared to their concentrations 
determined at day 0 (C0). 

3.4. Shift in the Microbial Community Composition and Key Potential Oil-Degrading Bacteria 
during the Incubation 

To reveal the response of microbial communities to diesel addition, the successional 
pattern of microbial was monitored over time. The result reveals that the addition of diesel 
significantly shifts the structure of microbial communities, and the composition of 
microbial communities varies at different sampling days (Figure 3). At the class level, 
Gammaproteobacteria and Betaproteobacteria are significantly stimulated in the diesel 
treatment. Different specific bacterial genera are preferentially selected at different time 
point, underscoring the role of diesel in driving variation in diesel-degrading groups. 
After 3 days, the relative abundance of Perlucidibaca, Acinetobacter, Pseudomonas, 
Acidovorax, and Limnohabitans, increases from 0.1%, 0.2%, 0.2%, 1.3%, and 2.2% at day 0 to 
15.0%, 9.2%, 8.0%, 5.4%, and 5.1%, representing 230.8, 60.5, 34.2, 4.1, and 2.3-fold increases, 
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respectively. By contrast, the dominate bacterial genera are replaced by genera 
Aquabacterium, Novosphingobium, and Rhodovulum at day 7, which increase by 1021.2, 59.6, 
and 60.7-fold, respectively, compared to day 0. At day 21, the dominant genera shift to 
Ralstonia, Pelomonas, Planctomyce, and OM27_clade, which account for 9.1%, 5.5%, 9.6%, 
and 6.0% of the total bacterial community, respectively. 

 
Figure 3. Community composition of bacteria at class (a) and genus (c) levels and fungi at class (b) 
and genus levels (d) in the treatments with (diesel) or without (biotic) diesel. The graphs only 
present the classes or genera whose relative abundance are >0.2% and >0.01%, respectively. The 
remaining classes or genera are presented as “others”. 

Members of the fungal class Sordariomycetes, Incertae_sedis_Zygomycota, 
Eurotiomycetes, and Tremellomycetes increase over the 21 day microcosm incubation. The 
fungal response closely resembles the successional patterns at the genus level in the diesel 
treatment. Among the main responders, Mortierella (2.0%), Aspergillus (6.8%), and 
Thermoascus (0.6%) reach their maximum relative abundance at day 3, whereas 
Phaeoacremonium (2.0%), Rhizopus (1.5%), and Staphylotrichum (0.6%) are the dominant 
genera at day 7. Notably, the relative abundance of Bullera (33.2%) and Basidiobolus (28.5%) 
at day 21 increases substantially by 5.1 and 25.8-fold, respectively, compared with those 
at day 0. 

4. Discussion 
4.1. Fast Responses of Microbial Activities and Diesel-Degrading Microorganisms to Diesel in 
the River Ecosystem 

The increased activities of the whole microbial communities and diesel-degrading 
microorganisms indicate that diesel degraders in the river water are primed for 
anthropogenic sources of hydrocarbons. The fast response of the microbial community to 
the amendment of diesel could be due to the sudden increase in the concentration of 
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organic carbon. Prior studies about microbial activity impacts found that specific bacterial 
metabolites, such as transparent exopolymer particles formation, and exoenzyme 
activities (e.g., glucosidase, peptidase, lipase), were fueled by oil additions [33,34]. The 
increased bacterial protein synthesis rate in the diesel treatment suggests the potential 
diesel microbial degradation. The fast buildup of diesel hydrocarbon oxidation activities 
is demonstrated by the sudden increases in 14C-hexadecane- and 14C-naphthalene-
oxidizing rates immediately after the setup of the experiments (<24 h, the incubation time 
of 14C-radiotracer assay). This result is probably due to the fast induction of enzymes 
involved in the biodegradation and metabolism of diesel compounds [35,36], as the 
activation of enzymes generally happens in minutes or hours [37]. In addition, the 
inconsistencies of the whole microbial production rates and the 14C-hexadecane/14C-
naphthalene oxidation rates indicate that, instead of all the microbial individuals, it is 
probably the diesel-degrading microorganisms that instantly respond to the diesel 
addition. This result agrees with previous studies reporting that the addition of oil to 
water led to an immediate bloom of oil-degrading microorganisms and a rapid rate of oil 
degradation [38,39]. 

The activities of microbial oil biodegradation were time- and compound-dependent. 
The biodegradation rates increase gently in the initial 3 day incubation, and reach the 
maximal rate at day 7, and decrease slightly at day 21. The changes in biodegradation 
rates also couple well with the decrease in total n-alkane and PAHs. This phenomenon is 
likely a result of a combination of biological and chemical factors. Fast-growing bacteria 
generally utilize short-chain alkanes or benzenes rapidly responded to oil spills [14]. This 
finding is supported by the much higher microbial oxidation rate of 14C-hexadecane 
compared to that of 14C-naphthalene (Figure 1b,c). With the progress of oil 
biodegradation, the diesel hydrocarbons in the water phase are consumed by microbial 
degradation activities, and the newly and more diverse dissolved oil hydrocarbons are 
continuously trapped in to the water phase through the biosurfactants-assisted 
emulsification [40,41], or chemical dissolution equilibrium [42]. This could further 
stimulate the activity of diesel-degrading microorganisms, which explains the highest oil 
biodegradation rate at day 7. Previous studies indicated that oil addition initially 
promoted the growth of some microbial populations that increased the bioavailability of 
hydrocarbons prior to the initiation of insoluble-hydrocarbon degradation, or induced 
cometabolic enzymes [43,44]. The decrease in the 14C-hexadecane and14C-naphthalene 
oxidation rate at day 21 could be due to nutrient limitations, such as N or P [45], or the 
non-bioavailable oil hydrocarbons [46]. 

It is noteworthy that the higher multiple to which the increased 14C-napthalene 
oxidation rate was stimulated by the diesel addition was observed compared to the 14C-
hexadecane. This seems to contradict to the previous finding that generally linear alkanes 
or low-molecular-weight hydrocarbons are preferentially degraded by oil-degrading 
microorganisms, followed by PAHs or high-molecular-weight hydrocarbons [14,47]. Two 
reasons might explain this observation. Firstly, the solubility of hexadecane is several 
orders lower than that of naphthalene [48]. The higher bioavailability of naphthalene 
could support the faster increase in naphthalene oxidation rate. Secondly, the efficient 
PAHs-degrading microbial group might also contribute to the sharp increase in 
naphthalene oxidation activity. The high naphthalene degradation-related gene and 
naphthalene exposure of the water in our previous study also supports this deduction 
[27]. 

In addition, river fresh water has much higher hydrocarbon degradation rates than 
those in marine environments, inferred from the data of the radiotracer assay. For 
instance, the hexadecane oxidation rates in the river water sample (1.49–4.76 nmol/L/d) is 
of the same magnitude as those detected in other river water samples (5.40–21.8 nmol/L/d) 
[49], but much lower than in marine environments (0.0005–0.01 nmol/L/d), such as 
offshore seawater [21], and deep-sea water [34]. 
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4.2. The Enrichment and Succession of Diesel-Degrading Bacteria and Fungi during the 
Incubation 

The addition of diesel alters the microbial community and triggers specific microbial 
genera. The successive patterns of diesel-degrading bacteria and fungi observed are likely 
a result of a combination of the dynamically changing oil components and nutrients 
available for oil-degrading microorganisms [10,14]. The proliferation of hydrocarbons 
Perlucidibaca, Acinetobacter, Pseudomonas, and Acidovorax highlight the importance of these 
taxonomic groups as being central to diesel degradation in the initial period, with highest 
levels reached at day 3. Members of Perlucidibaca have previously been identified as a part 
of hydrocarbon-degrading communities in seawater [50], and rarely detected in 
freshwater. However, the capacity of Perlucidibaca utilizing n-alkanes has been well 
documented [50,51]. Acidovorax and Acinetobacter are reported for their almost exclusive 
preference for aliphatic hydrocarbons and for commonly blooming soon after oil is 
introduced to an environment [52,53]. Pseudomonas, which are known for degrading 
different types of hydrocarbon mixtures [54], was highly enriched in the diesel treatment. 
Pseudomonas sp. has been observed as a main oil hydrocarbon responder in fresh water 
from lake wetlands [55] and rivers [56]. At day 7, the relative abundance of these genera 
slightly decreases and they are outperformed by Aquabacterium, which is the most 
abundant genus. Aquabacterium has been identified as an oil degrader [57], and was 
strongly stimulated by diesel in a previous incubation study [58]. Another enriched genus 
at day 7, Novosphingobium, was also observed in high abundance in a diesel-related 
microbiology study [59]. Novosphingobium sp. and another stimulated genus Rhodovulum 
are generally associated with several PAHs biodegradation [60,61], which may also 
explain the significant increased PAHs biodegradation ratio at day 7. At day 21, the 
potential of the dominant bacterial genera by common and widespread OM27_clade [62], 
Planctomyces [63], and Ralstonia [64] suggests that the microbial community changes from 
indigenous oil-degrading bacteria to more general heterotrophic bacteria during the later 
period of oil spills. Members of Ralstonia and Planctomyces may utilize diesel-derived 
organic intermediates produced by hydrocarbon degraders [64,65]. 

Fungi were implicated in diesel hydrocarbon degradation, as shown by the dynamic 
change in fungal community structures over the incubation. The potential of fungi to 
remove oil pollutants was described previously [20]. At day 3, the dominant diesel 
responder Aspergillus was frequently isolated from oil-contaminated environments and 
showed great capacity in degrading diesel hydrocarbons [19,66]. The extracellular 
enzymes and biosurfactant produced by some Aspergillus spp. cultures can efficiently 
degrade alkane, aromatic, resins, asphaltene, and disperse oil hydrocarbons [67]. The 
increased concentrations of bioavailable hydrocarbons by the fungal biosurfactants could 
further stimulate bacterial hydrocarbon degradation [68]. Another enriched fungal genus 
in the diesel treatment was Mortierella, which was also reported as a PAH degrader that 
can cooperate with bacteria and stimulate PAHs degradation [69]. At day 7, the dominant 
fungi became overprinted by Phaeoacremonium, which was previously detected in an oil 
biodegradation study [70]. Bullera and Basidiobolus are known for their organic 
decomposition abilities and it is possible that their low specificity of substrate metabolism 
allowed them to degrade various diesel biodegradation intermediates (i.e., peptide- and 
carbohydrate-rich organic macromolecules) and outperform other diesel-degrading fungi 
at day 21 [71,72]. These results suggest that fungi should not be ignored in developing 
effective strategies of oil bioremediation. 

5. Conclusions 
Our results demonstrate that diesel addition enhances both microbial diesel-

degrading activities and microbial biomass production activities, and there is a 
differential distribution of bacterial and fungal communities in river water amended with 
diesel. A rapid microbial degradation activity of oil components was induced within 24 h 
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in the river water. Over time, the hexadecane and naphthalene microbial oxidation rates, 
and microbial structure succession patterns change and are triggered by the addition of 
diesel. The succession patterns may be due to multiple reasons, including the 
bioavailability of diesel compounds and the specialized degradation of different diesel 
hydrocarbons by different microbial groups. Several common taxonomic genera that are 
known obligate and generalist hydrocarbon degraders were observed in abundance in the 
diesel treatment, especially in the early days of the incubation period, such as bacterial 
genera Acinetobacter, Perlucidibaca, Pseudomonas, and Acidovorax, and fungal genera 
Aspergillus and Mortierella. The response of bacterial and fungal communities to diesel 
addition also highlights that the interaction among fungi and bacteria in the oil 
biodegradation process warrants further research. Overall, this study suggests that the 
progression of microbial diesel degradation could be experimentally predicted and serves 
as references for future river oil bioremediation strategies. 

Supplementary Materials: The following supporting information can be downloaded at: 
https://www.mdpi.com/article/10.3390/microorganisms11030698/s1, Figure S1: Map and 
photographs showing the location and surrounding environment of the sampling site in urban 
section (Nanchong) of the Jialing River. 

Author Contributions: Conceptualization, C.P. and L.L.; methodology, R.Y., L.L., C.P., and Y.T.; 
formal analysis, R.Y. and Y.Y.; software, R.Y.; visualization, R.Y.; writing—original draft 
preparation, R.Y., L.L., and C.P.; writing—review and editing R.Y., L.L., and C.P.; supervision, C.P. 
and L.L.; funding acquisition, C.P. All authors have read and agreed to the published version of the 
manuscript. 

Funding: We would like to acknowledge and thank the fundamental research project of the Sichuan 
Science and Technology Agency (2021YJ0295 and 2022YFN0065) and the Innovative Team 
Foundation of China West Normal University (CXTD2020-2) for funding this work. 

Data Availability Statement: The data presented in this study are available on request from the 
corresponding author. 

Conflicts of Interest: The authors declare no conflict of interest. 

References 
1. Chang, S.E.; Stone, J.; Demes, K.; Piscitelli, M. Consequences of oil spills: A review and framework for informing planning. Ecol. 

Soc. 2014, 19, 26. https://doi.org/10.5751/ES-06406-190226. 
2. Michel, J.; Fingas, M. Oil Spills: Causes, consequences, prevention, and countermeasures. In Fossil Fuels: Current Status and 

Future Directions; Crawley, G.M., Ed.; World Scientific: Singapore, 2016; pp. 159–201. 
3. Jernelöv, A. The threats from oil spills: Now, then, and in the future. Ambio 2010, 39, 353–366. https://doi.org/10.1007/s13280-

010-0085-5. 
4. Khalid, F.E.; Lim, Z.S.; Sabri, S.; Gomez-Fuentes, C.; Zulkharnain, A.; Ahmad, S.A. Bioremediation of diesel contaminated 

marine water by bacteria: A review and bibliometric analysis. J. Mar. Sci. Eng. 2021, 9, 155. https://doi.org/10.3390/jmse9020155. 
5. Duodu, G.O.; Ogogo, K.N.; Mummullage, S.; Harden, F.; Goonetilleke, A.; Ayoko, G.A. Source apportionment and risk 

assessment of PAHs in Brisbane river sediment, Australia. Ecol. Indic. 2017, 73, 784–799. 
https://doi.org/10.1016/j.ecolind.2016.10.038. 

6. Shangyu, L.; Jian, D. Risk Assessment on Ship’s Oil Spill of Yangtze River Main Line Wharf. In IOP Conference Series: Earth and 
Environmental Science; IOP Publishing: London, UK, 2020; p. 012074. 

7. Bezmaternykh, D.; Puzanov, A.; Kotovshchikov, A.; Drobotov, A.; Tolomeev, A. Hydrochemical Indicators of Water Quality in 
the Norilsk–Pyasino Lake–River System after a Diesel Fuel Spill at Norilsk Heat and Power Plant 3 in 2020. Contemp. Probl. Ecol. 
2021, 14, 323–334. https://doi.org/10.1134/S1995425521040028. 

8. Glyaznetsova, Y.S.; Nemirovskaya, I.A.; Flint, M.V. Study of the Effects of an accidental diesel fuel spill in Norilsk. Dokl. Earth 
Sci. 2021, 501, 994–999. https://doi.org/10.1134/S1028334X21110052. 

9. Mapelli, F.; Scoma, A.; Michoud, G.; Aulenta, F.; Boon, N.; Borin, S.; Kalogerakis, N.; Daffonchio, D. Biotechnologies for marine 
oil spill cleanup: Indissoluble ties with microorganisms. Trends Biotechnol. 2017, 35, 860–870. 
https://doi.org/10.1016/j.tibtech.2017.04.003. 

10. Head, I.M.; Jones, D.M.; Röling, W.F.M. Marine microorganisms make a meal of oil. Nat. Rev. Microbiol. 2006, 4, 173–182. 
https://doi.org/10.1038/nrmicro1348. 



Microorganisms 2023, 11, 698 11 of 13 
 

 

11. Dombrowski, N.; Donaho, J.A.; Gutierrez, T.; Seitz, K.W.; Teske, A.P.; Baker, B.J. Reconstructing metabolic pathways of 
hydrocarbon-degrading bacteria from the Deepwater Horizon oil spill. Nat. Microbiol. 2016, 1, 16057. 
https://doi.org/10.1038/nmicrobiol.2016.57. 

12. Varjani, S.J.; Upasani, V.N. A new look on factors affecting microbial degradation of petroleum hydrocarbon pollutants. Int. 
Biodeterior. Biodegrad. 2017, 120, 71–83. https://doi.org/10.1016/j.ibiod.2017.02.006. 

13. Nzila, A. Update on the cometabolism of organic pollutants by bacteria. Environ. Pollut. 2013, 178, 474–482. 
https://doi.org/10.1016/j.envpol.2013.03.042. 

14. Hu, P.; Dubinsky, E.A.; Probst, A.J.; Wang, J.; Sieber, C.M.K.; Tom, L.M.; Gardinali, P.R.; Banfield, J.F.; Atlas, R.M.; Andersen, 
G.L. Simulation of Deepwater Horizon oil plume reveals substrate specialization within a complex community of hydrocarbon 
degraders. Proc. Natl. Acad. Sci. USA 2017, 114, 7432–7437. https://doi.org/10.1073/pnas.1703424114. 

15. Onur, G.; Yilmaz, F.; Icgen, B. Diesel oil degradation potential of a bacterium inhabiting petroleum hydrocarbon contaminated 
surface waters and characterization of its emulsification ability. J. Surfactants Deterg. 2015, 18, 707–717. 
https://doi.org/10.1007/s11743-015-1697-3. 

16. Kayode-Isola, T.; Eniola, K.; Olayemi, A.; Igunnugbemi, O. Response of resident bacteria of a crude oil-polluted river to diesel 
oil. Eur. J. Agron. 2008, 1, 6–9. 

17. Icgen, B.; Yilmaz, F. Screening and in situ monitoring of potential petroleum hydrocarbon degraders in contaminated Surface 
water. CLEAN 2017, 45, 1. https://doi.org/10.1002/clen.201600194. 

18. Sreejina, K.; Sruthi, T.; Vineeth, T. Diesel oil utilization efficiency of selective bacterial isolates from automobile workshop and 
Thesjaswini river of Kerala. Pollution 2016, 2, 221–232. https://doi.org/10.7508/PJ.2016.02.010. 

19. Khan, A.H.A.; Tanveer, S.; Anees, M.; Muhammad, Y.S.; Iqbal, M.; Yousaf, S. Role of nutrients and illuminance in predicting 
the fate of fungal mediated petroleum hydrocarbon degradation and biomass production. J. Environ. Manag. 2016, 176, 54–60. 
https://doi.org/10.1016/j.jenvman.2016.03.040. 

20. Harms, H.; Schlosser, D.; Wick, L.Y. Untapped potential: Exploiting fungi in bioremediation of hazardous chemicals. Nat. Rev. 
Microbiol. 2011, 9, 177–192. https://doi.org/10.1038/nrmicro2519. 

21. Peng, C.; Tang, Y.; Yang, H.; He, Y.; Liu, Y.; Liu, D.; Qian, Y.; Lu, L. Time- and compound-dependent microbial community 
compositions and oil hydrocarbon degrading activities in seawater near the Chinese Zhoushan Archipelago. Mar. Pollut. Bull. 
2020, 152, 110907. https://doi.org/10.1016/j.marpolbul.2020.110907. 

22. Song, B.; Li, Z.; Li, S.; Zhang, Z.; Fu, Q.; Wang, S.; Li, L.; Qi, S. Functional metagenomic and enrichment metatranscriptomic 
analysis of marine microbial activities within a marine oil spill area. Environ. Pollut. 2021, 274, 116555. 
https://doi.org/10.1016/j.envpol.2021.116555. 

23. Ribicic, D.; Netzer, R.; Hazen, T.C.; Techtmann, S.M.; Drabløs, F.; Brakstad, O.G. Microbial community and metagenome 
dynamics during biodegradation of dispersed oil reveals potential key-players in cold Norwegian seawater. Mar. Pollut. Bull. 
2018, 129, 370–378. https://doi.org/10.1016/j.marpolbul.2018.02.034. 

24. Xu, F.; Jia, Y.; Wang, Y.; Zhang, F.; Li, L.; Li, Y.; Ren, L.; Wang, D.; Zhang, T. Does sand mining affect the remobilization of 
copper and zinc in sediments?—A case study of the Jialing River (China). Environ. Res. 2021, 200, 111416. 
https://doi.org/10.1016/j.envres.2021.111416. 

25. Chen, S.; Chang, S.; Wang, X.; Wang, J.; Zhang, Z.; Pan, C.; Guo, Q. Emergency treatment technology and case study of sudden 
environmental pollution caused by oil spill in river basin. In IOP Conference Series: Earth and Environmental Science; IOP 
Publishing: London, UK, 2021; Volume 621, p. 012143. 

26. Liu, J.; Bacosa, H.P.; Liu, Z. Potential environmental factors affecting oil-degrading bacterial populations in deep and surface 
waters of the northern gulf of mexico. Front. Microbiol. 2016, 7, 2131. https://doi.org/10.3389/fmicb.2016.02131. 

27. Wang, L.; Zhang, J.; Li, H.; Yang, H.; Peng, C.; Peng, Z.; Lu, L. Shift in the microbial community composition of surface water 
and sediment along an urban river. Sci. Total Environ. 2018, 627, 600–612. https://doi.org/10.1016/j.scitotenv.2018.01.203. 

28. Kirchman, D. Measuring bacterial biomass production and growth rates from leucine incorporation in natural aquatic 
environments. Methods Microbiol. 2001, 30, 227–237. https://doi.org/10.1016/S0580-9517(01)30047-8. 

29. Sibert, R.; Harrison, S.; Joye, S.B. Protocols for radiotracer estimation of primary hydrocarbon oxidation in oxygenated seawater. 
In Hydrocarbon and Lipid Microbiology Protocols; McGenity, T.J., Timmis, K.N., Nogales, B., Eds.; Springer: Berlin/Heidelberg, 
Germany, 2017; pp. 263–276. 

30. Bolyen, E.; Rideout, J.R.; Dillon, M.R.; Bokulich, N.A.; Abnet, C.C.; Al-Ghalith, G.A.; Alexander, H.; Alm, E.J.; Arumugam, M.; 
Asnicar, F. Reproducible, interactive, scalable and extensible microbiome data science using QIIME 2. Nat. Biotechnol. 2019, 37, 
852–857. https://doi.org/10.1038/s41587-019-0209-9. 

31. Callahan, B.J.; McMurdie, P.J.; Rosen, M.J.; Han, A.W.; Johnson, A.J.A.; Holmes, S.P. DADA2: High-resolution sample inference 
from Illumina amplicon data. Nat. Methods 2016, 13, 581. https://doi.org/10.1038/nmeth.3869. 

32. Callahan, B.J.; McMurdie, P.J.; Holmes, S.P. Exact sequence variants should replace operational taxonomic units in marker-gene 
data analysis. ISME J. 2017, 11, 2639. https://doi.org/10.1038/ismej.2017.119. 

33. Ziervogel, K.; D’souza, N.; Sweet, J.; Yan, B.; Passow, U. Natural oil slicks fuel surface water microbial activities in the northern 
Gulf of Mexico. Front. Microbiol. 2014, 5, 188. https://doi.org/10.3389/fmicb.2014.00188. 

34. Kleindienst, S.; Seidel, M.; Ziervogel, K.; Grim, S.; Loftis, K.; Harrison, S.; Malkin, S.Y.; Perkins, M.J.; Field, J.; Sogin, M.L. 
Chemical dispersants can suppress the activity of natural oil-degrading microorganisms. Proc. Natl. Acad. Sci. USA 2015, 112, 
14900–14905. https://doi.org/10.1073/pnas.150738011. 



Microorganisms 2023, 11, 698 12 of 13 
 

 

35. Abuhamed, T.; Bayraktar, E.; Mehmetoğlu, T.; Mehmetoğlu, Ü. Kinetics model for growth of Pseudomonas putida F1 during 
benzene, toluene and phenol biodegradation. Process Biochem. 2004, 39, 983–988. https://doi.org/10.1016/S0032-9592(03)00210-3. 

36. Joye, S.B.; Kleindienst, S.; Gilbert, J.A.; Handley, K.M.; Weisenhorn, P.; Overholt, W.A.; Kostka, J.E. Responses of microbial 
communities to hydrocarbon exposures. Oceanography 2016, 29, 136–149.  

37. Pardee, A.B.; Prestidge, L.S. The initial kinetics of enzyme induction. Biochim. Biophys. Acta 1961, 49, 77–88. 
https://doi.org/10.1016/0006-3002(61)90871-X. 

38. Coulon, F.; McKew, B.A.; Osborn, A.M.; McGenity, T.J.; Timmis, K.N. Effects of temperature and biostimulation on oil‐
degrading microbial communities in temperate estuarine waters. Environ. Microbiol. 2007, 9, 177–186. 
https://doi.org/10.1111/j.1462-2920.2006.01126.x. 

39. Yang, T.; Nigro, L.M.; Gutierrez, T.; Joye, S.B.; Highsmith, R.; Teske, A. Pulsed blooms and persistent oil-degrading bacterial 
populations in the water column during and after the Deepwater Horizon blowout. Deep Sea Res. Part II Top. Stud. Oceanogr. 
2016, 129, 282–291. https://doi.org/10.1016/j.dsr2.2014.01.014. 

40. Bouchez-Naïtali, M.; Vandecasteele, J.-P. Biosurfactants, an help in the biodegradation of hexadecane? The case of Rhodococcus 
and Pseudomonas strains. World J. Microb. Biot. 2008, 24, 1901–1907. https://doi.org/10.1007/s11274-008-9691-9. 

41. Lee, D.W.; Lee, H.; Kwon, B.-O.; Khim, J.S.; Yim, U.H.; Kim, B.S.; Kim, J.-J. Biosurfactant-assisted bioremediation of crude oil by 
indigenous bacteria isolated from Taean beach sediment. Environ. Pollut. 2018, 241, 254–264. 
https://doi.org/10.1016/j.envpol.2018.05.070. 

42. Dobson, R.; Schroth, M.H.; Zeyer, J. Effect of water-table fluctuation on dissolution and biodegradation of a multi-component, 
light nonaqueous-phase liquid. J. Contam. Hydrol. 2007, 94, 235–248. https://doi.org/10.1016/j.jconhyd.2007.07.007. 

43. Kanaly, R.A.; Watanabe, K. Multiple mechanisms contribute to the biodegradation of benzo[a]pyrene by petroleum‐derived 
multicomponent nonaqueous‐phase liquids. Environ. Toxicol. Chem. 2004, 23, 850–856. https://doi.org/10.1897/03-191. 

44. Kanaly, R.A.; Harayama, S.; Watanabe, K. Rhodanobacter sp. strain BPC1 in a benzo[a]pyrene-mineralizing bacterial consortium. 
Appl. Microbiol. Biotechnol. 2002, 68, 5826–5833. https://doi.org/10.1128/AEM.68.12.5826-5833.2002. 

45. Ron, E.Z.; Rosenberg, E. Enhanced bioremediation of oil spills in the sea. Curr. Opin. Biotech. 2014, 27, 191–194. 
https://doi.org/http://dx.doi.org/10.1016/j.copbio.2014.02.004. 

46. Hua, F.; Wang, H.Q. Uptake and trans-membrane transport of petroleum hydrocarbons by microorganisms. Biotechnol. 
Biotechnol. Equip. 2014, 28, 165–175. https://doi.org/10.1080/13102818.2014.906136. 

47. Ulrici, W. Contaminated Soil Areas, Different Countries and Contaminants, Monitoring of Contaminants. In Biotechnology Set; 
Rehm, H.J., Reed, G., Eds.; Wiley-VCH: Weinheim, Germany, 2001; pp. 5–41. 

48. Lide, D.R. CRC Handbook of Chemistry and Physics; Haynes, W.M., Ed.; CRC press: Boca Raton, FL, USA, 2004; Volume 85. 
49. Lee, R.F. Fate of petroleum components in estuarine waters of the southeastern United States. In International Oil Spill Conference; 

American Petroleum Institute: Washington, DC, USA, 1977; pp. 611–616. 
50. Lofthus, S.; Bakke, I.; Tremblay, J.; Greer, C.W.; Brakstad, O.G. Biodegradation of weathered crude oil in seawater with frazil 

ice. Mar. Pollut. Bull. 2020, 154, 111090. https://doi.org/10.1016/j.marpolbul.2020.111090. 
51. Li, X.; Zhao, Q.; Wang, X.; Li, Y.; Zhou, Q. Surfactants selectively reallocated the bacterial distribution in soil bioelectrochemical 

remediation of petroleum hydrocarbons. J. Hazard. Mater. 2018, 344, 23–32. https://doi.org/10.1016/j.jhazmat.2017.09.050. 
52. Nikolova, C.N.; Ijaz, U.Z.; Magill, C.; Kleindienst, S.; Joye, S.B.; Gutierrez, T. Response and oil degradation activities of a 

northeast Atlantic bacterial community to biogenic and synthetic surfactants. Microbiome 2021, 9, 191. 
https://doi.org/10.1186/s40168-021-01143-5. 

53. Jung, J.; Park, W. Acinetobacter species as model microorganisms in environmental microbiology: Current state and 
perspectives. Appl. Microbiol. Biotechnol. 2015, 99, 2533–2548. https://doi.org/10.1007/s00253-015-6439-y. 

54. Muthukumar, B.; Al Salhi, M.S.; Narenkumar, J.; Devanesan, S.; Rao, T.N.; Kim, W.; Rajasekar, A. Characterization of two novel 
strains of Pseudomonas aeruginosa on biodegradation of crude oil and its enzyme activities. Environ. Pollut. 2022, 304, 119223. 
https://doi.org/10.1016/j.envpol.2022.119223. 

55. Liu, H.; Yang, G.; Jia, H.; Sun, B. Crude oil degradation by a novel strain Pseudomonas aeruginosa AQNU-1 isolated from an oil-
contaminated lake wetland. Processes 2022, 10, 307. https://doi.org/10.3390/pr10020307. 

56. Chauhan, A.; Pathak, A.; Ewida, A.Y.; Griffiths, Z.; Stothard, P. Whole genome sequence analysis of an Alachlor and Endosulfan 
degrading Pseudomonas strain W15Feb9B isolated from Ochlockonee River, Florida. Genom. Data 2016, 8, 134–138. 
https://doi.org/10.1016/j.gdata.2016.05.008. 

57. Masuda, H.; Shiwa, Y.; Yoshikawa, H.; Zylstra, G.J. Draft genome sequence of the versatile alkane-degrading bacterium 
Aquabacterium sp. strain NJ1. Genome Announc. 2014, 2, e01271-14. https://doi.org/10.1128/genomeA.01271-14. 

58. Assil, Z.; Esegbue, O.; Mašek, O.; Gutierrez, T.; Free, A. Specific enrichment of hydrocarbonclastic bacteria from diesel-amended 
soil on biochar particles. Sci. Total Environ. 2021, 762, 143084. https://doi.org/10.1016/j.scitotenv.2020.143084. 

59. Chaudhary, D.K.; Dahal, R.H.; Kim, D.-U.; Kim, J. Novosphingobium olei sp. nov., with the ability to degrade diesel oil, isolated 
from oil-contaminated soil and proposal to reclassify Novosphingobium stygium as a later heterotypic synonym of 
Novosphingobium aromaticivorans. Int. J. Syst. Evol. Microbiol. 2021, 71, 004628. https://doi.org/10.1099/ijsem.0.004628. 

60. Segura, A.; Hernández-Sánchez, V.; Marqués, S.; Molina, L. Insights in the regulation of the degradation of PAHs in 
Novosphingobium sp. HR1a and utilization of this regulatory system as a tool for the detection of PAHs. Sci. Total Environ. 2017, 
590, 381–393. https://doi.org/10.1016/j.scitotenv.2017.02.180. 



Microorganisms 2023, 11, 698 13 of 13 
 

 

61. Brown, L.M.; Gunasekera, T.S.; Bowen, L.L.; Ruiz, O.N. Draft genome sequence of Rhodovulum sp. strain NI22, a naphthalene-
degrading marine bacterium. Genome Announc. 2015, 3, e01475-14. https://doi.org/10.1128/genomeA.01475-14. 

62. Orsi, W.D.; Smith, J.M.; Liu, S.; Liu, Z.; Sakamoto, C.M.; Wilken, S.; Poirier, C.; Richards, T.A.; Keeling, P.J.; Worden, A.Z. 
Diverse, uncultivated bacteria and archaea underlying the cycling of dissolved protein in the ocean. ISME J. 2016, 10, 2158–2173. 
https://doi.org/10.1038/ismej.2016.20. 

63. Lu, Y.; Feng, L.; Yang, G.; Yang, Q.; Zhang, X.; Mu, J. Intensification and microbial pathways of simultaneous nitrification–
denitrification in a sequencing batch biofilm reactor for seawater‐based saline wastewater treatment. J. Chem. Technol. Biotechnol. 
2018, 93, 2766–2773. https://doi.org/10.1002/jctb.5652. 

64. Volodina, E.; Raberg, M.; Steinbüchel, A. Engineering the heterotrophic carbon sources utilization range of Ralstonia eutropha 
H16 for applications in biotechnology. Crit. Rev. Biotechnol. 2016, 36, 978–991. https://doi.org/10.3109/07388551.2015.1079698. 

65. McGenity, T.J.; Folwell, B.D.; McKew, B.A.; Sanni, G.O. Marine crude-oil biodegradation: A central role for interspecies 
interactions. Aquat. Sci. 2012, 8, 10. https://doi.org/10.1186/2046-9063-8-10. 

66. Alharbi, N.K.; Alzaban, M.I.; Albarakaty, F.M.; Abd El-Aziz, A.R.; AlRokban, A.H.; Mahmoud, M.A. Transcriptome profiling 
reveals differential gene expression of laccase genes in Aspergillus terreus KC462061 during biodegradation of crude oil. Biology 
2022, 11, 564. https://doi.org/10.3390/biology11040564. 

67. Zhang, J.H.; Xue, Q.H.; Gao, H.; Ma, X.; Wang, P. Degradation of crude oil by fungal enzyme preparations from Aspergillus spp. 
for potential use in enhanced oil recovery. J. Chem. Technol. Biotechnol. 2016, 91, 865–875. https://doi.org/10.1002/jctb.4650. 

68. Steliga, T. Role of fungi in biodegradation of petroleum hydrocarbons in drill waste. Pol. J. Environ. Stud. 2012, 21, 471–479. 
69. Su, D.; Pu, Y.; Gong, C.; He, Z. Application of cold-adaptive Pseudomonas sp. SDR4 and Mortierella alpina JDR7 co-immobilized 

on maize cob in remediating PAH-contaminated freeze-thawed soil. Environ. Adv. 2021, 4, 100063. 
https://doi.org/10.1016/j.envadv.2021.100063. 

70. Adetitun, D.; Sulaiman, R.; Oguntoye, M. Utilization of Decane, Heptane, Petrol and hexadecane by fungi isolated from engine 
oil contaminated soil in Ilorin. J. Environ. Manag. 2019, 23, 1671–1676. https://doi.org/10.4314/jasem.v23i9.11. 

71. Mitchell, C.; Millar, C.; Minter, D. Studies on decomposition of Scots pine needles. Trans. Brit. Mycol. Soc. 1978, 71, 343–348. 
https://doi.org/10.1016/S0007-1536(78)80122-3. 

72. Doiphode, N.; Joshi, C.; Ghormade, V.; Deshpande, M. Biotechnological applications of dimorphic yeasts. In Yeast Biotechnology: 
Diversity and Applications; Satyanarayana, T., Kunze, G., Eds.; Springer: Berlin/Heidelberg, Germany, 2009; pp. 635–650. 

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual 
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury 
to people or property resulting from any ideas, methods, instructions or products referred to in the content. 


	1. Introduction
	2. Materials and Methods
	2.1. Water Sampling Procedure
	2.2. Microcosm Setup
	2.3. Hydrocarbon Extraction and Analysis
	2.4. Microbial Biomass Production
	2.5. Microbial 14C-hydrocarbon Oxidation Rates
	2.6. DNA Extraction and Cell Counting
	2.7. Illumina Miseq Sequencing of 16S rRNA Gene Amplicons and Data Analysis
	2.8. Statistical Analyses

	3. Result
	3.1. Response of Microbial Total Activities to Diesel Addition
	3.2. Response of Oil-Degrading Microorganisms to Diesel Oil Addition
	3.3. The Degradation of Total n-Alkanes and PAHs during the Incubation
	3.4. Shift in the Microbial Community Composition and Key Potential Oil-Degrading Bacteria during the Incubation

	4. Discussion
	4.1. Fast Responses of Microbial Activities and Diesel-Degrading Microorganisms to Diesel in the River Ecosystem
	4.2. The Enrichment and Succession of Diesel-Degrading Bacteria and Fungi during the Incubation

	5. Conclusions
	References

