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Abstract: The separation of microplastics from environmental matrices is still challenging, especially
for sediments where microplastics can accumulate affecting benthic organisms. Many authors have
adopted different procedures, but their effectiveness has been rarely compared. The present study
aims to compare the recovery rate of three different methodologies for the separation of dense
microplastics from fine sediments and provide insights about contamination processes occurring in
microplastic separation techniques. The protocols tested are a density separation method with NaCl
and NaI, a density separation with NaI followed by a centrifugation step, and a digestion method with
10%KOH (m/v). The recovery yields of two high-density polymers of three different dimensional
classes were tested. The highest recovery rate was reported for the first protocol. However, this
method proved to be expensive, and unsatisfactory results were found when using merely NaCl.
The digestion method was the one that was proven to be simple, reproducible, and affordable. The
contamination tests highlighted as multiple filtration steps can increase the number of fibers deriving
from airborne contamination. Since a unified approach for microplastic separation from sediments is
still not selected, this study is of paramount importance as it provides data about the reliability of
different methods widely adopted.

Keywords: density separation; digestion method; recovery rate; method validation; plastic methodology

1. Introduction

Plastics are the most versatile materials invented by man. These same substances that
have allowed technological advancements may ultimately lead to a significant environ-
mental problem. Indeed, a huge quantity of plastic debris is accumulating in the aquatic
ecosystems, where it breaks down to form microscopic fragments, called ‘microplastics’
(MPs). Besides these degradation products (secondary MPs), MPs can also be produced as
such (primary MPs) [1]. Microplastics can be ingested by organisms, accumulate in specific
tissues, and be transported along food chains [1,2]. Moreover, these particles, due to their
small size (large surface/volume ratio), may act as a medium to concentrate and transfer
chemicals and persistent, bioaccumulative, and toxic substances to organisms [2]. In ad-
dition to this, plastic particles can pose further toxicological risks, as residual monomers
or incorporated additives such as fillers, stabilizers, flame retardants or plasticizers may
leach [3]. As these polymers are highly resistant to degradation, quantities of microplastics
in aquatic environments will most likely continue to increase over time and, consequently,
microplastics will represent a long-lasting problem that future generations will have to
face [4].

Densities of plastic materials range mainly from 0.85 to 1.41 g cm−3 [2]. Since this
range includes material of lower, equal, or higher density than water, microplastics can ac-
cumulate in both pelagic and benthic compartments: low-density plastics occupy a surface
environment, while high-density plastics are found at the bottom [2,5]. Degradation and
biofilm formation on the surface of floating plastic particles may facilitate the attachment of
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organic coatings, inorganic material, or other plastic debris. Due to this additional weight,
microplastics tend to settle in sediments [1,6]. Moreover, the ingestion of microplastics by
aquatic organisms can lead to further accumulation in sediments. Indeed, plastic fragments
can be ingested by zooplankton and small mesopelagic fishes and then can be transferred
to larger predators, sink with the bodies of dead organisms, or be defecated and thus
accumulate in sea and lake bottom [7,8]. Therefore, sediments can represent a long-term
sink for microplastics [5,9]. This suggests an underestimation of the plastic contamination
in aquatic systems for all studies measuring only the abundance of floating debris [1,2,5].
Besides this, microplastics can affect the marine and freshwater benthos, which includes
ecologically and commercially important species [10]. Moreover, sediment may become a
sink of different organic and inorganic pollutants and, thus, the bioaccumulation of MPs in
sediment can enhance contaminant biomagnification [11].

Despite the occurrence of microplastics in sediments and the importance of reliable
data about their abundance in the benthic zone of aquatic environments, various method-
ological issues remain to be addressed to design an effective and unified method [12]. As
reported in the review of Hanvey et al. [13], the most common approach to extracting
microplastics from sediments is density separation combined with filtration. The separat-
ing solution is frequently a concentrated salt solution such as NaCl of varying densities,
usually 1.2 g mL−1, as it is cheap and inert [14]. Due to the low density achievable using
this salt, other studies have proposed different solutions, for instance, zinc chloride (ZnCl2),
sodium iodide (NaI), and sodium polytungstate [15–17]. Various authors have adopted
different procedures, combining different steps and/or different brine solutions, but the
effectiveness of the several methods adopted has been rarely compared as many authors
have tried to develop their own methods, failing to implement those already devised.

In this work, we evaluated the efficiency of different protocols for separating mi-
croplastics from fine sediments, testing three procedures that are more frequently adopted
and/or suitable for the separation of microplastics from fine sediments simulating as far
as possible real conditions. In particular, we collected deep sediments from Lake Idro
(Northern Italy), that we spiked with a known number of plastic particles of two different
polymers of different sizes: polyethylene terephthalate (PET) and polyamide (nylon). On
these samples, we performed the three selected protocols, and we counted the number of
particles that we were able to extract following each methodology. We also assessed the
possible contamination linked to both air and water and, for this last, we compared filtered
and not filtered ultrapure water. The data collected allowed identifying the method with
a high recovery rate and that combine, at the same time, simplicity, reproducibility and
affordability. Moreover, the advantages and drawbacks of each protocol were pointed out.

2. Materials and Methods
2.1. Preparation of “Spiked Samples”

To simulate real conditions, we used deep lake sediment collected using a gravity corer
(UWITEC, Austria) in 2015 from Lake Idro (Northern Italy, 45◦46′ N 10◦32′ E) [18–20]. This
sediment was selected as it is very rich in organic substances and colloidal, and therefore
the separation of microplastics from this kind of matrix can be particularly challenging.

The sample was dried (48 h, 60 ◦C), and inspected with a dissecting microscope (40×)
to remove any particles that could potentially be plastics. Then, 10 g were weighed and put
in a glass container. Plastic fragments, that we generated in the laboratory, of two different
polymer types were added: white pellet of polyethylene terephthalate (PET) and green
filament of polyamide (Nylon). We selected these plastic polymers as they are characterized
by two different density values (PET: 1.38 g cm−3; Nylon: 1.15 g cm−3), but that are denser
than water. Indeed, considering this feature, it is likely that polymers of similar density
can easily sink and accumulate in bottom layers and thus they may be more abundant
in sediment matrices [1,2]. Raman spectra of the two polymers were acquired to allow a
characterization (Figure S3) [21].
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The fragments of both the polymers were divided into three different dimensional
classes based on their largest dimension, i.e., small (250–500 µm), medium (500–2000 µm),
large (2–5 mm) size. In each sample, we added five different fragments for each dimensional
class for both Nylon and PET; then, the samples have been carefully mixed in order to
allow the incorporation of the spiked plastics. Three replicates were performed for each
protocol. Pictures of each fragment were acquired (see an example of the particles used
in Figure S1) using the high-resolution Leica ICC50 camera and the dimensions of each
fragment were measured using the Leica AirLab app (Version 3.4). The average values of
the microplastic dimension with the standard deviation are reported in Table 1.

Table 1. Mean dimension of the particles added to the standard protocols: protocol 1, P1; protocol 2,
P2; protocol 3, P3. The first dimensional class (D1) includes particles in the range 2–5 mm, the second
(D2) in 500–2000 µm, and the third (D3) in 250–500 µm.

Protocol Number Dimensional Class Mean Particles Dimension (±SD) (mm)

P1
D1 3.12 ± 0.33
D2 1.44 ± 0.17
D3 0.42 ± 0.05

P2
D1 3.04 ± 0.29
D2 1.38 ± 0.28
D3 0.42 ± 0.03

P3
D1 3.07 ± 0.27
D2 1.21 ± 0.26
D3 0.41 ± 0.06

2.2. Protocols for Plastic Separation

The selection of the three protocols that we tested was performed choosing procedures
that are more frequently adopted and/or suitable for the separation of microplastics from
fine sediments. After the application of each protocol on the “spiked samples” [22], the
recovery rate was evaluated by counting under a dissecting microscope (40×) the number
of microplastics and comparing the shape and dimension of the particle recovered using
the pictures taken for each particle in each sample. In this way, we were confident that the
identified and counted particles were the ones that we added to the samples. Microplastic
recovery data (%) was expressed as the mean ± the standard deviation. A description of
the different protocols is reported below.

2.2.1. Protocol 1

The first protocol (P1) selected was a density separation method [23]. To test the
performance of different dense solutions a step procedure was followed. In particular, a
solution of NaCl was prepared by dissolving the salt in ultrapure water until reaching
a density of 1.2 g cm−3. The density was measured by the weighing method. The same
procedure was followed for the preparation of the NaI (Sigma-Aldrich, 99%) solution and
the density reached was equal to 1.8 g cm−3. The solutions were filtered (Whatman glass
microfiber filters, Grade GF/C, 0.45 µm) three times to remove any contaminants. The
prepared samples (sediment and plastic particles) were put into a cylinder and a volume
of NaCl solution equal to double the volume of the sediment was added. The solution
was energetically shaken for 1 min and the sediment was left to settle for 2 h. Then the
particles floated to the surface of the solution were collected with a glass pipette (used in
the inverted way to have a large opening) and filtered (Whatman glass microfiber filters,
Grade GF/C, 0.45 µm). We repeated the procedure two more times, and we kept separate
filters every time to analyze the recovery efficiency of each serial step. The third time
the sediment was left to settle for 12 h. Then, the last step was performed using the NaI
solution: the NaCl solution was replaced with NaI, which was left for 12 h before collecting
and filtering (Whatman glass microfiber filters, Grade GF/C, 0.45 µm) the supernatant.
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In total, we performed four steps and, for each one, a filter was analyzed to estimate the
recovery of the different steps and the overall procedure.

2.2.2. Protocol 2

The second protocol (P2) is based on a density separation with the use of a dense
solution (NaI) and a centrifuge system [24]. The dried sample was disaggregated with a
previously filtered deionized water; then the sample was washed through 250 µm stainless
steel sieves. The retained material was collected and placed into a 50 mL centrifuge tube.
We prepared a sodium iodide (NaI) solution, with a density equal to 1.8 g cm−3. The
solution was filtered (Whatman glass microfiber filters, Grade GF/C, 0.45 µm) three times
to remove any contaminants. Twenty-five milliliters of the solution were added to the
centrifuge tube previously filled with the samples. The 50 mL tubes were capped and
centrifuged at 1500 rpm for 5 min. The lower-density fraction was pipetted off and vacuum-
filtered through a 0.45 µm micropore glass microfiber filter. The filters were then inspected
using a dissecting microscope (40×).

2.2.3. Protocol 3

The third protocol (P3) is a digestion method with 10% KOH (m/v) combined with a
sieving procedure. We optimized this method, usually used for the separation of subfossil
Cladocera remains from sediment cores, for microplastic extraction [25]. In a 1000 mL
beaker placed on a hotplate, we added 10 g of the prepared sample and 200 mL of a 10%
KOH (m/v) solution. The sample was left heating to 60 ◦C for 30 min with constant gentle
stirring. Mixing was performed with a magnetic stirrer to ensure proper homogenization.
After the time necessary, 600 mL of water was added and the KOH-sediment mixture
was poured onto a 250 µm sieve and washed using ultrapure water, previously filtered
(Whatman glass microfiber filters, Grade GF/C, 0.45 µm), until the rinsing water comes
through clear. To remove possible carbonates residuals, a few drops of 10% HCl were
added and the sample, then, was thoroughly rinsed to remove acid remains. It is important
to remove the acid as detrimental effects on some plastic polymers are reported, e.g., on
nylon fibers which are known to be sensitive to acids and alkalis [26].

2.3. Evaluation of Possible Sources of Contamination

Additional analyses were performed to assess the possible contamination deriving
from different steps involved in the microplastic separation methods discussed before and,
in general, commonly used in several protocols concerning microplastic analysis. All the
particles that appear to be similar to plastics were considered, as the visual inspection step
is still necessary for microplastics analysis and adding more confounding and potentially
contaminating particles can lead to an increase in sample processing time and unreliable
results. In particular, we evaluated the contamination in terms of fibers and fragments
deriving from air during the vacuum filtration step, and from the use of ultrapure water
(both filtered and not filtered). For the investigation of air contamination linked to filtration
procedures (thereafter ‘AIR’), a glass microfiber filter (Whatman, Grade GF/C, 0.45 µm) was
inspected under a dissecting microscope (40×) to assess the possible presence of particles.
If particles were visually detected, the filter was discarded. The selected clean filter was
then placed on the vacuum filtering system and left for 10 min with the pump switched on.
After that, the filter was collected, put in a glass Petri dish, and inspected under a dissecting
microscope (40×). For the different water analyses, glass microfiber filters (Whatman,
Grade GF/C, 0.45 µm) were accurately inspected as described before. Ultrapure water
(1000 mL) was collected in a previously rinsed flask, filtered on the inspected filter through
the vacuum filtration system, and stored in a glass Petri dish for the examination with the
stereomicroscope (‘UNF’). For the evaluation of the contamination linked to the filtration
step, 1000 mL of ultrapure water was collected in a flask and filtered three times through a
glass microfiber filter. The last filtration was performed on an inspected and clean filter,
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which was collected and evaluated under the microscope (‘UF’). For all the procedures, we
performed three replicates.

2.4. Cost Assessment and Statistical Analyses

We estimated the average cost for each replicate. We considered the cost derived
only from the preparation of the different solutions (i.e., consumable costs); the cost of the
instrumentations is not included, as neither of the protocols requires special equipment.

To evaluate how the adopted dimension and protocol influence the recovery rate,
non-parametric analysis of variance was performed using Aligned ranks transformation
ANOVA (ART ANOVA) implemented in the R package ‘ARTool’ [27,28]. Post hoc compar-
isons for main effects were performed using the package ‘emmeans’ [29]. All statistics and
figures were produced using R (3.6.1.).

3. Results
3.1. Recovery Rate

The percentage recovery of Nylon and PET of the three protocols for the different
sizes of microplastics is reported in Figure 1. Protocol one has several sequential steps (see
Section 3.2); therefore, in the present section, we evaluate the overall recovery of the whole
procedure.

Considering the Nylon fragments (Figure 1a), a complete recovery (100 ± 0%) was
found for the particles belonging to the largest dimensional class (D1, 2–5 mm) for all
the protocols in all the replicates. For the second dimensional class (D2, 500–2000 µm),
a complete recovery was reported for protocols 1 and 3 (100 ± 0%), and a recovery of
86.7 ± 12% for protocol 2. A complete recovery was not obtained for the smallest dimen-
sional class (D3, 250–500 µm), with values of 86.7 ± 12%, 66.7 ± 31%, 66.7 ± 23% for
protocol 1 (P1), protocol 2 (P2), and protocol 3 (P3), respectively. The protocol that shows
the lowest variability among replicates is protocol 1, followed by protocol 3, which shows
some differences just for the lowest dimensional class. The ART ANOVA highlighted as
only the dimension represents a significant factor influencing the recovery (p < 0.001), and
no significant difference was found when considering the different protocols. The contrast
tests pointed out as the difference are significant between D1–D3 (p < 0.001) and D2–D3
(p < 0.05).

Figure 1b reports the percentage recovery of PET fragments of the three protocols
for the different dimensional classes of microplastics. As reported for Nylon particles,
the microplastics belonging to the first dimensional class were completely recovered,
with a percentage of 100 ± 0% for all the protocols in all the replicates. For the second
dimensional class, a complete recovery was reported only for protocol 3 (100± 0%); instead,
a recovery of 93.3 ± 12% was reported for protocol 1 and 73.3 ± 31% for protocol 2. The
lower recovery was obtained for the particles with the smallest size (D3), with values of
73.3 ± 31%, 46.7 ± 12%, 60.0 ± 0% for protocol 1, protocol 2, and protocol 3, respectively.
Protocol 3 is highly consistent among the replicates, indeed the standard deviation in all
the dimension classes is zero. Significant differences were highlighted for the various
dimensional classes (p < 0.001) and the protocols (p < 0.01). For the dimension factor,
the contrast tests highlighted as the difference are significant among all the classes, with
a p-value < 0.001 for all the comparisons (i.e., D1–D2, D1–D3, D2–D3). Concerning the
protocol, significant differences were highlighted between P1–P2 (p < 0.01) and P2–P3
(p < 0.05); no differences were highlighted between P1–P3.
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3.2. Sequential Recovery of Protocol 1

A more detailed description is provided for protocol 1, as several steps that provide
different results were executed. The four sequential steps carried out during the application
of protocol 1 yielded different percentage recovery (Figure 2).
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Considering the Nylon particles, the complete recovery (100 ± 0%) was reported for
the particles belonging to the biggest dimensional class (D1) and the medium-size particles
(D2) during the first step using the NaCl solution. For the Nylon particles of smaller
dimensions (D3), the highest recovery was reported during the first step, with a value of
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66.7 ± 12%. An additional recovery was obtained during the second and the third step
with a percentage on the overall total of 13.3 ± 12% and 6.7 ± 12%, respectively (Figure 2a).

We obtained different results for the recovery of PET particles (Figure 2b). Indeed, a
complete recovery of the biggest particles (D1) was obtained for all the replicates during
the last step, using the NaI solution. For the particles belonging to the second dimensional
class (D2), the highest recovery was obtained with the last step (73.3 ± 23%), but also some
particles were recovered during the first (13.3 ± 23%) and the third step (6.7 ± 12%). For
the smallest PET particles (D3), we were able to recover a small amount from each step:
6.7 ± 12% for step 1, 13.3 ± 12% for step 2, 33.3 ± 31% for step 3, and 20.0 ± 0% for step 4
(percentage on the overall total).

3.3. Contamination Evaluation

Figure 3 reports the number of contaminating particles detected for the different
tests performed, divided between fibers and fragments. Fibers were detected in all the
procedures performed, with the highest value in the ‘AIR’ sample. High values were
also detected for the filtered samples of ultrapure water (‘UNF’). Instead, fragments were
less abundant, and no fragments were detected in the ‘AIR’ samples and in the ultrapure
water filtered (‘UF’). In general, the water filtration step proves to allow removing the
contamination with fragments but leads to major contamination with airborne fibers.
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Figure 3. Average number of contamination particles (fibers and fragments) for the different tests
performed (i.e., 10 min of air filtration ‘AIR’; 1000 mL of ultrapure water not filtered and filtered)
with standard deviation values. ‘AIR’ air evaluation; ‘UF’ Ultrapure water filtered; ‘UNF’ Ultrapure
water Not filtered.

3.4. Cost Assessment

We evaluated the cost for the performance of each protocol on one single sample.
The estimation is reported in Table 2. The highest cost is reported for protocol number 1.
Indeed, sodium iodide (anhydrous, free-flowing, Redi-Dri™, ReagentPlus®, ≥99%) costs
around 0.30 €/g, sodium chloride (anhydrous, free-flowing, Redi-Dri™, ReagentPlus®,
≥99%) 0.03 €/g, and sodium hydroxide (BioXtra, ≥85) 0.13 €/g. For the application of
protocol 1 (P1) to one sample, we used 17 g of NaCl and 75 g of NaI for a total cost of EUR
~23 for one sample. For the second protocol (P2), 37.5 g of NaI were employed for a total
cost of EUR ~11 for one sample. Finally, for the third protocol (P3), we used 23.6 g of KOH,
to obtain a solution at 10%, for a total cost of EUR ~3. To allow a comparison between the
different protocols, we also evaluated the relative cost unit.
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Table 2. Cost assessment for the processing of each sample with the different experimental protocols:
protocol 1, P1; protocol 2, P2; protocol 3, P3.

Protocol Number Cost (€) 1 Relative Cost Unit

P1 23 7.7
P2 11 3.7
P3 3 1

1 The costs are referred to Sigma-Aldrich (accessed on 14 August 2019) considering the 1000 g pack-size.

4. Discussion

The presence of microplastics in sediments of both deep and littoral areas of marine
and freshwater environments is increasingly reported in various recent studies and it is
widely recognized as sediments can represent a major sink for these pollutants [9,24,30,31].
The accumulation of microplastics in these environments may affect the benthic organisms,
which include ecologically and commercially important species [10]. Moreover, sediment
may become a sink of different organic and inorganic pollutants and, thus, the bioaccu-
mulation of MPs in sediment can enhance contaminant biomagnification [11]. Despite the
pivotal role that sediments can play in the accumulation of microplastics, a standard and
unified analytical technique for measuring microplastics in sediments is not adopted and
many authors have tried to develop their own methods, failing to implement those already
devised. Moreover, the effectiveness of the several methods used has been rarely com-
pared and, thus, the data about microplastic abundance in these matrices could be hardly
comparable. Our study contributes to filling this gap, as we performed a comparison of
the percentage recovery of spiked microplastics carrying out three different methods that
are widely used for separating microplastics from sediments. We evaluated not only the
recovery but also the cost for the application of the different procedures. Moreover, we
provided information about contamination that can occur in different steps involved in
the separation techniques (i.e., use of water for wet sieving or solution preparation, use of
vacuum filtration system), providing a more comprehensive analysis.

A complete recovery of all the spiked microplastics across all size classes was not
possible with none of the procedures applied. This should be taken into account when re-
porting data about microplastics. Indeed, monitoring in organic-rich particle matrices such
as sediments is in its infancy, and standardization of methods for microplastic separation is
still being discussed [9,32]; therefore it is desirable for future studies to include analytical
control when separating and quantifying microplastics from sediments and soils to provide
uncertainty measurements about the data reported. Based on our results, the percentage
recovery was different for the various dimensional classes of the particles. Indeed, the
microplastic retrieval, regardless of the protocol and polymer considered, was inversely
related to the dimensional class, as the number of particles separated from the sediment
matrix is smaller for the particles belonging to the smallest dimensional classes. Conversely,
for the biggest particles, i.e., with the largest dimension in the range of 2–5 mm, a complete
recovery was possible. Thus, the size of the microplastics can significantly affect recovery.
Previous studies have already reported a relationship between dimension and recovery
rate, highlighting as the separation of smaller sizes can be more challenging compared to
large microplastics [33].

Other microplastic features can also affect separation ability [33,34]. For instance, the
color can represent a factor influencing the recovery, as particles with colors similar to the
interfering particles are more difficult to separate [32,34]. Colorful plastics, such as the
green Nylon fragments that we used, are easier to identify during the visual inspection and,
thus, the highest recovery highlighted in our study for the Nylon fragments can be related
to this. Moreover, during the phase of the visual identification, having a clear filter, with
few sediments remains, can be important in the identification of the different particles as
they are more visible, and interfering materials (both organic and inorganic) likely do not
overlap them. The third protocol, based on a sieving procedure, is the one in which fewer
sediment remains were observed on the final filter (Figure S2). In general, using a very
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high-density solution (1.6–1.8 g cm−3), such as carried out in protocol 2 and, especially, in
protocol 1, the fine sediment remained in suspension and consequently higher amounts of
sediments can be collected together with the plastic particles [14].

In addition to the color, another determining feature in the separation of the microplas-
tics is the shape of the particles. Especially, differences were highlighted when comparing
filaments (i.e., fibers and lines) to the fragments. The combination of the methodology
adopted, and the particle shape has paramount importance. For instance, the use of a
sieving step can lead to a potential loss of some particles as the sieve mesh is square shaped
and the length of the diagonals is greater than the specified mesh value. The sieve retains
particles when their two smaller dimensions are larger than the mesh diagonals [35]. For
the fibers and lines-shaped particles, there is a higher probability that the sieves do not
retain them, as they are fine, and the flow can drag them down. However, our results
showed as the recovery of Nylon fragments of protocol three compared to protocol one is
the same for the first two dimensional classes (D1, D2), highlighting as the sieves cannot
affect importantly the recovery of the biggest particles.

Depending on the driving research question and the instruments available for the
identification of microplastic polymers (e.g., Py-GC-MS, FTIR, Raman), the methodology
can be modified, for instance, selecting different sieve meshes. Moreover, steps belonging
to different methodologies can be merged to obtain a higher percentage recovery. However,
it is necessary to take into account the cost, as this represents a limiting factor. Indeed,
as reported by Eerkes-Medrano et al. [2], the methods employed for the separation of
microplastics from environmental samples should not only be precise, accurate, and simple
to ensure sufficient replication but should also keep cost low enough to enable method
accessibility. Usually, microplastic studies require processing several samples and the
procedure for the identification of the polymer through for instance spectroscopic analysis,
which follows the separation step, is expensive. Indeed, it is commonly recognized that
visual identification is still necessary but not enough, with potentially high error rates,
especially for smaller particles, and several studies highlighted the discrepancy between
the visual identification and spectroscopic methods [36–39]. Consequently, it is important
to adopt a methodology that allows a fast, but reliable, separation of microplastics from the
sediments to reduce the cost of the initial phases (i.e., the separation phase). Protocol 1 is
the most expensive, even if the filtration and reuse of solutions for density separations can
reduce the cost; on the contrary, the protocol that proved to be cheap for fine sediments
is the third one. Moreover, considering contamination processes, we highlighted as all
the procedures that require more filtration steps expose the sample to a higher risk of
contamination, especially regarding fibers. Indeed, the potential contamination with
fragments can be managed, but it is more difficult to preserve the sample from airborne
contamination, whose presence we detected in each test performed.

The use of density separation is widely reported for the separation of microplastics
from complex matrices such as sediments [1,23], but the application of different brine
solutions influences the number of MPs recovered [14,33,40]. For instance, the density
of saturated NaCl solution (1.2 g cm−3) does not offer consistent separation of higher
density polymers such as polyoxymethylene, polyvinyl chloride, and polyethylene tereph-
thalate [23,32,40,41]. However, the NaCl solution is commonly used as it is a cheap and
inert option in microplastic studies, but its use could result in an underestimation of the
abundance of plastics found, particularly high-density plastics [14]. Just taking into account
the first three steps carried out for protocol number one (i.e., density separation with NaCl
solution), we were able to recover merely Nylon particles and some of the smaller and
lighter PET fragments. If the procedure had stopped at this point, without the use of a
denser salt, a low recovery value would be obtained. As we are discussing methodologies
for the separation of microplastics from sediments, it is important to be able to separate
denser and heavier particles that can sink and are likely to be present in sediments. The step
performed with NaI allows the recovery of the denser particles, as we achieve a density of
1.6 g cm−3 with this solution. However, this salt is highly expensive and should be handled
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with caution [14,42,43]. Even if other brine solutions have been proposed (e.g., ZnCl2,
sodium polytungstate), problems of toxicity and/or cost arise from all of them. Therefore,
for fine sediments, the use of density separation methodology appears to be not a suitable
solution, also considering that the fine sediment can float as well. The possibility to use
a sieve is important to reduce the sample mass, even if there can be issues for filaments,
which may be lost during this step due to their shape. Our results showed as the digestion
protocol (protocol 3) is a suitable methodology, being effective and easy to implement.
Moreover, this method also provided relatively tight error bars indicating a good level of
reproducibility.

5. Conclusions

There is still a lack of consensus on methodological approaches for the determination
of microplastic contamination in sediments. However, standard extraction techniques
should be adopted by the research and regulatory community, especially for monitoring
purposes. Therefore, this study has provided important information about methodologies
for separating microplastics from fine sediments, comparing the efficiency of three different
protocols under simulation of real conditions, taking into account both the cost of the anal-
ysis and the potential sources of contamination. Based on our comparison, we highlighted
that density separation may be effective only when denser salt is used (e.g., NaI), otherwise,
a low recovery rate has been recorded. The digestion method that we proposed for plastic
separation may be a good compromise and we recorded a high recovery rate, even if it
requires a filtration step that may lead to the potential loss of filaments and fibers.

Since a unified approach for microplastic separation from sediments is still not se-
lected, this study is of paramount importance as it provides data about the reliability of
different methods and it provides guidance for researchers aiming to further characterize
microplastic contamination in sediments, which are argued to be long-term sinks for these
contaminants.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/w13202854/s1, Figure S1: Pictures of the microplastics added to the samples for the recovery
test, Figure S2: Example of the filters obtained for the different protocols, Figure S3: Raman spectra
of the two polymers used.
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