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Abstract: The collapse of collective farming in Russia after 1990 led to the abandonment of 23%
of the agricultural area. Microbial biomass is a transit pool between fresh and soil organic matter;
therefore, structural changes in soil microbial community determine the carbon cycle processes
caused by self-restoration of arable lands after abandonment. Here, we assessed the influence of
monthly changes in moisture and temperature on the bacterial community structure and abundance in
Retisols under long-term abandoned cropland. Two periods with pronounced differences in bacterial
properties were revealed: the growing period from March to September and the dormant period
from October to February. The growing period was characterized by higher bacterial abundance
and diversity compared to the dormant period. The relative abundances of the bacterial community
dominants (Alpha-, Gamma- and Deltaproteobacteria, subgroup 6 of phylum Acidobacteria) did not
change significantly over the year, either in total or active communities. The relative abundances
of Bacteroidetes and Verrucomicrobia increased in the growing period, whereas Actinobacteria and
Chloroflexi were more abundant in the dormant period. The microbial gene abundances positively
correlated with soil and air temperature, but not with soil moisture. Thus, the seasonal dynamics of
soil microbial communities are closely related to soil temperature and should be considered when
assessing carbon cycles in abandoned lands.

Keywords: 16S rRNA gene; high-throughput sequencing; soil temperature; soil moisture; qPCR; Retisols

1. Introduction

The collapse of collective farming in Russia after 1990 led to the abandonment of
more than 45 million hectares of arable lands [1–3]. About 40 million hectares remain
abandoned [4], undergoing self-restoration and developing toward natural ecosystems [5].
Abandoned lands are now occupied by natural vegetation and accumulate carbon in both
soil and plant biomass [2]. The total carbon sink for bioclimatic zones of middle and
southern taigas is 38.5 ± 9.5 Mt C/year [2]. Microbial biomass is a transit pool between
fresh and soil (transformed) organic matter; therefore, the process of carbon sequestration is
closely related to the activity and functioning of soil microbial communities [6–8]. Microbial
community structure also determines the temperature sensitivity (Q10) of soil organic
matter decomposition [9].

Seasonal dynamics of soil microbial communities are an important part of soil function.
Exact factors determining seasonal dynamics of microorganisms in soil vary between
bioclimatic zones and can be related to climate (temperature and moisture regime) and
soil parameters (carbon and nutrient contents, pH and particle size distribution) [10–12].
Plant root exudates and derivatives are also important drivers of microbial growth and
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activity [13]. The dynamics of root exudation depend on the relationship between plant
development and weather, varying with season and feeding back to soil microbial activity.
Therefore, seasonal changes in both temperature and moisture indirectly control microbial
activity in soils through the regulation of plant activity.

The boreal climate is characterized by long, cold winters and short, mild summers [14].
An important aspect of boreal ecosystems is prolonged (4–5 months) snow cover. In such
climatic conditions, the amount of root exudation is maximal in spring, during the most
active period of plant growth [15–17]. Input of available organic matter into soil also takes
place in autumn in the form of plant litter. Seasonal dynamics of soil microbial communities
in boreal climates with pronounced annual changes in environmental conditions, especially
contrasting temperature regimes, have previously been studied in forests and alpine mead-
ows [18,19]. Retisols, or sod-podzolic soils, which are formed in boreal climates, occupy
large areas in northern Eurasia and North America [20]. In comparison with other soils of
Eurasia, Retisols are characterized by moderate microbial biomass and activity [21–23] but
a considerable contribution of microbial biomass to total organic carbon [24,25]. Biological
processes in Retisols occur during long periods of relatively low temperatures and excessive
moisture [26]. For Retisols under abandoned croplands, the information regarding seasonal
dynamics of soil microorganisms is scarce. The soil-forming processes of such soils differ
from those of soils under natural or agricultural ecosystems [27,28].

Soil microbial communities consist of a broad range of organisms in different physio-
logical states: active, potentially active, dormant or dead [29,30]. Most soil microorganisms
are dormant due to the low availability of nutrient substrates, whereas microbial activity
mostly occurs in hot spots related to plant activity [29]. When considering microbial dy-
namics in soil, changes not only in total, but also active microbial communities must be
assessed. DNA is universally present in both active and inactive microorganisms and can
be stored in soil for extended periods of time, even in dormant microbes or as extracellular
DNA [31–33]. Such DNA reflects total microbial communities in the soil [29,34,35]. In
contrast to DNA, extracellular RNA is unstable in soil environments [36], and the RNA
content in dormant cells is usually extremely low [29]. Since the amount of RNA per cell
is proportional to the metabolic activity of microorganisms [37], RNA-based approaches
provide information on the potentially active parts of microbial communities [24].

The aim of this research was to investigate how seasonal changes in moisture and
temperature influence the total and active bacterial community structure and abundance in
long-term abandoned Retisols. For this purpose, we collected monthly soil samples from
the surface and subsurface horizons of an abandoned Retisol and analyzed soil bacterial
communities using RT-PCR and Illumina MiSeq amplicon sequencing. We hypothesized
that changes in bacterial abundance would follow temperature and moisture variations
because of their pronounced influence on the state of vegetation cover in boreal climatic
conditions and that the highest bacterial abundance would be observed in periods with
the highest temperatures and most plant activity. Additionally, we expected to find a
prominent difference in bacterial community structures between periods with different
temperature and moisture conditions. We aimed to determine the optimal sampling time
for the most complete microbiome characterization of abandoned Retisols.

2. Materials and Methods
2.1. Study Site and Sampling Workflow

Soil under abandoned cropland was sampled from the long-term ecological research
site “Eldigino”, located in Moscow district (N: 56◦08′01.7”, E: 37◦48′07.3”). The average
annual air temperature is 3.0–3.5 ◦C, the effective temperature sum is 1900–2100 ◦C, the
average frost-free period is 125–130 days, and the annual precipitation is 550–600 mm.
The average temperatures of the coldest (January) and hottest (June) months are −9.2 and
+18.4 ◦C, respectively. Snow cover was on the sampling site in March 2017 (15–20 cm) and
from November 2017 (5–10 cm) to February 2018 (50–57 cm).
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The sampling site was 20 m wide and 40 m long. Soil was classified as Eutric Albic
Retisol [38], according to the world reference base (WRB) classification [20]. The full profile
description is as follows: P, old arable horizon, 0–32 cm; BEL, subeluvial horizon, 32–40
cm; BT1, textural horizon, 40–50 cm; BT2, textural horizon, 50–67 cm; BC, 67–130 cm [39].
Plant cover comprises a secondary herbaceous community with the following dominant
species (in June): Vicia sativa, Equisetum arvense, Ranunculus acris, Sonchus arvensis, Lactuca
serriola, Poa pratensis, Taraxacum officinale, Trifolium pratense, Phleum pratense and Vicia cracca.
Vegetation development started in late March 2017 (seed germination under snow cover)
and lasted from April to late September. October was considered the beginning of the
non-growing period.

Soil samples from 5 sampling points were collected at the end of each month from
March 2017 to February 2018 using a soil sampling tube (5 cm diameter). The sampling
points were located 3–5 m from each other on the transect, from west to east along the long
side of the study site. The sampling depths were picked according to the distribution of
soil horizons (10 cm corresponding to the upper old arable organic horizon, P (0–32 cm);
55 cm for the lower mineral horizon, BT2). In total, 120 soil samples were collected
(5 points × 2 depths × 12 months). Samples for DNA and RNA extraction were stored in
an ultra-low-temperature freezer at−70 ◦C. Moisture content was gravimetrically measured
for all soil samples by weighing before and after heating at 105 ◦C for 5 h. Soil and air
temperatures were measured using a Vantage Pro2 automatic stationary meteorological
station near the sampling sites at depths of 10 and 55 cm.

2.2. Labile Carbon and Nitrogen Determination

Labile (water-extractable organic) C and N compounds were extracted using 0.05 M
K2SO4, according to the method described in [40]. A total of 5 g of the upper horizon sample
and 1 g of the mineral horizon sample were used for the extraction. Water-extractable
organic C (WEOC) and N (WEON) was determined using a TOC-V CPN (Shimadzu)
automatic analyzer.

2.3. DNA and RNA Extraction

RNeasy PowerSoil Total RNA Kit and RNeasy PowerSoil DNA Elution Kit (Qiagen,
Hilden, Germany) were used for simultaneous DNA and RNA extraction. The extraction
was performed according to the manufacturer’s instructions from 2 g of soil. DNA concen-
tration in the extracts was estimated by a Qubit 3 fluorometer (Life Technologies, Carlsbad,
CA, USA) using a Qubit dsDNA HS Assay Kit (Molecular Probes/Life Technologies, Carls-
bad, CA, USA).

2.4. RNA Treatment and Reverse Transcription

After extraction, RNA was treated with RNase-free DNase I (50 U/µL) (Thermo Fisher
Scientific, Waltham, MA, USA). We added 8 µL of RNA extract, 1 µL of buffer and 1 U
of DNase I. The reaction mix was then heated to 37 ◦C for 30 min. For the deactivation
of DNase, 1 µL of EDTA was added to the reaction mix, followed by heating at 65 ◦C for
10 min.

The extracted soil RNA was reverse transcribed using an MMLV RT kit (Evrogen,
Moscow, Russia) according to the manufacturer’s instructions. For the reaction, 6 µL of RNA
matrix and 3 µL of random (dN)10-primer (concentration, 20 µM) were carefully mixed
in a sterile tube. The mix was heated for 2 min at 70 ◦C and transferred to ice. We added
11 µL of previously prepared mix (4 µL of 5× buffer, 2 µL of dNTP mix (concentration,
10 µM each), 2 µL of DTT (concentration, 20 µM) and 3 µL of MMLV revertase). To prevent
probe degradation, 0.5 µL of RiboLock was added to 20 µL of the previously prepared mix.
The final mix was incubated for 30–60 min at 37–42 ◦C for reverse transcription. To stop
the reaction, the final mix was heated for 10 min at 70 ◦C.
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2.5. Quantitative PCR Analysis

In order to quantify soil microorganisms, ribosomal gene abundance was estimated
using a quantitative polymerase chain reaction (qPCR). We used the following primers:
Eub338f/Eub518r for 16S ribosomal genes of bacteria [41] and 915f/1059r for 16S ribosomal
genes of Archaea [42]. The qPCR mix contained 10 µL of 2× concentrated master mix
(BioMaster HS-qPCR SYBR Blue (Biolabmix, Novosibirsk, Russia)), 0.5–0.8 µM of each
primer and 1 µL of DNA template in a total volume of 20 µL. qPCR was performed in a
C1000 thermal cycler with a CFX96 real-time system (Bio-Rad Laboratories, Hercules, CA,
USA). PCR thermal conditions for both bacterial and archaeal 16S rRNA were 3 min at 95 ◦C,
followed by 49 cycles of 95 ◦C for 10 s, 50 ◦C for 10 s and 72 ◦C for 20 s, followed by melting
curve analysis after the last cycle. Standards for qPCR were prepared by cloning the target
fragment on plasmid. The target fragments were from Escherichia coli for bacterial 16S rRNA
genes and strain FG-07 Halobacterium salinarum for archaeal 16S rRNA genes. Standards for
the reaction were used in concentrations ranging from 103 to 109 gene copy number/µL.
The efficiencies of the qPCR were 82–101%, and the coefficients of determination (R2) were
>0.90 for all the standard curves.

2.6. Sequencing of 16S rRNA Gene Libraries

High-throughput sequencing of the 16S rRNA gene libraries was performed for ex-
tracted DNA and for the reverse-transcribed RNA (cDNA). Samples were sequenced from
two horizons in 5 replicates for each sampling time, excluding the samples collected in
January 2018 and other samples with low DNA concentrations (less than 0.2 µg g−1 dry
soil). For the lower horizon (55 cm depth), we only performed sequencing for samples
collected from March to September due to the low DNA concentrations of the other sam-
ples. In total, 85 DNA and 85 cDNA samples were sequenced in Evrogen, Russia. The
variable regions V3-V4 of 16S rRNA genes were amplified out using the Illumina protocol
and 16S metagenomic sequencing library preparation, using primers 341F and 805R. Af-
ter amplification, the libraries were purified and equimolarly mixed with a SequalPrep™
normalization plate kit. Libraries were sequenced in two separate runs by Illumina MiSeq
with 2 × 250 bp paired reads using a MiSeq v2 reagent kit (500 cycles). In total, 2,367,648 se-
quences of the 16S rRNA gene were obtained (4091 to 55,165 sequences per sample). From
the gene transcript library, 3,186,156 sequences of the 16S rRNA gene were obtained (6813 to
122,563 sequences per sample).

2.7. Processing of 16S rRNA Gene Data

Sequence data were separately processed for the two libraries, 16S rRNA genes and
transcripts, using QIIME 1.9 [43]. Trimming was carried out using Trimmomatic [44],
and forward and reverse reads were merged using the fastq-join algorithm [45]. We
checked for chimeras using the VSEARCH algorithm [46]. OTU picking was performed
using a close-reference picking algorithm based on 97% sequence similarity with the
SILVA database, version 132, 2018 (https://www.arb-silva.de/download/archive/qiime,
accessed on 28 November 2019). Singletons (OTUs containing only one sequence) and
16S rRNA sequences of chloroplasts and mitochondria were removed. For the 16S rRNA
gene library, data were normalized to 4091 sequences per sample; 7 samples with a lower
number of sequences were excluded from the analysis. For 16S rRNA gene transcript
libraries, data were normalized to 6813 sequences per sample, and 18 samples with a lower
number of sequences were excluded from the analysis.

To estimate total diversity of prokaryotic communities, α-diversity indices were calcu-
lated (Shannon, PD whole tree, Chao1 and number of observed OTUs). β-diversity analysis
was performed using weighted UniFrac [47]. Based on weighted UniFrac distances, non-
metric multidimensional scaling (NMDS) was carried out to construct diagrams of similarity
in prokaryotic community structures. β-diversity diagrams were drawn separately for all
samples and for upper and lower horizons.

https://www.arb-silva.de/download/archive/qiime
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Taxonomic structures of prokaryotic communities were visualized based on both 16S
rRNA genes and gene transcripts using heatmaps. Only taxa (classes) with an abundance
of more than 0.5% in at least one sample were used for heatmaps.

2.8. Statistical Analyses

A multiple t-test was performed to test for significant (p < 0.05) differences in gene
copy numbers and diversity indices for bacteria and archaea. Pearson correlations between
microbiological, physical and chemical characteristics were calculated in STATISTICA 10.0.

3. Results
3.1. Dynamics of Soil Moisture and Temperature

The moisture contents of the soil horizons varied from 18.9% to 45.5%, with the
maximum in March, during active snowmelt, and the minimum in August (Figure 1).
Throughout the year, samples of the upper soil horizon were characterized by higher
moisture content compared to samples of the lower soil horizon. Snow cover was observed
from November to March (in March 2017 and from November 2017 to February 2018).

Agronomy 2022, 12, 519 5 of 17 
 

To estimate total diversity of prokaryotic communities, α-diversity indices were cal-
culated (Shannon, PD whole tree, Chao1 and number of observed OTUs). β-diversity anal-
ysis was performed using weighted UniFrac [47]. Based on weighted UniFrac distances, 
non-metric multidimensional scaling (NMDS) was carried out to construct diagrams of 
similarity in prokaryotic community structures. β-diversity diagrams were drawn sepa-
rately for all samples and for upper and lower horizons. 

Taxonomic structures of prokaryotic communities were visualized based on both 16S 
rRNA genes and gene transcripts using heatmaps. Only taxa (classes) with an abundance 
of more than 0.5% in at least one sample were used for heatmaps.  

2.8. Statistical Analyses 
A multiple t-test was performed to test for significant (p < 0.05) differences in gene 

copy numbers and diversity indices for bacteria and archaea. Pearson correlations be-
tween microbiological, physical and chemical characteristics were calculated in STATIS-
TICA 10.0. 

3. Results 
3.1. Dynamics of Soil Moisture and Temperature 

The moisture contents of the soil horizons varied from 18.9% to 45.5%, with the max-
imum in March, during active snowmelt, and the minimum in August (Figure 1). 
Throughout the year, samples of the upper soil horizon were characterized by higher 
moisture content compared to samples of the lower soil horizon. Snow cover was ob-
served from November to March (in March 2017 and from November 2017 to February 
2018). 
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Soil temperature dynamics followed changes in air temperature, with some delay, from
spring to late autumn. In the studied period, the minimal air temperature was −22.7 ◦C
(in January), and the maximal air temperature was +29.3 ◦C (in July). Soil temperature
was stable during winter and did not fall below 0 ◦C due to the absence of prolonged
frosts before the formation of snow cover. The temperature of both soil horizons was
minimal (0.5–2 ◦C) from November to March. A significant increase in soil temperature
was observed from mid-April (0.5 ◦C) to late May (14.6 ◦C). In early June, a local cooling
was noted (12.3 ◦C). The maximum soil temperature (15–17.2 ◦C) was detected from the
end of June to the beginning of August, and then a gradual decrease in temperature to the
minimum was observed. Temperature fluctuations in the surface horizon were stronger
than those in the lower horizon.

3.2. Seasonal Changes in Soil DNA Yields, WEOC and WEON

The contents of WEOC in the upper horizons varied from 7.26 × 10−3% to 3.23 × 10−2%
of soil dry weight throughout the year (Supplementary Table S1). In the lower horizons,
the variation was less pronounced (from 1.76 × 10−3% to 6.82 × 10−3% of soil dry weight).
A similar variation pattern was observed for WEON concentration (from 2.36 × 10−4% to
3.84 × 10−3% in the upper horizons and from 2.76 × 10−5% to 6.03 × 10−4% in the lower
horizons). The highest amounts of WEOC and WEON were observed in June and October
and from February to April. WEOC and WEON concentrations were lowest in May, June,
August and December.

In the upper soil horizon, DNA yields varied from 37 to 114 µg g−1 dry soil from
March to September. In the lower horizon, DNA yields were lower than 20 µg g−1 dry
soil from March to September. For the period from October to February, DNA yields were
below the detection limit (less than 0.5 µg g−1 dry soil) (Figure 2).
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Figure 2. Seasonal dynamics of DNA yields. the sampling depth for upper organic horizon is 10 cm,
the sampling depth for lower mineral horizon is 55 cm.

3.3. Seasonal Changes of Bacterial and Archaeal 16S rRNA Gene Copies in Total Soil DNA
and RNA

Bacterial 16S rRNA gene copy numbers in DNA extracts varied slightly in the period
from March to September and decreased by two orders of magnitude in October (Figure 3).
The copy number of 16S rRNA gene transcripts in cDNA followed similar trends, with a de-
crease in October. The proportions of bacterial 16S rRNA gene abundance in DNA extracts
and reverse-transcribed RNA extracts were the same (approximately 10:1 cDNA:DNA
for bacteria and 1:100 for archaea) for all months, except October and November. Little
variation was observed in the abundance of archaeal 16S rRNA gene copies from March to
September, although it dropped significantly (by four orders of magnitude) in October and
was relatively low for the whole winter period.
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depth for lower mineral horizon).

For depths of 10 and 55 cm, all studied gene abundances in DNA and reverse-
transcribed RNA extracts positively correlated with DNA yields (Supplementary Tables S2 and S3).
For the upper horizons, the abundances of bacterial 16S genes and gene transcripts posi-
tively correlated with both soil and air temperature; the correlation coefficients were higher
for air temperature (Pearson correlation coefficients of 0.59 and 0.55 for genes and gene
transcripts, respectively) than for soil temperature (0.448 and 0.431 for genes and gene tran-
scripts, respectively). The abundance of archaeal 16S gene copies also correlated positively
with soil and air temperatures.

3.4. Taxonomic Structure of Bacterial Communities

In the upper horizon, Alphaproteobacteria (up to 19%), subgroup 6 of the phylum
Acidobacteria (up to 19%), Gammaproteobacteria (up to 15%) and Deltaproteobacteria (up to
8%) were the dominant classes in the bacterial community, and their abundances changed
slightly throughout the year (Figures 4 and 5). The bacterial community of the lower
horizon was predominated by the following classes: Acidobacteriia (up to 29%), AD3 of the
phylum Chloroflexi (up to 23%), Gemmatimonadetes (up to 16%), Alphaproteobacteria (up to
11%) and Gammaproteobacteria (up to 11%) (Supplementary Figure S1).

In the upper horizon, Proteobacteria also dominated the active part of the bacterial
communities for all months (Gammaproteobacteria (up to 23%), Deltaproteobacteria (up to 23%)
and Alphaproteobacteria (up to 15%)). However, the relative abundances of subgroup 6 of
the phylum Acidobacteria were lower compared to those in the total bacterial communities;
conversely, the abundance of Bacteroidia was higher (up to 12%) and did not change during
the studied period. In the lower horizon, dominant classes in the total and active bacterial
communities were similar: Acidobacteriia (up to 28%), Gammaproteobacteria (up to 27%),
Alphaproteobacteria (up to 17%), Gemmatimonadetes (up to 11%) and Deltaproteobacteria (up to
14%) (Supplementary Figure S2).
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Figure 5. Relative abundances of different classes in active bacterial communities of the upper organic
soil horizon throughout the season.

In the upper horizon, for both the active and total bacterial communities, we observed
a difference in the relative abundances of several classes between the growing (March to
September) and non-growing periods (October to February). In the non-growing season,
there was an increase in the relative abundances of classes Thermoleophilia, Actinobacteria,
Acidimicrobia of phylum Actinobacteria and class KD4-96 of phylum Chloroflexi. Some
seasonal changes in relative abundances were observed only in the DNA-based library: an
increase in class MB-A2-108 of phylum Actinobacteria and a decrease in Bacteroidetes (class
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Bacteroidia), Acidobacteria (class Blastocatellia) and Verrucomicrobia (class Verrucomicrobiae).
In the active bacterial communities, the relative abundances of class Oxyphotobacteria of
phylum Cyanobacteria were higher during the non-growing season. This class was also
found in the DNA-based sequencing dataset, but its abundance was lower than 0.1%.

3.5. Changes of α- and β-Diversity Indices throughout the Year

We observed little difference in the α-diversity indices of the total bacterial com-
munities from March to September in the upper horizons (Supplementary Table S4). In
the non-growing season (from October to February), the α-diversity of the total bacterial
community of the upper horizon decreased significantly. However, for the active part
of the bacterial communities, no significant differences were found for any α-diversity
index between different months throughout the year (Supplementary Table S5). α-diversity
indices of the active bacterial communities were higher than those of the total communi-
ties. Compared to the other α-diversity indices, the Shannon index was the most stable
throughout the season.

Depth was the major factor influencing the dissimilarity of bacterial communities in
Retisols throughout the season (Figure 6). A pronounced discrepancy between microbial
communities of the two sampling depths was also observed for WEOC/WEON, DNA
yields, 16S gene abundances and α-diversity indices.
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For the upper horizon, bacterial communities of samples collected in the non-growing
period (October, December and February) were clustered separately from those collected
from March to September (Figure 6).

4. Discussion
4.1. Physical and Chemical Factors Affecting Dynamics of Soil Microbial Communities

Contrary to our expectations, no correlation was found between soil moisture and
bacterial and archaeal 16S rRNA gene copy numbers in either DNA or RNA datasets. This
may be explained by small variations in moisture content in soil horizons throughout the
season. Soil moisture in the studied plots varied little throughout the season, except in
March, when the moisture content was relatively high after the snow melt. In previous
studies, soil moisture was found to be one of the major factors affecting prokaryotic com-
munities in soils under different land uses [11]. Our study reveals that soil moisture does
not play an important role in determining the structure and abundance of soil prokaryotic
communities in boreal climates compared to arid and subtropical soils [12,48,49].

The positive correlation between 16S bacterial gene copy numbers and soil and air
temperature was revealed in this study. For the upper horizons, a positive correlation
between temperature and DNA yields was observed. Previous studies showed that tem-
perature affects the rates of microbiological processes directly through regulation of the
physiological state of microbes [50] and indirectly through its influence on plant conditions
and root exudation [51]. DNA yields and soil microbial biomass generally decrease with a
decrease in temperature and the cessation of plant vegetation [11,15,52,53]. The stronger
response of soil microbial properties to air temperature than to soil temperature may be
evidence of the indirect influence of temperature on prokaryotic communities, i.e., through
regulation of plant activity. Lower microbial activity in soils during the winter period was
previously observed for soils under subalpine forests [54] and in floodplains [55]; however,
in alpine meadows and arctic tundra sites, microbial biomass was found to be highest in
the non-growing period, with temperatures below zero [18,56]. The high microbial growth
activity, measured by 16S and 18S rRNA gene copy numbers, was observed during the late
snowmelt period of the winter season in the soil of a temperate deciduous forest soil [16]. A
winter peak of fungal activity was also observed in the plant litter of a temperate coniferous
forest [57].

WEOC and WEON contents did not correlate with the copy numbers of ribosomal
genes of soil microorganisms. This lack of correlation could be explained by excessive
temporal variability in the WEOC and WEON contents in soil compared to soil DNA
content, which is considered a steady soil parameter [13]. The observed dynamics of WEOC
and WEON may be a result of a combination of two processes: water-extractable organic
matter output by the plant community and its consumption by the microbial community.
The spring increase in dissolved organic matter (DOM) was previously observed in other
soils under temperate climatic conditions [16,58]. The autumn peak in WEOC and WEON
contents could be explained by plant litter decomposition.

4.2. Seasonal Dynamics of Soil Bacterial Community Structure

Exact patterns of seasonal changes in soil prokaryotic communities in the boreal
climate are still unclear. The dynamics of biological activity and taxonomic structure differ
significantly among previously studied soils. In our study, two periods had contrasting
soil microbial properties. However, slight changes in 16S rRNA gene abundances and
taxonomic structure were observed both in growing and non-growing periods. This
indicates that the activity of microbiological processes in soils formed under boreal climate
conditions should be estimated both in summer and winter months. The importance of
season-dependent sampling has also been highlighted in other studies [11,59,60]. According
to our findings, winter sampling is important for the detailed estimation of bacterial
community structure, whereas the highest microbial abundance, with slight variations, was
observed in the whole period with active vegetation.
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For the upper horizon, we observed several differences in soil bacterial community
composition between two periods: from March to September (growing season) and from Oc-
tober to February (non-growing season). In the upper horizon, DNA yields, 16S rRNA gene
copy abundances and bacterial α-diversity were significantly lower in the non-growing
season. Bacterial community structures also differed between the two periods, according to
NMDS metrics. However, the dominant classes of prokaryotic communities in two horizons
did not change significantly throughout the year. Alpha-, Gamma- and Deltaproteobacteria;
subgroup 6 of phylum Acidobacteria; and Bacteroidia can be considered core classes of the
bacterial community of the upper horizon in the studied Retisol.

The relative abundances of some classes significantly differed for growing and non-
growing seasons. Several uncultured bacteria of order Cytophagales, the abundance of
which was reduced in the non-growing season, were previously found in a wide variety of
ecosystems: different soils, decaying plant material, activated sludge, marine environments
and gut microbial communities [61]. Bacteroidia are known as copiotrophs, and their
abundance positively correlates with soil organic matter content [62,63]. Bacteroidia were
found to be related to cellulose degradation [64] and capable of bioremediation of soils
contaminated by petroleum hydrocarbons [65]. Their higher abundance in the growing
season could be explained by plant exudates and litter input. However, in the active part of
the bacterial community, Bacteroidia dominated throughout the year and did not decrease
in the non-growing season.

The cultivable representatives of Acidobacteria (class Blastocatellia, families Blastocatel-
laceae and Pyrinomonadaceae) were also more abundant in the growing season in the total
bacterial community, whereas in the active part of the community, their abundances were
relatively low throughout the year. These representatives are mostly thermophiles and have
previously been found in hot environments [66,67]. We suggest that their abundance in the
total bacterial community was reduced in the non-growing season due to low temperatures.

Bacteria of phylum Verrucomicrobia (class Verrucomicrobiae) were previously found to
be related to plant activity [68–70]. In buried soils, where plant influence was absolutely
excluded, the abundance of Verrucomicrobia was found to be low [71]. In the studied soil,
their higher abundances in the growing season could also be linked to plant activity.

The abundances of some classes increased in the non-growing season, most belonging
to phylum Actinobacteria and previously found in soils (class Actinobacteria: Streptomyces,
Arthrobacter, Blastococcus, Nakamurella and Intrasporangium) or cold environments (classes
MB-A2-108 and Thermoleophilia). Throughout the year, uncultured actinobacteria of class
MB-A2-108 were present in samples of the upper and lower horizons; this class was
previously found in the glacier forelands of China [72] and may be psychrophilic. Bacteria
of the class Thermoleophilia are typical habitants of soils of various biomes, and they were
previously found in relatively high abundance in Antarctic soils [73], hot deserts [74] and
soils in Algerian forests [75]. Representatives of class Thermoleophilia are considered mostly
mesophilic, psychrotolerant [76] and resistant to water limitation [77]. Bacteria of the family
Gaiellaceae were found to be more enriched in the drillosphere than the bulk soil under a
no-till wheat cropping system [78].

An increase in abundance of some taxa in the non-growing period could be explained
by both a reduction in abundances of dominant taxa and the growth of psychrophilic or
psychrotolerant bacteria. Our findings are consistent with previously observed differences
in structures of winter and summer microbial communities of alpine meadows [79]. Accord-
ing to the seasonal changes in soil metatranscriptomes in coniferous forests, no significant
difference existed in soil microbial community structure, although the enzymatic activity
and functioning of the community differed between summer and winter [80].

5. Conclusions

Two periods could be distinguished in terms of the dynamics of the bacterial commu-
nities in the Retisol under long-term abandoned cropland under boreal climatic conditions.
The growing season, from March to September, was characterized by higher bacterial
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α-diversity and increased abundances of bacteria and archaea. From October to February,
bacterial diversity and abundance in the upper horizon decreased significantly. In this
dormant period, the abundances of psychrophilic and psychrotolerant bacteria increased.
The abundance of dominant bacterial classes in the upper horizon changed little through-
out the year. Moisture variation throughout the year did not significantly alter bacterial
communities, but the abundances of bacterial 16S genes and transcript copies correlated
positively with both soil and air temperature. Thus, the seasonal dynamics of bacterial
composition in Retisols is mostly driven by temperature and should be considered for
comparative analysis of microbial properties.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/agronomy12020519/s1, Figure S1. Heatmap of relative abundances
of different classes in the total bacterial communities in the lower soil horizon throughout the season;
Figure S2. Heatmap of relative abundances of different classes in the active bacterial communities
in the lower soil horizon throughout the season; Table S1. Water-extractable organic carbon and
nitrogen contents in two soil horizons; Table S2. Pearson correlations between estimated physical
and microbiological parameters in upper horizons of studied soil (for entire year). Pairwise deletion
of missing data. * p < 0.050. ** p < 0.01 and *** p < 0.001; Table S3. Pearson correlations between
estimated physical and microbiological parameters in lower horizons of studied soil (for all year).
Pairwise deletion of missing data. * p < 0.050. ** p < 0.01 and *** p < 0.001; Table S4. α-diversity
indices estimated for prokaryotic communities using the analysis of 16S rRNA gene library for upper
and lower horizons; Table S5. α-diversity indices for prokaryotic communities using the analysis of
16S rRNA gene transcripts library for upper and lower horizons.
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