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Abstract: Knowledge of hydrogen locations and protonation states is critical for a fundamental
understanding of biological macromolecular function/interactions, and neutron macromolecular
crystallography (NMX) is uniquely suited among the experimental structural-determination meth-
ods to provide this information. However, despite its potential, NMX remains a relatively niche
technique, due to substantial limitations. This review explores NMX’s role amongst the evolving
landscape of structural biology, comparing and contrasting it to the historical gold standard of
X-ray macromolecular crystallography (X-ray MX) and the increasingly prevalent electron-based
methods—i.e., electron microscopy (EM) and electron diffraction (ED). Forthcoming developments
(e.g., the European Spallation Source in Lund, Sweden, coming online) are expected to substantially
address current limitations and ensure NMX will remain relevant in the coming decades.

Keywords: neutron macromolecular crystallography; protein crystallization; X-ray macromolecular
crystallography; electron microscopy; electron diffraction; structural biology

1. Introduction

The ability to determine biological macromolecular structures at atomic resolution
is critical for understanding both their normal and pathophysiological function. For
example, the ability to precisely determine the atomic coordinates of a protein allows for
the elucidation of their catalytic mechanism, an understanding how they may be either
activated or inhibited by regulatory molecules, and the rational design of drugs specifically
targeting them. The first protein structure to be solved at atomic resolution was myoglobin,
by John Kendrew in 1959 [1], a feat achieved by analysing the diffraction patterns which
resulted from exposing a crystal of the protein with X-rays. In the following decades,
X-ray macromolecular crystallography (X-ray MX) became the gold-standard method
for determining protein structures at atomic resolutions, with more than one-hundred
thousand structures solved to date [2].

Despite its success, X-ray MX can be challenging for some proteins which are difficult
to crystalize—e.g., membrane proteins or proteins with flexible domains [3,4]. Historically,
as there were no viable alternatives to the method, no crystal meant no structure. How-
ever, a series of recent technological advances in electron microscopy (EM) and electron
diffraction (ED) has allowed atomic resolution structures to be determined either from
samples in solution or crystals of microscopic size (typically a few µm in length/width and
several hundred nm in thickness [5]). Consequently, these electron-based techniques have
exploded in popularity over the past few years. Furthermore, rapid progress in artificial
intelligence has resulted in the emergence of AlphaFold [6], a program which predicts the
3D structure of proteins from their amino acid sequence alone. Though an in silico method,
AlphaFold has produced structures for a large number of proteins, and is often able to
provide valuable insight into proteins which, for one reason or another, are unable to have
their structures solved experimentally. However, it is still important to experimentally
validate predicted structures where possible, as even very high-confidence predictions can
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differ from empirical data at both the global and local scale [7]. Thus, rather than competing
with, predictive methods will greatly complement the experimental techniques, and serve
as valuable high-quality starting models to be refined by experimentally derived maps (a
workflow already implemented in the PHENIX software suite [8]).

Thus, given the current trend within the field of structural biology, where the crystal-
lization of samples appears to be losing relevance as alternate methods gain traction, one
naturally wonders about the future prospects of neutron macromolecular crystallography
(NMX). In short, despite significant competition and challenges, NMX may be yet to reach
its heyday. Indeed, the continued relevance of NMX relies upon one key issue: hydrogens.
Hydrogen atoms (H) are key constituents of biological macromolecules—where H rep-
resents approximately half of all atoms—and macromolecular function depends heavily
upon the hydrogen bonding networks, protonation states, and proton (H+) transfers at the
relevant site(s) [9,10]. The ability to detect individual hydrogens is therefore critical for a
complete understanding of protein activities and their interactions. Of all the structure
determination methods, NMX is (and can be expected to remain) the most powerful for
experimentally locating hydrogens.

This concise review will provide the following: (a) a brief overview of NMX and how
it compares to other methods; (b) a detailed account of the practicalities of implementing
NMX for biological macromolecular targets; (c) a presentation of two cases studies where
NMX was able to provide essential insights; and (d) a discussion of the future prospects of
NMX within the field of structural biology.

2. Biological Macromolecular Structure Determination

The following is a short summary of the main experimental methods used to determine
the atomic structure of biological macromolecules (nuclear magnetic resonance, or NMR,
will not be presented here; please refer to [11,12] for a comprehensive review of NMR for
biological applications).

Currently, the field of structural biology as a whole is in a state of rapid development,
as evidenced by the fact the all-time total of protein structures deposited in the Protein
Data Bank (PDB) [2] has doubled in less than ten years, going from 106,569 structures by
end-of-year 2015 to 200,775 by end-of-year 2023. To gain insight into the relative prevalence
of the different methods, one can look at the total PDB protein structure deposits (as of
9 April 2024) for each: X-ray diffraction (180,967); electron microscopy (19,357); electron
diffraction (233); and neutron diffraction (218).

This data highlights the dominance of X-ray MX—which has evolved considerably
over the past few decades to encompass a variety of techniques—and has solved an order-
of-magnitude more structures than EM, the second most prolific technique, and nearly three
orders-of-magnitude more than both ED and NMX. However, these all-time totals do not
capture current trends, which can be revealed by the number of protein structures added to
the PDB each year for each method over the past decade (Figure 1). In this context, while
X-ray MX remains dominant, the increasing prominence of EM (and very recently, ED) is
clear. Meanwhile, though it is relatively mature, NMX has remained a niche technique.

To understand this trend, a brief overview of each technique and their relative advan-
tages/disadvantages follow.

2.1. X-ray Macromolecular Crystallography

For a long time, the standard way to determine biological macromolecular structures
at atomic resolution was to analyse X-ray diffraction patterns from a crystalline sample.
A crystalline sample is required to overcome the weak diffraction provided by individual
molecules (the ordered lattice of crystals allows scattered waves to add up in phase,
amplifying the signal to observable intensities), while X-rays are required as the resolution
able to be achieved is limited to approximately half the wavelength of the scattered particle
(the wavelength of X-rays used on standard synchrotron beamlines typically ranges from
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0.7 to 2 Å, with the most commonly used wavelength being ~1 Å [13]; for a comprehensive
examination of the theory behind crystallography, please refer to [14]).
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Another factor to consider is the nature by which the probing particles interact and
scatter off the atoms constituting a sample. As photons, X-rays possess a fluctuating electric
field, accelerating charged particles which then emit a photon in response (i.e., the scattered
particle). Since electrons have a much higher charge-to-mass ratio than atomic nuclei
(~2000 times that of a proton), X-rays scatter mainly from electron density and are thus
disproportionately sensitive towards heavy elements [14].

Today, the X-ray sources required to analysis one’s sample are readily available. Many
have access to laboratory-scale devices—typically utilizing rotating anode sources and
charged-coupled device (CCD) detectors—which are capable of analysing crystals a few
hundred µm in size over several hours. However, current-generation synchrotron facilities,
which offer beam fluxes of ~1013 ph/sec, allow data to be collected from µm-sized crystals
in under a minute. This high flux, combined with the ability for remote operation, has
made synchrotron facilities the go-to for biological macromolecular determination. Finally,
in addition to synchrotron sources, X-ray free-electron laser (XFEL) facilities provide
extraordinary bright X-ray pulses on femtosecond timescales, opening up new possibilities
for time-resolved studies of fundamental biological processes.

The substantial resources directed towards X-ray MX over the past several decades
has resulted in the development of advanced techniques which are available to users in
addition to the canonical procedure. Standard X-ray MX experiments involve the analysis
of single crystals (either loop- or capillary-mounted for cryogenic or room-temperature
(RT) data collection, respectively) which are rotated within the incident beam in order to
capture all possible Bragg peaks. However, the high-flux beams of modern synchrotron and
XFEL facilities have allowed for other possibilities. These include ‘serial crystallography’,
in which individual exposures from thousands of randomly orientated microcrystals are
collected in succession. As each crystal is exposed only once in serial crystallography, radi-
ation damage is minimized, allowing structures to be more easily solved at physiologically
relevant temperatures [15]. Critically, this technique allows for time-resolved experiments
aimed at linking structure to function—e.g., how structural changes over time allow for
the light-driven transport of sodium ions [16]—by first initiating processes within sample
microcrystals (typically using either light or diffusion activation), then probing the samples
with X-rays after defined time intervals [17]. Other advanced X-ray MX methods have been
developed, including automated handling, in situ data collection, precise control over the
crystallization process, and their combinations [18–23].
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Because of this half-century of development—the readily available high-flux sources,
almost fully automated sample handling and data processing pipelines, and the gathering of
vast amounts of knowledge and experience—X-ray MX has become an extremely accessible
and high-throughput method. If one’s sample can be crystallized, X-ray diffraction provides
the most reliable and efficient method for determining biological macromolecular structures
at atomic resolution. However, as mentioned above, X-rays are inherently insensitive to
lighter elements, and even the highest-resolution X-ray structures have difficulty resolving
hydrogens. Thus, X-ray MX is often unsuitable for addressing biological questions that
require detailed knowledge of hydrogen positions.

2.2. Electron Microscopy

In contrast to X-ray and NMX, in which structural information is obtained by analysing
diffraction patterns, the EM method is akin to traditional microscopy. However, as resolu-
tion in microscopy is limited to approximately half the wavelength of the illuminating beam,
to enable atomic resolutions, electrons are used in place of visible-light photons (typically,
electrons of 100–300 keV are used in EM, corresponding to wavelengths of 0.020–0.037 Å).

Rather than undergoing crystallization, biological macromolecules are instead stored
in a thin film of vitrified ice under cryogenic conditions, in order to keep them hydrated
within the high-vacuum environment of an EM sample chamber and to protect them from
radiation damage following exposure to the electron beam. This is achieved by dispensing
the solubilized sample on a holey carbon or gold grid, blotting away excess liquid, then
rapidly freezing the sample by plunging it into liquid ethane. Though this process requires
substantial optimization in its own right, it enables structural determination of specific
conformations, macromolecular types, and complexes that are unable to be crystallized and
thus unsuitable for MX studies. Furthermore, the quantities of sample required are minimal
compared to MX, with only a few micrograms of sample needed. Prepared grids, containing
hundreds-of-thousands to millions of single macromolecules, are imaged. These images
contain 2D projections at various random orientations, which may then be combined to
obtain a 3D volume of the sample [24].

Historically, the resolutions able to be achieved with EM precluded the ability to
visualize individual atoms. However, a ‘resolution revolution’ over the past few years
has allowed structures at near-atomic (~1 Å) resolutions to be obtained [25,26]. Indeed,
high-resolution macromolecular structures are now routinely achieved, thanks to several
recent technology advancements in data collection and processing which have signifi-
cantly improved signal-to-noise. For their 1.7 Å structure of the β3 GABAA receptor,
Nakane et al. [27] employed a new electron source (a cold field-emission gun producing an
electron beam with a narrow energy spread), an improved energy filter (to remove inelas-
tically scattered electrons), and a direct electron detector (offering increased sensitivity).
By contrast, for their 1.25 Å structure of apoferritin, Yip et al. [28] employed an improved
monochromator (to reduce the energy spread of the electron beam) combined with a novel
spherical aberration corrector (to minimize optical aberrations).

Such developments have greatly expanded the number of proteins able to be solved
to high-resolution (2–4 Å) by cryo-EM, including small soluble proteins and membrane
proteins [26].

2.3. Electron Diffraction

Electron diffraction (ED) is a method in which a structure is determined by rotating
frozen crystalline samples in an electron beam while diffraction is recorded. Though similar
to its X-ray and neutron counterparts, ED is only now just entering the mainstream, due
to recent technological advancements needed for the method to be suitable for radiation-
sensitive biological macromolecules, namely sufficiently fast and sensitive detectors [29].

The main advantage of ED is that it allows complete datasets to be collected from a low
number of extremely small micro- and nanocrystals, a feat extremely difficult to achieve by
other means. For example, while the high brilliance of XFELs allows analysis of crystals
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of ~1 µm size, as samples are destroyed immediately following exposure, thousands
of randomly orientated crystals must be serially exposed in order to yield a complete
dataset [29]. For ED, once crystalline material has been identified and vitrified on grids
(as per the EM method), crystal samples are ion-beam milled to an optimal thickness
of ~100–300 nm (thinner samples possess reduced scattering power and are susceptible
to physical deformations, and thicker samples suffer from increased diffuse/inelastic
scattering) [30].

Prepared samples are then loaded into an appropriately set up cryogenic transmission
electron microscope (cryo-TEM), i.e., microscopes equipped with a fast readout detector
(such as CMOS-based cameras), a field-emission gun (FEG) as an electron source (for
increased beam coherence), and an energy filter (to reduce noise and help identify faint
reflections) [29].

As the collected diffraction data are essentially analogous to those from X-ray diffrac-
tion experiments, standard crystallographic software is used for data processing (while
phases can be determined using direct ab initio methods for small molecules/peptides, in
general, molecular replacement is used for proteins).

2.4. Neutron Macromolecular Crystallography

NMX operates on the same general principle as X-ray MX, except that a crystalline
sample amplifies diffraction events from an incident beam of neutrons. This use of neutrons
differentiates NMX in two key respects. First, as electrically neutral particles (and lacking a
fluctuating electric field, as with photons), neutrons interact almost exclusive with atomic
nuclei. As a result, neutrons are relatively sensitive towards the lighter elements, making
NMX ideal for detecting hydrogens (a topic discussed in detail in Section 3). Second, as
a nucleon, the ability to generate an incident beam with sufficient intensity to analyse
biological macromolecules remains a significant challenge. This is the main disadvantage
of NMX: the nature of currently available neutron sources, and the relatively large size of
biological macromolecules themselves, combine to severely limit its application, despite
the method having its beginnings in the early 1980s [31].

Current neutron sources possess incident-beam flux orders of magnitudes below
that of their X-ray- and electron-source counterparts: e.g., the Quasi-Laue Diffractome-
ter (LADI-III) at the Institut Laue-Langevin (ILL; Grenoble, France) provides a flux of
~1.1 × 108 n cm−2 s−1 [32]. As diffracted intensity is proportional to the incident-beam
intensity and inversely proportional to the unit-cell volume squared (Equation (1)), the
weak fluxes of neutron sources and the large unit cells of protein crystals result in low
Bragg peak intensities.

⟨I⟩ ∝
I0 × |F|2 × V × λ2

ν2
0

(1)

where 〈I〉 is the diffracted intensity, I0 is the incident beam intensity, |F| is the structure
factor magnitude, V is crystal volume, λ is the incident wavelength, and ν0 is the unit
cell volume. Equation from O’Dell et al. [11]. However, as diffracted intensity is also
proportional to crystal volume, a large crystal size is able to compensate for an otherwise
weak signal. The typical sample size required for current generation of neutron facilities is
~1 mm3, with a lower limit of ~0.1–0.2 mm3 for fully deuterated samples (the growth of
large crystals and the deuteration of samples is covered in Section 4).

Once a suitable sample is obtained, neutron diffraction experiments are able to be
performed only at a handful of facilities around the world, of which there are two main
types: nuclear reactors and pulsed spallation sources. Reactors use the nuclear fission
of uranium atoms to generate a neutron beam, while spallation sources use a particle
accelerator to fire high-intensity proton pulses at a heavy metal target (e.g., tungsten),
resulting in the ejection of a large number of neutrons.

NMX instruments employ one of three main data collection methods, depending on
the nature of the neutron source: monochromatic or quasi-Laue for reactor-based facilities,
and time-of-flight (TOF) for spallation-based facilities [33] (note that while reactor sources
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are able to implement TOF methods, typically by employing a mechanical ‘chopper’ to time-
slice the neutron beam, low fluxes limit reactor-based TOF instruments to spectroscopy
or small-molecule powder-diffraction experiments [34–38]). Currently available NMX
instruments and the data collection method are shown in Table 1.

Table 1. Summary of currently available NMX facilities.

Facility Instrument Neutron Source Type Diffraction Method

Forschungs-Neutronenquelle Heinz
Maier-Leibnitz (FRM II; Garching, Germany)

Diffractometer for Large Unit
Cells (BIODIFF) Reactor Monochromatic

Japan Research Reactor (JRR-3; Tokai, Japan) Diffractometer for Biological
Crystallography (BIX3, BIX4) Reactor Monochromatic

ILL LADI-III Reactor Quasi Laue
High Flux Isotope Reactor (HIFR; Oak Ridge,

TN, USA)
Laue Diffractometer

(IMAGINE) Reactor Quasi Laue

Materials and Life Science Experimental
Facility/Japan Proton Accelerator Research

Com-plex (MLF/J-PARC; Tokai, Japan)

IBARAKI Biological Crystal
Diffractometer (iBIX) Spallation Time-of-flight

Spallation Neutron Source (SNS; Oak Ridge,
TN, USA)

Macromolecular Neutron
Diffractometer (MaNDi) Spallation Time-of-flight

For monochromatic diffraction analysis, the incident neutron beam is filtered to a
single wavelength by a graphite or silicon monochromator. Such a beam produces well-
defined Bragg peaks that are relatively easy and convenient to process (as it is analogous to
data processing in standard X-ray MX). On the other hand, the low number of reflections
observed per image means hundreds of exposures are required to obtain a complete dataset,
necessitating collection times in the order of weeks. For quasi-Laue diffraction analysis,
source neutrons within a wavelength range (a typical wavelength range spans ~1 Å) allow
more Bragg peaks to be captured per exposure, substantially reducing collection time
(tens instead of hundreds of exposures). For samples with large unit cells, however, the
use of multiple wavelengths can result in overlapping reflections and increased back-
ground from incoherent scattering [33]. Finally, TOF diffraction analysis combines the
low-background/low-reflection overlap of a monochromatic beam with the high mea-
surement efficiency of Laue diffraction [39]. This is achieved by exploiting the fact that a
particle’s wavelength is inversely proportional to its momentum [40]. For massive particles
such as neutrons, variation in wavelength corresponds to a significant change in velocity.
Thus, given the relatively low velocities of the cold neutrons used in NMX experiments (at
λ = 2 Å, neutrons have a velocity of 3956 m/s) [41], neutrons of different wavelengths are
able to be filtered by their TOF between the source and detector.

For monochromatic or quasi-Laue NMX experiments, generalized MX programs may
be used to process the neutron diffraction data. Meanwhile, for TOF experiments, beamline
specific programs are required for data processing, e.g., STARGazer [42] and Mantid [43].
For structural refinement, joint X-ray and neutron refinement is often performed (ideally,
from X-ray and neutron data collected from the same sample), using MX software such
as Phenix [44]. The addition of X-ray diffraction data is valuable, as they provide high-
resolution information for heavy elements (e.g., carbon, oxygen, and nitrogen), resulting in
better-quality maps/improved R factors. Finally, OMIT maps are used to unambiguously
locate hydrogens throughout the obtained structure. OMIT maps are widely used to
verify whether particular atoms are present in the studied molecule, and are calculated
by removing the atoms-of-interest from the model, updating the corresponding structure
factors, and computing a residual map [45].

3. Hydrogen Determination in Biological Macromolecules

H atoms are key constituents of biological macromolecules, whose function depends
heavily on the hydrogen bonding networks, protonation states, and proton transfers that
occur at vital catalytic and/or binding sites. The ability to detect individual hydrogens is
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therefore critical for a complete understanding of biological macromolecule activities and
their interactions [11]. It is in this context that NMX demonstrates significant advantage
over the other methods, due to the nature of how they interact with matter vs. X-rays and
electrons (Figure 2).
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Figure 2. Neutron, electron, and X-ray scattering cross-sections for the major elemental constituents
of biological macromolecules: hydrogen (H); deuterium (D); carbon (C); nitrogen (N); oxygen (O);
phosphorus (P); and sulfur (S). The scattering cross-sections are normalized at element C for di-
rect comparison.

3.1. X-rays

As previously mentioned, X-rays scatter according to electron density, and are thus
disproportionately insensitive towards lighter elements—the limited photon-scattering
power provided by a single electron makes hydrogens particularly difficult to detect. Con-
sequently, even at ultra-high resolutions (≤1 Å, where a significant portion of hydrogens
may be located within a protein), highly polarized H atoms and H+ ions (often the most
relevant) remain essentially invisible [46]. Consequently, it is widely recognized within the
field of structural biology that X-ray MX is generally inappropriate for answering scientific
questions pertaining to hydrogens.

3.2. Electrons

However, this situation improves for the electron-based techniques, where recent
developments in both EM and ED have suggested they may potentially compete with
NMX in terms in locating hydrogens. As charged particles, electrons interact both with
other electrons and atomic nuclei. Accordingly, in comparison to X-rays, hydrogens have
a relatively large electron-scattering cross-section [47,48]. Thus, for a given resolution,
hydrogens should be more visible in structures solved using electrons than for those solved
with X-rays. Regarding EM, two recent high-resolution structures—a 1.2 Å resolution
structure of apoferritin (PDB ID: 8J5A) [49] and a 1.7 Å structure of the β3 GABAA receptor
(PDB ID: 7A5V) [27]—demonstrated that large numbers of individual hydrogens can be
revealed by the method. In the apoferritin EM structure, ~70% hydrogen atoms were
revealed—i.e., positive densities ≥ 2σ in the hydrogen OMIT map, which corresponded to
riding positions. Furthermore, within the apoferritin core, a majority of main-chain and
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side-chain hydrogens could be identified, including those involved in hydrogen bonding
and/or associated with waters (Figure 3). Meanwhile, in the case of the β3 GABAA
receptor, hydrogen bonding networks at well-ordered regions and ordered waters at the
ligand-binding site were able to be observed.
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Nevertheless, it is critical to note that these two structures represent the extremes
of what is possible to obtain with EM; the majority of structures determined by EM will
be at resolutions of ~2 Å (or lower), beyond the limit required to unambiguously detect
hydrogens. Indeed, apoferritin represents the absolute best-case scenario—due to a unique
combination of high-stability and 24-fold symmetry, it is used to benchmark the high-
resolution limit able to be achieved by EM facilities. In the case of the β3 GABAA receptor,
its five-fold symmetry allows for more efficient data collection than for most samples, and
even with the 1.7 Å structure obtained, hydrogens are unable to be resolved at the critical
ligand-binding site. Thus, to reliably visualize biological macromolecular hydrogens with
EM, resolutions of ~1 Å will need to be approached (a substantially challenging endeavour).
Even then, the vast majority of hydrogens identified will be limited to those of the unlabile
variety (i.e., those bonded to carbon atoms) in the most well-defined, relatively rigid regions.

It is a similar situation for ED, though this method is perhaps more suitable for identi-
fying hydrogens than EM. In a recent study investigating the potential to detect hydrogens
with ED, Clabbers et al. [50] analysed a 0.87 Å structure of hen egg-white lysozyme (PDB
ID: 7ULY), obtained using data collected from 16 microcrystals ion-beam milled to an
optimal thickness of ~300 nm and using an electron-counting mode with an exposure
of 0.64 e− Å−2 per crystal [51]. The use of low electron exposures is critical, as radiation
damage negatively affects sample integrity and the ability to localize hydrogens [52]. To
identify hydrogens, Clabbers et al. [50] first generated a hydrogen OMIT map, then se-
lected peaks ≥ 2.0 σ and located within 0.5 Å of any idealized riding position, resulting in
367/1067 (~35%) hydrogens being identified. It is important to note that while lower con-
tour levels increased the number of hydrogens identified, this led to substantially increased
noise, making unambiguous identification significantly more challenging.

With respect to the main chain, the authors identified 61/141 (~43%) of Cα-H and 76/127
(~60%) of peptide N–H hydrogens. For side chains—generally more difficult to resolve due
to their increased flexibility—several hydrogen bonding arrangements/protonation states
were identified, including a 2.4 σ peak between His15-NE2 and Thr89-OG1, indicative of a
hydrogen bond and the protonation of His15-ND1. For the equivalent X-ray structure solved
at 0.93 Å [53], difference maps contoured at 1.8 σ showed 77/127 (~60%) of peptide N–H
hydrogens, with a similar number of hydrogen atoms being identified overall.



Crystals 2024, 14, 433 9 of 24

In general, both EM and ED are expected to better resolve hydrogens atoms at a given
resolution than X-ray MX, due to the comparatively large electron-scattering factors for
light elements. Indeed, this was noted to be the case in an analysis by Yamashita et al. [54],
which compared the number of hydrogens able to be observed for multiple (apo)ferritin
structures obtained either by EM or X-ray MX. However, the same study found that as
the resolution of the EM structures decreased from 1.25 Å to 1.84 Å to 2.0 Å, the number
of hydrogens observed went from ~70% to ~17% to only a few. Thus, while the electron-
based methods are capable of locating hydrogens within biological macromolecules, as
with X-rays, this will generally require atomic-level resolutions. This is a substantial
challenge for most samples—likely only achievable for relatively few cases—and leads to
the conclusion that EM and ED are not the most suitable methods for mapping hydrogens
in biological macromolecules.

3.3. Neutrons

As opposed to the other structural determination methods, NMX is uniquely suited for
detecting hydrogens within one’s sample. As neutrons scatter from atomic nuclei almost
exclusively, they are the most sensitive towards light elements. In fact, hydrogen (and its
isotope deuterium) possesses a neutron-scattering cross-section comparable in magnitude
to that of carbon, nitrogen, and oxygen (Figure 2), thus enabling them to be reliably
detected at the resolutions typically achieved by protein crystals (~2.5 Å). The efficacy of
NMX in detecting hydrogens at site-of-interests within biological macromolecules—i.e.,
the functionally relevant hydrogens—will be demonstrated through two case studies: one
investigating the catalytic mechanism of urate oxidase (Section 5) and the other detailing
inhibitor binding to the SARS-CoV-2 main protease (Section 6).

However, there are unique considerations to be aware of when performing neutron
diffraction studies on biological macromolecular samples, chiefly the following: crystalliza-
tion, deuteration, data collection temperatures, and the lack of radiation damage. These
topics will be explored in detail in the following section.

4. NMX: Practical Considerations for Biological Macromolecules
4.1. Sample Crystallization

Producing the large, well-diffracting protein crystals required for NMX is the main
limiting factor of the technique. While the other structural determination methods are
relatively tolerant towards sample size (X-ray MX and ED are capable of analysing µm- or
even nm-sized crystals, and EM does not require crystals at all), as explained in Section 2.4,
NMX requires relatively extreme crystal sizes in order to compensate for low source
fluxes [55]. The relative size difference between the crystals needed by each diffraction-
based structural determination method can be visualized in Figure 4.

Thus, crystallization experiments aimed at generating samples for neutron diffraction
studies often employ the use of advanced techniques and equipment.

Crystallization itself involves a phase transition in which a solid, crystalline state
forms out of an aqueous solution once supersaturation is achieved [56]. Supersaturation,
which is reached under specific physicochemical conditions, occurs when a solute (i.e.,
the sample) exists in solution at concentrations greater than the solubility limit [57]. As
sample solubility is dependent upon a wide range of parameters—e.g., concentration,
temperature, pH, solvent, ionic strength, added organic molecules—this phase space is
multidimensional. In the process of crystallization, the kinetic pathway taken through this
phase space determines nucleation and growth, and consequently crystal size, number, and
morphology (Figure 5).
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Figure 5. Schematic view of a multidimensional crystallization-phase diagram. The solid line
represents sample solubility as a function of both temperature and precipitant concentration. Once
sample concentration falls to this limit, crystal growth can no longer occur. The dashed line represents
the boundary above which supersaturation is high enough for nucleation (i.e., crystal formation)
to spontaneously occur. The area between the solid line (solubility limit) and the dashed line is the
region where supersaturation exists, but nucleation probability is zero and extended crystal growth
takes place. For protein systems where short-range attractive interactions dominate, a demixion
results—i.e., a metastable liquid−liquid phase separation (LLPS) where protein molecules condense
into a dense phase that resembles liquid droplets, and this dense phase coexists with a dilute-protein
phase. Illustrated by the finely dashed line, the location of the LLPS coexistence line relative to the
solubility line indicates metastability with respect to the crystalline phase. Finally, the black arrow
indicates an example kinetic trajectory taken through phase space during a crystallization experiment.
Figure from Junius et al. [22].

To produce the large, mm3-scale crystals needed for NMX studies, control over the
kinetics and thermodynamics of the crystallization process is required. Such control is able
to be achieved by employing specially designed equipment allowing the fine control of
phase space, such as the OptiCrys crystallization apparatus developed by Junius et al. [23].
The device consists of a sample-containing dialysis chamber, a flow-cell reservoir, a Peltier
device for temperature control, and a microscope for real-time imaging. As a result, the
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OptiCrys allows the ability to reversibly manipulate the physicochemical parameters of
the mother liquor by adjusting both the temperature of the chamber and the chemical
composition of the reservoir solution. When combined with the ability to visually monitor
samples in real time, crystallization phase space is able to be explored and characterized
in order to identify the metastable zone (i.e., area of crystal growth). This knowledge,
combined with the ability for fine physicochemical manipulations, enables crystal samples
to undergo multiple rounds of growth, dissolution, and re-growth—resulting in high-
quality samples of maximum size (Figure 6).
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Figure 6. Concept of producing crystal samples for NMX studies through physiochemical manipu-
lation. A sample’s trajectory through phase space resulting in extended growth is shown (arrows).
Protein concentration drops as crystal nuclei undergo an initial growth phase (i), which stops once
the solubility limit is reached. Altering the physiochemical parameters of the solution by chang-
ing the temperature and/or composition of the reservoir solution lowers solubility and brings the
sample into the metastable zone again, restarting crystal growth which continues until the protein
concentration reaches the solubility limit again (ii). Large crystals can be obtained by repeating this
process (iii), where multiple, successive growth phases (∆1, ∆2, ∆3) result in a maximal contribution
of protein (∆T).

4.2. Sample Deuteration

Sample deuteration, in which hydrogens (Hs) are exchanged for deuterium (D), is
often a prerequisite for NMX experiments. This is due to the fact that, while H has a
coherent scattering cross section comparable to that of the other atoms which comprise
biological macromolecules (i.e., carbon, oxygen, nitrogen, and sulfur), its large incoherent
scattering cross-section produces significant background (Table 2). Another issue arises
from the fact that the coherent scattering cross-section of H is negative. For the resolutions
at which soft-matter crystals typically diffract (≥2 Å), the negative coherent scattering from
H can destructively interfere with positive coherent scattering from the surrounding atoms
(e.g., C, N, and O), resulting in cancellation effects which complicate analysis [11,58].
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Table 2. The coherent neutron-scattering length and incoherent neutron-scattering cross-sections for
the major elemental constituents of biological macromolecules.

Isotope Atomic
Number

Neutron Coherent
Scattering Length (10−12 cm)

Neutron Incoherent Cross-Section
(Barn = 10−28 m2)

1H 1 −0.374 80.27
2H (D) 1 0.667 2.05

12C 6 0.665 0.00
14N 7 0.937 0.50
16O 8 0.580 0.00
31P 15 0.513 0.01
32S 16 0.280 0.00

To mitigate the issues listed above, it is common practice to either partially or fully
exchange H for D within one’s sample. In comparison to H, D has a coherent scattering
cross-section that is both larger in magnitude and positive in sign, while also possessing
a significantly reduced incoherent scattering cross-section (Table 1). As a result, for a
given sample, H/D exchange results in improved signal-to-noise and reduced background,
increasing the resolution limit of the collected data [11,46]. The improvement in data
quality following deuteration allows NMX to be performed using either smaller sample
sizes (enhancing accessibility) or reduced data-collection times (enhancing throughput).

Practically, there are several ways to incorporate D into biological samples, which
able to be implemented at various stages between production and crystallization (and
offering various degrees of deuteration). Perdeuteration, where the sample is expressed
in D2O-containing media in the presence of a perdeuterated carbon source, is the most
complete method; perdeuterated samples can achieve <99% D incorporation, including
aliphatic carbon atoms (e.g., CH2 and CH3 groups) [59]. Perdeuterated samples offer the
optimal signal-to-noise ratio, allowing faster data collection, higher resolutions, and less-
stringent sample requirements (i.e., smaller crystals are needed) [58,60–62]. In particular, a
major advantage offered by perdeuterated samples is that the aforementioned cancellation
effects arising from the negative coherent neutron scattering of hydrogen scattering at
moderate resolutions (~2 Å) are completely mitigated (see [58] for a direct comparison
between a perdeuterated and partially deuterated sample, and [63] for an example protocol
for perdeuterated-protein production). Thus, the improved neutron diffraction data offered
by perdeuterated samples make it the preferable option for NMX studies.

However, perdeuteration is relatively expensive, due to the costs associated with
using heavy water and a D-labelled carbon source [59]. Furthermore, expression yields
are often lower under deuterated conditions [64], and in general the amount of valuable
sample available for performing and optimizing NMX experiments is reduced. Thus,
due to the challenges involved in perdeuteration, partially deuterated samples are often
used. Partial deuteration may be performed at a variety of stages during a project. For
example, the sample may be expressed in D2O-containing media in the presence of a
hydrogenous carbon source; hydrogenous samples may be purified and/or solubilized
in buffers prepared using D2O; samples may be crystallized in solutions prepared using
D2O; and finally, crystals may be mounted inside a sealed capillary alongside deuterated
precipitant solution (with H/D exchange taking place via vapor diffusion). Though an
easier and more convenient method than perdeuteration, partial deuteration exchanges
only solvent-accessible, labile hydrogens—i.e., H atoms bonded to oxygens or nitrogens,
but not those incorporated into carbons [46]. While not optimal, partial deuteration allows
incorporated D atoms to be visualized at resolutions of ~2.5 Å (due to the aforementioned
cancellation effects, resolutions of ~1.5 Å are required to visualize H atoms). As biological
questions often pertain to protonation states, hydrogen bonds, and coordinated waters
at functional sites—often located in well-hydrated regions containing large numbers of
polar/charged residues—partial deuteration is usually sufficient.
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4.3. NMX, Radiation Damage, and Temperature Variation

While data collection at 100 K has long been standard for X-ray MX, chiefly to pro-
tect samples from radiation damage (it is also the standard for both EM and ED), room-
temperature analysis is the default for NMX. This is because, in contrast to both electrons
and X-rays, the neutrons used in diffraction experiments (with wavelengths generally be-
tween 2 and 5 Å) effect virtually no damage due to their low energy and neutral charge. This
results in NMX possessing two unique advantages. First, the low radiation damage offered
by NMX protects sample integrity and avoids the potential breaking of disulfide bridges,
the decarboxylatation of acidic side chains, and the generation of reactive species (such
as hydroxyl radicals, hydrated electrons, and hydrogen atoms). [52,65,66]. For example,
with respect to metalloproteins, irradiation can alter metal-centre bond lengths, resulting in
the gain or loss of ligands, or cause radiolysis [67]. Consequently, radiation damage can
significantly complicate structural analyses and/or mechanistic interpretations. Second,
the ability to more easily collect data at room—i.e., near physiological—temperature mit-
igates potential artifacts arising from cooling samples down to 100 K. This is significant,
as cryogenic temperatures themselves can alter the specific local conformations required
for substrate binding, catalysis, and allosteric regulation [68]. Indeed, this phenomenon
was observed for the main protease of the severe acute respiratory syndrome coronavirus 2
(SARS-CoV-2), in which residues at the active site were found to adopt different conforma-
tions when 100 K and RT X-ray structures were compared, a finding which has possible
implications for the molecular docking studies used in structure-based drug design [69].

Nevertheless, there are some scenarios in which cryocooling samples is desirable.
As demonstrated by X-ray MX, reduced temperatures can increase resolution and data
quality by reducing thermal motion [70–73]. Additionally, rapid freezing affords the possi-
bility of trapping reaction intermediates, which are able to provide valuable mechanistic
insights [71,72]. However, performing NMX studies at low temperatures involves some
additional challenges compared to X-ray MX. One challenge is the cryocooling of large
crystals. Protein crystals consist of ~20–80% aqueous solvent [74,75], and therefore must
be cooled at a rate sufficient to avoid destruction due to ice formation [72,76]. Yet, large
crystals suffer from a comparatively low surface-area-to-volume ratio, making the cool-
ing process relatively inefficient. As such, one must apply best practice when freezing
samples for neutron diffraction experiments, which can include the following: the use
of cryoprotectants (preferably perdeuterated to minimise background from incoherent H
scattering); selecting sample loops just slightly larger than the crystal itself (to minimise
the volume of the surrounding mother liquor); cooling crystals in dewars filled to the brim
with liquid nitrogen (to avoid the vapour layer which typically forms above the surface); or
immersion in liquid propane (for more efficient heat transfer). A detailed overview of these
practicalities can be found in [73]. Another consideration is that the NMX instruments
themselves must be capable of maintaining samples at cryogenic temperatures over the
multiple days required for data collection. While this was an issue in the past, today most
facilities support low- (100 K) or even ultra-low-temperature (<15 K) experiments. For
100 K data collection, LADI-III at ILL, iBIX at J-PARC, BIODIFF at FRM II, and MaNDi
at SNS are equipped with nitrogen cryostream-cooled goniostats, while both IMAGINE
at HIFR and LADI-III at ILL offer liquid-helium cryorefrigerators for data collection at
<15 K [73].

The efficacy of cryogenic NMX has been demonstrated by multiple studies. For
example, 100 K neutron studies of haem peroxidases were successful in capturing and
identifying intermediates, revealing an Fe=O form and the unexpected protonation of the
catalytic histidine for compound I of cytochrome c peroxidase [77], and an Fe–OH form
for compound II of ascorbate peroxidase [78]. With respect to ultra-low temperatures, a
10 K neutron structure of the lytic polysaccharide monooxygenase enzyme from Neurospora
crassa (NcLPMO9PD) succeeded in capturing activated molecular dioxygen within the
active site [79]. Such studies highlight the ability of cryogenic experiments to expand upon
the biological questions able to be addressed by NMX.
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5. Case Studies Involving the Application of NMX to Biological Macromolecule Targets
5.1. Neutron Structure of Urate Oxidate Resolves a Long-Standing Mechanistic Conundrum and
Reveals Unexpected Changes in Protonation

Urate oxidase (Uox) catalyses the oxidation of uric acid to 5-hydroxyisourate (5-HIU), a
metastable intermediate which undergoes further degradation towards allantoin via either
an enzymatic or non-enzymatic pathway [80,81]. As humans do not possess a functional
version of this molecular machinery [82], recombinant Uox from Aspergillus flavus is used
as the drug Fasturtec® (Sanofi-Aventis; Montpellier, France) to treat hyperuricemia in
patients undergoing chemotherapy [83]. While high-resolution X-ray structures of Uox
were able to reveal the active site in detail and to enable a putative catalytic mechanism to
be proposed [84–88], it was not until the first neutron structure was obtained that the exact
mechanism began to be determined unambiguously [89,90].

Uric acid possesses four protonation sites, resulting in a total of four possible monoan-
ionic and six possible dianionic configurations. Consequently, identifying the correct
catalytic mechanism of Uox required determining the protonation state of the bound uric
acid substrate (and the resulting hydrogen boding network), information which was lacking
in the previously obtained X-ray structures. As Uox demonstrated the ability to form large,
well-diffracting crystals in the aforementioned X-ray MX studies, it was a prime candidate
for neutron analysis.

Due to the advantages associated with the isotopic replacement of H for D (detailed
in Section 4.2), sample crystallizations were performed using hydrogenous, recombinant
protein and precipitant solutions prepared in D2O-containing buffer [89]. Initial crystal
samples were obtained by using the batch crystallization method. These samples were then
used to seed further experiments which employed the advanced temperature-controlled
crystallization apparatus described in Section 4.1. For Uox, this particular biological
macromolecule showed direct solubility—where an increase in temperature corresponded
to an increase in solubility. Thus, a strategy was implemented where seeded crystals
were able to be reversibly grown/dissolved by modulating the temperature, eventually
producing large, single crystals suitable for neutron diffraction studies (Figure 7).
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trajectory through the metastable (i.e., growth) zone (the blue dot indicates the starting point within
the multidimensional phase space; blue arrows indicate the trajectory). The solubility curve was
determined by measuring protein concentration at various temperatures (red dots). The crystal was
imaged at the following temperatures: 298 K, 293 K, 288 K, 283 K, and 278 K. Figure adapted from
Budayova-Spano et al. [91].

These crystals were grown in the presence of both the natural substrate uric acid and
the inhibitor 8-azaxanthine, which eventually reached 1–4 mm3 in size and were suitable for
neutron diffraction analysis [89,92]. Analysis was performed both by neutrons at the LADI-
III instrument at the ILL and by X-rays at the macromolecular crystallography beamline
(ID14-2) at the European Synchrotron Radiation Facility (ESRF; Grenoble, France). Collect-
ing X-ray diffraction data from the same crystal analysed by neutrons is advantageous for
a couple of reasons. The first is that for a partial or fully deuterated sample, strengthened
hydrogen bonds and acid dissociation constants (i.e., pKas), may affect biological macro-
molecular structure [93,94]. Second, as neutron diffraction reveals approximately two-times
the number of atoms as X-ray MX (due to the inclusion of hydrogens), the refinement of
neutron structures typically suffers from a relatively poor data-to-parameter ratio. Thus,
X-ray diffraction data providing information on heavy-element coordinates effectively
increase the number of observations able to be refined against model parameters, and can
substantially improve the quality of the neutron maps obtained [95]. A joint neutron/X-ray
structure (2.30 Å/2.02 Å; PDB ID: 4N9M) and a separate high-resolution X-ray structure
(1.06 Å; PDB ID: 4N9S) were acquired for the Uox–substrate complex (inhibited by Cl−),
and a joint neutron/X-ray structure (1.90 Å/1.92 Å; PDB ID: 4N3M) and a separate high-
resolution X-ray structure (1.10 Å; PDB ID: 4N9V) were acquired for the Uox–inhibitor
complex [90]. The key information revealed by the obtained neutron maps was that the
chemical species of uric acid in the active site was the N3 monoanion of 8-hydroxyxanthine
(Figure 8), rather than a urate anion in the keto tautomeric form as predicted by theoretical
calculations [90,96].
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Figure 8. The substrate 8-hydroxyxanthine within the Uox active site revealed by the (A) joint
neutron–X-ray structure and (B) high-resolution X-ray structure. The 2mFO–DFC map is contoured at
1.5 σ (blue mesh) and the mFO–DFC map is contoured at 3.0 σ (positive, green mesh; negative, red
mesh). (C) An overview of the catalytic site is shown. The asterisk designation represents residues in
contact via crystallographic symmetry. Figure from Oksanen et al. [90].
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Vital for identifying this species was a neutron-density OMIT map confirming the
presence of a deuteron at O8, which formed a hydrogen bond with a water molecule (W800).
This information, when fed into subsequent quantum-mechanical (QM) calculations, al-
lowed a detailed reaction mechanism to be postulated (Figure 9).
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Figure 9. The postulated first steps of the Uox-catalysed oxidation of uric acid resulting from
information obtained by neutron diffraction analysis. Following the binding of a urate N3 monoanion
to the Uox active site (i), the substrate rapidly undergoes tautomerization to the 8-hydroxyxanthine
species (ii). Next, the deprotonation of 8-hydroxyxanthine occurs, concomitant with an electron
transfer to an acceptor in the protein, and creates a triplet state (iii). The presence of molecular
oxygen at site W1 accepts first the transferred electron (iv), then an unpaired electron from the
urate anion (v), forming a dehydrourate intermediate. After protonation through the proton-relay
chain (vi), the hydroperoxide is replaced by the nucleophilic water (vii), which, activated by the
proton-relay system, attacks the dehydrourate and generates 5-hydroxyisourate (viii). Figure from
Oksanen et al. [90].

Thus, it was not until neutron structures (subsequent work was performed by Mc-
Gregor et al. [97], who solved a joint neutron/X-ray structure of perdeuterated Uox) were
able to provide essential information relating to hydrogen atoms—knowledge which filled
in gaps between the high-resolution data on heavy atoms provided by X-ray NMX and
quantum chemical calculations—that an unexpected tautomer of uric acid was able to be
established as the true substrate of Uox. This study by Oksanen et al. [90] highlights the
ability of NMX to answer questions unable to be addressed by other structural determina-
tion methods.
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5.2. Direct Observation of Protonation-State Modulation in SARS-CoV-2 Main Protease upon
Inhibitor Binding with Neutron Crystallography/Unusual Zwitterionic Catalytic Site of
SARS-CoV-2 Main Protease Revealed by Neutron Crystallography

A pertinent example of the application of NMX to a biological target is a recent study
by Kneller et al. [98], in which a neutron structure of the severe acute respiratory syndrome
coronavirus 2 (SARS-CoV-2; the virus responsible for COVID-19) main protease in complex
with an inhibitor was obtained. The main protease of SARS-CoV-2 (Mpro), which is essential
for the virus’s replication, has no human counterpart, making it an ideal target for the
treatment of COVID-19 [99].

Effectively implementing structural- and computational-based drug design requires
atomic-resolution knowledge of both the binding site of the targeted biological macro-
molecule and the binding mode of the compound-of-interest. With respect to the targeted
macromolecule, the functional SARS-CoV-2 protease is a dimer that consists of two identical
Mpro protomers (each ~34 kDa in size). The Mpro protomer itself contains three domains:
domains I and II are catalytic, while the α-helical domain III is critical for dimerization [98].
A shallow cavity spanning domains I and II comprises the active site, which contains six
subsites (S1′ to S5), to which substrate residues and/or inhibitor chemical groups (P1′

to P5) bind, respectively. For the compound-of-interest, the drug Telaprevir belongs to a
promising series of α-ketoamide inhibitors which fully occupy the Mpro active site when
bound (Figure 10) [100].
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Figure 10. (A) Active site of the SARS-CoV-2 3CL Mpro with covalently bound telaprevir (PBD ID
7LB7). The six subsites of the binding cavity are labelled (S1′–S5), with the catalytic residues Cys145
and His41 in yellow surface and light-blue sticks respectively, and bound telaprevir in green sticks (D
atoms are in orange, with H atoms omitted for clarity). (B) The chemical structure of telaprevir with
chemical-group positions is labelled (P1′–P5) and the α-ketoamide warhead is highlighted in red.
Figure adapted from Kneller et al. [98].

In an effort to gain insights into the binding of Telaprevir to Mpro, molecular dynamics
simulations performed by Pavlova et al. [101] indicated that the stability of the bound
inhibitor and of the binding site itself is heavily dependent upon the protonation states
of the surrounding histidine residues and the hydrogen bonding network that results.
Furthermore, there appeared to be a distinction between the protonation states favoured
by the apo- versus the α-ketoamide-bound state. These results highlight the importance
of correctly assigning protonation states for both apo- and inhibitor-bound Mpro in drug
design efforts—information able to be provided by NMX.

This is the question addressed in some studies by Kneller et al., who aimed to solve
neutron structures of Mpro in both apo form [11] and in complex with telaprevir [98]. To
grow the large-crystal samples of Mpro, first the initial crystallization conditions were
identified by broadly screening the conditions [102], then a sitting-drop vapour-diffusion
setup was used to produce crystalline material for seeding larger-scale experiments. After
an incubation period of several weeks, either at constant or gradually reducing temper-
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ature, large crystals (0.3 and 0.5 mm3 for the apo- and telaprevir-bound Mpro structures,
respectively) were harvested and subjected to H/D exchange by mounting the crystals
in quartz capillaries adjacent to the deuterated precipitant solution. Neutron diffraction
data were collected using the MaNDi instrument at SNS, and X-ray diffraction data were
collected using a Rigaku HighFlux HomeLab instrument. Subsequent joint neutron/X-ray
analysis resulted in a 2.50 Å/2.30 Å apo Mpro structure (PBD ID: 7JUN) and a 2.40 Å/2.00 Å
telaprevir-Mpro structure (PDB ID: 7LB7).

Comparison of the apo- and telaprevir-bound Mpro neutron structures revealed that
the protonation states of several key histidine residues at the substrate binding cavity
are altered in response to telaprevir binding. Upon binding, the reactive carbonyl of the
telaprevir α-ketoamide warhead undergoes a nucleophilic attack by the thiolate of the
Mpro Cys145−His41 catalytic dyad, forming a reversible hemithioketal, which possesses a
protonated hydroxyl (Figure 11). In contrast to the apo structure, His41 is deprotonated in
the telaprevir-Mpro complex, indicating that His41 directly protonates the hemithioketal
oxygen. Analysis also revealed that while the hydrogen bond between Nδ1 of His41 and a
water molecule found in the apo structure is maintained, the hydrogen bond between this
conserved water and the main-chain ND of His41 is not present in the telaprevir-bound
structure. Furthermore, the hydrogen bond between His164 and Thr175 is broken in the
inhibitor-bound structure, due to a deprotonation at His164 Nε2. Thus, in the telaprevir-
Mpro complex, the reduced number of positively charged histidine residues serves to
substantially alter the electrostatics at the active site.
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Figure 11. Upon binding, telaprevir forms a hemithioketal with SARS-CoV-2 3CL Mpro which
contains a protonated hydroxyl as revealed by NMX (PBD ID 7LB7). The 2FO−FC (1.0 σ; blue mesh)
and OMIT (3.0 σ; green mesh) nuclear density maps clearly reveal the protonation states of the
telaprevir-Mpro complex. Telaprevir is shown in green sticks with H atoms omitted for clarity. D
atoms are shown in orange. Figure adapted from Kneller et al. [98].

Further changes in response to telaprevir binding occur at subsite S1 of the Mpro active
site, which is typically selective for chemical groups at P1 which are able to engage His163
in a hydrogen bond. As telaprevir possesses a hydrophobic norvaline substituent incapable
of forming hydrogen bonds at this location, the inhibitor-bound structure contains a re-
cruited water molecule which forms a hydrogen bond with a doubly protonated, positively
charged His163 (Figure 12A). This is in contrast with apo Mpro, in which His163 only
possesses a proton at Nδ1. The double protonation of His163 may be common in inhibitor
binding—with the protonation of Nε2 allowing hydrogen bond formation with inhibitor
groups occupying P1—as a separate study by Zhang et al. [100] obtained an inhibitor-Mpro
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structure (PDB ID: 6Y2F) where a carbonyl oxygen of the bound compound overlays with
the hydrogen bond accepting the water molecule found in the telaprevir-Mpro complex.
Furthermore, this protonation of His163 upon inhibitor binding (resulting in the addition
of a positive charge) attracts the Glu166 side chain and leads to a strengthening of its
hydrogen bond with His172 and the N-terminus of the second Mpro protomer (Figure 12B).
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Figure 12. Protonation states and arrangement of the SARS-CoV-2 3CL Mpro are altered in response
to telaprevir binding (PBD ID 7LB7). (A) The 2FO−FC (1.0 σ; blue mesh) and OMIT (3.0 σ; green
mesh) nuclear-density maps clearly reveal the double protonation of His163, which recruits a water
molecule due to the hydrophobic nature of the P1 group of telaprevir (a norvaline substituent).
Telaprevir is shown in green sticks, with H atoms omitted for clarity. D atoms are shown in orange.
(B) Comparison of the telaprevir-Mpro complex in light blue with the apo Mpro (PBD ID 7JUN) in light
pink reveals structural differences at the active site. D atoms are shown in orange. Figure adapted
from Kneller et al. [98].

These NMX studies by Kneller et al. provided crucial information revealing how the
binding of α-ketoamide inhibitors affect the protonation states of key histidines within the
Mpro active site. Such knowledge of how ionizable residues within the binding site(s) of
potential therapeutic targets respond to promising drug candidates is critical for further
developments driven by structural- and computational-based drug design.

6. NMX for Biological Samples—Conclusions and Future Perspectives

In spite of its currently niche status, NMX has the potential to become a fundamental
pillar of structural biology, alongside X-ray MX, EM, and ED, by providing essential infor-
mation on protonation states, hydrogen bonding networks, and coordinated waters. Indeed,
despite rapid advancement of the electron-based methods, due to the nature of how neu-
trons interact with elements, NMX, if feasible, will remain the most powerful experimental
method for unambiguously determining hydrogen locations within one’s sample.

Critical for the future role of NMX in the life sciences is the upcoming next-generation
neutron facility being built in Lund, Sweden—the European Spallation Source (ESS)—which
is expected to greatly enhance the accessibility of the method. This facility will make
use of a powerful linear proton accelerator, an 11-ton tungsten spallation target, and a
liquid-hydrogen/water-based modulator and beryllium-lined reflector system to produce
the world’s most brilliant neutron beam (up to ~100 times as bright as current neutron
sources) [103]. To analyse samples, the ESS will employ an NMX instrument combining the
high-flux neutron beam with a quasi-Laue, TOF diffractometer in order to significantly re-
duce the stringent sample requirements which typically plague neutron diffraction studies.
Once online, the ESS will allow data collection to be performed on biological macromolecu-
lar crystals with volumes as small as~0.01 mm3 and with unit cells up to ~200 Å along each
axis [104]. This represents a substantial increase in the capabilities of current facilities, and
will greatly expand the number of feasible targets (including membrane proteins, which
are not only challenging to crystallize, but also typically possess relatively large unit cells).
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In a future where the major limitation of NMX studies—i.e., the size of the crystal sam-
ples required—has to a large extent been addressed, the method will serve to complement,
rather than compete with, other means of structural determination. As highlighted in this
paper, neutron diffraction data provides the light-element information missing in even the
highest-resolution X-ray structures, whilst neutron structures greatly benefit from being
jointly refined against X-ray structures which provide precise heavy-element coordinates
(greatly improving data-to-parameter ratios). Regarding the electron-based methods, ED
and EM will become valuable tools for detecting hydrogens in samples unable to produce
large crystals (or be crystallized at all). However, due to the sensitivity of neutrons towards
light elements, NMX, if feasible, will provide the best chance for mapping hydrogens for a
given project (especially at the resolutions at which biological macromolecules are typically
able to be resolved).

In conclusion, given the essential role played by hydrogens in many fundamental
biological processes, and with new upcoming facilities that will significantly alleviate the
previous limitations, it is sensible to expect NMX to become increasingly important in the
field of structural biology over the next decade.
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