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Abstract: Cutinases are α/β hydrolases, and their role in nature is the degradation of cutin. Such
enzymes are usually produced by phytopathogenic microorganisms in order to penetrate their
hosts. The first focused studies on cutinases started around 50 years ago. Since then, numerous
cutinases have been isolated and characterized, aiming at the elucidation of their structure–function
relations. Our deeper understanding of cutinases determines the applications by which they could
be utilized; from food processing and detergents, to ester synthesis and polymerizations. However,
cutinases are mainly efficient in the degradation of polyesters, a natural function. Therefore, these
enzymes have been successfully applied for the biodegradation of plastics, as well as for the delicate
superficial hydrolysis of polymeric materials prior to their functionalization. Even though research
on this family of enzymes essentially began five decades ago, they are still involved in many reports;
novel enzymes are being discovered, and new fields of applications arise, leading to numerous
related publications per year. Perhaps the future of cutinases lies in their evolved descendants,
such as polyesterases, and particularly PETases. The present article reviews the biochemical and
structural characteristics of cutinases and cutinase-like hydrolases, and their applications in the field
of bioremediation and biocatalysis.

Keywords: cutinase; crystal structure; polyester hydrolysis; plastics degradation; depolymerization;
surface functionalization; polymerization; ester synthesis; biocatalysis

1. Introduction

Cutin is the part of the cuticular membrane that covers the aerial parts (e.g., leaves and fruits)
of higher plants. It is a biopolymer that consists mostly of esterified C16 and C18 oxygenated fatty
acids [1] and it is considered as the first barrier that is encountered by plant pathogens on their way to
penetration (Figure 1). In order to overcome this obstacle, plant pathogens use various tools such as
cutinase enzymes [2–4], which in some cases, are necessary for pathogenicity [5–8].

The first recorded reports of cutinase activity are traced back to the early 1960s [9], while in
1970, Sishiyama et al. characterized a crude cutin-esterase enzymatic preparation from Botrytis cinerea
for hydrolyzing tomato cutin [10]. More focused studies were performed by Kolattukudy and his
coworkers, who had first investigated the synthesis and lipid composition of cutin in plants [11];
they subsequently focused on the depolymerization of the latter by extracellular enzyme preparations
from Fusarium solani pisi, and further isolated and characterized its cutinases [12,13].
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Figure 1. The possible molecular structure of cutin. 
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review by Carvalho et al. [14]. The discovery of new fungal and bacterial cutinases led to the 
expansion of their applications in different areas of interest, such as detergents, ester synthesis, and 
food processing; however, in most cases, cutinases were considered as an alternative to lipases [15]. 
Nevertheless, these enzymes found their true calling in the textile industry for the modification of 
fabrics, as thoroughly described by Chen et al. in their review article in 2013 [16]. According to Scopus 
(www.scopus.com), “cutinase” has been mentioned in 254 publications since 2013 (165 since 2015); 
therefore, this review focuses on the findings of the last five years regarding this family of enzymes. 
This review paper provides the most recent knowledge regarding cutinases or cutinase-like 
hydrolases. More specifically, it focuses on combining information both on the enzymes’ biochemical 
and structural characteristics, and their applications in the field of biocatalysis in terms of material 
hydrolytic degradation as well as synthesis, whereas strategies for improving enzyme activity and 
stability are described. 
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Arxula adeninivorans [19]). Only Fusarium-derived cutinases have been expressed in Escherichia coli 
strains (WK-6 [20], BL21 [21] and Origami 2 [22]). On the contrary, bacterial cutinases have been 
expressed, as expected, only in E. coli strains, mostly BL21, with very few exceptions [23,24]. 
Furthermore, only a limited number of cutinases have been isolated and characterized from wild-
type (WT) microorganisms, such as Thielavia terrestris [25,26], Cryptococcus magnus [27], Paraphoma sp. 
[28], Aspergillus oryzae [29], and Aspergillus nidulans [30]. 
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Figure 1. The possible molecular structure of cutin.

F. solani cutinase (FsC) was the first to be studied in detail, especially after its cloning and
expression in heterologous hosts, which also led to the determination of its crystal structure. Studies
regarding its biocatalytic potential for hydrolytic and synthetic reactions are summarized in an
early review by Carvalho et al. [14]. The discovery of new fungal and bacterial cutinases led to
the expansion of their applications in different areas of interest, such as detergents, ester synthesis,
and food processing; however, in most cases, cutinases were considered as an alternative to lipases [15].
Nevertheless, these enzymes found their true calling in the textile industry for the modification of
fabrics, as thoroughly described by Chen et al. in their review article in 2013 [16]. According to
Scopus (www.scopus.com), “cutinase” has been mentioned in 254 publications since 2013 (165 since
2015); therefore, this review focuses on the findings of the last five years regarding this family of
enzymes. This review paper provides the most recent knowledge regarding cutinases or cutinase-like
hydrolases. More specifically, it focuses on combining information both on the enzymes’ biochemical
and structural characteristics, and their applications in the field of biocatalysis in terms of material
hydrolytic degradation as well as synthesis, whereas strategies for improving enzyme activity and
stability are described.

2. Biochemical Characteristics

Cutinases (E.C. 3.1.1.74) are serine esterases that belong to the α/β hydrolase family. Since
the isolation and study of FsC, numerous new fungal and bacterial cutinases have been discovered
and characterized (Table 1). Most fungal cutinase genes have been heterologously expressed in
Pichia pastoris or in other eukaryotic hosts, such as Saccharomyces cerevisiae [17], Trichoderma reesei [18]
and Arxula adeninivorans [19]). Only Fusarium-derived cutinases have been expressed in Escherichia
coli strains (WK-6 [20], BL21 [21] and Origami 2 [22]). On the contrary, bacterial cutinases have
been expressed, as expected, only in E. coli strains, mostly BL21, with very few exceptions [23,24].
Furthermore, only a limited number of cutinases have been isolated and characterized from wild-type
(WT) microorganisms, such as Thielavia terrestris [25,26], Cryptococcus magnus [27], Paraphoma sp. [28],
Aspergillus oryzae [29], and Aspergillus nidulans [30].
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The molecular weight (MW) of fungal cutinases ranges from 20 to 25 kDa, with very few
exceptions, such as THCUT1 from Trichoderma harzianum [31], Acut3-6hp from Arxula adeninivorans [19],
ANCUT2 from A. nidulans [30], and TtcutB from T. terrestris [25], with MWs varying between 27.3 and
29.2 kDa. On the other hand, the MW of bacterial cutinases is usually around 30 kDa, with only two
characterized enzymes from Thermomonospora curvata exhibiting a higher size of 35 kDa [24].

As a rule, cutinases work optimally at neutral or alkaline pH (7.0–9.5). However, there are
some reports of cutinases that prefer slightly acidic (pH 6) [18,32,33] or acidic (pH 4–5) [19,25,26,34]
conditions. Regarding the effect of temperature, bacterial cutinases act optimally at 50–60 ◦C, probably
due to the fact that they all derive from thermophilic sources. On the contrary, most characterized
fungal cutinases exhibit temperature optima of 40–45 ◦C and some even lower, in the vicinity of
20–30 ◦C. There are three reported cutinases with optimum activity temperatures at 50 ◦C, and two at
higher temperatures (55–60 ◦C), as seen in Table 1.

Cutinases have a broad substrate range, hydrolyzing soluble fatty acid esters, triglycerides,
and insoluble polymers; hence, they have been categorized between esterases and true lipases, tending
to have higher affinities for short-chain esters. Based on substrate specificity studies with p-nitrophenyl
(pNP) esters, it can be deduced that the majority of cutinases prefer chain lengths of two to four carbon
atoms or a little longer (C5–C6) (Table 1). Humicola insolens, Glomerella cingulata, and Cryptococcus
magnus cutinases show differentiated catalytic profiles favoring the hydrolysis of C8 and C12 esters.

3. Structural Characteristics

Cutinases belong to the superfamily of serine α/β-hydrolases. They have a Ser-His-Asp
catalytic triad, and two additional residues that form an oxyanion hole via their main-chain amides,
stabilizing the transition states. The cutinase mechanism of hydrolysis is accomplished in two
acylation/deacylation steps, including the formation of a covalent intermediate between the carbonyl
group of the ester being hydrolyzed, and the catalytic serine. Currently, there are eight fungal and six
bacterial cutinases whose structures have been determined by X-ray crystallography (Table 2). The first
determined cutinase structure was from F. solani pisi (FsC) (Figure 2A) [35]. This was followed by an
extensive structural characterization of FsC mutants and inhibitor complexes, which shed light on the
dynamics and mechanism of action of cutinase enzymes [36].
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Figure 2. Overall structures of (A) Fsp cutinase (PDB code 1CEX) [37], (B) Thermobifida fusca cutinase
(PDB code 4CG1) [38], and (C) Ideonella sakaiensis PETase (PDB code 15XG0) [39]. Catalytic triad
residues, colored magenta, and disulphide bonds (DS), colored yellow, are shown in sticks. Turquoise
dashed circles mark the substrate binding cleft.
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Table 1. Biochemical characteristics of known cutinases isolated from their WT (wild-type) organism or expressed in a heterologous host. Molecular weight (MW),
optimum temperature and pH, isoelectric point, specific activity, and/or kinetic constants on p-nitrophenyl butyrate, substrate specificity on different p-nitrophenyl
esters, and thermostability expressed as residual activity after incubation or as a half-life at a specific temperature.

Name Origin Gene Accession
Number Host MW (kDa) Topt (◦C) pHopt pI Kinetics/Activity on

pNPB
pNP-Ester

Specificity (kcat/KM)
Thermostability
Half-Life (t1/2) Ref.

Bacterial Sources

Tfu_0883 Thermobifida fusca YP_288943 E. coli BL21 Rosetta
(DE3) PlysS cells 29 60 8 458 U/mg t1/2 (60 ◦C) = 40 h [40]

Tfu_0882 Thermobifida fusca YP_288944 E. coli BL21 Rosetta
(DE3) PlysS cells 29 60 8 223 U/mg [40]

Thc_Cut1 Thermobifida
cellulosilytica HQ147785 E.coli BL21-Gold (DE3) 29.4 1.48 mM

195.1 s−1 C2 [41]

Thc_Cut2 Thermobifida
cellulosilytica HQ147786 E.coli BL21-Gold (DE3) 29.7 2.13 mM

5.3 s−1 C2 [41]

Thf42_cut1 Thermobifida fusca HQ147787 E.coli BL21-Gold (DE3) 29.6 2.10 mM
30.9 s−1 C2 [41]

Tha_Cut1 Thermobifida alba HQ147784 E.coli BL21-Gold (DE3) 28.1 1.93 mM
6.03 s−1 C2 [42]

Est119 Thermobifida alba
AHK119 est119 E. coli Rosetta-gami B

(DE3) 30 50 6

2.3 U/mg
3.41 mM
4.48 s−1

1.31 s−1 mM−1

C6 [23]

Cut1 Thermobifida fusca JN129499.1 E. coli BL21 (DE3) 30.1 55 8

542.5 U/mg
0.13 mM
178 s−1

13.69 s−1 mM−1

C4 * Stable at 37 ◦C [43]

Cut2 Thermobifida fusca JN129500.1 E. coli BL21 (DE3) 29.6 55 8

643.4 U/mg
0.09 mM
253 s−1

2840 s−1 mM−1

C4 * Stable at 37 ◦C
t1/2 (55 ◦C) = 30 h [43]

Tcur1278 Thermomonospora
curvata HG939554 E. coli TOP10 35 60 8.5 3 U/mg 80% act at 50 ◦C and

55 ◦C for 60 min [24]

Tcur0390 Thermomonospora
curvata HG939555 E. coli TOP10 35 55 8.5 17.9 U/mg

40% act at 50 ◦C for
60 min

15% action at 55 ◦C
and 60 ◦C for 10 min

[24]

LC-cutinase
Leaf-branch

compost
metagenome

HQ704839 E. coli
BL21-CodonPlus(DE3)-RP 29 50 8.5 9.3 C4 * t1/2 (60 ◦C) = 80 min

t1/2 (70 ◦C) = 40 min [44]
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Table 1. Cont.

Name Origin Gene Accession
Number Host MW (kDa) Topt (◦C) pHopt pI Kinetics/Activity on

pNPB
pNP-Ester

Specificity (kcat/KM)
Thermostability
Half-Life (t1/2) Ref.

Fungal Sources

F. solani
cutinase Fusarium solani K02640 Pichia pastoris X-33 20 40 8 [45]

MFCUT1 Monilinia fructicola AF305598 Pichia pastoris 22 8.4
40.8 min−1

1.23 µM
5.5·10−4 s−1 mM−1

[31]

CutL1 Aspergillus oryzae P52956 WT 21.6 50 9
0.22 mM

18 s−1

81.82 s−1 mM−1
C5

Stable at 40 ◦C for 30
min [29]

THCUT1 Trichoderma
harzianum AJ896891 Pichia pastoris GS115 29 7.5–8 4.2 0.74 U/mg

0.57 mM C2 [46]

Aspergillus oryzae Pichia pastoris 0.21 µM
5.8·10−5 s−1 mM−1 C4 [47]

CUTAB1 Alternaria brassicicola U03393.1 Pichia pastoris X-33 24 40 7–9 5.2–7 1057 U/mg C4 * Stable at 40 ◦C [48]

HiC Humicola insolens hic Pichia pastoris X-33 50
0.45 mM
191 s−1

424.4 s−1 mM−1
C8

Stable at 50 ◦C for
48 h

t1/2 (85 ◦C) = 1 h
[49]

TtcutA Thielavia terrestris WT 25.3 50 4

1200 U/mg
1 mM

0.62 s−1

0.62 s−1 mM−1

C4
Stable at 65 ◦C for 30

min [26]

AnCut5 Aspergillus niger anig5 Pichia pastoris X-33 22.8 6 [33]

CmCut1 Cryptococcus magnus WT 21 40 7.5 C12 * [27]

PaE Pseudozyma
antarctica DM067526 Saccharomyces

cerevisiae 20.4 40 9.5 ~220 U/mg t1/2 (40 ◦C) = ~1 h [17]

G. cingulata
cutinase Glomerella cingulata AF444194 Pichia pastoris X-33 25 25 8 C8 [50]

Tr cutinase Trichoderma reesei tre60489 v2.0 Trichoderma reesei 23.8 6 57 U/mg 80% act after 20 h at
50 ◦C or 1 h at 60 ◦C [18]

ScCut1 Sirococcus conigenus KF193402 Pichia pastoris X-33 20 4.7–5.2 1.7 mM C2 * t1/2 (55 ◦C) = 9.5 h
t1/2 (85 ◦C) = 25 min [34]

PCLE Paraphoma-related
strain AB823702 WT 19.7 45 7.2 ~13 U/mg C5 * [28]
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Table 1. Cont.

Name Origin Gene Accession
Number Host MW (kDa) Topt (◦C) pHopt pI Kinetics/Activity on

pNPB
pNP-Ester

Specificity (kcat/KM)
Thermostability
Half-Life (t1/2) Ref.

TtcutB Thielavia terrestris WT 27.3 55 4

983 U/mg
1.1 mM
0.85 s−1

0.77 s−1 mM−1

C4
t1/2 (70 ◦C) = 51 min
t1/2 (80 ◦C) = 49 min [25]

FoCut5a Fusarium oxysporum foqg_13916.1 E. coli BL21 (DE3) 23 40 8 7.9
0.7 mM

111.9 s−1

152.5 s−1 mM−1
C4

Deactivation after
2 h at 35 ◦C [21]

Acut1-6hp Arxula adeninivorans LN828946 A. adeninivorans G1212 21.6 20 5 66.1 U/mg
1.6 mM C6 * Stable at 25 ◦C for

2 h [19]

Acut2-6hp Arxula adeninivorans LN828947 A. adeninivorans G1212 21.6 30 5 1747 U/mg
1.5 mM C6 * Stable at 40 ◦C for

2 h [19]

Acut3-6hp Arxula adeninivorans LN828948 A. adeninivorans G1212 29.2 30 5.5 1251 U/mg
1.9 mM C4 * Stable at 50 ◦C for

4 h [19]

ANCUT2 Aspergillus nidulans ABF50887
(protein) WT 29 60 9 5.05 ~350 U/mg C2 * 60% act after 1 h at

60 ◦C [30]

McCut Malbranchea
cinnamomea KY568910.1 Pichia pastoris GS115 21.9 45 8

1147.9 U/mg
0.66 mM
0.46 s−1

0.70 s−1 mM−1

C6
t1/2 (80 ◦C) = 92 min
t1/2 (85 ◦C) = 67 min [51]

MtCUT Myceliophthora
thermophila XP_003663956.1 Pichia pastoris KM71H 23.4 30 8.5 2.34 mM C4

Stable at 25 ◦C for 20
min [52]

* Based on specific activity (U/mg) measurements and not kcat/KM.
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Contrary to true lipases, most cutinases do not have a lid covering their active site, resulting in
the nucleophilic serine being exposed to the solvent. An exception is a cutinase-like enzyme from
T. reesei, which has a lid that covers the active site residues, and which is formed by two N-terminal
helices. The location of the lid differs from the one observed in lipases [18]. FsC active site has been
shown to display relative flexibility, which is related to its ability to harbor a variety of substrates [37].
Both fungal and bacterial cutinases share a similar overall α/β fold; however, bacterial ones are in
general larger than their fungal counterparts. Most differences among bacterial and fungal cutinases
are observed in the N- and C-terminal regions [38]. In addition, while most bacterial cutinases have
one disulphide (DS) bond, fungal cutinases feature 2–3 DS bonds (Figure 2A,B).

Table 2. Available crystal structures of fungal and bacterial cutinases.

No PDB ID Microorganism Reference

Fungal
cutinases

1 1CUS Fusarium solani pisi [35]
2 2CZQ Cryptococcus sp. [53]
3 3DCN Glomerella cingulata [54]
4 3GBS Aspergillus oryzae [47]
5 4OYY Humicola insolens [55]
6 4PSC Trichoderma reesei [18]
7 5AJH Fusarium oxysporum [21]
8 5X88 Malbranchea cinnamomea [51]

Bacterial
cutinases

1 3VIS Thermobifida alba [56]
2 4EBO Leaf branch compost bacterial cutinase [57]
3 4CG1 Thermobifida fusca [38]
4 4WFI Saccharomonospora viridis [58]
5 5LUI Thermobifida cellulosilytica (Thc_Cut1) [59]
6 5LUJ T. cellulosilytica (Thc_Cut2) [59]
7 5XG0 Ideonella sakaiensis [39]

3.1. Structural Determinants of Cutinase Stability

Due to the industrial relevance of cutinases, a lot of effort has been attributed to the identification
of the structural elements that influence the stability of these enzymes against temperature, pH,
and organic solvents, with the aim to engineer more robust biocatalysts. The degradation of rigid
polymers has to be performed at or over their glass transition temperature (Tg), which in the case
of poly(ethylene terephthalate) (PET) is 70 ◦C. It is thus obvious that thermostable cutinases are
required for industrial applications. A comparative analysis of two highly homologous T. fusca
cutinases that differ in terms of structural stability, showed that the latter is determined by various
parameters, such as the occurrence of solvent-accessible hydrophobic residues, the surface charge
distribution, and the compactness of the protein [60]. Cutinases with increased thermostability have
been successfully engineered through the introduction of proline residues in loop regions [23] that carry
the catalytic amino acids. The increased thermostability of cutinase from Malbranchea cinnamomea has
been attributed to the natural occurrence of an increased number of proline residues in the loop regions
of its structure [51]. In the case of A. oryzae cutinase (AoC), its thermostability was improved by using
a rational design approach. The introduction of proline residues and surface salt bridges as well as the
modification of surface charges resulted in mutants with increased melting temperature (Tm). However,
most variants lost their activity at temperatures well below the thermal unfolding temperature, due
to an earlier active site denaturation. Consequently, further research has to be performed in order to
design thermostable variants that maintain their activities at elevated temperatures [61].

The DS bond, which is observed only in bacterial cutinases (DS1, Figure 2B) anchors the
C-terminal to the central region of the enzymes. This bond has been shown to contribute to
the thermodynamic and kinetic stability of leaf-branch compost metagenome-derived cutinase
(LC-cutinase with PET-degrading activity [57]. In addition, the higher thermotolerance of AoC,
when compared to its fungal counterpart, FsC, has been attributed to an additional DS bond, which is
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unique for the cutinases from the Aspergillus family [47]. The thermostability of many bacterial
cutinases has also been attributed to the presence of calcium ions [57,58]. Based on the available
structural data, these ions are not prosthetic groups of the active site, nor do they actively participate
in the hydrolytic reaction. Est119 from Themobifida alba was significantly stabilized by calcium ions
bound on the protein surface, without affecting its secondary structure [32]. The only cutinase whose
structure is significantly altered upon calcium binding is Cut190 from Saccharomonospora viridis. Its
calcium-bound crystal structure revealed that the occurrence of calcium ions not only reduces the
mobility of flexible regions, but it also stabilizes an open conformation of the active site, allowing
the substrate to bind easily [58]. Recently, it was also demonstrated that the presence of calcium ions
accelerated the opening of substrate binding pocket, allowing for the fast release of the substrate
hydrolysis products and the binding of a new substrate molecule [62].

3.2. Structural Determinants of Cutinase Activity

Many studies have attempted to relate the substrate preferences of cutinases to their structural
characteristics, with the aim to engineer biocatalysts of desired properties. The varying hydrolytic
efficiency of cutinases against different polymers has been attributed to their distinct electrostatic and
hydrophobic surface properties [41,59]. Two highly homologous Thermobifida cellulosilytica cutinases,
Thc_Cut1 and Thc_Cut2, which differ significantly in their capacity to degrade PET, allowed for the
examination of how surface amino acids affect cutinase function. In specific, Thc_Cut2, which displays
significantly lower PET degrading ability than Thc_Cut1, was mutated based on the nature of amino
acids occurring on Thc_Cut1 surface. It was shown that an exchange of a positively charged residue by
a non-charged amino acid strongly increased the activity of Thc_Cut2 against the PET model substrate
bis(benzoyloxyethyl) terephthalate (3PET) and PET. In addition, the exchange of uncharged Gln to
negatively charged Glu led to a complete loss of activity on PET films [63], underlying the importance
of surface charge properties for the functionality of cutinases. The same effect was observed for the
hydrolysis of the aliphatic polyester poly(lactic acid) (PLLA) by T. cellulosilytica cutinases [59].

Ideonella sakaiensis 201-F6 is a recently discovered bacterium with the unique capacity to use
PET as a carbon and an energy source [64]. This bacterium secretes a PET-hydrolyzing enzyme,
which exhibits high homology to cutinases. However, it has been categorized into a novel family
of enzymes, named PETases, because of its increased PET-degrading capacity, and its lower activity
against aliphatic esters, which constitute preferred substrates for cutinases and lipases. Since the
discovery of this enzyme, many groups have performed structural studies in order to determine the
structural characteristics that contribute to its increased PET degrading capacity [39,65–67]. According
to their findings, PETase adopts a classical α/β hydrolase fold, with a core consisting of eight β-strands
and six α-helices (Figure 2C). Its closest structural homolog is T. fusca cutinase [38]. PETase has a
highly polarized surface charge, whereas cutinases display patches of negative and positive charges,
resulting in a more neutral pI. In addition, it has a wider substrate binding groove compared to
cutinases. Since the majority of amino acids forming the substrate binding groove are conserved
among homologous enzymes, this difference has been attributed to different factors, among which
is the increased mobility of a conserved tryptophan residue, which is only observed in the PETase
structure [68]. A neighboring serine (which corresponds to histidine in homologous structures) allows
for the increased mobility of this tryptophan, which is crucial for substrate binding. In addition,
PETases have two DS bonds, contrary to homologous enzymes that feature only one conserved DS
bond (Figure 2B,C). The additional DS bond in PETases links two loops that harbor the catalytic
base and catalytic acid respectively. One of these loops, the one harboring the catalytic base, named
β8-α6 loop, is longer in PETases. It has been suggested that the additional DS bond is required to
maintain the catalytic triad, and the extended loop to their functional locations [68]. In addition, a
PETase variant without this DS bond had a significantly higher Tm compared to WT (46.8 vs 33.6 ◦C),
indicating the importance of this bond for the thermostability of the enzyme [65]. Based on the
architecture of cutinase active site, Austin et al. mutated two residues in order to create a narrower
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cleft, while mutated the flexible tryptophan residue to alanine [67]. Contrary to what was anticipated,
the mutated enzyme outperformed the WT in the degradation of semi-aromatic polyesters, such as PET.
The aforementioned structural studies will pave the way towards the successful protein engineering of
enzymes with enhanced activity and stability for PET degradation applications.

4. Improving the Heat and Operational Stability of Cutinases

As already mentioned above (Section 3.1), stability, and especially heat stability, is a very important
feature for a biocatalyst. This property is highly appreciated for industrial applications, where enzymes
are expected to work extensively at temperatures of around 50 ◦C [69]. Furthermore, heat tolerance is
positively associated with other kinds of protein stability, such as tolerance in organic solvents [70],
which is also an important property for cutinases that are utilized for synthetic chemistry applications.
There are only a few heat-stable cutinases characterized so far, and they all originate from thermophilic
microorganisms, such as T. fusca [43], H. insolens [49], and M. cinnamomea [51] (Table 1). Nevertheless,
not all cutinases from thermophilic sources have proven to be thermostable, for example, MtCUT
from M. thermophila [52]. Due to the above, several efforts have been made to increase the heat and
operational stability of cutinases using molecular biology or immobilization tools.

4.1. Host Selection and Protein Engineering Techniques

Selection of a suitable heterologous host is a first step for the proper expression of a functional
and stable protein. Nikolaivits et al. studied the effect of the bacterial host (E. coli BL21 and Origami 2),
along with the localization of the protein folding (cytoplasmic and periplasmic) for the expression of
a more thermostable F. oxysporum cutinase [22]. A 3-fold increase of thermostability was observed
at 35 ◦C for the cytoplasmic product of the Origami strain, compared to the respective one of the
BL21 strain. In the case of G. cingulata cutinase, a 2.7-fold increase of stability at 35 ◦C was observed
when it was expressed in a eukaryotic host like P. pastoris [50], instead of E. coli Origami B [71].
P. pastoris has been indeed proven to be a proper host for the expression of fungal cutinases, such as
in the case of T. terrestris, which showed a 3 ◦C higher Tm compared to when it was expressed
in E. coli DH5α [72]. The higher thermotolerance was attributed to the glycosylation modification
occurring in the eukaryotic host. The theory that glycosylated proteins are more heat-stable than
their non-glycosylated variants was further verified, when a bacterial cutinase (LC-cutinase) was
expressed in P. pastoris, in order to produce a glycosylated variant that exhibited an 10 ◦C increase
in its thermally induced aggregation temperature [73]. The effect of glycosylation was also verified
through the engineering of a glycosylation site on A. oryzae cutinase (AoC), resulting in a 4-fold higher
t1/2 at 61 ◦C compared to the WT analogue [74].

Protein engineering techniques have also been applied in order to increase the thermostability of
cutinases. G. cingulata single mutants aiming at the removal of an asparagine prone to deamination [71]
and in increasing the rigidity of the structure [75], led to enhanced thermostability. TfCut2 from T. fusca
has been shown to increase its Tm by 13 ◦C, through the addition of 10 mM Ca2+ [76]. The binding
site of calcium cations on the cutinase structure was identified and altered, so that a single mutant
was created with no need of dication for its increased thermostability, leading to a 15 ◦C higher Tm

compared to WT. Shirke et al. performed a mutational analysis on AoC, testing various types of
mutations and their effects on thermostabilization and activity [61]. A septuple mutant with 6 ◦C
higher Tm than the WT AoC was managed to be created, exhibiting a 13-fold higher t1/2 at 60 ◦C.

4.2. Immobilization

The utilization of an immobilized biocatalyst presents many advantages for industrial applications.
The most important is the increase of the operational stability, and hence the reusability of the
biocatalyst, which reduces the cost of an industrial process. There are several immobilization methods
on various types of solid supports that are achieved by adsorption, entrapment, and non-covalent and
covalent binding [77]. The immobilization of enzymes may affect properties other than their stability,
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namely, activity, specificity, or selectivity. These changes can sometimes be associated with alterations
in the enzyme structure, but could also be an outcome of incidental enzyme modifications, that are
only beneficial for a specific type of reaction. Immobilization is a multiparametric process, and it is not
easy to predict whether the resulting biocatalyst will be suitable for a particular application [78,79].

F. solani cutinase FsC has been immobilized on a triazine-based affinity ligand, which was
synthesized in agarose. The immobilized catalyst showed an impressive 57-fold increase of t1/2
at 60 ◦C, compared to the free enzyme [80]. Another Fusarium cutinase adsorbed onto chemically
modified gold nanoparticles was used for river and tap water detoxification, with the ability to be
reused up to five times [81]. Su et al. studied the immobilization of three cutinases from A. oryzae,
H. insolens, and T. terrestris through adsorption on a commercial macroporous support (Lewatit
VP OC 1600) [82]. The immobilized enzymes showed increased optimal temperatures of 75 ◦C,
and superior thermostability (stable at 70 ◦C for 1 h) with regard to their free forms. Kumari et
al. synthesized a chitosan-co-chitin polymer grafted with polyacrylamide for the adsorption of an
Aspergillus sp. cutinase [83]. The immobilized catalyst showed an increase in Topt by 10 ◦C, and a
2-fold higher t1/2 at 40 ◦C. Thc_Cut1 from T. cellulosilytica was ionically bound to Fe(III)-activated
carriers taking advantage of its His-tag. The catalyst was capable of being reused up to three
times for the synthesis of polybutylene adipate oligomers [84]. Other than chemically synthesized
materials, there are some reports of naturally-occurring polysaccharides that have been utilized as
immobilization supports. Cutinase from a Fusarium strain has been immobilized on pectin and chitosan.
Non-covalent immobilization on pectin resulted in a biocatalyst with 1.4-fold higher t1/2 at 40 ◦C [85].
Both non-covalent and covalent binding on chitosan were studied, leading to more thermostable
biocatalysts, with higher increases for the covalently bound cutinase [86]. T. fusca cutinases have
also been covalently immobilized on glutaraldehyde-activated chitosan beads, exhibiting increased
thermostability at 55 ◦C [87]. Cationic lignin nanospheres have been used for the adsorption of H.
insolens cutinase (HiC), and they were further entrapped in sodium alginate beads [88]. The resulting
catalyst could be used a few times for the synthesis of butyl butyrate, and its t1/2 under the specific
reaction conditions was higher compared to the literature.

Carrier-free immobilization procedures by the cross-linking of proteins have proven to be
a cheaper alternative, since the high cost of carriers is circumvented [77]. Cross-linked enzyme
aggregates (CLEAs) are usually prepared by the cross-linking of precipitated enzyme preparations
using glutaraldehyde. An example carried out by Chaudhari and Singhal [89] was performed to reduce
the overall cost of creating a stable biocatalyst. Watermelon rinds were utilized both as an energy source
and an inducer of cutinase activity from Fusarium sp., and the culture broth was directly immobilized
by CLEAs methodology. Cut-CLEA presented a higher Topt by 10 ◦C, and retained its activity at
60 ◦C after 1 h, while the free enzyme was stable up to 40 ◦C. Furthermore, the immobilized cutinase
increased its stability in organic solvents, and especially in polar ones. A recombinant F. oxysporum
cutinase was also immobilized following CLEA methodology using the crude intracellular fraction of
the E.coli host [90]. Its thermostability increased 3-fold at 35 ◦C, and it could be reused for the synthesis
of butyl butyrate up to four times, with less than 50% reduction of yield.

5. Environmental Biocatalysis

Biodegradation constitutes an eco-friendly and economic approach for polymer waste
management, and it is gaining ground as a viable remediation process for industrial applications.
Cutinases have prevailed in terms of polyester treatments. In this respect, a better understanding of
the enzyme–substrate binding interactions and the enzyme mode of action is essential for the purpose
of engineering cutinases with enhanced activities, and for developing polymer modification strategies.

5.1. Plastics Degradation

Plastics comprise polymeric materials of significant interest, due to their features, such as
low cost, light weight, satisfactory mechanical and thermal properties, and ease in processing and
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manufacture [91]. Therefore, plastics play a predominant role in our everyday life, spanning several
application areas, from packaging, furnishing and transportation, to agriculture and the textile
industry [92–95]. However, concerns have arisen pertaining to the environmental impact of the
accumulating disposed waste that will ensue when the lifecycle of plastic products comes to an end.
Based on current production and waste management trends, it has been estimated that approximately
12,000 Mt of plastic waste will end up in landfills or the in natural environment by 2050 [96]. Due to
their high recalcitrance, the development of degradation strategies is rendered imperative. Considering
the aforementioned prediction, biocatalytic degradation constitutes a promising, eco-friendly,
and economical waste management approach, since chemical depolymerization requires toxic
chemicals and high temperatures [97]. To date, cutinases and their homologues are potential tools
towards polymer degradation, since they have been reported to hydrolyze a variety of polymeric
substrates, such as poly(butylene succinate) (PBS), polycaprolactone (PCL), and PET. Such examples
have been recapitulated previously [98]. Below, the most recent cutinase depolymerization paradigms
are epitomized.

5.1.1. Degradation of Succinate Polyesters

PBS is a thermoplastic polymer that exhibits balanced mechanical properties and satisfactory
thermal processability, whereas its biodegradability can be regulated through copolymerization. PBS
finds numerous applications in industries, ranging from packaging to biomaterials. Hydrolysis of
PBS films was actuated by the use of a recombinant cutinase from F. solani with achieved weight
loss in the vicinity of approximately 80–90%, depending on the polymer molecular weight, after 48 h
of incubation at 37 ◦C [99]. The same scientific group prepared PBS blends with microcrystalline
cellulose and cellulose acetate, and achieved 85% weight loss after 4 h of enzymatic reaction at
37 ◦C [100]. Bai and coworkers studied the enzymatic degradation of poly(ethylene succinate) (PES),
PBS, and poly(hexylene succinate) (PHS) by a F. solani cutinase [101]. Depending on the hydroxyl
monomer of each polymer, the distance between the ester bonds differed in each case. Cutinase
demonstrated a preference for hydrolysis in the order of PHS > PBS > PES, with weight losses of 88, 76,
and 60% after 4 h, and 100, 98, and 95% after 12 h at 37 ◦C, respectively. Moreover, a crude cutinase-like
enzyme of yeast Pseudozyma antarctica has been reported to completely degrade polybutylene
succinate-co-adipate (PBSA) film in 3 h at 30 ◦C, PBS, and poly(butylene adipate-co-terephthalate) in
24 h [102]. The production of this enzyme was stimulated by the use of xylose as a carbon source in a
fed batch bioreactor.

5.1.2. Degradation of PCL

PCL is a thermoplastic aliphatic polyester with tunable mechanical properties and ease in
manufacturing. Because of its biocompatibility, PCL is used in various biomedical applications.
An extracellular cutinase of Pseudozyma japonica sp. nov. hydrolyzed PCL films by 93% at 15 days [103],
while a cutinase from Aspergillus fumigatus achieved complete PCL degradation, presenting promising
results for both biosynthesis and biodegradation [104]. Another group suggested the hydrolysis of PCL
films by Bacillus sp. isolated from plastics waste water, exhibiting cutinase activity, where a weight
loss of 77% was achieved at 30 ◦C for 10 days of incubation [105]. Yang et al. reported the hydrolysis
of PCL by a cutinase from M. thermophila (MtCUT), achieving a weight loss of 79% in 36 h [52].

5.1.3. Degradation of PET

PET is one of the most commonly used commodity polymers, and current research has
focused on its post-consumer recycling strategies to decrease the discharged waste in the ecosystem.
The degradation process depends on parameters such as the reaction temperature, the polymer’s
particle size and crystallinity, and the inhibition that the hydrolysis products may cause.

The cutinase Thc_Cut1 was examined for the hydrolysis of PET moieties in polymer blends
originating from commercial bottles and packaging materials [106]. The hydrolysis of polymer blends
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met a 9-fold increase compared to pure PET with higher crystallinity. During this investigation, a
10-fold increase of hydrolysis products was noted when the temperature shifted from 40 ◦C to 60 ◦C.
Furthermore, smaller particle size PET was hydrolyzed to a higher extent, while semi-crystalline
PET from bottles exhibited a 2-fold degradation (24%), as opposed to powdered amorphous PET.
Hydrolysis product bis(2-hydroxyethyl) terephthalate (BHET) seemed to inhibit further PET hydrolysis.
Thereby, a balanced strategy must be developed in order to reach the most favorable outcome in terms
of polymer degradation yield, environmental footprint, and process cost. Cutinase Thc_Cut1 has also
been tested on PET hydrolysis in combination with sonication treatment. The ultrasound-enhanced
enzymatic process led to a 6.6-fold increase of the released degradation products compared to the
untreated PET, whereas extended sonication times led to partial enzyme inactivation. An increase of
crystalline percentage (28%) in PET powder and films resulted in lower hydrolysis yields [107].

Semi-crystalline PET exhibits a high Tm, which is inhibitive for enzyme activity, because of its
aromatic building block unit, terephthalic acid. Enzymatic hydrolysis would prove feasible when
occurring near the Tg (over 70 ◦C); at this temperature, the chains in the amorphous regions obtain
flexibility [108]. Remarkably, however, I. sakaiensis PETase has been demonstrated to degrade PET
at 30 ◦C, while it has exhibited a preference for PET to aliphatic esters, rendering it an aromatic
polyesterase. This mesophilic enzyme exhibited 6–120-fold higher activity against PET films compared
to the three holomogues: TfH from a thermophilic actinomycete, LC-cutinase, and FsC [64]. PETase
has also presented enhanced activity against commercial bottle–grade PET. Fecker and coworkers
demonstrated that the enzyme active site presents higher flexibility at room temperature, attributable
to a novel disulfide bond that stabilizes the catalytic triad [66].

PET depolymerization leads to the corresponding building blocks, usually including
mono(2-hydroxyethyl) terephthalate (MHET), which has been reported to inhibit the enzyme
activity [109]. In this respect, it is reported in the literature that PET treatment in monoethylene
glycol solvent with HiC promotes BHET synthesis as the main depolymerization product. BHET,
which is typically produced chemically at high temperatures, can be processed further in a posterior
stage for PET synthesis anew, reassessing the cost and environmental footprint of the procedure [110].
It was subsequently evidenced that PET treatment in ethylene glycol/buffer media with the same
biocatalyst provides tunability towards adjunct PET depolymerization products [111].

5.1.4. Degradation of Polyethylene Furanoate

Recently, polyethylene furanoate (PEF), consisting of sugar-derived 2,5-furandicarboxylic acid
(FDCA) as a building block, has emerged as a biobased polymer. This polymer exhibits improved
mechanical and gas barrier properties in comparison to PET, and thus it has raised industrial interest.
The depolymerization of PEF powders with different molecular masses, crystallinities, and particle
sizes has been reported, using cutinase Thc_cut1 [112]. It was shown that amorphous particles of lower
molecular mass are hydrolyzed faster and to a greater extent compared to high molecular weight
and crystalline ones. Amorphous PEF films were completely degraded to FDCA and water-soluble
oligomers by HiC cutinase, whereas Thc_cut1 resulted in up to 55% hydrolysis under the same reaction
conditions. In a following step, the degradation of amorphous and crystalline PEF and PET films by
Thc_cut1 and HiC was examined [113]. PEF films were hydrolyzed to a greater extent, while it was
confirmed that enzymatic hydrolysis was conversely affected by the increase of the crystallinity of the
tested material.

5.1.5. Degradation of Other Synthetic Polymers

Polyurethanes are synthetic polymers that are used in numerous sectors such as in the production
of foams, adhesives, and coatings. According to the literature, cutinase treatment has been attempted
for the degradation of polyester polyurethanes [114]. A LC-cutinase caused a 4–5% weight loss for
Elastollan B85A-10 and C85A-10 within 200 h at 70 ◦C.
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Thermosetting polymers exhibit high strength and stability at high temperatures; therefore,
they are applied in automotive, furniture, and building industries, and in other fields. Hou and
coworkers pinpoint the enzymatic degradation of ring opening metathesis polymerization (ROMPR)
thermosetting materials, incorporated with acetal ester groups in the crosslinking moiety, catalyzed
by Thc_Cut1 cutinase from T. cellulosilytica [115]. The insoluble cross-linked materials were treated
enzymatically, and they became completely soluble in dichloromethane. Thc_Cut1 efficiently degrades
the acetal-ester crosslinks, converting the insoluble crosslinked ROMP thermosetting materials into
linear, soluble polymers under mild reaction conditions.

Another study describes the hydrolysis of poly(oxyethylene terephthalate) (PET-PEO) by an
enzyme mixture of an esterase and a cutinase from Pseudomonas pseudoalcaligenes, and a lipase from
Pseudomonas pelagia, in order to facilitate further degradation of the material in wastewater treatment
plants (WWTP) [116]. It is common to introduce polymers with polyoxyethylene chains in order
to regulate their characteristics, such as crystallinity, glass-transition temperature, flexibility, water
solubility, and adsorption onto hydrophilic surfaces. The hydrolase mixture depolymerized PET–PEO
to an extent. and maintained an activity of up to 50% when temperature was decreased from 28 to
15 ◦C, in order to mimic WWTP conditions. Microorganisms that express such enzymes could prove
to be an indispensable tool for the biological treatment of wastewater containing synthetic polymers;
however, they are far from a panacea, since hydrolysis products may cause enzyme inhibition, and such
issues must be handled.

5.2. Engineering Cutinase Depolymerization Activity

Enzymatic depolymerization constitutes a promising process for the treatment of post-used
synthetic polyesters that otherwise accumulate in the ecosystem, due to their usage in a plethora
of applications. The key challenge of enzymatic degradation of synthetic polyester materials is the
engineering of novel enzymes, through protein engineering routes, with enhanced thermal stability or
tuned specificity that is designed to address different polymeric substrates.

Cutinase adsorption onto polyester surfaces could be improved by the presence of exogenous
binding modules, such as small hydrophobic proteins, termed hydrophobins, which are secreted
by filamentous fungi. Hydrophobins consist of eight cysteine residues, which are responsible for
adsorption onto hydrophobic surfaces [117]. In an attempt to increase cutinase activity, class II
hydrophobins HFB4 and HFB7 from Trichoderma spp. were covalently fused to cutinase Thc_Cut1,
achieving a 16-fold increase of the produced products from PET hydrolysis, in comparison to the
free enzyme [118]. Other studies have focused on the structural elucidation of the cooperative ionic
interaction between hydrophobin RodA and polyesterase CutL1 of fungus A. nidulans towards sorption
onto PBSA surface [119–121].

In another approach, cutinase Thc_Cut1 was fused with two different binding modules to
improve sorption on polymer substrate ensuing hydrolysis [122]. The binding domains derived
from cellobiohydrolase I from Hypocrea jecorina (carbohydrate binding module, CBM) and from
polyhydroxyalkanoate depolymerase from Alcaligenes faecalis (polyhydroxyalkanoate binding module,
PBM), manifest a common interaction mechanism involving hydrophobic interactions via tryptophan
residues. The fusion enzymes demonstrated improved hydrolysis activity towards PET, however,
presented a different pattern regarding the acquired degradation products.

Furthermore, the synthesis of variants through mutation routes has proven to be of paramount
importance for the activity enhancement of cutinases, as hydrolytic tools that target plastic
depolymerization. Wei and coworkers reported the production of two variants from cutinase Tf Cut2,
G62A and G62A/I213S, that elicited more than 42% weight loss of PET films after 50 h at 65 ◦C,
corresponding to a 2.7-fold increase of enzyme activity compared to the WT [123]. This is elucidated
by the fact that Tf Cut2 variants were less inhibited by MHET, compared to the WT. Mutational
analysis of a cutinase from the thermophile S. viridis showed that the substitution of Ser226 with Pro
for increased structural rigidity, and that the substitution of Arg228 with neutral Ser, as well as the
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addition of Ca2+, improved the enzyme’s activity and thermostability, based on a PBSA hydrolysis
assay [124]. The variant displayed activity on the polyester–agar plates, including PBSA, PBS, PCL,
aliphatic-co-aromatic polyester Ecoflex®, PHB, poly(D-lactic acid) (PDLA), and poly(L-lactic acid)
(PLLA). Hydrolysis of amorphous PET at 63 ◦C resulted in a weight loss of 14%, whereas the hydrolytic
effect was almost twice that for PET package material. In the study of Zhang et al., a cutinase–CBMCenA

fusion protein was genetically modified in the binding sites of the CBM [125]. Mutants W68L and
W68Y showed 1.5-fold increased binding and catalytic efficiency toward PET fibers in contrast to
the native enzyme, which is possibly attributed to the formation of hydrogen bonds or hydrophobic
interactions between the cutinase and the PET substrate.

Austin and coworkers reported that changes in the active site of I. sakaiensis PETase pertinent
to T. fusca cutinase architecture improved its degradation capacity towards PET [67]. The PETase
variant was employed for the degradation of PET of higher crystallinity (~15%, bottle-grade) and PEF.
An I. sakaiensis PETase mutant was also constructed by substituting Arg280 into a small hydrophobic
residue, achieving enhanced PET degradation ability by 22% and 32% in 18 h and 36 h, compared to
the WT [65]. Another group observed activity increments against bottle-grade PET, due to mutations
that enlarged the substrate binding site or that increased the aromaticity on the edge of the binding
pocket [126]. On the contrary, the same study showed that a series of mutations targeting the substrate
binding pockets, the catalytic residues, as well as the residues involved in stabilizing the rigidity of the
active site, decreased or even extirpated the enzyme activity.

5.3. Effect of Medium Components and Synergistic Interaction in Cutinase Depolymerase Activity

Apart from protein engineering approaches, a strategy to improve enzyme thermostability or/and
enzyme activity is the addition of metal ions to the corresponding binding sites of the enzyme, in
order to prevent unfolding of the catalytic site at higher temperatures. Then and coworkers reported
that cutinase Tf Cut2 from T. fusca in the presence of 10 mM Ca2+ or Mg2+ exhibited ameliorated
thermostability and PET degradation, with weight losses of up to 13% for a 48 h reaction time,
while the three cation-binding residues were identified [76]. Accordingly, in the study of Suzuki et al.
the presence of Ca2+ increased by 3-fold the activity of Paraphoma-related fungus cutinase-like enzyme
against emulsified PBSA, as opposed to Mg2+ [28]. A recombinant F. solani cutinase showed increased
activity towards PBS hydrolysis in the presence of 10 mM K+ and Na+, whereas the addition of Zn2+,
Fe2+, Mn2+, and Co2+ led to impaired enzyme effectiveness [127].

The biocatalytic depolymerization of post-consumer polymeric materials as a recycling route, is a
promising “green” approach. However, the resultant degradation products, such as BHET, MHET,
or ethylene glycol, can render an inhibitory factor for enzyme hydrolytic performance [109,128].
To this respect, the synergistic action of Candida antarctica lipase B (CALB) and HiC was investigated,
and an 8-fold increase in conversion of amorphous PET films to terephthalic acid was achieved,
compared to single HiC activity [129]. This protein mixture is also suggested for PET bottle film
hydrolysis, achieving a 2.2-fold increase in the product titers, as opposed to each of the two enzymes
when used alone [130]. A cutinase variant from T. fusca, TfCa was utilized in combination with a
metagenome-derived LC-cutinase for PET film degradation [131]. TfCa was immobilized on SulfoLink
resin to increase its thermostability. The dual enzyme system led to a 2.4-fold higher production of
degradation moieties compared to a cutinase from T. fusca, TfCut2, while TfCa in the protein mix led
to impaired inhibitory MHET concentration in the hydrolysis products.

An alternative study justified that the hydrolytic activity of LC-cutinase from a compost
metagenome, and Tf Cut2 from T. fusca KW3 depended on the type, strength, and molarity of the
reaction medium [132]. Sodium phosphate buffer seemed to provide pH stabilization for the reaction,
while a buffer at a concentration of over 0.7 M obtained the highest initial hydrolysis rates. On the
contrary, 3-(N-morpholino)propanesulfonic acid (MOPS) and tris(hydroxymethyl)aminomethane (Tris)
buffers diminished cutinase activity, with MOPS eliciting stronger inhibition, according to the Ki

values and the average binding energies.
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5.4. Other Bioremediation Applications

The hydrolytic activity of cutinases against a wide spectrum of substrates with varying molecular
weights has rendered this class of enzymes as useful biocatalysts for the degradation of compounds
other than polymers. This activity can be used to cleave any ester bond-containing pollutant, and it
can be applied in the deinking of paper, and the degradation of phthalate esters and toxins.

Deinking is a part of the printed paper recycling process, and it concerns the removal of printing
ink from the paper pulp fibers. This process is performed industrially through harsh alkali treatment
(NaOH, Na2SiO3, EDTA, H2O2), thus creating harmful wastewaters. An alternative to chemical
deinking is the use of enzymes, most commonly cellulases, hemicellulases, and laccases [133].
Cutinases could be used in this process, due to their ability to hydrolyze the ester bonds in
natural/synthetic resins, and polyesters used in ink vehicles hydrolyze the triglycerides in vegetable
oil-based inks and deacetylate polyvinyl acetate (PVAc), an adhesive that is used in paper-making and
in synthetic toner or ink. Wang et al. used biodegradable surfactants and compared the traditional
chemical treatment with the enzymatic treatment of office wastepaper consisting of laser-printed and
photocopied paper [134]. Alkaline treatment resulted in 92% ink removal and 90.5% ISO brightness.
When cutinase from T. fusca (10 U/g) was applied for 30 min in neutral pH and 50 ◦C, 91% ink removal
and 91.6% ISO brightness were achieved. Cutinase, in combination with amylase (5 U/g), led to better
results than alkali treatment (92.6% ink removal and 92.2% ISO brightness). Furthermore, tensile and
tear indexes properties of the resulting deinked pulp were better in the case of the enzymatic treatment.
T. fusca cutinase has also been used for the deinking of old newspaper in comparison with FsC [135].
The two enzymes acted in different conditions (pH 8 and 60 ◦C for TfC; pH 8.5 and 35 ◦C for FsC) for
30 min, resulting in a deinked pulp with a brightness of close to 42%. This result was better than the one
obtained by commercial lipase (CrLIP from Candida rugosa) and by chemical treatment, but worse than
the aforementioned work of Wang et al. The cutinase from M. thermophila with confirmed activity on
PVAc was tested for the deinking of laser-printed paper and old newspaper [52]. Reactions with MtCUT
were conducted in pH 7.5 at 30 ◦C for 3 h, and they resulted in ink removal rates of close to 80% for
both types of paper. Liu and coworkers studied the efficiency of T. terrestris cutinase and Thermomyces
lanuginosus lipase for the deinking of laser-printed paper and newspaper pulps [136]. Researchers first
noticed that even though lipase had very low activity on PVAc, there seemed to be a synergistic effect
between the two enzymes. Thus, they created a chimeric lipase-cutinase enzyme through end-to-end
fusion via a linker peptide. This chimeric protein showed an even higher deacetylation efficiency of
PVAc. The deinking reaction took place at pH 8, 40 ◦C, and led to ink removal rates of 88%/85% and a
brightness of 59%/85% for laser-printed paper/newspaper, respectively. Furthermore, the enzymatic
degradation of poly(methyl acrylate) and poly(ethyl acrylate) by cutinases from H. insolens, F. solani,
and T. fusca has recently been indicated, since polyacrylates tend to accumulate during waste paper
recycling process, diminishing the quality of the recycled paper [137].

Phthalate esters are widely used chemicals in plastic manufacturing, and as additives in polyvinyl
chloride (PVC) materials, paints, lubricants, adhesives, and cosmetics, among others. They are
released into the environment through the wastewaters of industries, or by disposal of the products
containing them (e.g., children’s toys) and there are reports that show possible adverse health
effects in human health [138]. Cutinases can break the ester bond of these compounds as a first
step towards their bioremediation. Several studies have been performed that underline the ability
of a F. oxysporum cutinase to hydrolyze several phthalates, such as dipropyl [139], dibutyl [140],
dipentyl [141], dihexyl [142], butyl benzyl [143], and di(2-ethyl hexyl) [144] phthalates. Degradation
yields of over 60% were achieved in all cases in less than 7.5 h and the detected hydrolysis product
was the non-toxic 1,3-isobenzofurandione (phthalic anhydride). Zhang et al. studied the hydrolysis of
bis(2-ethyl hexyl)phthalate (DEHP), along with the adsorption of Pb(II) by a cutinase immobilized on
gold nanoparticles at 25 ◦C and pH 7.0 [81]. Removal yields were over 90% in 10 h, in which enzymatic
hydrolysis contributed over 80%.
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Cutinase detoxification of toxin-containing feed has also been described in two patents by
Novozymes AS [145,146]. One patent describes the use of cutinase for the hydrolysis of zearalenone,
which is produced by some Fusarium species. The hydrolysis of zearalenone reached 81% after 24 h
at 37 ◦C. The second patent is about the biotransformation of aflatoxin, which was degraded by
38% under the above-mentioned conditions at pH 7. These toxins contain one ester bond in their
structure, which is supposed to be hydrolyzed by cutinase enzymes. However, one important aspect
of this biotransformation is neglected, which is the determination of toxicity for the resulting products.
Another environmental application of cutinases in agriculture could be the hydrolysis of insecticides.
For example, the utilization of F. oxysporum cutinase for the degradation of organophosphate insecticide
malathion was studied [147]. Malathion is a diester of dutanedioic acid, and it is the most frequently
used organophosphate pesticide in the US. Cutinase could hydrolyze both ester bonds at 60% yields,
and finally produce the non-toxic malathion diacid after 2 days.

6. Superficial Functionalization of Polymers

Apart from enzymatic treatment in terms of plastic waste management, cutinases can also be
utilized for polymer functionalization, aiming at improved or altered final properties. Polymers such
as PET and PLA present intrinsic hydrophobicity and inertia, which can prove to be limiting for certain
applications. Enzymatic polymer functionalization is an eco-friendly and less invasive—to the bulk
material—approach towards the preparation of advanced products, since its limited surface hydrolysis
leads to the release of active end groups. These functional groups increase polymer hydrophilicity,
and they can subsequently be utilized for covalent binding to specific molecules, or enhanced adhesion
of other materials.

6.1. Surface Modification of PET

Polyester fabrics occupy a great part of the textile industry; nonetheless, their high level of
hydrophobicity is an impediment with regard to water permeability, the evaporation of sweat,
and dyeing with reactive dyes. The treatment of such materials with cutinases has proven to be
an eco-friendly procedure that aims at the increase of hydrophilicity through superficial modification,
while avoiding harsh chemicals and reducing energy consumption. In this respect, enzymatic
hydrolysis generates carboxylic and hydroxyl groups on the surface, due to ester bond cleavages,
without affecting the bulk properties of the polymer.

The surface hydrolysis of polyester fabrics by the recombinant cutinase Cut 190* from the
actinomycete S. viridis has been reported [148]. The increment of carboxyl end groups on the fiber
surface was detected with the cationic dye methylene blue, accomplishing the increase of the color
strength K/S by 25 and 28% for PET and Ecoface® fabrics, respectively. Furthermore, the enzymatically
treated fabrics showed a water capillary rise, while their mechanical properties were not affected.
To complement these results, our group performed a surface modification of PET fabrics with a
recombinant cutinase from F. oxysporum, achieving a K/S increase of 140 and 150%, after dyeing
with the reactive dyes Novacron Yellow and Novacron Deep Cherry S-D [149]. Enzymatic treatment
was carried out on the surface of the polymeric material, and as observed from X-ray photoelectron
spectroscopy (XPS) analysis, no obvious effect was observed on the tensile and thermal properties of
the modified fabrics. PET fabrics have also been treated by using a cutinase from T. fusca. The increased
hydrophilicity of the modified PET fabrics was justified by water contact angle and dye uptake
measurements of cationic Turquoise Blue and Brilliant Red dyes, reaching a 33% improved dyeing
efficacy [150]. Silva et al. investigated the surface hydrolysis of PET fabrics by two engineered
cutinases from T. fusca, a single and a double mutant. The first mutation created more space around the
active site, whereas the second mutation rendered the binding site more hydrophobic, and thus with
improved substrate attachment. PET modification with the cutinase variants revealed a higher rate of
TPA release in the reaction supernatant, and almost 2-fold enhanced colorization with the Reactive
Black 5, comparing to the WT enzymatic activity [151].
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A modification treatment catalyzed by a cutinase for a different application is described by
Vecchiato and coworkers. This group utilized four cutinase variants from T. cellulosilytica to achieve
surface activation of high modulus and low shrinkage poly(ethylene terephthalate) (HMLS-PET)
for further functionalization through the adhesion of a carcass rubber for tire reinforcement
applications [95]. Furthermore, the surface functionalization of amorphous PET foils, after treatment
with HiC or oxygen plasma is described in the literature [152]. Plasma activation resulted in 19%
higher release of carboxylic groups than the cutinase treatment. However, enzymatically hydrolyzed
PET foils remained stable after one month of storage, whereas in plasma-treated PET, no carboxyl
groups were detected, based on XPS analysis. In any case, the superficially hydrolyzed PET foils
demonstrated increased chitosan coating adhesion. Chitosan is a cationic polysaccharide with
antimicrobial properties, and such functionalized products could find potential applications in
packaging. PET modification routes aiming at different applications is depicted in Figure 3.
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6.2. Surface Modification of PLA

PLA is a sustainable, biocompatible, and biodegradable polyester that has been extensively
investigated for its application in food packaging, the textile industry, and biomedicine for drug
delivery and tissue engineering platforms [153–156]. Nevertheless, the lack of reactive groups on
the PLA surface obstructs further functionalization. The preparation of PLLA loaded with the
chemotherapeutic drug doxorubicin is reported, with its potential use in grafts, with an anticancer
effect. A hydrophilicity increase in PLLA films was noted, as a result of surface hydrolysis with
H. insolens cutinase [157]. The enzymatic treatment led to surface activation with the generation of
more carboxyl and hydroxyl groups, as a result of ester bond cleavages. Subsequently, the cationic
doxorubicin was loaded onto the treated films through ionic interactions, and desorption studies took
place. In another research report, the surface hydrolysis of PLA films is combined with coating of a
stearic alkene ketene dimer through the formation of β-ketoester bonds, producing superhydrophobic
materials for potential applications in microfluidics or biosensors [158].
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7. Cutinases as a Tool for Synthetic Chemistry

The discovery by Zaks and Klibanov in 1984 [159] that lipases can act in organic media and
catalyze transesterification reactions with enhanced thermostability changed the landscape in the field
of non-conventional biocatalysis. Since then, numerous reports for the synthetic activity of esterolytic
enzymes have been published.

Similar to lipases, cutinases can perform esterification, transesterification, and polycondensation
reactions in the absence of water. Due to their preference for short or medium chain-length substrates,
they have been widely utilized for the synthesis of flavor esters. Such esters commonly have chain
lengths of less than 10 carbon atoms, and they are used by the food, cosmetics and pharmaceutical
industries. Chemical synthesis can be cheap, but not environmentally friendly, since the reactions take
place at high temperatures of around 150–240 ◦C. Enzymatically, these compounds can be synthesized
by esterification or transesterification reactions of fatty acids, or of their esters and alcohols, in organic
solvents at temperatures of 25–50 ◦C. The mechanism of these reactions follows the Ping Pong Bi model,
and suffers from alcohol inhibition [160,161]. The yields for both types of reactions in non-conventional
media, such as isooctane or heptane, are high in most cases (>95%) [25,162]. The highest yields for butyl
butyrate synthesis have been achieved in isooctane by esterification using cutinase from M. cinnamonea
(McCut) (97%) [51], and by transesterification with cutinase from F. oxysporum (imFocut5a) (>99%) [90].
In both cases the reactions reached equilibrium in less than 6 h, but the amount of imFocut5a utilized
was almost 20 times lower than the one of McCut.

An alternative reaction system for the esterification of medium-chain esters by FsC was developed,
creating an oil-in-water mini-emulsion system consisting of 80% water, which led to yields of ca.
85% for the synthesis of hexyl octanoate (HxOc) after 24 h [163]. The same group, in order to
make the process feasible, tried to increase the final product concentration by keeping the substrate
concentration constant in a fed-batch mode for five days, yielding 1 M of HxOc. Furthermore,
the enzyme was reused in new 24 h reaction cycles (×4), after separating the aqueous phase from
the emulsion system, which led to a total product yield of 1.1 M. Sipponen at al., who used a novel
immobilization/entrapment technique for HiC, managed to increase the water:hexane ratio in their
reaction system from 1 to 9 for the synthesis of butyl butyrate [88]. The enzyme retained 70% of
its synthetic activity in the aqueous reaction system, leading to product yields of 52% after 24 h.
In addition, a biphasic system consisting of 80% water was utilized for the synthesis of tyrosyl fatty-acid
esters by an F. oxysporum cutinase in its free form [164]. The oil phase was a vinyl ester, which was
also the acyl donor for the reaction. Thermodynamic studies of the reaction system suggested that the
enzyme acted in the aqueous phase, which was saturated with the vinyl ester, and that the majority of
the produced tyrosyl ester was transferred into the oil phase, and was thus protected from potential
hydrolysis. The equilibrium of tyrosyl butyrate synthesis reaction in pH 7 was achieved after 4 h at
20 ◦C, and the conversion yield of tyrosol was ca. 61%.

When it comes to polycondensation reactions, literature abounds with Novozym® 435 (N435)
references. N435 is the commercially available lipase B from C. antarctica immobilized on acrylic resin,
which has been used for the synthesis of various polyesters, and even polyamides [165]. Cutinase-wise,
HiC has been the most used for various polycondensation reactions. Its chain length specificity
for the synthesis of polymers has been studied, and it has been shown that this cutinase prefers
longer chain lengths than other cutinases. For instance, when used for the homopolymerization
of ω-hydroxyalkanoic acids, it showed specificity for the C16 chain, while it could not polymerize
chains shorter than 12 carbon atoms [166]. The HiC-produced poly(hydroxyhexadecanoate) had a
molecular weight (Mn) of 40,400 g/mol, 1.6 times higher than the one produced by N435 (after 8 h
at 70 ◦C). The ability of cutinases from A. fumigatus and F. solani for ω-hydroxy-hexadecanoic acid
homopolymerization was also tested [104]. The products after 24 h reached Mn of approximately
25,000 g/mol for A. fumigatus cutinase (similar to N435), and 2300 g/mol for FsC. Moreover, HiC
has been used for ring-opening polycondensation reactions of lactones in bulk and toluene systems
at 70 ◦C. Toluene systems gave higher Mn for poly(ε-caprolactone) synthesis than bulk synthesis



Catalysts 2018, 8, 612 19 of 28

(24,900 and 16,000 g/mol, respectively) [167]. Other than ε-caprolactone, HiC can also polymerize
ω-pentadecalactone, showing similar Mn with N435; however, it could not convert β-butyrolactone
and L-lactide [168]. Finally, HiC has been used for the polycondensation of diacids and diols, with a
preference for longer chain-lengths, namely C8 for diols, and C13 for diacids, leading to a product with
Mn of 11,000 g/mol after 8 h [166]. Also, the activity of HiC on cyclodiol 1,4-cyclohexanedimethanol
has been studied with diacids of various chain-lengths (C4–C10) [167]. The highest Mn resulted from
the C10 diacid (19,000 g/mol), while for the rest, Mn was estimated to be lower than 5000 g/mol.
Thc_cut1 from T. cellulosilytica was used for the reaction of dimethyl adipate with 1,4-butanediol (BDO)
towards the formation of oligomers with an Mn of 985 g/mol [169], while HiC could polymerize adipic
acid and BDO with an Mn of 2700 g/mol [167]. Besides polyesters, cutinases have also been used for
the synthesis of polyamides. FsC was able to synthesize oligomers of aliphatic diamines (C4–C8) and
p-xylylenediamine with diethyl sebacate (C10), and also oligomers of 1,8-diaminooctane with dimethyl
teraphthelate [170,171].
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