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Abstract: Deep eutectic solvents (DESs) are an alternative to conventional organic solvents in various
biocatalytic reactions. Meanwhile, there have been few studies reporting on synthetic reactions in
DESs or DES-containing mixtures involving oxidoreductases. In this work, we have studied the
effects of several DESs based on betaine as the acceptor of hydrogen bonds on the catalytic activity and
stability of laccase from the basidial fungus Trametes hirsuta and performed enzymatic polymerization
of the flavonoid dihydroquercetin (DHQ, taxifolin) in a DES–buffer mixture containing 60 vol.%
of betaine-glycerol DES (molar ratio 1:2). The use of the laccase redox mediator TEMPO enabled
an increased yield of DHQ oligomers (oligoDHQ), with a number average molecular weight of
1800 g mol−1 and a polydispersity index of 1.09. The structure of the synthesized product was
studied using different physicochemical methods. NMR spectroscopy showed that oligoDHQ had a
linear structure with an average chain length of 6 monomers. A scheme for enzymatic polymerization
of DHQ in a DES–buffer mixture was also proposed.

Keywords: biocatalysis; deep eutectic solvents; laccase; dihydroquercetin oligomers; NMR

1. Introduction

The use of traditional organic solvents is often limited by their toxicity, explosiveness,
and negative impacts on the environment. In recent years, there has been a much greater
focus on non-toxic, non-volatile, biodegradable, and environmentally friendly solvents to
be used in chemical and biological reactions. In the 1990s, research on the replacement
of traditional organic solvents was mainly focused on the use of various ionic liquids
(ILs) [1–3]. However, the complexity of synthesis, high cost, and toxicity of ILs significantly
limit their use in industry [2,4].

In 2004, a new type of solvents named deep eutectic solvents (DESs), whose physico-
chemical properties are close to those of ILs, was described by Abbott et al. [5]. Typically,
DESs are obtained using the thermal mixing procedure with two components, hydrogen
bond donors (HBDs) and hydrogen bond acceptors (HBAs), which results in a eutectic
phase with a melting point lower than those of the individual components [5–8]. Choline
chloride, choline dihydrogen citrate, betaine, and methyltriphenylphosphonium bromide
are mainly used as HBAs; urea, glycerol, malonic acid, lactic acid, ethylene glycol, and
xylitol are mainly used as HBDs. Many DESs are liquids at room temperature [5–8]. DESs
are characterized by low volatility, high thermal stability, conductivity, and low toxicity;
additionally, they are biodegradable. Another advantage of DESs over ILs is the ease of
preparation and the ability to vary their physicochemical properties depending on the
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nature of the HBA or HBD, the molar ratio of the components, and the water content [5–11].
DESs have low (almost zero) vapor pressure and are viscous liquids. The viscosity of DESs
can be significantly reduced by raising the temperature or adding a small amount of water
(5–20%). The initial expectations for DESs as universal solvents did not prove to be correct,
since the most suitable DES should be developed for each specific process [6,7,10,12,13].

In recent years, there has been an increasing interest in the enzymatic synthesis of
compounds involving biocatalysts of various types. Research has focused on both the
transformation of natural substrates of enzymes and the technogenic compounds, the
biocatalytic conversion of which enables the formation of new materials with various
useful properties. The use of enzymes in organic synthesis has several benefits: the
reactions proceed under “mild” conditions (close to neutral pH values, room temperature,
and atmospheric pressure), there is high enantio- and chemoselectivity [14,15], as well as
the potential to kinetically control the process. Enzymatic reactions conducted in DESs
meet the requirements of sustainable chemistry [16–18]. The literature describes different
uses of DESs as co-solvents for the biotransformation of various compounds [16–22].

Of special interest is the use of laccase as a redox catalyst for fine organic synthesis [23–26].
Laccases (p-diphenol: oxygen oxidoreductase, EC 1.10.3.2) belong to copper-containing
oxidases; they catalyze the single-electron oxidation of organic and inorganic compounds
with the concomitant reduction of dioxygen to water [27,28]. The oxidation of aromatic
compounds occurs through a radical mechanism with the subsequent combination of
intermediates, resulting in the formation of oligomeric or polymeric products [23,29–31].
The substrate specificity of laccases can be expanded using redox mediators (enzyme
enhancers). Redox mediators are low molecular weight laccase substrates, the enzymatic
oxidation of which leads to the formation of highly reactive intermediates. These interme-
diates can oxidize the target substrate at a high rate. The use of laccase–mediator systems
in various fields has been widely described in the literature [23,31,32]. Redox mediators
can also be used in enzymatic reactions in DESs in order to accelerate the reaction and
increase the yield of the final product. There are only a few papers describing the effects
of various DESs on the activity and stability of laccases [33–35], as well as two studies in
which laccase was used in polymerization of the natural polyphenols (+) catechin [36] and
aniline [37] in a DES-containing medium.

Natural polyphenols are used as important base materials in enzymatic modification
in order to obtain new chemical compounds with high antioxidant, antimutagenic, anti-
carcinogenic, antiviral, and anti-inflammatory properties [38–42]. Many biological and
pharmacological properties of flavonoids and phytoalexins have been long known, but
are still actively researched in the search for new biochemical activities. The metabolism
of flavonoids has not been well studied; however, there is evidence that the activity of
these compounds in the body persists only for several hours. In addition, many flavonoids
exhibit both antioxidant and prooxidant activities and generate reactive oxygen species.
Unlike low molecular weight polyphenolic compounds, their oligomeric derivatives have
improved physiological characteristics and a longer in vivo life [43–45], and do not exhibit
a prooxidant effect [46,47]. Khlupova et al. report that dihydroquercetin oligomers exert
dose-dependent effects on the viability of cultured human rhabdomyosarcoma cells [48].
Thus, oligomeric derivatives of flavonoids, including DHQ oligomers, are promising for
pharmaceutical use.

Dihydroquercetin (DHQ, taxifolin) (Figure 1) belongs to natural flavonoids. Its chem-
ical structure is close to that of quercetin and rutin. According to the published data,
DHQ has a wide range of pharmacological effects, exhibiting antioxidant, angioprotective,
hepatoprotective, antitumoral, and other properties [49–52]; however, unlike quercetin,
it has no genotoxicity [53]. In addition, DHQ has regulatory properties; controls DNA
reparation, apoptosis, and mitochondrial biogenesis; and also regulates the activity of
various enzymes [54]. However, DHQ, as with most flavonoids, is poorly soluble in aque-
ous solutions. We suppose that the solubility of DHQ in DES–buffer mixtures should
be higher, which enables the substrate loading to be increased in the case of enzymatic
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polymerization of DHQ. Additionally, Toledo et al. showed that the laccase from Trametes
versicolor retains its activity in betaine- and choline-based DESs, and in some DESs the
laccase activity increases up to 200% [34]. The highest activity of the bacterial laccase from
Bacillus HR03 was registered in 20% (v/v) glycerol/betaine (2:1) [33].

Figure 1. The structural formula and atom numbering of dihydroquercetin.

In this work, we have evaluated the effects of betaine-based DESs and DES–buffer mix-
tures on the activity and stability of the fungal laccase Trametes hirsuta; we have performed
biocatalytical polymerization of DHQ in a DES–buffer mixture using the laccase–mediator
system and characterized the resulting product using various physicochemical methods.

2. Results and Discussion

As noted earlier, DESs are beneficial solvents for use in various fields, as they are
nontoxic, cost-effective, biodegradable, and capable of dissolving large quantities of various
substances. When using DESs as a medium for enzymatic reactions, it is necessary to take
into account their effects on the activity and stability of the enzyme. Chloride anions are
known to inhibit fungal laccases [55]. Therefore, choline chloride as a component of DES
greatly impedes the correct assessment of the DES effects on the laccase activity. DESs
based on betaine as an acceptor of hydrogen bonds and various donors of hydrogen bonds
were used in the work. The compositions and molar ratios of the tested DESs are shown in
Table 1. In further experiments, DESs with a HBA/HBD molar ratio of 1:2 were used.

Table 1. Compositions, molar ratios, and temperature at the eutectic point for the tested DESs.

DES Components
Legend HBA/HBD

Molar Ratio
Temperature, ◦C Aggregate State at Room

TemperatureHBA HBD

Betaine, B Lactic acid, L
B-L (1:1) 1:1 60 Solid
B-L (1:2) 1:2 40 Clear liquid
B-L (1:3) 1:3 60 Clear liquid

Betaine, B Glycerol, G B-G (1:1) 1:1 60 Solid
B-G (1:2) 1:2 60 Highly viscous clear liquid

Betaine, B Propionic acid, P
B-P (1:1) 1:1 40 Solid
B-P (1:2) 1:2 40 Clear liquid
B-P (1:3) 1:3 40 Clear liquid

The laccase stability was studied in DESs and DES–buffer mixtures with different
volume ratios for the components. In DESs, the enzyme completely lost its activity within
10–180 min (Figure 2), while in certain DES–buffer mixtures, oxidoreductases can retain
and even enhance their activity and stability [33–35,56]. Furthermore, the addition of
water causes a drastic decrease in the viscosity of DESs, which approaches the viscosity of
water [9,57].
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Figure 2. Laccase stability in DESs at room temperature (21–22 ◦C). Laccase activity in the buffer was
considered to be 100%.

In our experiments, the effect of the viscosity of DES–buffer mixtures on the enzyme
activity was not taken into account. The study of the stability of laccase at room tempera-
ture in B-L(1:2)–buffer and B-P (1:2)–buffer mixtures with different volume ratios of the
components has shown that the enzyme completely loses its activity within 4 h (Figure S1).
A smooth fall of laccase activity was observed in B-G (1:2)–buffer mixtures, and after 7 days,
47–60% of the enzymes’ initial activity remains, depending on the DES volume content in
the DES–buffer mixture (Figure 3). Additionally, at DES contents of 10 and 20 vol.%, the
laccase activity increased up to 140 and 130%, respectively, in the initial timeframe, which
is consistent with the results reported in [34].

Figure 3. Laccase stability in B-G (1:2)–buffer mixtures with different volume ratios for the compo-
nents at room temperature (21–22 ◦C). Laccase activity in the buffer at the initial time was considered
to be 100%.

Hammond et al. showed that DES retains up to ~42 wt.% of water in the DES–buffer
mixture, and in the case of the higher water content, the DES–buffer mixture should be
considered as an aqueous solution of DES components [58]. Therefore, laccase-catalyzed
DHQ polymerization was performed in the B-G (1:2)–buffer mixture with a volume ratio
of 60:40, at which the weight content of water was ~35%. The use of this mixture enabled
a high loading of DHQ (>17 mM), and the enzyme was stable and catalytically active for
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12 h of the reaction. In addition, at this component ratio, the reaction mixture had low
viscosity, which had no significant impact on the mass transfer of the reagents during
the biocatalytic reaction. In order to accelerate the polymerization of DHQ and increase
the final product yield, the laccase–mediator system was used. The redox mediator was
TEMPO (0.61 mol.% in the reaction mixture). The oligoDHQ yield was 58 ± 7%. (It should
be noted that in the case of the laccase-catalyzed polymerization of DHQ in the absence
of TEMPO, the oligoDHQ yield was 15 ± 6%.) The gel permeation chromatography data
show that oligoDHQ has a number average molecular weight (Mn) of 1800 g mol−1 and a
polydispersity index (PDI) of 1.09.

The product of the DHQ biocatalytic polymerization was characterized using various
methods. The UV-visible spectra for DHQ and oligoDHQ in DMSO are shown in Figure 4a.
The DHQ monomer had an intense absorption band at 290 nm. In comparison with the
monomer, a long-wave “tail” (305–550 nm) with a pronounced shoulder in the region of
320–350 nm appeared in the oligoDHQ spectrum. The study of DHQ and oligoDHQ by
Fourier transform IR spectroscopy (Figure 4b) showed that their spectra are quite similar.
The characteristic bands of DHQ are as follows: 3400 cm−1 (O–H stretching vibration),
1645 cm−1 (C=O stretching in flavones), 1360 cm−1 (O–H bending and C–O stretching in
phenolic compound), 1264 cm−1 (C–O–C stretching in the aryl ether ring C), and 1165 cm−1

(characteristic band of 5,7-dihydroxysubstituted flavonoids) [59–61]. At the same time, the
absorption bands in the oligoDHQ spectrum are broader and smoother in comparison to
the monomer spectrum, and the peaks corresponding to stretching vibrations of phenol
groups (1135 and 1115 cm−1) [62] are noticeably lower.

Figure 4. UV-Vis (a) and FTIR (b) spectra of the DHQ monomer and oligoDHQ.

The type of binding of the monomer units in the polymer chain of the enzymatically
synthesized oligoDHQ was determined via 1H and 13C NMR spectroscopy (Figures 5 and 6).
Comparative analysis of 1H and 13C spectra of oligoDHQ and DHQ monomer shows that
all the peak groups in the oligoDHQ spectra are fairly close to the signals of the monomer.
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Figure 5. 1H NMR spectra of (a) oligoDHQ, (b) D2O-pretreated oligoDHQ, and (c) DHQ monomer.

Figure 6. NMR spectra: (a) 13C-{1H} of oligoDHQ; (b) 13C-APT of oligoDHQ (signals of quaternary C atoms point upwards,
signals of CH groups point downwards); (c) 13C-{1H} of DHQ monomer.
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The 1H NMR spectrum of oligoDHQ (Figure 5a) shows a strong broadening effect
on hydroxyl protons (from 8.5 to 12.2 ppm) and complex broadened multiplets in three
spectral regions (6.7–7.4, 5.6–6.2, and 4.5–5.5 ppm), which correspond to the DHQ protons
H2’, H5’, and H6’ (ring B); H6 and H8 (ring A); and H2 and H3 (ring C), respectively. The
numbering of DHQ atoms is shown in Figure 1. The integral intensities of these three
regions have approximately the same relative values, although it could be expected that
the three protons of ring B should have a total integral abundance 1.5-fold those of protons
of rings A and C, as occurs for the DHQ monomer. Additionally, it should be noted that the
total integral of the hydroxyl protons 3’–OH and 4’–OH (8.2–10.3 ppm) in the oligoDHQ
proton spectrum is significantly underestimated (about 30–40%). It follows that the carbon
skeleton (rings A, B, and C) of the initial monomer is retained in the course of enzymatic
oligomerization, while one of the aromatic protons in ring B is replaced by an aryloxy or
alkoxy radical formed as a result of enzymatic oxidation of DHQ.

In order to simplify the multiplet structure of 1H NMR spectra, an oligoDHQ sample
was treated with D2O to replace protons of hydroxyl groups with deuterium. This allowed
us to lower the intensity of hydroxyl peaks by at least an order of magnitude, giving a much
better resolved multiplet structure for protons attached to carbons (Figure 5b). Therefore,
in the areas of 6.7–7.4 and 4.5–5.5 ppm against the background of very wide signals,
multiplets with a well-defined structure and narrow lines appeared. It should be noted
that the monomer units in the polymer structure have their own individual characteristics.
Monomeric units in the central part of the polymer chain have lower mobility than terminal
ones. Because of this, they come out differently in NMR spectra [63]. As a rule, central links
that are poorly mobile on the NMR timescale have strongly broadened signals. Terminal
blocks, on the contrary, have higher mobility, with well-resolved multiplets correspond
to these blocks, allowing one to obtain rich information about the structure. Therefore,
we assume that the groups of wide signals correspond to the internal links of oligoDHQ
and that the narrow lines correspond to the terminal or peripheral groups of the molecule.
For multiplets in the ranges of both 6.7–7.4 and 4.5–5.5 ppm, the total integrated intensity
of the narrow-line multiplets is approximately 20% of the intensity of the corresponding
wide component.

A comparative analysis of the 13C NMR spectra of oligoDHQ and DHQ monomer
(Figure 6) gives basic information about the structure of the oligoDHQ formed during
enzymatic polymerization.

First of all, it should be noted that all of the signals of the carbon atoms of ring A
of the monomer correspond to the broadened intense signals in the oligoDHQ spectrum,
while the difference in the chemical shifts is not more than 0.4 ppm. When a proton in a
benzene ring is replaced by an aryloxy or alkoxy group, the chemical shifts of all the carbon
atoms in the ring should change markedly (till 10 ppm). However, this does not apply
to the carbon atoms of ring A. The carbon signals C2 and C3 in the oligoDHQ spectrum
are groups of narrow signals above the background signals of broadened components,
while the entire set of C3 signals occupies a more compact spectrum range than C2 signals.
Apparently, more factors affect the change in the chemical shifts of C2 than in C3, since
structural changes in ring B have a stronger effect on the chemical shift of C2.

At the same time, all of the signals of ring B comprise a set of relatively narrow signals
against a background of wide components that are evenly distributed over the entire
range of their “own” range of the spectrum. The only exception is the very low-intensity
narrow signal of the carbon C6’ at 119.5 ppm, which does not have a corresponding wide
component. At the same time, in the region of 125–145 ppm, many new quaternary carbon
signals appear. The above indicates that the 6’-position of ring B is the point of connection
during polymerization, i.e., the chain grows due to aryloxy or alkoxy group substitution
exclusively in the 6’ position of ring B.

As for the hydroxyl groups involved in the polymerization process, only four groups
can participate in the process, and according to our estimates, with close probabilities.
Hydroxyl 5–OH participates in a very strong hydrogen bond with carbonyl (hydrogen
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bond energy of about 4 kcal mol−1) and cannot compete with the mobile hydroxyls 3–OH,
3’–OH, 4’–OH, and 7–OH. The fact that 5–OH hydroxyl is not involved in the process
during polymerization is confirmed by the nature of the signals in the low-field part of the
13C NMR spectrum. If hydroxyl 5–OH participated in the chain growth, then the carbonyl
group would have nothing to form a hydrogen bond with, and in this region there should
be a characteristic signal at ~210 ppm, which is not observed in the experimental 13C
NMR spectrum.

Of interest is the group of several relatively weakly intense quaternary carbon peaks
in the range of 191–192 ppm shifted to a strong field relative to the main signal of C4
(at 197 ppm). These peaks also belong to C4 carbon, however they are located in those
oligoDHQ units, which contain an aryloxy group at C3 (see reference data on chemical
shifts in [64]). Their relative intensity is approximately 15–20% of the intensity of all C4
peaks. This indicates that the alkoxyl radical, which is formed in enzymatic oxidation of
DHQ, takes part in DHQ polymerization along with aromatic DHQ radicals.

Additional information about the oligoDHQ structure can be obtained by elucidating
the narrowband multiplets of rings B and C. For this purpose, a two-dimensional NMR
spectrum COSY (correlation spectroscopy) was recorded, which allowed us to characterize
the structures of local fragments based on characteristic cross-peaks corresponding to
intra-ring proton–proton couplings. Two fragments of this spectrum COSY are shown in
Figure S2. The elucidation of the cross-peaks of ring B (Figure S2a) and multiplets of the 1D
proton NMR spectrum in the region of 6.7–7.4 ppm revealed five spin systems of the ABX
type, characteristic of the interaction between ortho and meta protons of ring B (H2’, H5’
and H6’), for which the vicinal couplings 3JH5’–H6’ lie within 8.27–8.36 Hz and the values of
four-bond coupling 4JH2’–H6’ vary from 2.03 to 2.12 Hz (Figure S2a and Table S1). It follows
that oligoDHQ includes five fairly mobile benzene rings with a relative arrangement of
all three substituents at two oxygen and one carbon atoms (ring B). The variability of
these fragments may be due to the structure and conformation of a substituent at one of
the oxygen atoms. Via this atom, the terminal fragment is linked to the main chain of
the oligomer.

A thorough analysis of multiplets in the region of 4.5–5.5 ppm allowed us to determine
nine spin systems of the AX type corresponding to protons H2 and H3 of ring C from
the terminal fragments of oligoDHQ. The vicinal coupling 3JH2–H3 varies from 10.68 to
12.05 Hz. The values of chemical shifts of proton H2 lie in the range of 4.96–5.48 ppm,
and of proton H3 in the range of 4.49–4.68 ppm (Figure S2b and Table S1). These 3JH2–H3
bond values are typical of the trans-position of H2 and H3 protons in naturally occurring
dihydroquercetin. The values of this coupling lie in the range from 11.37 to 12.10 Hz for
known derivatives of trans-dihydroquercetin with substituents at the oxygen atom [64].
Thus, the data reported in the present work show that the stereochemistry of the C ring
persists in the course of DHQ oligomerization. For comparison, we note that the values of
this type of bond for the analogous cis-isomers known from the literature are in the range
of 2.26–3.88 Hz [65].

The presence of such clearly defined multiplets of specific DHQ fragments in the
oligoDHQ spectrum suggests with certainty that the stereochemistry of the carbon skeleton
of the alkyl chains in the terminal fragments of the C ring also remain in the course of the
DHQ oligomerization. The differences in the values of chemical shifts of these fragments
can be attributed to changes in the spatial environment as a result of the attachment of new
units to the DHQ molecule via the formation of ether bonds and substitution at C6’.

The intensity of the broadened signals of H6 and H8 in oligoDHQ protons indicate
that there are two protons. This confirms the earlier conclusion that ring A does not
undergo a radical attack during enzymatic polymerization under the conditions described
in this work.

Based on the literature data, oxidative polymerization of DHQ can be considered as a
two-stage process [66]. In the first stage, the DHQ molecule is activated by laccase to form
an alkoxy or aryloxy radical [67]. The enzyme can catalyze the oxidation of one of the four
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DHQ hydroxyl groups (3–OH, 3’–OH, 4’–OH, or 7–OH). In the second stage, the radical
substitution of the hydrogen atom in the aromatic ring occurs with the formation of a new
C-O bond. Based on the analysis of 1H and 13C NMR spectra, we have shown that radical
substitution predominantly happens at the position C6’ of ring B.

The results of our study contradict the widespread opinion that during electrophilic
substitution, which in early works was often treated as radical substitution, an attack
occurs at the position with the highest electron density of the aromatic substrate [68]. From
this standpoint, the positions of C6 and to a lesser degree of C8 are the priority targets of an
electrophilic attack. Indeed, all the three π-donor substituents (5–OH and 7–OH hydroxyl
groups and the chromene oxygen of ring C), as well as the π-acceptor carbonyl group, act
in concert, and their combined effect should increase the electron density on C6 and C8.
Our model calculations (UB3LYP/6-311++G(d,p) [69]) confirm this qualitative conclusion.
The calculated charges on C6 and C8 carbon atoms of ring A have high values of −0.144ē
and −0.124ē, respectively, due to the coordinated action of all four substituents on DHQ
ring A, while due to the dissonance of the electronic effects of the three donor substituents
of B ring, the absolute values of the charges on the carbon atoms C2’, C5’, and C6’ are
significantly lower (−0.095ē, −0.108ē, and −0.087ē, respectively). These data are consistent
with the formation of 6- and 8-substituted products in both bromination of DHQ and the
Mannich reaction under conditions suitable for classic electrophilic substitution [70,71].

Recently, some important results have appeared that clarify the mechanism of interac-
tion of radicals with aromatic substrates [72]. It has been shown that when there are several
competing reaction pathways, a product is formed, the pathway to which goes through
a more stable transition state. Boursalian et al. showed that for six-membered aromatic
rings, substantial additional stabilization of a reaction’s transition state could be provided
by electron-donating substituents located in the para-position of the reaction center [72].

The idea that radical substitution predominantly functionalizes the C–H bond in
the para-position to the OH or OR groups has dramatically changed our concept of a
possible reaction product. In the DHQ molecule, the additional stabilization factor by the
para-substituent attached via oxygen is essential only for the C6 carbon of ring A (due to
chromene oxygen O1) and the C6’ carbon of ring B (due to the 3’–OH group).

We performed a series of quantum mechanical model calculations of DHQ transition
state structures during a radical attack at the C6 and C6’ positions. For this, hydroxyl,
methoxyl, and phenoxyl radicals were used as attacking particles. The calculations were
performed taking into account open shells in the UB3LYP/6-311++G(d, p) approxima-
tion [69]. The stationary stable transition state structures under the action of each of the
three radicals on ring A and ring B of DHQ are shown in Figure 7.

In all three cases, much lower activation energy is required to achieve the transition
state when attacking carbon C6’ of ring B than when attacking carbon C6 of ring A. The
difference is maximal for R = OH (∆E = 3.8 kcal mol−1) and somewhat lower for R = OMe
(∆E = 2.4 kcal mol−1) and OPh (∆E = 2.8 kcal mol−1). Our NBO analysis of transition states
for a radical attack on carbon C6 of ring A shows that its electron structure is strongly
affected by two factors: the formation of a strong hydrogen bond between the 5–OH group
and carbonyl oxygen and conjugation of the carbonyl group with chromene oxygen. Both
of these effects lower the order of the C5–C10 bond (Figure 7b), and as a result weaken the
efficiency of stabilization of the radical transition state due to chromene oxygen O1. On the
contrary, a radical attack at the C6’ position results in complete stabilization of the transition
state from the hydroxyl 3’–OH via the para-quinoid structure with full C1’–C2’ and C4’–C5’
double bonds. These calculations support our experimental results. Interestingly, the
heterocoupling of DHQ and p-aminobenzoic acid in the laccase-catalyzed reaction also
occurs at position C6’ of ring B [48].
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Figure 7. Spatial structure of the transition states for a radical attack on (a) carbon C6’ of ring B and
(b) carbon C6 of ring A, modeled for R = H, Me, and Ph.

Therefore, a comparative analysis of the 1H and 13C NMR spectra of the monomer
and oligoDHQ allows us to draw the following conclusions. Enzymatic polymerization
causes no change in the carbon skeleton of DHQ or the stereochemistry of the C2–C3
fragment. The C6’ position is the only position to be substituted in the aromatic ring,
which means that the structure of the oligoDHQ backbone is predominantly unbranched.
The binding of DHQ units occurs randomly; the oligomer chain grows when an active
radical, which is formed equally likely from any of four hydroxyl groups (excluding 5–OH),
attacks C6’ of ring B. As a result, the oligomer with a small number of units is formed. The
average length of the oligomer chain is six DHQ units according to NMR spectroscopy.
Hence, laccase-catalyzed DHQ oligomerization in the DES–buffer mixture is a regio- and
stereospecific biotransformation.

Based on the data obtained, we propose a scheme for DHQ enzymatic polymerization
in a DES–buffer mixture using the laccase–mediator system (Figure 8).

Figure 8. Schematic illustration of DHQ polymerization using the laccase-TEMPO system.
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3. Materials and Methods
3.1. Materials

All commercially available chemicals were of high purity and were used without fur-
ther purification, namely KH2PO4, NaOH, citric acid, 2,2’-azino-bis(3-ethylbenzothiazoline-
6-sulfonic acid) diammonium salt (ABTS), tetrahydrofurane (THF), (2,2,6,6-tetramethylpipe-
ridine-1-oxyl) (TEMPO), betaine (Sigma-Aldrich, Saint Louis, MO, USA), DMSO-D6
(Aldrich), dimethylsulfoxide (DMSO, Marbiopharm, Yoshkar-Ola city, Russia), glycerol
99% (Panreac Quimica SA, Barselona, Spain), propionic acid 99% (Carl Roth GmbH, Karl-
sruhe, Germany), and lactic acid 90% (Acros Organics, Geel, Belgium). Dihydroquercetin
(≥96%) was purchased from BioChemMak-ST, Moscow, Russia. All of the solutions were
prepared using water purified with a Simplicity® Water Purification System (Merck KGaA,
Darmstadt, Germany).

3.2. Enzyme

A laccase from the fungus Trametes hirsuta (Wulfen) Pilát CF-28 was purified to homo-
geneity as described previously [73]. The laccase activity was measured spectrophotomet-
rically using 1 mM ABTS as a chromogenic substrate (λ = 420 nm, ε = 36,000 M−1cm−1) at
24 ◦C in 0.1 M Na-citrate-phosphate buffer at pH 4.5. One unit of activity is defined as the
amount of laccase oxidizing 1 µM of substrate per min. The specific activity of the enzyme
stock solution was about 148 U/mg of protein. The protein concentration was determined
as described in [74] by the difference in the optical density of the protein solution at 228.5
and 234.5 nm using a bovine serum albumin (BSA) as standard. The protein concentration
was ca. 7.8 mg mL−1.

3.3. Preparation of DESs and DES–Buffer Mixtures

All DESs: betaine/lactic acid (B-L, molar ratio 1:1; 1:2; 1:3), betaine/propionic acid
(B-P, molar ratio 1:1; 1:2; 1:3), and betaine/glycerol (B-G, molar ratio 1:1; 1:2) were obtained
using a thermal mixing procedure. DES–buffer binary mixtures were obtained by adding
various volumes of DES to 0.1 M phosphate buffer (pH 6.5).

3.4. Determination of the Activity and Stability of Laccase in DESs and DES–Buffer Mixture

To study the enzyme stability in DESs and DES–buffer mixtures, a laccase stock
solution was previously diluted 3 times with 0.1 M phosphate buffer (pH 6.5). Then, 100 µL
of the diluted laccase solution was added to 2.5 mL of DESs or DES–buffer and mixed
vigorously. Next, 50 µL samples were taken at regular intervals and added to 1 mL of 0.1 M
phosphate buffer (pH 6.5), and the resultant solution was taken for the laccase activity assay.
The enzymatic reaction was initiated at 24 ◦C by adding a 50 µL sample to 2.5 mL of 1 mM
ABTS in 0.1 M Na-citrate-phosphate buffer at pH 4.5. All experiments were performed in
triplicate and the maximum relative measurement error was about 3.56%.

3.5. Enzymatic Polymerization of DHQ in DES–Buffer Mixture

The enzymatic synthesis of DHQ oligomers was carried out in a mixture of DES B-G
(molar ratio 1:2) (60 vol.%) and 0.1 M Na-citrate-phosphate buffer (pH 4.5). In a typical
experiment, 50 mg of DHQ was dissolved in 6 mL of DES. Then, 4 mL of the buffer was
added to the resulting solution and mixed. The final concentration of DHQ in the reaction
medium was 16.4 mM. Next, 0.156 mg of the TEMPO redox mediator (concentration in the
reaction medium of 0.1 mM; 0.61 mol.%) was added and the monomer polymerization was
initiated by adding the laccase stock solution. The specific activity of the enzyme in the
reaction mixture was ~1.0 U mL−1. The synthesis was performed under aerobic conditions
at room temperature (21–22 ◦C) and with constant stirring on a magnetic stirrer for 12 h.
Then, the resultant clear solution was diluted 5 times with deionized water; the oligoDHQ
precipitate was separated by centrifugation, repeatedly washed with a 3 vol.% ethanol
solution in order to remove low molecular weight compounds, dried to constant weight,
and used in further experiments. The product yield was calculated as the ratio of the mass
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of the obtained oligoDHQ to the mass of the starting monomer. All experiments were
performed in triplicate.

3.6. Characterization of DHQ Polymerization Product

The number average molecular weight (Mn) and the polydispersity index (PDI) of the
enzymatically synthesized oligoDHQ were determined by gel exclusion chromatography
using an RI detector. The determination was carried out on a Styragel HR 1E 300 × 7.8 mm
column (Waters, Milford, MA, USA) using THF as the mobile phase. The column was
calibrated by polysterene standards. The concentration of the samples was 1 mg mL−1; the
volume of the injected sample was 30 µL.

UV-visible spectra of oligoDHQ were recorded using a Shimadzu UV1240 mini
spectrophotometer (Shimadzu Europa GmbH, Duisburg, Germany). FTIR spectra were
recorded using KBr pellets on a Frontier FT IR/FIR spectrometer (PerkinElmer Inc.,
Waltham, MA, USA).

1H, 13C, and 13C-APT NMR spectra and the two-dimensional COSY oligoDHQ spec-
trum were recorded in DMSO-D6 at 303 K using a Bruker AVANCE 600 spectrometer with
an operating frequency of 600.03 MHz for 1H nuclei with the parameters given in [75].
The deuterated oligoDHQ preparation was obtained by treating oligoDHQ with heavy
water (D2O, 99.8% enrichment level). In order to achieve this, a suspension of 25 mg of
oligoDHQ was stirred in 2 mL of D2O for 2 h at room temperature; then, the heavy water
was evaporated on a rotary evaporator and the product was finally dried under high
vacuum (~5.0 × 10−3 Torr.) After the procedure was repeated twice, the enrichment of
hydroxyl groups with deuterium atoms was 90% according to 1H NMR.

4. Conclusions

The present work demonstrates the possibility of using betaine–glycerol DES as a co-
solvent for the effective laccase-catalyzed polymerization of the flavonoid dihydroquercetin
(taxifolin). The composition of the reaction medium meets the requirements of sustainable
chemistry. The use of a redox mediator of the enzyme can significantly increase the yield
of the target oligoDHQ product. OligoDHQ has a number average molecular weight of
1800 g mol−1 and a polydispersity index of 1.09. The structure of the synthesized product
was studied using NMR spectroscopy, and it was shown that oligoDHQ has a linear
structure with an average chain length of six monomer units. Since DHQ oligomers can
find application in pharmacology, further studies of the biological activity of the oligoDHQ
synthesized in the present work are in progress.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/catal11050639/s1: Figure S1: Laccase stability in B–L (1:2)–buffer (a) and B–P (1:2)–buffer (b)
mixtures with different component volume ratios. Figure S2: Two-dimensional NMR spectrum COSY
of D2O pretreated oligoDHQ protons (a) H2’, H5’, H6’ (ring B); and (b) H2, H3 (ring C). Table S1:
Parameters of the 1H NMR spectra of the terminal fragments of oligoDHQ: chemical shifts (δH, ppm),
spin–spin coupling constants nJHH (Hz).
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