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Abstract

:

The fluctuations in Meloidogyne densities and fungal egg parasitism were determined from February 2015 to July 2016 in four vegetable production sites conducted under organic production and two sides conducted under integrated standards. At each site, the soil nematode densities at transplanting and at the end of the crops, the galling index, the number of eggs in roots, and the percentage of fungal egg parasitism were determined, and the fungal species were identified. In addition, two pot experiments were conducted with soil taken from each site in February 2015 and 2016 to assess the fungal egg parasitism comparing non-sterile and sterile soil from each site. In field conditions, the nematode population densities in the soil decreased along the crop rotations. The maximum number of eggs per plant was recorded in the spring–summer crops. Egg parasitism ranged from 11.2 to 55% in the organic sites and from 0.8 to 16.5% in the integrated production sites. Pochonia chlamydosporia was the only fungal species isolated in five of the six sites. In both pot experiments, the number of eggs per plant was lower in non-sterile than in sterile soils, except for the M10.45 site, where fungal egg parasites were not recovered. P. chlamydosporia was the only fungal species isolated, ranging between 11 and 74%. Therefore, P. chlamidosporia was the most prevalent fungal species related to Meloidogyne suppression.
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1. Introduction


Root-knot nematodes (RKN), Meloidogyne spp., are the most damaging plant-parasitic nematodes for crops worldwide [1]. The majority of the horticultural crops are hosts of the most widespread and damaging RKN species: M. arenaria, M. incognita, and M. javanica [2], reaching estimated maximum yield losses of 88% and 98% in tomato and melon, respectively, in Spain [3,4]. These RKN species reproduce by parthenogenesis. Their life cycle consists of six biological stages: the egg, four juvenile stages (J1–J4), and the adult. The infective second-stage juveniles (J2) enter the root near the elongation zone and migrate intercellularly to circumvent the endodermal barriers and establish a permanent feeding site in the vascular cylinder. The J2 induces the formation of giant cells and root galls by affecting plant physiology and metabolism [5]. Inside the roots, the J2 becomes sedentary and molts three times to achieve the mature adult female stage, which produces eggs within a gelatinous matrix located mainly outside the root galls at low levels of soil infestation or inside the roots at mid/high levels of soil infestation due to the large volume of root galls.



RKN management strategies tend to reduce the dependence on chemical nematicides and soil fumigants by encouraging alternative control methods and promoting the conservation and enhancement of beneficial organisms, improving the antagonistic potential of soil, to achieve high levels of soil suppressiveness. The antagonistic potential of a soil is defined as “the capacity to reduce the spread of deleterious agents to plants through biotic factors” [6]. Several nematode antagonists can occur naturally in agricultural soils, providing some extent of suppressiveness to RKN [7]. High levels of soil suppressiveness can be achieved under favorable plant–RKN–antagonist interactions, cultural practices, and abiotic factors [8]. Suppressive soils, described as “soils in which soil-borne pathogens do not establish or persist, establish but cause little or no damage, or establish and cause disease for a limited period of time” [9], can exercise a general or specific suppression if it is conferred by several or a narrow number of antagonists, respectively [10]. In contrast, non-suppressive or conducive soils are those where pathogens readily cause diseases [11,12]. A few RKN-suppressive soils conferred by fungal antagonists have been described [8,13,14]. Recently, Topalović et al. [15] demonstrated M. hapla suppression by the total microbiome soil community, but the responsible microbial species were not elucidated. The majority of studies that demonstrate the level of soil suppressiveness were conducted in pot tests with soil samples taken at a single time [13,14,15]. However, only a few of them studied the level of soil suppressiveness over time, determining the fluctuations in nematode densities in field conditions and contrasting the suppressiveness in pot tests using soil samples taken in different years. Giné et al. [8] studied the RKN soil suppressiveness at two organic vegetable growing sites conducted under protected cultivation. At one site, the nematode densities decreased progressively until they reached undetectable levels, and at the other site disease severity was low, although the nematode densities at transplanting were high. At both sites, Pochonia chlamydosporia was the only fungus isolated and identified from RKN eggs. Other studies determined the presence of fungal RKN antagonists in different agricultural production areas in Spain, with Fusarium spp. and P. chlamydosporia being the most frequent out of more than 20 isolated fungal species [16,17,18,19,20]. In 2010, a survey conducted at 40 vegetable growing sites showed fungal egg parasitism at all organic production sites at percentages ranging from 4 to 80% and at 73.3% of the integrated production sites, with percentages ranging from 2 to 69% [20].



The aim of the present study was to characterize the soil suppressiveness by determining the fluctuations in RKN densities in fields over two years at 6 of the 40 sites previously studied in Giné et al. [20]: 4 sites conducted under organic production, with percentages of fungal egg parasitism between 9% and 80%, and 2 sites conducted under integrated production, with percentages of fungal egg parasitism of 6% and 69%. Moreover, the level of soil suppressiveness was also determined in pot tests.




2. Materials and Methods


2.1. Fluctuations in RKN Densities and Egg Parasitism in Field Conditions


This study was performed from winter–spring 2015 to summer 2016 in six vegetable production sites located in the Tarragona and Barcelona provinces in northeastern Spain. Four sites (M10.16, M10.41, M10.55, and M10.56) were conducted under organic production standards, and two sites (M10.43 and M10.45) were conducted under integrated production (Table 1). The crops at sites M10.16, M10.43, and M10.45 were grown in open fields, and the rest were grown inside plastic greenhouses. These sites were selected because fungal egg parasites of Meloidogyne were detected, isolated, and identified, and the microbiome associated to the J2 cuticle was determined in previous studies [20,21]. Moreover, site M10.55 was also characterized as suppressive to RKN [8]. The physicochemical properties of these soils are shown in Table 1. In sites conducted under organic production, crop residues were incorporated as green manure at the end of each crop, and crops were fertilized before transplant with composted sheep or cow manure alone or combined with chicken manure at a total rate of 1.7–2 kg m−2. The cropping sequences included crops belonging to the Brassicaceae, Chenopodiaceae, Compositae, Cucurbitaceae, and Solanaceae families. In sites conducted under integrated production, fertilization was performed with humus combined with chemical fertilizers, and at site M10.45 crop residues were occasionally incorporated into the soil. The included rotation sequences were less diverse than at the organic sites, with crops belonging to the Cucurbitaceae and Fabaceae families.



At the beginning and at the end of the crops, the RKN population densities were determined. Composite soil samples were taken from four plots of 50–85 m2 each, depending on the site. Each sample was composed of ten soil subsamples taken from the first 30 cm of soil of each plot with a soil auger with a 2.5 cm diameter. The soil subsamples were carefully mixed and sieved through a 4 mm sieve screen to remove debris and stones. Nematodes were extracted from two 250 cm3 soil subsamples by the Jenkins’s method [22], counted, and expressed as juveniles in 250 cm3 of soil. At the end of the crop, the 10 plants closest to the sampled soil were uprooted, and the galling index was estimated using the Zeck index scale from 0 to 10, where 0 = a complete and healthy root system and 10 = dead plants and roots [23]. The soil temperature and soil water content from each site were recorded at a 15 cm depth at 1 h intervals with temperature probes (5TM, Decagon devices, Inc., Pullman, WA, USA). After that, roots were washed with tap water, and 2 egg masses per plant (20 egg masses per plot) were handpicked to evaluate the percentage of fungal egg parasites and to identify the fungal species according to the method described in Giné et al. [8]. Briefly, the outer parts of the gelatinous matrix of the egg masses were removed with tweezers and placed in a 1.5 mL microcentrifuge tube (Eppendorf Ibérica SLU, San Sebastián de los Reyes, Spain) containing 1 mL of sterile distilled water. The eggs were scattered from the egg masses with a sterile pestle, and three 0.33 mL aliquots of the egg suspension were spread on three Petri dishes (9 cm diameter) containing a restrictive growing medium (streptomycin, 50 mg L−1; chloramphenicol, 50 mg L−1; chlortetracycline, 50 mg L−1; Rose Bengal, 50 mg L−1; triton x-100, 1 mL l−1; and 1% agar) [24]. The plates were incubated at 25 °C ± 0.5 °C. The number of parasitized eggs was counted at 24 and 48 h using a dissecting microscope (Leica Microsistemas, SLU, Barcelona, Spain). The eggs were considered parasitized when the hyphae grew from the inside. The percentage of parasitism in each Petri dish was calculated as the number of parasitized eggs in relation to the total number of eggs per plate. The parasitized eggs (maximum 20 per plate) were individually transferred to corn meal agar to establish pure cultures of the fungi and were incubated at 25 °C ± 0.5 °C. A single-spore culture was established and identified by cultural and morphological characteristics. Fungal isolates were stored in 1% (w/v) water–agar slants as well as lyophilized, and in both cases they were stored at 4 °C.



Finally, the plant roots from each plot were chopped and mixed, and the eggs were extracted from three 10 g subsamples by blender maceration in a 10% commercial bleach solution (40 g L−1 NaOCl) for 10 min [25], sieved through a 74 µm aperture sieve to retain root debris, collected in a 25 µm aperture sieve, counted, and expressed as the number of eggs per g of root.




2.2. Soil Suppressiveness to RKN in Pot Experiments


Two experiments were carried out using soil taken from each site in February 2015 and February 2016. The soil samples consisted of 12 soil subsamples per plot and site, and they were taken from the first 30 cm with a hoe. For each site, the soil samples were mixed and sieved through a 4 mm sieve screen to remove stones and roots. One half of the soil collected at each site was sterilized at 121 °C for 1 h, and the procedure was repeated after 1 day. Soil samples were then conserved at 4 °C until their use. The experiments were conducted following the same procedure described in Giné et al. [8]. Sterilized and non-sterilized soils were mixed with sterile sand (1:1 dry w/dry w) to avoid soil compaction and improve root development. Afterwards, the RKN density in both the sterilized and non-sterilized soil mixtures were determined to adjust the level of inoculum at 1 J2 cm−3 of soil. RKN juveniles were extracted from two 500 cm3 subsamples using Baermann trays [26] maintained at 27 ± 2 °C for a week and then counted. After that, soil was placed in 3 L pots, and the susceptible tomato cv. Durinta was transplanted into each pot at the three true developed leaves stage. The nematode inoculum consisted of the M. incognita J2 population isolate Agropolis, which emerged from eggs extracted from tomato cv. Durinta roots by blender maceration in a 5% commercial bleach (40 g L−1 NaOCl) solution for 5 min by the Hussey and Barker [25] procedure, and was placed in Baermann trays [26] for a week at 27 ± 2 °C. The nematode inoculum was added to the soil in two opposite holes (3 cm deep) at 2 cm apart from the stems of the plants. The experiments consisted of 12 and 10 replications for each soil mixture and site in experiments 1 and 2, respectively. The plants were placed randomly on the greenhouse benches and were irrigated as needed and fertilized with a slow-release fertilizer (Osmocote (R), 15N + 10P + 12K + 2MgO + microelements). The soil temperatures and soil water contents were recorded at an 8 cm depth at 1 h intervals during the experiments with temperature probes. The first experiment was conducted from 15 May to 20 July 2015 (1085 degree-day (DD); 10 °C basal temperature; [27]), and the second experiment was conducted from 19 April to 14 July 2016 (1050 DD). At the end of the experiments, the roots were washed with tap water and gently dried, and the fresh weight was determined. Afterwards, two egg masses were handpicked from each plant from both the sterilized and non-sterilized soils to determine the percentage of fungal egg parasitism, according to the method described previously, and to identify the fungal species by their morphological characteristics. Finally, the number of eggs per plant was determined by extracting them from the roots with the Hussey and Barker [25] method.




2.3. Statistical Analyses


Statistical analyses were performed using the JMP software v8 (SAS institute Inc., Cary, NC, USA). The normal distribution of the data and the homogeneity of variances were assessed. Paired comparisons between the sterilized and non-sterilized mixed soils were conducted for each site using Student’s t-test or the non-parametric Wilcoxon test (p ≤ 0.05).





3. Results


3.1. Fluctuation in RKN Densities and Egg Parasitism in Field Conditions


At the organic production sites cultivated under protection, the nematode population densities in the soil decreased at M10.41 and M10.56 but did not change at M10.55 at the end of the study. The nematodes were able to infect all crops (galling index > 0) except spinach at M10.41. The maximum numbers of eggs in the roots were registered at the end of the spring–summer crops of zucchini (1490 and 5613 eggs g−1 root, site M10.41), eggplant (310 eggs g−1 root, site M10.55), and tomato (4140 eggs g−1 root, site M10.55; 3100 eggs g−1 root, site M10.56). At these sites, the percentages of fungal egg parasitism ranged from 11.2 to 35.9% (Table 2), and P. chlamydosporia was the only fungal species isolated. The lowest values of the galling index and the number of eggs in the roots were registered in the summer–autumn chard, spinach, and radish and in the autumn–winter lettuce. In those cases, the percentage of fungal egg parasitism was not assessed because few or not egg masses were observed. At M10.56, the watermelon crop transplanted in March 2016 died two months after being transplanted due to technical problems, and consequently the nematode densities in the soil decreased from March to July 2016 (Table 2). In the organic open field, M10.16, the nematode density in the soil when transplanting tomato in May 2015 was 34 J2 250 cm−3 of soil, and the nematode reached undetectable levels six months later. Few galls in roots were observed, and few eggs in roots were registered (830 eggs g−1 root). The percentage of fungal egg parasitism was 55%, and the only fungal species isolated was P. chlamydosporia (Table 2).



In the integrated open fields, M10.43 and M10.45, the crop rotation sequence was less diverse. At site M10.43, two French beans crops were grown during 2015. The nematode densities in the soil increased at the end of the first spring–summer crop, and a high number of eggs were detected in the roots (25,470 eggs g−1 root), although 16.5% of them were parasitized by P. chlamydosporia. At site M10.45, a low nematode density was registered when transplanting zucchini in April 2015 (6 J2 250 cm−3 soil), and the density reached undetectable levels at the end of the crop in August 2015. Few galls in roots were observed and few eggs in roots were found (250 eggs g−1 root), of which a 0.8% were parasitized by Fusarium spp. The nematode density when sowing the following faba bean crop in November 2015 was 54 J2 250 cm−3 of soil. No information related to the galling index, the density of eggs in the roots, or the percentage of fungal egg parasitism was obtained because the crop was incorporated into the ground before taking the samples in June 2016 (Table 2).




3.2. Soil Suppressiveness against RKN in Pot Tests


In both experiments, the fresh root weight of tomato plants cultivated in non-sterilized soils was lower compared to the plants cultivated in sterilized soils, irrespective of the site (p < 0.05). Moreover, no fungal egg parasites were recovered from nematode eggs produced in plants cultivated in sterilized soils (Figure 1).



In experiment 1, conducted with the soil samples taken in February 2015, fungal egg parasites were recovered from Meloidogyne eggs produced in tomato roots cultivated in almost all non-sterilized soils, except in those plants grown in the M10.45 soil. P. chlamydosporia was the only fungal species that was isolated and identified. The percentages of fungal egg parasitism ranged from 14% (M10.56) to 52% (M10.16). Smaller numbers of eggs per plant cultivated in non-sterilized compared to sterilized soils were recorded in all soils (p < 0.05), except for the M10.45 soil, where no differences were found (Figure 1a–c). Similar results were obtained in experiment 2, conducted with soil samples taken in February 2016; fungal egg parasites were recovered from roots grown in all non-sterilized soils, except from site M10.45. P. chlamydosporia was the only fungal species identified. The percentages of fungal egg parasitism ranged from 11% (M10.16) to 74% (M10.56). The number of eggs per plant was lower (p < 0.05) in non-sterilized soils than in sterilized soils, except in the M10.45 soil (Figure 1d–f).





4. Discussion


The results obtained in this study bring to light the variable antagonistic potential of six agricultural soils: four conducted under organic conditions and two conducted under integrated vegetable production standards in northeastern Spain. Fungal parasites were recovered from Meloidogyne eggs at almost all sites, with P. chlamydosporia being the most frequent and abundant fungal species isolated in different crops and field conditions. This result was confirmed in pot experiments with soil from the production sites, where P. chlamydosporia was the only fungal species isolated from nematode eggs produced in tomato. Giné et al. [20] reported a great diversity of fungal egg parasites in a previous study conducted in 2010 at 40 vegetable growing sites. Regarding the six sites included in this study, Giné et al. [20] isolated 11 fungal RKN egg parasites species, including Chaetomium spp., Colletotrichum coccodes, Cylindrocarpon olidum, Dactylella oviparasitica, Fusarium equiseti, F. oxysporum, F. solani, Fusarium spp., Penicillium citrinum, P. chlamydosporia, and Purpureocillium lilacinum, at percentages of parasitism ranging from 6.5% (M10.45) to 80.2% (M10.41). Five years later, in the present study, less diversity of fungal egg parasites was observed, with P. chlamydosporia being the only fungal species isolated from RKN eggs in 5 of the 6 sampled sites. Therefore, as proposed by Giné et al. [8,20], this fungal species has a key role in the RKN-antagonistic potential of these soils, and it is greatly resilient in agricultural systems.



Moreover, the pathogenicity of the different P. chlamydosporia isolates could vary, and therefore its suppressive potential could vary as well. For instance, Dos Santos et al. [28] reported a pathogenicity variation between 38 and 65% in M. incognita eggs, and a strong relationship was found between root colonization and parasitism. In addition to P. chlamydosporia, other components of the soil microbiome could affect RKN infection and/or reproduction and consequently the soil suppressiveness. Recently, some bacterial isolates from the cuticle of M. hapla J2 have been reported to affect nematode invasion into tomato roots [29,30]. Elhady et al. [21] used a fraction of the soil samples taken in February 2015 from the same six sites of the present study in order to determine if the soil microbiome was able to affect the RKN J2 cuticle. It was found that the most common microbial J2-attached species had minor relative abundances in the soil and were not related to the vegetable production system. Interestingly, Topalović et al. [15] also showed that the microbiome extracted from a suppressive soil to several species of plant-parasitic nematodes affected the capability of M. hapla to invade and to reproduce in tomato plants by inducing plant resistance. However, there is no information about the ability of the RKN J2-attached microbial species identified by Elhady et al. [21] to induce plant resistance. Nonetheless, according to our results, egg parasitism seems to be the main factor responsible for reducing nematode reproduction since none of the identified attached microorganisms have been reported to induce plant resistance against RKN. In fact, P. chlamydosporia and other microorganisms such as Trichoderma spp. and Bacillus firmus were able to induce resistance in tomato when applied 7 days before nematode inoculation [31,32], but Trichoderma asperllum did not have this effect when applied at transplanting [33]. In our experimental conditions, in which the infective RKN juveniles were inoculated just after transplanting, the induction of plant resistance could not occur due to the short exposition time that elapsed for the fungal–plant interaction against the nematode.



Other factors influencing the antagonistic potential of soils, such as crop rotation, can improve soil-borne disease suppression. Peralta et al. [34] reported a positive relationship between crop diversity in a rotation sequence and disease suppression in agricultural soils by bacterial species. The soil suppressiveness increased when cover crops were included in a three-crop rotation sequence, but it did not when only one crop was cultivated. In addition, fallow decreased disease suppressiveness [34]. Moreover, cover crops indirectly impact soil microbial communities by increasing some soil properties such as the total C, the total N, and the aggregation formation and stability of the soil [35,36]. For example, providing more carbon to the soil through residues and flow from cover crop root exudates can stimulate soil microbial activity and higher rates of biomass production [34,35].



The effect that crop rotation and the included plant species could have on the microbiome responsible for RKN suppression is still unknown. In fact, the rhizosphere microbial community is more affected by the plant species than the soil practices [37]. Even more, the endosphere microbiome is affected by nematode infection, as pointed out by Wolfgang et al. [38] in tomato roots infected by RKN, irrespective of the disease severity, compared to healthy roots. Previous studies conducted with the same soils as this study showed that several components of the soil microbiome could affect nematode behavior and viability [8,21]. Therefore, more field studies complemented with pot experiments are needed to understand the main components of soil suppressiveness to RKN at the agroecosystem, microcosm, and molecular levels in order to improve the sustainability of vegetable production systems.




5. Conclusions


The present study demonstrated that P. chlamydosporia is the most prevalent fungal species related to Meloidogyne suppression in sustainable vegetable production systems. This fungal species seems to be well adapted to the agroenvironmental conditions of the studied vegetable production area, as it is a resilient fungal species that is able to parasitize nematode eggs in any vegetable crop in which the nematode is able to reproduce. Moreover, the level of fungal egg parasitism can be estimated in pot conditions, which can be an indicator of the antagonistic potential of soils against root-knot nematodes.
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Figure 1. Fresh root weight (a,d), Meloidogyne reproduction (b,e), and percentage of fungal egg parasitism (c,f) in the susceptible tomato cv. Durinta cultivated in sterilized or non-sterilized soils from organic and integrated vegetable production sites in pot experiments of inoculation with nematode juveniles to achieve 1 J2 cm−3 of soil after 66 days (experiment 1) or 86 days (experiment 2), respectively. Data are means ± standard errors of 12 and 10 replications in experiments 1 and 2, respectively. * indicates a significant difference between soil treatments at p < 0.05, according to Student’s t-test or the non-parametric Wilcoxon test. 
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Table 1. Physicochemical properties of four soils cultivated with vegetables under organic standards (M10.16, M10.41, M10.55, and M10.56) and two soils cultivated under integrated production (M10.43 and M10.45).
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Variable

	
Organic Farming

	
Integrated Production




	

	
M10.16

	
M10.41

	
M10.55

	
M10.56

	
M10.43

	
M10.45






	
Sand (%)

	
50

	
33

	
68

	
53

	
75

	
67




	
Silt (%)

	
30

	
38

	
0

	
29

	
15

	
14




	
Clay (%)

	
20

	
29

	
32

	
18

	
10

	
19




	
Soil texture (USDA)

	
Loam

	
Clay loam

	
Sandy clay loam

	
Sandy loam

	
Sandy loam

	
Sandy loam




	
pH

	
8.3

	
8.2

	
8.1

	
8.3

	
8.1

	
7.8




	
Organic matter (%)

	
1.2

	
4.4

	
2.5

	
4.3

	
1.5

	
2.5




	
Electric conductivity (µS/cm)

	
300

	
516

	
1069

	
415

	
156

	
332




	
B (ppm)

	
2.6

	
5.3

	
1.1

	
1.2

	
2.8

	
0.8




	
Exchangeable Ca (meq/100 g)

	
14.2

	
14.9

	
18.2

	
15.9

	
7.2

	
10.0




	
Available Ca (meq/100 g)

	
15.7

	
14.7

	
19.0

	
17.0

	
8.1

	
10.7




	
Lime (% CaCO3)

	
6

	
4

	
4.1

	
5.1

	
1

	
3.8




	
Cation exchange capacity (meq/100 g)

	
26.8

	
14.1

	
25.7

	
22.9

	
9.1

	
12.2




	
Cu (ppm)

	
2.5

	
2.5

	
2.5

	
2.5

	
28.3

	
28.8




	
Available P (ppm)

	
118.3

	
247.5

	
75.8

	
80.2

	
57.9

	
86.9




	
Fe (ppm)

	
5

	
5

	
5

	
5

	
239.1

	
79.7




	
Exchangeable Mg (meq/100 g)

	
1.4

	
4.8

	
3.0

	
2.2

	
0.9

	
1.4




	
Available Mg (meq/100 g)

	
1.4

	
4.4

	
3.7

	
2.7

	
1.1

	
1.6




	
Mn (ppm)

	
55.5

	
92.4

	
2.5

	
2.5

	
92.2

	
54.3




	
Total N (ppm) (Dumas method)

	
522.9

	
2388.7

	
1497.7

	
2209.8

	
629.8

	
1824.9




	
Exchangeable K (meq/100 g)

	
0.6

	
1.5

	
0.67

	
0.6

	
0.2

	
0.4




	
Available K (meq/100 g)

	
0.8

	
1.7

	
0.7

	
1.1

	
0.2

	
0.4




	
C/N

	
13.4

	
10.6

	
9.7

	
11.3

	
13.9

	
7.9




	
Exchangeable Na (meq/100 g)

	
0.5

	
0.6

	
0.5

	
0.4

	
0.3

	
0.4




	
Available Na (meq/100 g)

	
0.4

	
1.9

	
3.2

	
0.6

	
0.4

	
0.5




	
Zn (ppm)

	
2.6

	
7.2

	
2.5

	
2.5

	
24.6

	
24.5
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Table 2. Meloidogyne population densities in soil at planting (Pi) and at the end of the crop (Pf), galling index, number of eggs on roots, and percentage of fungal egg parasitism at four organic vegetable production sites (M10.16, M10.41, M10.55, and M10.56) and two integrated vegetable production sites (M10.43 and M10.45).
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Site

	
Crop

	
Date

	
Number of Juveniles 250 cm−3 soil

	
Galling Index

	
Eggs (×102) g−1 Root

	
Parasitized Eggs (%)




	
Pi

	
Pf






	
Organic

	

	

	

	

	

	

	




	
M10.16

	
Tomato

	
May 2015–November 2015

	
34 ± 21

	
0 ± 0

	
1.9 ± 0.5

	
8.3 ± 1.7

	
55.0 ± 13




	
M10.41

	
Zucchini

	
February 2015–July 2015

	
402 ± 59

	
16 ± 9

	
3 ± 0.2

	
56.1 ± 7.8

	
17.0 ± 3.2




	

	
Chard

	
July 2015–November 2015

	
16 ± 9

	
9 ± 2

	
2.4 ± 0.2

	
0.14 ± 0.03

	
Na




	

	
Spinach

	
July 2015–November 2015

	
16 ± 9

	
4 ± 4

	
2 ± 0.2

	
0 ± 0

	
Na




	

	
Zucchini

	
March 2016–July 2016

	
8 ± 4

	
7 ± 6

	
2.8 ± 0.1

	
14.9 ± 0.9

	
11.2 ± 2.4




	
M10.55

	
Eggplant

	
March 2015–July 2015

	
16 ± 6

	
20 ± 11

	
0.5 ± 0

	
3.1 ± 0.4

	
35.9 ± 4.4




	

	
Lettuce

	
November 2015–February 2016

	
239 ± 63

	
118 ± 39

	
2.2 ± 0.2

	
0.5 ± 0.2

	
Na




	

	
Tomato

	
February 2016–July 2016

	
118 ± 39

	
35 ± 11

	
3.9 ± 0.1

	
41.4 ± 2.7

	
21.7 ± 2.8




	
M10.56

	
Tomato

	
February 2015–July 2015

	
55 ± 18

	
42 ± 17

	
8.3 ± 0.2

	
31 ± 6.9

	
24.8 ± 5.5




	

	
Radish

	
August 2015–November 2015

	
42 ± 17

	
24 ± 14

	
0.47 ± 0.1

	
1.5 ± 0.2

	
Na




	

	
Watermelon

	
March 2016–July 2016

	
24 ± 14

	
3 ± 2

	
Np

	
Np

	
Na




	
Integrated

	

	

	

	

	

	

	




	
M10.43

	
French bean

	
May 2015–August 2015

	
123 ± 30

	
795 ± 182

	
4.5 ± 0.3

	
254.7 ± 22

	
16.5 ± 3.9




	

	
French bean

	
August 2015–December 2015

	
795 ± 182

	
11 ± 5.4

	
Np

	
Np

	
Na




	
M10.45

	
Zucchini

	
April 2015–August 2015

	
6 ± 2

	
0 ± 0

	
1.3 ± 0.2

	
2.5 ± 1

	
0.8 ± 0.7




	

	
Faba bean

	
November 2015–June 2016

	
54 ± 18

	
24 ± 13

	
Np

	
Np

	
Np








Data are means ± standard errors of four replications. The galling index is on a scale from 0 to 10, where 0 = a complete and healthy root system and 10 = dead plants and roots [22]. Na: not assessed due the lack of egg availability. Np: Not assessed because plants were incorporated into the soil as green manure before sampling.
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