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Abstract

:

Metal–polysaccharides have recently raised significant interest due to their multifunctional bioactivities. The antimicrobial activity of a complex of Cu2O with the sulfated polysaccharide (PS) of the marine red microalga Porphyridium sp. was previously attributed to spikes formed on the complex surface (roughness). This hypothesis was further examined here using other Cu–PS complexes (i.e., monovalent-Cu2O, CuCl and divalent-CuO, CuCl2). The nanostructure parameters of the monovalent complexes, namely, longer spikes (1000 nm) and greater density (2000–5000 spikes/µm2) were found to be related to the superior inhibition of microbial growth and viability and biofilm formation. When Escherichia coli TV1061, used as a bioluminescent test organism, was exposed to the monovalent Cu–PS complexes, enhanced bioluminescence accumulation was observed, probably due to membrane perforation by the spikes on the surface of the complexes and consequent cytoplasmic leakage. In addition, differences were found in the surface chemistry of the monovalent and divalent Cu–PS complexes, with the monovalent Cu–PS complexes exhibiting greater stability (ζ-potential, FTIR spectra, and leaching out), which could be related to spike formation. This study thus supports our hypothesis that the spikes protruding from the monovalent Cu–PS surfaces, as characterized by their aspect ratio, are responsible for the antimicrobial and antibiofilm activities of the complexes.
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1. Introduction


Polysaccharides are well-known due to their wide range of biological activities in various aspects (e.g. medicine, cosmetics, and foodomics) [1]. However, it is well-understood that their bioactivity is dependent on their structure [2,3], which can be enhanced by certain modifications [4]. We have thus assumed that the addition of metals to the sulfated polysaccharide of red microalgae with anion exchange capabilities will enable synergism between the metal and the polysaccharide and will generate complexes with new functional activities.



The Cu2O–PS complexes that constitute the subject of this study bring together the antimicrobial properties of Cu2O and the nanostructure of the sulfated cell-wall polysaccharide of Porphyridium sp. [5,6,7]. This sulfated polysaccharide is harvested from the algal culture medium. It has a molecular mass of 3−7 × 106 Da and is composed of 10 different sugars, the main ones being xylose, glucose, and galactose [6,8]. The polysaccharide also contains glucuronic acid and half-ester sulfate groups (about 9%w/v sulfate), which endow it with a negative charge [6,7,8,9]. It is believed that the functions of this sulfated cell-wall polysaccharide are to maintain cell humidity and serve as a free radical scavenger under conditions of high light [6,7,10,11]. Importantly, it is also thought that the sulfated polysaccharide provides a buffer layer around the cells, protecting them not only against severe environmental conditions but also against bacteria, viruses, and fungi [5,6,12,13,14,15]. These unique qualities make it suitable for a variety of applications. In keeping with these ideas, the sulfated polysaccharide of Porphyridium sp. has been shown to exhibit a variety of bioactivities including antiviral [14,15], anti-inflammatory [12], antioxidant [11], and antibiofilm [16,17] activities, along with superior bio-lubricant properties of industrial applications including those in the cosmetics, pharmaceutical, and food industries (as a gelling, thickening, and stabilizing agent) [12,18,19,20].



The effective inhibition of microbial growth and biofilm formation by a Cu2O–polysaccharide (PS) complex, in which the polysaccharide is produced by the marine red microalga Porphyridium sp., was previously reported by us [16]. The complex was particularly efficacious in inhibiting the growth of the fungus Candida albicans [16]. In that study, it was suggested that the antimicrobial and antibiofilm activities of the complex could be attributed to the needle-like topographical protrusions—spikes—that formed on the surface of the Cu2O−PS complex. This notion was in keeping with previous studies on biocidal materials that showed that their nanostructured surfaces—whether nanopillars, nanopatterns, or other nanostructures—influenced their antimicrobial activities [20,21,22,23]. For example, the microbial adhesion force to the spikes (having an aspect ratio, i.e., the ratio of spike height to the width, of 0.5–4.6 nm) of the nanostructured surface of cicada wings was shown to directly influence the viability of Saccharomyces cerevisiae [24]. Similarly, the strong adhesion between the spikes (nanopillars) on the natural nanotopography of dragonfly wings (roughness of 32–41 nm) caused damage to the cell membrane and hence a bactericidal effect on Escherichia coli [25]. Indeed, the degree of rigidity of bacterial cells has been found to influence their susceptibility to mechanical damage by nanostructured anti-bacterials, with Gram-negative bacteria being more sensitive to spike-mediated rupture than Gram-positive bacteria [26,27,28]. In parallel, a number of studies have shown that the size and density of nanotopographic spikes influence the efficacy of bactericidal activity [24,27,29,30]. Thus, there is a growing understanding that the surface topography of some antimicrobial materials contributes to their mode of action [23,24,25,29,30,31,32,33,34,35,36,37].



Just as a range of studies have been devoted to the antimicrobial activity of materials with nanostructured surfaces, other studies have focused on the inherent antimicrobial activity of metals (e.g., Cu, Zn, Ag, Au, Ga, and Fe) [38,39,40]. Before the development of antibiotics, metals were used to treat microbial infections [41], and more recently, metals in the form of nanoparticles were shown to exhibit a broad spectrum of antimicrobial activities due to their small size and high surface-to-volume ratio, which enhance their interaction with microbes [42,43]. For example, nanoparticles of metals (e.g., silver) or of metal oxides (e.g., zinc oxide and copper oxide) that were integrated into carbon-based materials or surfactant-based nano-emulsions were found to be effective in preventing bacterial infections [44,45], water disinfection, and for microbial control [46]. Among these metal-based nanoparticles, copper nanoparticles have attracted considerable attention because of their high redox potential and relatively low production costs [47]. In addition, copper is relatively non-toxic to mammals [48], but shows strong toxicity against a broad range of microorganisms [49,50,51,52]. Hassan et al., for example, reported that copper and copper-based surfaces showed significant antibacterial activity against both Gram-positive and Gram-negative bacteria [53]. It is thus not surprising that copper nanoparticles have already found application in many antimicrobial formulations and products such as biomedical and surgical devices, food processing and packaging, synthetic textiles, and water purification [54,55,56,57].



By virtue of its structure, negative charge, and anion-exchange capacity, polysaccharides have been evaluated as a platform for the complexation with metals such as zinc, copper, and silver with the aim to produce new materials—metal–PS complexes with the synergistic activity of the metal and the polysaccharide [16,17,58,59]. It was shown, for example, that Zn–PS in the form of a hydrogel (with chitosan) exhibited significant antibacterial activity [60]. Similarly, Cu–PS complexes prevented biofilm formation [16,17] and exhibited significant antifungal activity [16].



With the aim of acquiring an in-depth understanding of the role of the spikes protruding from the surfaces of Cu–PS complexes, in their antimicrobial and anti-biofilm activities, we compared a series of Cu–PS complexes prepared from monovalent and divalent copper compounds (Cu2O and CuCl vs. CuO and CuCl2). These Cu–PS complexes were characterized, and their antimicrobial activities, surface morphologies, and physicochemical properties were compared.




2. Results and Discussion


2.1. The Cu–PS Complexes: Physicochemical Characteristics


In the first stage, we characterized the various Cu–PS complexes (Table 1). In general, the viscosity of the monovalent Cu–PS complexes was higher than that of the divalent Cu–PS complexes and similar to that of the polysaccharide alone. The conductivity and pH values of all the complexes were higher than the values of the polysaccharide alone. It is worth noting that the zeta potential of the monovalent Cu–PS complexes was lower than that of the divalent Cu–PS complexes (−72 and −65 mV for the monovalent Cu2O–PS and CuCl–PS, respectively, compared with −43 and −33 mV for the divalent CuO–PS and CuCl2–PS, respectively), but similar to that of the polysaccharide alone (−67 mV), perhaps indicating the higher stability of the monovalent Cu–PS complexes, which was similar to that of the polysaccharide alone.



To examine whether the Cu actually binds to the polysaccharide, the complexes were characterized by FTIR spectroscopy. Figure 1 shows that in both monovalent Cu–PS complexes, a new peak appeared in the transmission spectrum at 1180 cm−1, suggesting the formation of a new coordinate bond, as previously shown for the Cu2O–PS complex [16]. According to the FTIR spectra, in both monovalent complexes, Cu ions form coordinate bonds with the polysaccharide, whereas in the divalent Cu–PS complexes, the Cu ions probably interact electrostatically with the polysaccharide. In all of the spectra, the broad band centered at 3260 cm−1 was assigned to O−H stretching vibrations, and the weak signal at 2926 cm−1 to C−H stretching vibrations [61]. The broad band at around 1220−1260 cm−1, exhibited by all the samples, was assigned to sulfated ester groups (S=O), which are a characteristic component of the sulfated polysaccharides of red microalgae and seaweeds [61,62,63,64].



In accordance with Figure 1 showing Cu binding to the polysaccharide, the copper release profiles of the Cu–PS complexes are presented in Figure 2. The highest Cu release from the complexes into distilled water was detected for the divalent Cu–PS complexes (CuO–PS and CuCl2–PS), whereas there was no substantial release of copper from the monovalent Cu–PS complexes (Cu2O–PS and CuCl–PS): The copper release from the divalent Cu–PS complexes was about 100 times that from the monovalent Cu–PS complexes.



SEM micrographs and EDS analysis provided information on the surface morphology of the various Cu–PS complexes (Figure S1, Supplementary Materials). It can be seen that the monovalent Cu–PS complexes (Figure S1A,B, Supplementary Materials) have a larger pore size of up to 50 µm in diameter vs. the 10-µm diameter pores of the divalent Cu–PS complexes (Figure S1C,D, Supplementary Materials). An EDS analysis (Figure S1F–I, Supplementary Materials) showed that the Cu was equally distributed in all the Cu–PS complexes and that they all exhibited the same main peaks of sulfur, carbon, and oxygen.




2.2. Antimicrobial and Antibiofilm Activities of Monovalent vs. Divalent Cu–PS Complexes


Our previous findings that the Cu2O–PS complex exhibits significant antimicrobial activity, exceeding that of the polysaccharide alone or of Cu2O alone, were attributed to the spikes induced on the surface of the Cu2O–PS complex [16]. To obtain a comprehensive insight into this significant antimicrobial activity, we compared monovalent vs. divalent Cu–PS complexes in terms of growth inhibition and cell viability (Figure 3A). The two monovalent Cu–PS complexes were markedly more inhibitory than the divalent Cu–PS complexes for the fungus C. albicans and for different Gram-negative (A. baumannii, P. aeruginosa, and E. coli) and Gram-positive (S. aureus and B. subtilis) bacteria: both monovalent Cu–PS complexes almost completely inhibited the growth of C. albicans (93 and 89% inhibition for Cu2O–PS and CuCl–PS, respectively) vs. untreated cells, whereas the divalent Cu–PS complexes and the Porphyridium sp. polysaccharide alone caused moderate growth inhibition of C. albicans. For all of the bacterial species, the monovalent Cu–PS complexes caused 75–83% inhibition of growth. Copper salts alone did not inhibit the growth of the fungus or of any of the bacterial species (Table S1, Supplementary Materials).



To investigate the effect of the Cu–PS complexes on cell viability, the lysis of the fungal and bacterial cells was evaluated using the colony forming unit (CFU) assay after 24 h of incubation of the microbial cells with the complexes (Figure 1B). The results showed that the two monovalent Cu–PS complexes exhibited the most effective activity against C. albicans (i.e., 5–12% viable cells remained after treatment compared with 55–90% viable cells after exposure to the polysaccharide or Cu salts alone). The divalent Cu–PS complexes showed moderate activity against all of the tested microorganisms (~21–42% viability).



Taken together, these two experiments indicate that the monovalent Cu–PS complexes were superior to the divalent Cu–PS complexes in terms of both inhibiting growth and reducing cell viability (leading to cell death) (Figure 3; Table S1, Supplementary Materials). Of the two monovalent Cu–PS complexes, the effects of the Cu2O–PS complex were more marked than those of the CuCl–PS complex. As shown previously, the inhibition of the growth of C. albicans was significantly higher than that of the bacteria (about 1.5–7 times).



Additional support for the ability of the monovalent (vs. divalent) Cu–PS complexes to inhibit bacterial growth was obtained by evaluating the relative swarming motility in the presence of the complexes of a pathogenic nosocomial infectious Gram-negative bacterium P. aeruginosa PA14 as a model microorganism. For this purpose, the bacteria were cultured on semisolid agar plates, each layered with a different Cu–PS complex (Figure 4). The monovalent Cu–PS complexes significantly decreased the swarming ability of P. aeruginosa PA14 (Figure 4, top row), resulting in an approximately 5-fold decrease in surface coverage compared to the polysaccharide alone. The Cu compounds did not have any effect on the swarming ability of the bacterium (Figure 4, bottom row).



P. aeruginosa PA14 was also used as a model microorganism to study the effect of the Cu–PS complexes on the development of dynamic biofilms. The effect of the Cu–PS complexes on the growth of P. aeruginosa was evaluated in a microfluidic system for biofilm formation [65,66,67] (Figure 5). CLSM analysis revealed that after 48 h, thick, dense biofilms of P. aeruginosa PA14 developed, which uniformly covered the untreated glass and the polysaccharide-treated surfaces (Figure 5A,B). The monovalent Cu–PS complexes almost completely prevented bacterial adherence (Figure 5C,D), whereas the divalent Cu–PS complexes had only a partial effect (Figure 5E,F). Quantitative analysis of the biofilm thickness (with the Imaris MeasurementPro) showed that the monovalent Cu2O–PS and CuCl–PS complexes exhibited 98% and 88% of biofilm formation inhibition, respectively, compared with ‘No treatment’ (Figure 5G). In addition, a calculation (from Figure 5G) of the ratio of dead/live cells clearly showed that the effect of the Cu2O–PS complex was 10 times greater than that of the other monovalent complex (CuCl-PS) and 12.5–20 times greater than that of the polysaccharide alone or the divalent Cu–PS complexes, indicating the lethal effect of the Cu2O–PS complex (Figure 5H). It is possible that the spikes that protrude from the surface of the Cu2O–PS complex interfere with the initial stage of biofilm formation, thereby preventing further biofilm development.




2.3. Surface Topography of the Cu-PS Complexes: Spike Nanotopography


Since we hypothesized that the antimicrobial and antibiofilm activities of the Cu–PS complexes derived from spikes on their surfaces, we used AFM to further study the spike structure. The surface topography and 3D images of the complexes are shown in Figure 6A, and an analysis of the spike parameters, using Gwyddion and ImageJ software, is presented in Figure 6B. It can be seen that the spikes of the monovalent Cu–PS complexes were significantly higher than those of the divalent Cu–PS complexes and those of the polysaccharide itself (1000 nm vs. 24 nm). The density (spikes/µm2) of the spikes of the monovalent Cu2O–PS complex was 2.5 times greater than that of the monovalent CuCl–PS complex and 5 times greater than that of both divalent Cu–PS complexes. However, the spike thickness was the lowest in the monovalent Cu2O–PS complex (20 nm), with the spikes of the divalent Cu–PS complexes being 4.5–5 times thicker (50–90 nm). Spike height thus appeared to be positively correlated with density and negatively correlated with thickness. A schematic illustration of the spikes is presented in the Supplementary Materials (Figure S2). An additional parameter, the spike aspect ratio, was used to characterize the spike structure (Figure 6B). The aspect ratio of the Cu2O–PS complex was 2.5 times higher than that of the CuCl–PS complex and 100–200 times higher than that of the other complexes. The roughness (Rq) as obtained from the AFM scans of the Cu2O–PS (~1040.0 nm) and CuCl–PS (~874.7 nm) complexes was significantly greater than that of the divalent Cu–PS (~57.6–75.3 nm) complexes or that of the polysaccharide per se (~11.2 nm). To further understand the effect of spikes on the antimicrobial activity, we ‘neutralized’ the effect of spikes from the surface chemistry of the Cu–PS complexes by using a gold coating. In this way, we could separate the effect of the surface (not coated) from that of the spikes. For the monovalent Cu–PS complexes, the spike heights did not change (remained 1000 nm) upon the gold coating (Figure 6B), whereas the thickness increased, and the density (spikes/1 µm2) decreased compared with the non-coated surfaces. A similar trend was observed for the divalent Cu–PS complexes.



When the surfaces of the Cu–PS complexes were coated with gold (Figure 7), more bacterial cells were observed vs. the non-coated surfaces, emphasizing the influence of the size and sharpness of the spikes on the antimicrobial activity of the complexes. The coated and uncoated surfaces showed similar patterns of biofilm formation. Nonetheless, the inhibitory effect of Cu2O–PS was significantly different from that for the other complexes, probably indicating the effect of the spikes above and beyond that of the surface chemistry. In general, the areas covered by P. aeruginosa PA14 cells (%) were similar for the non-coated and gold coated complexes (Pearson correlation r = 0.98) (Figure S4, Supplementary Materials).




2.4. Effect of Spikes on Perforation of Bacterial Membranes


An additional approach was taken to examine whether the spikes did, in fact, pierce the microbial membrane, by using a bioluminescence assay. For this purpose, E. coli TV1061 was used as a model. When these bacterial cells are incubated with certain toxicants (e.g., ethanol), bioluminescence is generated once the lux operon has been transcribed and translated to produce luciferase, an event triggered by the adjacent promoter, which is sensitive to certain toxicants that can damage the cell membrane [68]. The E. coli TV1061 reporter strain was incubated with the various Cu–PS complexes, and the luminescence resulting from luciferase leakage was determined. As can be seen from Figure 8, the cytotoxic effect of the two monovalent Cu–PS complexes was superior to that of the divalent Cu–PS complexes (the polysaccharide itself did not have any effect), with the bioluminescence for the Cu2O–PS complex being similar to that of the positive control (20% ethanol, EtOH). The area under the peak was used as a measure of bioluminescence accumulation resulting from membrane perforation and cytoplasmic leakage (Figure 8B). Scanning electron micrographs of the damaged cells are presented in Figure S5.





3. Materials and Methods


3.1. Algal Growth and Polysaccharide Production


Porphyridium sp. (UTEX 637) from the culture collection of the University of Texas at Austin was grown in artificial seawater [69]. Algal cultivation and polysaccharide production were performed as previously described [70]. Briefly, the cultures were grown in polyethylene sleeves and illuminated continuously from the side with fluorescent cool-white lamps at an irradiance of 150 μE m−2 s−1 and aerated with sterile air containing 3% CO2. Cells were harvested at the stationary phase of growth by continuous centrifugation (CEPA, Carl Padberg Zentrifugenbau GmbH, Lahr, Germany). The supernatant containing the dissolved polysaccharide was collected and filtered using crossflow filtration to remove salts and metabolites (MaxCell™ hollow fiber microfiltration cartridge, pore size 0.45 μm, membrane area 2.5 m2) and concentrated to 0.7% (w/v) polysaccharide. The resulting polysaccharide was sterilized in an autoclave and stored at 4 °C. The sugar content was determined using the phenol-sulfuric acid reaction [71].




3.2. Preparation of Cu–PS Complexes


The various Cu–PS complexes were prepared by adding the copper salts (Cu2O and CuO from Fisher Scientific, Loughborough, UK; CuCl2 and CuCl from Sigma–Aldrich, Brøndby, Denmark) to 20 mL of a 0.7% (w/v) polysaccharide solution to a final copper concentration of 500 ppm. The Cu–PS complexes were stirred gently with a magnetic stirrer for 24 h at room temperature. Copper concentration in the Cu–PS complexes was determined by inductively coupled plasma optical emission spectrometry (SPECTRO ARCOS ICP-OES analyzer, SPECTRO Analytical Instruments GmbH, Kleve, Germany).




3.3. Physicochemical Characterization of Porphyridium sp. Polysaccharide Solutions


The viscosity of the polysaccharide solutions was determined with a Brookfield digital viscometer, 30 rpm at room temperature with a 31 cylindrical spindle (Brookfield AMETEK SC4-31, Middleboro, Massachusetts, USA). The conductivity and pH of the polysaccharide solutions were determined with a pH/mV/Cond./TDS/Temp. meter 86,505 (AZ Instrument Corp., Taichung City, Taiwan) at room temperature. Zeta potential (electrokinetic potential) was measured using a Zetasizer Nano ZS (Malvern Instruments Ltd., Malvern, UK). Data were analyzed using the Smoluchowski model.




3.4. Fourier Transform Infrared (FTIR) Spectroscopy


Spectra were obtained on an iN-10 FTIR Thermo Fisher Microscope spectrometer equipped with a narrow-band liquid-nitrogen-cooled MCTA detector. Samples of the Cu–PS complexes and the polysaccharide alone were lyophilized at −55 °C for 24 h in 96-well plates. The spectra were recorded in three areas per sample in the range of 4000 to 650 cm−1, at 2 cm−1 resolution and 64 scans; area of detection was 25 × 25 mm. The FTIR data were collected using OMNIC Picta software (Thermo Scientific OMNIC Series Software, Madison, WI, USA). Automatic baseline correction was used.




3.5. Copper Release from the Cu–PS Complexes


The mode of copper leaching from the Cu–PS complexes was monitored using cellulose tubular membranes (nominal MWCO: 12,000–14,000, Merck) containing the Cu–PS complexes against distilled water with constant shaking (100 rpm) at 37 °C. The released copper ions were quantified after 72 h of incubation. The copper content in the distilled water was determined by ICP-OES.




3.6. Scanning Electron Microscopy/Energy Dispersive X-ray Spectroscopy (SEM-EDS) Analysis


To determine the morphological properties of the Cu–PS complexes and the polysaccharide, SEM images were obtained on an FEI ESEM Quanta 200 instrument at an accelerating voltage of 20 kV and analyzed by EDS (FELMI-ZFE, Graz, Austria). Samples were prepared for SEM scanning as follows. Freeze-dried Cu–PS complexes were attached to specimen holders with double-sided carbon tape and then sputtered with gold. The pore sizes of the complexes in the SEM images were measured with ImageJ software. Three images were randomly selected from each sample, and 30 measurements of pore sizes were acquired from each image.




3.7. Microbial Cultures and Growth Conditions


The antimicrobial activities of the Cu–PS complexes were determined for a variety of model microorganisms cultured as follows. Acinetobacter baumannii (ATCC No. 43498, USA), E. coli (ATCC No. 1100101, USA), and Pseudomonas aeruginosa PA14 (ATCC No. 109246, Manassas, VA, USA) were grown for 24 h in LB Broth (Miller) (Sigma-Aldrich); Staphylococcus aureus (ATCC No. 33591, USA) was cultured for 24 h in BD™ Tryptic Soy Broth (TSB; soybean-casein digest medium); and Bacillus subtilis (ATCC No. 19659, USA) was grown for 24 h in LB medium (Difco Luria-Bertani medium, Lennox). Candida albicans (ATCC No. 10231, USA, supplied by the Clinical Microbiology Laboratory of Dr. Yossi Paitan, Meir Medical Center, Kfar Saba, Israel) was cultivated in potato dextrose broth (PDB; HiMedia) for 48 h with shaking (120 rpm) at a constant temperature of 37 °C. For the antibiofilm study, P. aeruginosa PA14 was inoculated for 24 h into AB trace Minimal Medium, supplemented with 30 mm glucose at a constant temperature of 37 °C.




3.8. Microbial Growth Inhibition


The antimicrobial activities of the Cu–PS complexes and of the . polysaccharide alone against A. baumannii, P. aeruginosa PA14, E. coli, S. aureus, B. subtilis, and C. albicans were examined by following the growth curves and viability of the microorganisms. To evaluate the growth curves for the different species of bacteria and the fungus, 100 µL of a solution of the polysaccharide (0.7% w/v), a Cu–PS complex (0.7% w/v polysaccharide with 500 ppm of copper ions) or copper ions (500 ppm) were mixed with 900 µL of the relevant medium and 10 µL of microbial culture at OD = 1. A sample of 200 µL of each combination was incubated with shaking in 96-well plates at 37 °C for 14 h for A. baumannii, P. aeruginosa PA14, E. coli, S. aureus, and B. subtilis or 48 h for C. albicans. The turbidity of the medium was measured hourly with a micro-plate reader (BioTek Instruments, Santa Clara, CA, USA) at a wavelength of 600 nm. Growth inhibition was calculated from the following formula:


  I n h i b i t o r y   i n d e x    ( % )  =  (  1 −   O  D  t r e a t m e n t   − O  D  t r e a t m e n t _ b l a n k     O  D  c o n t r o l   − O  D  c o n t r o l _ b l a n k      )  × 100  



(1)




where ODtreatment is the absorbance of the sample of each Cu–PS complex or polysaccharide plus bacteria at t = 14 h (in the logarithmic phase of growth) or fungus at t = 48 h; ODtreatment_blank is the absorbance of the same sample without bacteria or fungus at the same time; ODcontrol is the absorbance of LB or TSB (as above-mentioned for each bacterial species) plus bacteria or PDB plus fungus; and ODcontrol_blank is the absorbance of the same sample without bacteria or fungus at the same time.



For the determination of cell viability, cells were incubated in test tubes containing 900 µL of LB, TSB, or PDB, as relevant, mixed with 100 µL of each Cu–PS complex solution (0.7% w/v polysaccharide with 500 ppm copper ions) vs. their respective controls (LB, TSB, or PDB alone, or solutions of polysaccharide or copper ions). After 24 h, 100 µL of each sample was plated on a LB, TSB, or PDB agar plate after serial dilution and incubated overnight at 37 °C. The following morning, the colony-forming units (CFUs) were counted.




3.9. Bacterial Surface Translocation


P. aeruginosa PA14 was grown overnight in M9 medium [62 mm potassium phosphate buffer (pH 7), 7 mm (NH4)2SO4, 2 mm MgSO4, 10 μm FeSO4, 0.4% (w/v) glucose, 0.5% Casamino Acids)]. The cultures were then diluted 1:10 into fresh M9 medium and cultured to the mid-log phase (i.e., OD600 of 0.4 to 0.6). Inoculate of 1–2 μL were placed in the middle of the swarming plates (M9 solidified with 0.5% (w/v) Difco agar and 0.1% of a Cu–PS complex) to enable the assessment of the surface coverage after 24 h of growth at 37 °C.




3.10. Confocal Laser Scanning Microscopy (CLSM)


A continuous-culture flow cell [66], with three channel μ-slide sizes of 17 × 3.8 × 0.4 mm (ibid), was used as a solid platform for biofilm growth. The flow cell system was inoculated with a 0.05 OD600 dilution of P. aeruginosa PA14 culture. The flow was initiated after 1 h at a flow rate 10 mL/h of AB trace Minimal Medium, supplemented with 30 mm glucose. The system was incubated at 37 °C for 24 h. Biofilms were visualized by CLSM, and the 3D visualization was processed using IMARIS software. Data acquisition and processing of bacterial biofilms were performed by an FV1000 (Olympus, Tokyo, Japan) CLSM equipped with a 0 × 1.35 NA lens. Bacteria were pre-stained using a LIVE/DEAD BacLight Viability Staining Kit (Molecular Probes Inc., Eugene, OR, USA). A stock solution of SYTO™ 9 and propidium iodide (PI) stain were diluted in doubly distilled water to a concentration of 1.5 μL/mL and injected into the flow channels. SYTO 9 stained the live cells (green), and PI stained the dead cells (red). The excitation wavelength for SYTO 9 was 488 nm and the emission wavelength was 515 nm, while for PI, excitation and emission were recorded at 530 nm and 617 nm, respectively. The collected images were processed using 3D reconstruction IMARIS software (Bitplane AG, Zürich, Switzerland). Biofilm thickness (μm3/μm2) was calculated over a given sampling of slices (~320 μm × 320 μm).




3.11. Atomic Force Microscopy (AFM)


Glass coverslips were immersed in 2.5 M HCl for 10 min and then rinsed first with ethanol (99.9%) and then with distilled water. Thereafter, 10 µL of the relevant Cu–PS complex or of the polysaccharide itself was applied to the glass surface and dehydrated by autoclaving at 121 °C for 40 min. Topographical images of the pre-dried Cu–PS complexes and that of the polysaccharide were acquired on a Dimension-3100 microscope (Bruker). Samples were imaged at a scan rate of 0.5−1 Hz with a 512 × 512 pixel resolution in tapping mode. Several scans were carried out over a given surface area (~0.65 μm × 0.67 μm). Electrostatic potential distribution measurements were conducted with a scanning Kelvin probe microscopy (SKPM) using an MFP-3D-Bio inverted optical microscope system with an ARC2 controller (Asylum Research, Oxford Instruments). The images were recorded by SKPM in NAP mode, with a two-pass method. On the first pass, the cantilever was oscillated mechanically, and the surface topography was recorded, while in the second pass, during which AC and DC voltage were applied, the surface potential was recorded. AFM images were analyzed manually using Gwyddion and ImageJ software. Three images were randomly selected for each sample, and 30 measurements (maximal spike height, spike thickness, and density) were acquired from each image. The aspect ratio was then calculated from the data collected from the AFM images.




3.12. Antimicrobial and Antibiofilm Activities of Gold-Coated Cu–PS Complexes


Glass coverslips were immersed in 2.5 M HCl for 10 min and then rinsed with ethanol (99.9%) and distilled water. Thereafter, 10 µL of a Cu–PS complex or of the polysaccharide were applied on the glass surface and dehydrated by autoclaving (121 °C for 40 min). The glass slides were then attached to specimen holders with double-sided carbon tape and coated with a 1-nm layer of gold using an EMITECH K575x sputtering device (Emitech Ltd., UK). Strain PA14 of P. aeruginosa was exposed to the gold coated and uncoated surfaces, and the morphological properties of the coatings and the biofilm structures were analyzed using high-resolution scanning electron microscopy (HR-SEM) after 24 h of incubation. The samples were prepared for SEM studies as follows. After fixation in 2.5% buffered glutaraldehyde, the samples were dehydrated with an increasing serial ethanol gradient (25%, 50%, 75%, 90%, 95%, and 100%) and immersed in hexamethyldisilazane (HMDS)/ethanol gradient solutions (1:3, 1:1, 3:1). The treated specimens were air dried for 4 h, and in preparation for SEM scanning (JSM-7400F, JEOL), they were sputter coated with a 20-nm layer of gold, as described above. SEM images were analyzed using ilastik and ImageJ software.




3.13. Bioluminescence Accumulation Assay


For this assay, we used the bioluminescence reporter strain E. coli TV1061, which is sensitive to general cytotoxic damage including the cell membrane [72]. This bacterial strain harbors a fusion of the luxCDABE reporter gene and the promoter for the heat-shock gene grpE (provided by S. Belkin, The Hebrew University of Jerusalem, Israel). Prior to the exposure of the E. coli TV1061 cells to the Cu–PS complexes, the bacterial cells were cultivated in 10 mL of LB medium (10 g/L tryptone; 5 g/L yeast extract; 5 g/L NaCl) overnight at 37 °C in a shaking incubator at 120 rpm (NB-205LF,N-BIOTEK, SciMed (Asia) Pte Ltd., Singapore). Cultures were then diluted to approximately 107cells/mL and regrown in 10 mL of LB at 30 °C without shaking, until the early exponential phase (i.e., OD600 = 0.2), as determined by a UVmini-1240, UV–VIS spectrophotometer (Shimadzu, Singapore). Bioluminescence was measured using a Luminoskan Ascent Luminometer (ThermoFisher Scientific, Waltham, MA, USA). Measurements were performed in white 96-well microtiter plates (NUNC) containing 90 μL of the bacterial culture at OD600 = 0.2. The treatments (10 μL in different concentrations) were added to each well (n = 3 for each treatment). During the measurements (10 h), temperature was maintained at 26 °C, and the plates were continuously shaken. The negative control was obtained by adding 10 μL of LB to the bacterial culture and the positive control was obtained by the addition of 2% (v/v) ethanol. Luminescence values are presented in relative light units (RLU). Area under the peak was calculated according to the following formula:


  A r e a   u n d e r   p e a k =   ∫  0  600   f  ( x )  d x  



(2)




where f(x) is the equation plot of each treatment.





4. Conclusions


The involvement of various surface nanostructures in the antimicrobial activities of different microorganisms has been studied [22,23,24,25,29,30,31,32,33,34,36,38]. We have previously suggested that the antimicrobial activities of the Cu2O–polysaccharide complex are derived from the spikes produced on the surface of the complex, which penetrate and hence disrupt the microbial membrane, thereby causing cell death [16]. With the aim to elucidate the role of the spikes in the antimicrobial activities of Cu–PS complexes, we sought to understand how the structure of the spikes (size, height, width, and density) affected the antimicrobial activities of the complexes. Two important findings were that (i) the roughness—used as an indicator of surface topography—was markedly greater (~15 fold) in the monovalent Cu–PS complexes than in the divalent complexes, and (ii) the spike aspect ratio—reflecting the antimicrobial effectiveness of the spikes –was significantly higher for the two monovalent Cu–PS complexes (Cu2O–PS and CuCl–PS) than for the divalent Cu–PS complexes and for the polysaccharide per se (Figure 9A). We therefore posited that the sharp spikes of the monovalent Cu–PS complexes exerted their antimicrobial action by perforating the microbial membrane. This was supported by the enhanced accumulation of bioluminescence due to cytoplasm spilling through the pierced cell membrane of Cu–PS complex-treated bacteria (Figure 9B). Moreover, the highest growth inhibition was directly correlated with the highest bioluminescence (Figure 9C) for the highest aspect ratio of 50 (for the Cu2O-PS complex). Taken together, these results (spike height, cytoplasm spilling, and growth inhibition), in addition to the antibiofilm activity (Figure 5), clearly point to a direct effect of the spikes—via membrane disruption—on the bacteria, which culminated in cell death (Figure 9). The generality of the phenomenon is emphasized since various bacteria were used (Figure 9C and Figure S6, Supplementary Materials).



The size of the aspect ratio was directly correlated with microbial death for all the microorganisms studied, with the highest growth inhibition and the lowest cell viability being found for the fungus C. albicans. It would appear that the superior antimicrobial activity of the monovalent Cu–PS complexes mainly stems from their surface topography, namely, the presence of sharp spikes, since neutralizing the effect of surface chemistry (by coating the surfaces with a thin layer of gold) only led to a slight reduction in the killing efficiency (Figure 7). It is worth adding here that the stability of the monovalent Cu–PS complexes is supported by the covalent bonding of the Cu to the polysaccharide molecule (Figure 1) and the absence of leakage of Cu from the complexes (Figure 2).



The results of this study can serve as the basis for the production of new functional metal–polysaccharide complexes with a wide range of applications.








Supplementary Materials


The following supporting information can be downloaded at: https://www.mdpi.com/article/10.3390/md20120787/s1, Figure S1. SEM micrographs and EDS spectra of the Cu–PS complexes; Table S1. Effect of the monovalent and divalent Cu–PS complexes on the inhibition of growth and cell viability of fungi and Gram-negative and Gram-positive bacteria; Figure S2. Schematic illustration of spikes from the monovalent and divalent Cu–PS complexes and PS transect; Figure S3. P. aeruginosa PA14 biofilm formation on glass surfaces with and without a gold coating; Figure S4. Effect of monovalent and divalent Cu–PS complexes that were surface coated with gold or non-coated on P. aeruginosa PA14 biofilm formation; Figure S5. SEM micrographs of E. coli TV1061 treated with the Cu2O-PS; Figure S6. Microbial inhibition and cell viability as a function of the spike dimensions (aspect ratio) for the following microorganisms: Candida albicans, Acinetobacter baumannii, Pseudomonas aeruginosa, Escherichia coli, Staphylococcus aureus, and Bacillus subtilis.





Author Contributions


Conceptualization, S.A. and A.K.; Methodology, N.Y.; Software, N.Y. and L.A.G.; Validation, S.A., L.A.G. and A.K.; Formal analysis, N.Y., L.A.G. and S.A.; Investigation, N.Y.; Resources, S.A. and A.K.; Data curation, N.Y., L.A.G. and S.A.; Writing—original draft preparation, N.Y. and S.A.; Writing—review and editing, S.A., L.A.G., and A.K; Visualization, N.Y. and S.A.; Supervision, S.A. and A.K.; Project administration, S.A.; Funding acquisition, S.A. and A.K. All authors have read and agreed to the published version of the manuscript.




Funding


This research received no external funding.




Institutional Review Board Statement


Not applicable.




Data Availability Statement


Not applicable.




Acknowledgments


The authors thank the IKI technical staff at Ben-Gurion University of the Negev: Ana Millionshchick and Roxana Golan for electron microscopy and Jurgen Jopp for the AFM measurements.




Conflicts of Interest


The authors declare no conflict of interest.




References


	



Yu, Y.; Shen, M.; Song, Q.; Xie, J. Biological Activities and Pharmaceutical Applications of Polysaccharide from Natural Resources: A Review. Carbohydr. Polym. 2018, 183, 91–101. [Google Scholar] [CrossRef] [PubMed]

	



Wang, X.Y.; Zhang, D.D.; Yin, J.Y.; Nie, S.P.; Xie, M.Y. Recent Developments in Hericium Erinaceus Polysaccharides: Extraction, Purification, Structural Characteristics and Biological Activities. Crit. Rev. Food Sci. Nutr. 2018, 59, S96–S115. [Google Scholar] [CrossRef] [PubMed]

	



Li, X.; Jiang, F.; Liu, M.; Qu, Y.; Lan, Z.; Dai, X.; Huang, C.; Yue, X.; Zhao, S.; Pan, X.; et al. Synthesis, Characterization, and Bioactivities of Polysaccharide Metal Complexes: A Review. J. Agric. Food Chem. 2022, 70, 6922–6942. [Google Scholar] [CrossRef]

	



Xu, Y.; Wu, Y.; Sun, P.; Zhang, F.; Linhardt, R.J.; Zhang, A. Chemically Modified Polysaccharides: Synthesis, Characterization, Structure Activity Relationships of Action. Int. J. Biol. Macromol. 2019, 132, 970–977. [Google Scholar] [CrossRef]

	



Lapidot, M.; Shrestha, R.P.; Weinstein, Y.; Arad, S. Red Microalgae: From Basic Know-How to Biotechnology; Springer: Berlin/Heidelberg, Germany, 2010; pp. 205–225. [Google Scholar]

	



Arad, S.; van Moppes, D. Novel Sulfated Polysaccharides of Red Microalgae: Basics and Applications. In Handbook of Microalgal Culture: Applied Phycology and Biotechnology; Wiley: Hoboken, NJ, USA, 2013; pp. 406–416. [Google Scholar]

	



Arad, S.; Levy-Ontman, O. Red Microalgal Cell-Wall Polysaccharides: Biotechnological Aspects. Curr. Opin. Biotechnol. 2010, 21, 358–364. [Google Scholar] [CrossRef] [PubMed]

	



Geresh, S.; Arad, S. The Extracellular Polysaccharides of the Red Microalgae: Chemistry and Rheology. Bioresour. Technol. 1991, 38, 195–201. [Google Scholar] [CrossRef]

	



Lupescu, N.; Arad, S.; Geresh, S.; Bernstein, M.A.; Glaser, R. Structure of Some Sulfated Sugars Isolated after Acid Hydrolysis of the Extracellular Polysaccharide of Porphyridium sp., a Unicellular Red Alga. Carbohydr. Res. 1991, 210, 349–352. [Google Scholar] [CrossRef]

	



Arad, S.; Levy-Ontman, O. Sulfated Polysaccharides in the Cell Wall of Red Microalgae. In Handbook of Biopolymer-Based Materials: From Blends and Composites to Gels and Complex Networks; Wiley: Hoboken, NJ, USA, 2013; pp. 351–370. [Google Scholar]

	



Tannin-Spitz, T.; Bergman, M.; Van-Moppes, D.; Grossman, S.; Arad, S. Antioxidant Activity of the Polysaccharide of the Red Microalga Porphyridium sp. J. Appl. Phycol. 2005, 17, 215–222. [Google Scholar] [CrossRef]

	



Matsui, M.S.; Muizzuddin, N.; Arad, S.; Marenus, K. Sulfated Polysaccharides from Red Microalgae Have Antiinflammatory Properties In Vitro and In Vivo. Appl. Biochem. Biotechnol.—Part A Enzym. Eng. Biotechnol. 2003, 104, 13–22. [Google Scholar] [CrossRef]

	



Arad, S.; Rapoport, L.; Moshkovich, A.; Van Moppes, D.; Karpasas, M.; Golan, R.; Golan, Y. Superior Biolubricant from a Species of Red Microalga. Langmuir 2006, 22, 7313–7317. [Google Scholar] [CrossRef]

	



Huleihel, M.; Ishanu, V.; Tal, J.; Arad, S. Antiviral Effect of Red Microalgal Polysaccharides on Herpes Simplex and Varicella Zoster Viruses. J. Appl. Phycol. 2001, 13, 127–134. [Google Scholar] [CrossRef]

	



Talyshinsky, M.M.; Souprun, Y.Y.; Huleihel, M.M. Anti-Viral Activity of Red Microalgal Polysaccharides against Retroviruses. Cancer Cell Int. 2002, 2, 8. [Google Scholar] [CrossRef] [PubMed]

	



Yehuda, N.; Turkulets, Y.; Shalish, I.; Kushmaro, A.; Arad, S. Red Microalgal Sulfated Polysaccharide-Cu2O Complexes: Characterization and Bioactivity. ACS Appl. Mater. Interfaces 2021, 13, 7070–7079. [Google Scholar] [CrossRef] [PubMed]

	



Golberg, K.; Emuna, N.; Vinod, T.P.; Van Moppes, D.; Marks, R.S.; Arad, S.; Kushmaro, A. Novel Anti-Adhesive Biomaterial Patches: Preventing Biofilm with Metal Complex Films (MCF) Derived from a Microalgal Polysaccharide. Adv. Mater. Interfaces 2016, 3, 1500486. [Google Scholar] [CrossRef]

	



Dvir, I.; Chayoth, R.; Sod-Moriah, U.; Shany, S.; Nyska, A.; Stark, A.H.; Madar, Z.; Arad, S. Soluble Polysaccharide and Biomass of Red Microalga Porphyridium sp. Alter Intestinal Morphology and Reduce Serum Cholesterol in Rats. Br. J. Nutr. 2000, 84, 469–476. [Google Scholar] [CrossRef] [PubMed]

	



Dvir, I.; vam Moppes, D.; Arad, S.M. Foodomics: To Discover the Health Potential of Microalgae. In Comprehensive Foodomics; Elsevier: Amsterdam, The Netherlands, 2021; Volume 3, pp. 658–671. [Google Scholar]

	



Hawi, S.; Goel, S.; Kumar, V.; Pearce, O.; Ayre, W.N.; Ivanova, E.P. Critical Review of Nanopillar-Based Mechanobactericidal Systems. ACS Appl. Nano Mater. 2021, 2022, 1–17. [Google Scholar] [CrossRef]

	



Modaresifar, K.; Azizian, S.; Ganjian, M.; Fratila-Apachitei, L.E.; Zadpoor, A.A. Bactericidal Effects of Nanopatterns: A Systematic Review. Acta Biomater. 2019, 83, 29–36. [Google Scholar] [CrossRef]

	



Linklater, D.P.; Baulin, V.A.; Juodkazis, S.; Crawford, R.J.; Stoodley, P.; Ivanova, E.P. Mechano-Bactericidal Actions of Nanostructured Surfaces. Nat. Rev. Microbiol. 2021, 19, 8–22. [Google Scholar] [CrossRef]

	



Jenkins, J.; Mantell, J.; Neal, C.; Gholinia, A.; Verkade, P.; Nobbs, A.H.; Su, B. Antibacterial Effects of Nanopillar Surfaces Are Mediated by Cell Impedance, Penetration and Induction of Oxidative Stress. Nat. Commun. 2020, 11, 1–14. [Google Scholar]

	



Nowlin, K.; Boseman, A.; Covell, A.; LaJeunesse, D. Adhesion-Dependent Rupturing of Saccharomyces Cerevisiae on Biological Antimicrobial Nanostructured Surfaces. J. R. Soc. Interface 2014, 12, 20140999. [Google Scholar] [CrossRef]

	



Bandara, C.D.; Singh, S.; Afara, I.O.; Wolff, A.; Tesfamichael, T.; Ostrikov, K.; Oloyede, A. Bactericidal Effects of Natural Nanotopography of Dragonfly Wing on Escherichia Coli. ACS Appl. Mater. Interfaces 2017, 9, 6746–6760. [Google Scholar] [CrossRef] [PubMed]

	



Pogodin, S.; Hasan, J.; Baulin, V.A.; Webb, H.K.; Truong, V.K.; Phong Nguyen, T.H.; Boshkovikj, V.; Fluke, C.J.; Watson, G.S.; Watson, J.A.; et al. Biophysical Model of Bacterial Cell Interactions with Nanopatterned Cicada Wing Surfaces. Biophys. J. 2013, 104, 835–840. [Google Scholar] [CrossRef] [PubMed]

	



Hazell, G.; Fisher, L.E.; Murray, W.A.; Nobbs, A.H.; Su, B. Bioinspired Bactericidal Surfaces with Polymer Nanocone Arrays. J. Colloid Interface Sci. 2018, 528, 389–399. [Google Scholar] [CrossRef] [PubMed]

	



Silhavy, T.J.; Kahne, D.; Walker, S. The Bacterial Cell Envelope. Cold Spring Harb. Perspect. Biol. 2010, 2, a000414. [Google Scholar] [CrossRef]

	



Kelleher, S.M.; Habimana, O.; Lawler, J.; O’reilly, B.; Daniels, S.; Casey, E.; Cowley, A. Cicada Wing Surface Topography: An Investigation into the Bactericidal Properties of Nanostructural Features. ACS Appl. Mater. Interfaces 2016, 8, 14966–14974. [Google Scholar] [CrossRef]

	



Elbourne, A.; Chapman, J.; Gelmi, A.; Cozzolino, D.; Crawford, R.J.; Truong, V.K. Bacterial-Nanostructure Interactions: The Role of Cell Elasticity and Adhesion Forces. J. Colloid Interface Sci. 2019, 546, 192–210. [Google Scholar] [CrossRef]

	



Arias, S.L.; Devorkin, J.; Spear, J.C.; Civantos, A.; Paul Allain, J. Bacterial Envelope Damage Inflicted by Bioinspired Nanospikes Grown in a Hydrogel. ACS Appl. Bio Mater. 2020, 3, 7974–7988. [Google Scholar] [CrossRef]

	



Luan, B.; He, J.; Hu, H.; Li, L.; Tian, F.; Chang, H.; Zhang, J.; Wang, C.; Rao, W. Interactions of Bacteria With Monolithic Lateral Silicon Nanospikes Inside a Microfluidic Channel. Front. Chem. 2019, 7, 483. [Google Scholar]

	



Park, S.; Park, H.-H.; Sun, K.; Gwon, Y.; Seong, M.; Kim, S.; Park, T.-E.; Hyun, H.; Choung, Y.-H.; Kim, J.; et al. Hydrogel Nanospike Patch as a Flexible Anti-Pathogenic Scaffold for Regulating Stem Cell Behavior Many Types of Artificial Biomaterials with Nanotopographic Article. ACS Nano 2021, 12, 48. [Google Scholar]

	



Tripathy, A.; Sen, P.; Su, B.; Briscoe, W.H. Natural and Bioinspired Nanostructured Bactericidal Surfaces. Adv. Colloid Interface Sci. 2017, 248, 85–104. [Google Scholar] [CrossRef]

	



Linklater, D.P.; Juodkazis, S.; Rubanov, S.; Ivanova, E.P. Comment on “Bactericidal Effects of Natural Nanotopography of Dragonfly Wing on Escherichia Coli”. ACS Appl. Mater. Interfaces 2017, 9, 54. [Google Scholar] [CrossRef] [PubMed]

	



Crawford, R.J.; Webb, H.K.; Truong, V.K.; Hasan, J.; Ivanova, E.P. Surface Topographical Factors Influencing Bacterial Attachment. Adv. Colloid Interface Sci. 2012, 179–182, 142–149. [Google Scholar] [CrossRef] [PubMed]

	



Elbourne, A.; Coyle, V.E.; Truong, V.K.; Sabri, Y.M.; Kandjani, A.E.; Bhargava, S.K.; Ivanova, E.P.; Crawford, R.J. Multi-Directional Electrodeposited Gold Nanospikes for Antibacterial Surface Applications. Nanoscale Adv. 2019, 1, 203–212. [Google Scholar] [CrossRef] [PubMed]

	



Rani, H.; Singh, S.P.; Yadav, T.P.; Khan, M.S.; Ansari, M.I.; Singh, A.K. In-Vitro Catalytic, Antimicrobial and Antioxidant Activities of Bioengineered Copper Quantum Dots Using Mangifera Indica (L.). Leaf Extract. Mater. Chem. Phys. 2020, 239, 122052. [Google Scholar] [CrossRef]

	



Jiao, J.; Zhang, S.; Qu, X.; Yue, B. Recent Advances in Research on Antibacterial Metals and Alloys as Implant Materials. Front. Cell. Infect. Microbiol. 2021, 11, 611. [Google Scholar] [CrossRef] [PubMed]

	



Ingle, A.P.; Duran, N.; Rai, M. Bioactivity, Mechanism of Action, and Cytotoxicity of Copper-Based Nanoparticles: A Review. Appl. Microbiol. Biotechnol. 2014, 98, 1001–1009. [Google Scholar] [CrossRef] [PubMed]

	



Lin, Y.S.E.; Vidic, R.D.; Stout, J.E.; McCartney, C.A.; Yu, V.L. Inactivation of Mycobacterium Avium by Copper and Silver Ions. Water Res. 1998, 32, 1997–2000. [Google Scholar] [CrossRef]

	



Ingle, A.; Gade, A.; Pierrat, S.; Sonnichsen, C.; Rai, M. Mycosynthesis of Silver Nanoparticles Using the Fungus Fusarium Acuminatum and Its Activity against Some Human Pathogenic Bacteria. Curr. Nanosci. 2008, 4, 141–144. [Google Scholar] [CrossRef]

	



Weir, E.; Lawlor, A.; Whelan, A.; Regan, F. The Use of Nanoparticles in Anti-Microbial Materials and Their Characterization. Analyst 2008, 133, 835–845. [Google Scholar] [CrossRef]

	



Kroll, S.; Brandes, C.; Wehling, J.; Treccani, L.; Grathwohl, G.; Rezwan, K. Highly Efficient Enzyme-Functionalized Porous Zirconia Microtubes for Bacteria Filtration. Environ. Sci. Technol. 2012, 46, 8739–8747. [Google Scholar] [CrossRef]

	



Wehling, J.; Köser, J.; Lindner, P.; Lüder, C.; Beutel, S.; Kroll, S.; Rezwan, K. Silver Nanoparticle-Doped Zirconia Capillaries for Enhanced Bacterial Filtration. Mater. Sci. Eng. C 2015, 48, 179–187. [Google Scholar] [CrossRef] [PubMed]

	



Li, Q.; Mahendra, S.; Lyon, D.Y.; Brunet, L.; Liga, M.V.; Li, D.; Alvarez, P.J.J. Antimicrobial Nanomaterials for Water Disinfection and Microbial Control: Potential Applications and Implications. Water Res. 2008, 42, 4591–4602. [Google Scholar] [CrossRef] [PubMed]

	



Fahmy, B.; Cormier, S.A. Copper Oxide Nanoparticles Induce Oxidative Stress and Cytotoxicity in Airway Epithelial Cells. Toxicol. Vitr. 2009, 23, 1365–1371. [Google Scholar] [CrossRef] [PubMed]

	



Flemming, C.A.; Trevors, J.T. Copper Toxicity and Chemistry in the Environment: A Review. Water. Air. Soil Pollut. 1989, 44, 143–158. [Google Scholar] [CrossRef]

	



Hsiao, M.T.; Chen, S.F.; Shieh, D.B.; Yeh, C.S. One-Pot Synthesis of Hollow Au3Cu1 Spherical-like and Biomineral Botallackite Cu2(OH)3Cl Flowerlike Architectures Exhibiting Antimicrobial Activity. J. Phys. Chem. B 2006, 110, 205–210. [Google Scholar] [CrossRef]

	



Harrison, J.J.; Ceri, H.; Stremick, C.A.; Turner, R.J. Biofilm Susceptibility to Metal Toxicity. Environ. Microbiol. 2004, 6, 1220–1227. [Google Scholar] [CrossRef]

	



Klein, T.Y.; Wehling, J.; Treccani, L.; Rezwan, K. Effective Bacterial Inactivation and Removal of Copper by Porous Ceramics with High Surface Area. Environ. Sci. Technol. 2013, 47, 1065–1072. [Google Scholar] [CrossRef] [PubMed]

	



Ruparelia, J.P.; Chatterjee, A.K.; Duttagupta, S.P.; Mukherji, S. Strain Specificity in Antimicrobial Activity of Silver and Copper Nanoparticles. Acta Biomater. 2008, 4, 707–716. [Google Scholar] [CrossRef]

	



Hassan, I.A.; Parkin, I.P.; Nair, S.P.; Carmalt, C.J. Antimicrobial Activity of Copper and Copper(i) Oxide Thin Films Deposited via Aerosol-Assisted CVD. J. Mater. Chem. B 2014, 2, 2855–2860. [Google Scholar] [CrossRef]

	



Zhang, E.; Zhao, X.; Hu, J.; Wang, R.; Fu, S.; Qin, G. Antibacterial Metals and Alloys for Potential Biomedical Implants. Bioact. Mater. 2021, 6, 2569–2612. [Google Scholar] [CrossRef]

	



Aderolu, H.A.; Aboaba, O.O.; Aderolu, A.Z.; Abdulwahab, K.O.; Suliman, A.A.; Emmanuel, U.C. Biological Synthesis of Copper Nanoparticles and Its Antimicrobial Potential on Selected Bacteria Food-Borne Pathogens. Ife J. Sci. 2021, 23, 11–21. [Google Scholar] [CrossRef]

	



Pontin, K.P.; Borges, K.A.; Furian, T.Q.; Carvalho, D.; Wilsmann, D.E.; Cardoso, H.R.P.; Alves, A.K.; Chitolina, G.Z.; Salle, C.T.P.; de Souza Moraes, H.L.; et al. Antimicrobial Activity of Copper Surfaces against Biofilm Formation by Salmonella Enteritidis and Its Potential Application in the Poultry Industry. Food Microbiol. 2021, 94, 103645. [Google Scholar] [CrossRef] [PubMed]

	



Mohamed, A. Bionanoparticles from Moringa as Antimicrobial Activity and It’s Application in Water Purification: Thesis Abstract. Int. J. Cancer Biomed. Res. 2021, 5, 5. [Google Scholar] [CrossRef]

	



Geresh, S.; Arad, S.; Shefer, A. Chemically Crosslinked Polysaccharide of the Red Microalga Rhodella Reticulata—An Ion Exchanger for Toxic Metal Ions. J. Carbohydr. Chem. 1997, 16, 703–708. [Google Scholar] [CrossRef]

	



Netanel Liberman, G.; Ochbaum, G.; Arad, S.; Bitton, R. The Sulfated Polysaccharide from a Marine Red Microalga as a Platform for the Incorporation of Zinc Ions. Carbohydr. Polym. 2016, 152, 658–664. [Google Scholar] [CrossRef]

	



Netanel Liberman, G.; Ochbaum, G.; Bitton, R.; Arad, S. Antimicrobial Hydrogels Composed of Chitosan and Sulfated Polysaccharides of Red Microalgae. Polymer 2021, 215, 123353. [Google Scholar] [CrossRef]

	



Gómez-Ordóñez, E.; Rupérez, P. FTIR-ATR Spectroscopy as a Tool for Polysaccharide Identification in Edible Brown and Red Seaweeds. Food Hydrocoll. 2011, 25, 1514–1520. [Google Scholar] [CrossRef]

	



Synytsya, A.; Kim, W.J.; Kim, S.M.; Pohl, R.; Synytsya, A.; Kvasnička, F.; Čopíková, J.; IL Park, Y. Structure and Antitumour Activity of Fucoidan Isolated from Sporophyll of Korean Brown Seaweed Undaria Pinnatifida. Carbohydr. Polym. 2010, 81, 41–48. [Google Scholar] [CrossRef]

	



Rupérez, P. Mineral Content of Edible Marine Seaweeds. Food Chem. 2002, 79, 23–26. [Google Scholar] [CrossRef]

	



Leal, D.; Matsuhiro, B.; Rossi, M.; Caruso, F. FT-IR Spectra of Alginic Acid Block Fractions in Three Species of Brown Seaweeds. Carbohydr. Res. 2008, 343, 308–316. [Google Scholar] [CrossRef]

	



Christensen, B.B.; Sternberg, C.; Andersen, J.B.; Palmer, R.J.; Nielsen, A.T.; Givskov, M.; Molin, S. [2] Molecular Tools for Study of Biofilm Physiology. Methods Enzymol. 1999, 310, 20–42. [Google Scholar] [PubMed]

	



Falagas, M.E.; Bliziotis, I.A. Pandrug-Resistant Gram-Negative Bacteria: The Dawn of the Post-Antibiotic Era? Int. J. Antimicrob. Agents 2007, 29, 630–636. [Google Scholar] [CrossRef] [PubMed]

	



O’Loughlin, C.T.; Miller, L.C.; Siryaporn, A.; Drescher, K.; Semmelhack, M.F.; Bassler, B.L. A Quorum-Sensing Inhibitor Blocks Pseudomonas Aeruginosa Virulence and Biofilm Formation. Proc. Natl. Acad. Sci. USA 2013, 110, 17981–17986. [Google Scholar] [CrossRef] [PubMed]

	



Jia, K.; Marks, R.S.; Ionescu, R.E. Influence of Carbon-Based Nanomaterials on Lux-Bioreporter Escherichia Coli. Talanta 2014, 126, 208–213. [Google Scholar] [CrossRef]

	



Jones, R.F.; Speer, H.L.; Kury, W. Studies on the Growth of the Red Alga Porphyridium Cruentum. Physiol. Plant. 1963, 16, 636–643. [Google Scholar] [CrossRef]

	



Arad, S.; Adda, M.; Cohen, E. The Potential of Production of Sulfated Polysaccharides from Porphyridium. Plant Soil 1985, 89, 117–127. [Google Scholar] [CrossRef]

	



Dubois, M.; Gilles, K.A.; Hamilton, J.K.; Rebers, P.A.; Smith, F. Colorimetric Method for Determination of Sugars and Related Substances. Anal. Chem. 1956, 28, 350–356. [Google Scholar] [CrossRef]

	



Harpaz, D.; Yeo, L.P.; Cecchini, F.; Koon, T.H.P.; Kushmaro, A.; Tok, A.I.Y.; Marks, R.S.; Eltzov, E. Measuring Artificial Sweeteners Toxicity Using a Bioluminescent Bacterial Panel. Molecules 2018, 23, 2454. [Google Scholar] [CrossRef]








[image: Marinedrugs 20 00787 g001 550] 





Figure 1. FTIR transmission spectra of the divalent Cu–PS complexes (blue), the monovalent Cu–PS complexes (red) and the polysaccharide (black). All Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. To facilitate ease of viewing, the spectra are displaced with respect to the Y axis. 
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Figure 2. Copper-release profiles from monovalent and divalent Cu–PS complexes. The copper concentration was determined in distilled water. Data represent the average values of three independent experiments. All the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. Copper concentration was measured using a SPECTRO ARCOS ICP-OES analyzer. 
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Figure 3. Effect of the monovalent and divalent Cu–PS complexes on (A) the inhibition of growth and (B) the cell viability of a fungus (Candida albicans), Gram-negative bacteria (Acinetobacter baumannii, Pseudomonas aeruginosa, and Escherichia coli), and Gram-positive bacteria (Staphylococcus aureus and Bacillus subtilis). All the Cu−PS complexes contained 0.07% (w/v) polysaccharide and 30 ppm copper. For the growth inhibition experiments, the control was the absorbance of the relevant growth medium with only the bacterium or the fungus (see the experimental section). The microbial cultures were incubated with shaking in 96-well plates at 37 °C for 14 h for each bacterial species or 48 h for C. albicans. Each sample was plated on an agar plate of the relevant medium after serial dilution and incubated overnight at 37 °C. CFUs were counted the following morning and were assessed vs. untreated cells. Values are the means ± standard error of mean (SEM)of three independent experiments performed in triplicate. All of the results were significantly different from their relative controls (ANOVA; p < 0.05). 






Figure 3. Effect of the monovalent and divalent Cu–PS complexes on (A) the inhibition of growth and (B) the cell viability of a fungus (Candida albicans), Gram-negative bacteria (Acinetobacter baumannii, Pseudomonas aeruginosa, and Escherichia coli), and Gram-positive bacteria (Staphylococcus aureus and Bacillus subtilis). All the Cu−PS complexes contained 0.07% (w/v) polysaccharide and 30 ppm copper. For the growth inhibition experiments, the control was the absorbance of the relevant growth medium with only the bacterium or the fungus (see the experimental section). The microbial cultures were incubated with shaking in 96-well plates at 37 °C for 14 h for each bacterial species or 48 h for C. albicans. Each sample was plated on an agar plate of the relevant medium after serial dilution and incubated overnight at 37 °C. CFUs were counted the following morning and were assessed vs. untreated cells. Values are the means ± standard error of mean (SEM)of three independent experiments performed in triplicate. All of the results were significantly different from their relative controls (ANOVA; p < 0.05).
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Figure 4. Effect of monovalent and divalent Cu–PS complexes on the swarming motility of P. aeruginosa PA14. Top row: Motility of P. aeruginosa PA14 in the presence of Cu–PS complexes. Bottom row: Controls. The bacteria were inoculated into the center of each plate consisting of M9 solidified with 0.5% (w/v) Difco agar and containing 0.1% of the relevant Cu–PS complex. Surface coverage was assessed after 24 h of growth at 37 °C. All of the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. For the control treatments, the copper concentration in the copper-containing plates was 500 ppm, and the PS plate contained 0.7% Porphyridium sp. polysaccharide (w/v). 
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Figure 5. Effect of monovalent and divalent Cu–PS complexes on P. aeruginosa PA14 biofilm formation. Forty-eight hours after inoculation, biofilm formation was assessed by CLSM on (A) an untreated surface, (B) a surface pre-coated with Porphyridium sp. polysaccharide, (C,D) surfaces pre-coated with monovalent Cu–PS complexes, and (E,F) surfaces pre-coated with divalent Cu–PS complexes. Viable cells stained green, and dead cells stained red with the BacLight® DEAD/LIVE Kit for scanned areas of ~318 μm × 318 μm. (G) Cell-layer thickness (μm3/μm2) for live and dead cells; values are means ± standard error of mean (SEM). The results are presented for three independent sets of flow-cell experiments, each containing 30 measurements. Significant differences between the groups (p < 0.0001) by two-way ANOVA, followed by Tukey’s test. (H) Ratio of dead-to-live cells (calculated from Figure 5G). All of the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. 
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Figure 6. Surface topography and spike distribution of monovalent and divalent Cu–PS complexes with and without the gold coating. (A) AFM 3D images and (B) spike parameters. 3D images of the Cu–PS complexes and the polysaccharide were manually analyzed using Gwyddion and ImageJ software. Spike thickness and density were calculated manually using ImageJ and the aspect ratio was calculated from the data collected from the AFM images analyzed by Gwyddion and ImageJ software. All of the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. 
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Figure 7. SEM micrographs showing the effect of monovalent and divalent Cu–PS complexes that were surface coated with gold vs. non-coated on P. aeruginosa PA14 biofilm formation. ×10,000, scale bar = 4 µm. All of the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. Images of the control (glass surface alone) are presented in Figure S3, Supplementary Materials. 
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Figure 8. (A) Bioluminescence signal from E. coli TV1061 induced by monovalent and divalent Cu–PS complexes. The bioluminescence was measured in relative light units (RLU) at 490 nm (i.e., the wavelength attributed to bacterial luciferase). (B) Area under the peak showing the leakage of luciferase from the bacterial cells. All of the Cu−PS complexes contained 0.07% (w/v) polysaccharide and 30 ppm copper. In the copper salts (Cu2O, CuCl, CuO, CuCl2), the same pattern of bioluminescence as the PS alone was shown (not shown). 
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Figure 9. Microbial cell death as a function of the characteristics of the spikes induced on the Cu–PS complexes. (A) Aspect ratios (•) of the spikes of the various Cu–PS complexes. (B) Luminescence of E. coli TV1061 as a function of the aspect ratio (■). (C) Microbial growth inhibition as function luminescence (∆) for five different microorganisms: Candida albicans, Acinetobacter baumannii, Pseudomonas aeruginosa, Escherichia coli, Staphylococcus aureus, and Bacillus subtilis. All the Cu−PS complexes contained 0.07% (w/v) polysaccharide and 30 ppm copper. The results presented are calculated from Figure 3 and Figure 6. 
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Table 1. Physicochemical characteristics of the Cu–PS complexes.
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Monovalent Cu–PS Complexes

	
Divalent Cu–PS Complexes

	
Control




	
Cu2O–PS

	
CuCl–PS

	
CuO–PS

	
CuCl2–PS

	
Polysaccharide






	
Viscosity [cP]

	
2415.3 ± 60.5

	
2230.0 ± 72.1

	
1978.3 ± 24.8

	
1979.0 ± 18.3

	
1733.7 ± 129.8




	
Conductivity [µS]

	
3303.0 ± 265.6

	
2930.7 ± 122.2

	
1943.3 ± 50.3

	
1230.0 ± 81.9

	
1043.3 ± 92.9




	
ζ-potential [mV]

	
−72.5 ± 1.3

	
−65.7 ± 4.1

	
−43.6 ± 0.5

	
−33.9 ± 0.3

	
−67.5 ± 2.3




	
pH

	
6.3 ± 0.7

	
6.4 ± 0.9

	
6.1 ± 0.4

	
6.0 ± 0.2

	
5.0 ± 0.4








All the Cu–PS complexes contained 0.7% polysaccharide (w/v) and 500 ppm copper. Data are the means ± standard error of triplicate samples. Details of the analyses are given in the Materials and Methods section.
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