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Abstract:



Atomic force microscopy (AFM) has evolved from the originally morphological imaging technique to a powerful and multifunctional technique for manipulating and detecting the interactions between molecules at nanometer resolution. However, AFM cannot provide the precise information of synchronized molecular groups and has many shortcomings in the aspects of determining the mechanism of the interactions and the elaborate structure due to the limitations of the technology, itself, such as non-specificity and low imaging speed. To overcome the technical limitations, it is necessary to combine AFM with other complementary techniques, such as fluorescence microscopy. The combination of several complementary techniques in one instrument has increasingly become a vital approach to investigate the details of the interactions among molecules and molecular dynamics. In this review, we reported the principles of AFM and optical microscopy, such as confocal microscopy and single-molecule localization microscopy, and focused on the development and use of correlative AFM and optical microscopy.
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1. Introduction


Atomic force microscopy (AFM) was invented by Binnig et al. in 1986 [1]. AFM is a powerful tool to provide various information via detecting the weak interactions between the tiny tip on a cantilever and the sample surface. Compared to optical microscopy and electron microscopy (EM), AFM overcomes the wavelength limitations of light and electrons, and is capable of acquiring three-dimensional topography, molecular interactions and dynamics under various conditions (vacuum, atmosphere, and liquid) [2]. Since AFM has the abilities of high-resolution imaging and high-sensitivity detecting, it has been extensively applied to various areas, such as life science, surface science, and material science [3,4].



AFM has the unique ability to investigate biological samples without labelling or fixation in their native conditions at the single-molecule level. By modifying the AFM tip with specific ligands, such as antibodies and lectins, we simultaneously acquire the topographic and recognition image of a biological sample, which reveals the localizations of specific receptors on the sample surface; we also acquire various information (stiffness, elasticity, and unbinding force) of the ligand-receptor interactions using the AFM technique [5,6,7]. However, it is difficult to locate two or more types of components on the cell membranes by the AFM technique; and AFM cannot be used to image intracellular molecules because it is only used to investigate the sample surface.



Optical microcopy is an indispensable tool in biological research. By labelling samples with fluorophores, optical microscopy provides a way to identify specific components and to investigate interactions among different components. Due to the diffraction limit of light, conventional fluorescence microscopes, such as confocal laser scanning microscopy (CLSM) and total internal reflection fluorescence microscopy (TIRFM), have a limited resolution—a lateral resolution of about 250 nm and a vertical resolution of about 500 nm—and, thus, conventional fluorescence microscopy cannot be used to investigate biological samples at the single-molecule level [8]. Fortunately, several super-resolution imaging techniques, such as stimulated emission depletion (STED) [9], stochastic optical reconstruction microscopy (STORM) [10], and photoactivated localization microscopy (PALM) [11], have been developed and shattered the diffraction barrier; for example, STED can achieve a lateral resolution of 20–70 nm and a vertical resolution of 40–150 nm; single-molecule localization microscopy, such as STORM and PALM, can achieve a lateral resolution of 10–30 nm and an axial resolution of 10–75 nm [12]. These super-resolution fluorescence microscopy techniques can also provide an excellent opportunity to study the distributions of specific components and the interactions among different components at nanometer resolution. Although optical microscopy has abilities to simultaneously identify several specific components and to deeply visualize a cell, it cannot provide the high-resolution topography of the cell which reveals the cell structure.



To complement the advantages and shortcomings of both techniques, we can combine AFM with optical microscopy to provide more information. The combination of two or more complementary techniques has currently become a hot topic in the research of novel multi-functional instruments. Recently, Nature highlighted the correlative microscopies, stating two microscopes are better than one [13]. At present, several correlative microscopy techniques, such as optical microscopy/EM and optical microscopy/AFM, have been developed and achieved gratifying results [14,15]. In this review, we will describe the main principles of AFM and optical microscopy, and summarize the progress of correlative optical microscopy/AFM techniques in biological research.




2. Principles of Atomic Force Microscopy and Optical Microscopy


2.1. Atomic Force Microscopy (AFM)


AFM is a topographic imaging technique with high spatial resolution (a lateral resolution of 1 nm and a vertical resolution of 0.1 nm), and can be used to acquire mechanical properties [16]. The principle of AFM (Figure 1) is that the sample can be imaged at atomic resolution by detecting the near-field interactions between a tiny tip and the sample surface [17,18]. There are two fundamental modes (contact mode and tapping mode) for AFM imaging. For contact mode imaging, the tip on a cantilever is brought into gentle contact with the sample and then raster scanned over the sample surface; by maintaining a constant force on the tip, the tip-sample interactions will induce the deformation of the cantilever which can be detected by a photodetector and converted to an electrical signal read by a computer and, thus, the sample topography is recorded [2,18]. Tapping mode imaging is similar to contact mode imaging except that the piezo (acoustic) or magnetic coil (magnetic) provides a constant driving force causing the tip to oscillate at a certain frequency [19]. Compared to contact mode, tapping mode can reduce the lateral forces on the tip and thereby minimize deformation of soft samples.


Figure 1. Schematic diagram of atomic force microscopy. In AFM, the tip-sample interactions are detected to characterize the topography and biophysical properties of sample. Reproduced from [2] with permission.
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In addition to imaging, AFM-based force spectroscopy is also a versatile approach to measure the interaction forces of biological systems [20]. In this mode, the AFM force curve is obtained by recording the cantilever deflection while the tip approaches the surface and withdraws from it [21]. The force curve can be used to extract information, such as stiffness, elasticity, and molecular interactions [22,23]. Single-molecule force spectroscopy (SMFS) is used to measure the forces of the interaction between individual ligands and receptors. To measure the molecular recognition forces, the tip is functionalized with specific ligands via a bifunctional crosslinker that can distinguish specific ligand-receptor interactions from unspecific interactions [20]. SMFS has made plenty of progress in the research of the interactions between individual biomolecules, such as molecular recognition between antibodies and antigens, drugs and receptors, and complementary strands of DNA [4,24]. Recently, force-distance curve-based AFM has been developed to achieve multiparametric imaging at nanometer resolution. Through recording an array of force-distance curves and real-time extracting the parameters of physical properties, force-distance curve-based AFM can be used to acquire the sample topography and, meanwhile, map the distributions of multiple physical properties [25].




2.2. Conventional Fluorescence Microscopy


2.2.1. Confocal Laser Scanning Microscopy (CLSM)


Since confocal microscopy has a non-invasive ability and can penetrate deep into a sample, it has been applied to many scientific fields, such as drug delivery and virus invasion [26,27]. The principle of confocal microscopy is shown in Figure 2; in confocal microscopy, the illumination and detection are restricted to a diffraction-limited area in the sample, which rejects a higher background and yields a higher resolution in contrast to wide-field epifluorescence microscopy [28,29]. To achieve this goal, the point illumination is confocal with the pinhole in front of the photodetector; when the sample is simultaneously positioned in the plane of focus of the point illumination and the pinhole, the emitted light from the focal plane can pass through the pinhole, but light from above or below the focal plane will be hindered by the pinhole. Although confocal microscopy enhances the imaging resolution, the field of view is limited, and thereby it needs to be combined with a scanning technique to acquire a whole image and achieve three-dimensional imaging. To improve the speed of acquiring confocal images, disk-scanning confocal microscopy is developed which uses a disk (Nipkow disk or spinning-disk) including multiple pinholes to scan the sample [30]. Moreover, multi- or two-photon excitation microscopy is developed for imaging thick samples (1 mm) along with the reduced phototoxicity. In multi- or two-photon microscopy, the pinhole in front of the photodetector is not necessary since the excitation and the emitted light only occurs in focus [31].


Figure 2. Schematic diagram of confocal laser scanning microscopy. In confocal microscopy, the point illumination, the detector pinhole, and the focus in the specimen are all confocal with each other. Reproduced from [28] with permission.
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2.2.2. Total Internal Reflection Fluorescence Microscopy (TIRFM)


TIRFM is quite suitable for investigating dynamic biological processes, such as endocytosis and cytoskeleton remodeling occurring near the cell membrane [32,33]. Figure 3 shows the basic principle of TIRFM. When the excitation light propagates from a medium of high refractive index (RI) (e.g., cover slip) to a low RI medium (e.g., a cell) at a high incident angle θ (greater than the critical angle θc), it is totally internally reflected back into the cover slip and generates a thin evanescent field (within 100 nm) in the low RI medium. The evanescent field has the ability to selectively excite fluorophores near the interface and reduce background fluorescence due to the intensity of the evanescent field exponentially decaying away from the interface [34,35]. Therefore, TIRFM is a useful tool to provide a high-contrast image of biomolecules stained with fluorochromes near the cell surface. Compared with confocal microscopy, TIRFM has a higher temporal resolution and a higher signal-to-noise ratio, but TIRFM is confined to imaging the biological molecules at or near the cell membrane [35].


Figure 3. Schematic diagram of total internal reflection fluorescence illumination. When the excitation beam travels across the coverslip-sample interface (n1 < n2) with an incident angle θ above the critical angle θc (indicated by the dashed line), the excitation beam is totally internally reflected back into the cover slip and an evanescent field is generated in the sample. Only fluorophores that are located in the evanescent field are excited (indicated by the green color). Here, n1 and n2 are, respectively, the refractive indices of the sample and the glass coverslip. Reproduced and rearranged from [34] with permission.
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2.3. Super-Resolution Fluorescence Microscopy


2.3.1. Stimulated Emission Depletion (STED) Microscopy


STED is a super-resolution imaging technique based on the platform of confocal microscopy, and can be used to image biological samples with resolutions of about 40 nm in both lateral and axial directions [36]. The basic principle of STED is to inhibit fluorescence at the rim of the excitation spot by superimposing the excitation beam with a donut-shaped depletion beam (Figure 4). When the depletion beam has a wavelength included in the emission spectrum of the dye and the intensity beyond the saturation intensity, it can stimulate all of the excited electrons to relax at the same wavelength of the depletion beam, thereby allowing the fluorescence in the areas where the depletion beam falls to be switched off by a spectral filter that rejects photons at the wavelength of the depletion beam. In other words, the size of the excitation spot can be controlled below the diffraction limit by the depletion beam, and it can be further reduced while increasing the depletion beam intensity. Hence, the super-resolution image can be generated by the two overlaid beams (the excitation beam and the depletion beam) raster scanning across the sample point by point [37,38,39].


Figure 4. The basic principle of stimulated emission depletion microscopy. In STED, the depletion beam is superimposed to the excitation beam to reduce the size of the excitation spot. The higher the depletion beam power, the smaller the size of the excitation spot. Reproduced and rearranged from [36] with permission.
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2.3.2. Single-Molecule Localization Microscopy (SMLM)


Recently, single-molecule localization microscopy (e.g., stochastic optical reconstruction microscopy (STORM) and photoactivated localization microscopy (PALM)) has been developed [10,11,40] and provides an unprecedented opportunity to investigate cell membrane ultrastructures at the single-molecule level [41,42]. Figure 5 shows the imaging principle of SMLM; SMLM is based on the positions, with single-molecule precision, of each fluorophore in the sample to reconstruct a super-resolution image [36,43,44]. For SMLM imaging, photoswitchable fluorescent probes (e.g., photoswitchable dyes for STORM and photoactivatable fluorescent proteins for PALM), which have the property of switching between non-fluorescent and fluorescent states by illumination with an appropriate light, are required to label samples [45,46]. During the process of image acquisition, all of the probes are firstly quenched; then, using appropriate illumination, a sparse subset of probes can be randomly activated and imaged; once these probes are deactivated, a new subset is activated and imaged. By repeating the cycles of activation and deactivation many frames, with each frame containing the positions of several individual probes, are recorded. After image acquisition, the localizations of these single probes are determined with very high resolution by finding the centroid of the point spread function; by superimposing all of the successful localizations, a super-resolution image of the sample is constructed.


Figure 5. Imaging principle of single-molecule localization microscopy. In SMLM, only a small subset of fluorophores can be randomly switched on using appropriate illumination and localized at high resolution; after the small subset of fluorophores is switched off, a new subset is switched on and localized. This cycles is repeated to record many frames, including the localizations of individual fluorophores (a–c). Therefore, an super-resolution image is reconstructed from all of the successful localizations (d). Reproduced and rearranged from [36] with permission.
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3. Correlative Optical Microscopy/Atomic Force Microscopy


3.1. Correlative Conventional Fluorescence Microscopy/Atomic Force Microscopy


Correlative AFM and confocal microscopy has been increasingly used to investigate biological structures and processes. By correlating the AFM topographic image with the corresponding fluorescence image, Burns investigated the lateral structure of lipid domains in model membrane bilayers [47]. Frankel et al. also used correlative AFM and confocal microscopy to investigate protein domains at the cytoplasmic side of the plasma membrane. The authors observed that the irregularly-shaped protein domains seen in AFM topography included both resting and activated immunoglobin E receptors (FcεRI), aggregated GM1 ganglioside, and clathrin, and they found that the protein domains were related to cholesterol and the cytoskeleton. Taken together, these results suggested that both cholesterol and the cytoskeleton contribute to the formation of the protein domains that were vital for cell functions, such as signaling and endocytosis [48]. To reveal the structure of focal adhesion complexes in quasi-native states, Franz and Muller combined AFM with confocal microscopy to image focal adhesions which were prepared by de-roofing fibroblasts with short ultrasonic bursts. They observed that microfilament bundles in focal adhesions were predominantly arranged in a parallel pattern and occasionally branched. By correlating the AFM height information with fluorescence intensities, they found that paxillin and F-actin respectively localized in the membrane-proximal and membrane-distal half of focal adhesions [49].



In terms of the advantages of correlative CLSM/AFM, it cannot only correlate the topographic information with the information from fluorescence image, but can also couple the mechanical properties provided by AFM with the specific components identified by the confocal microscopy. Haga et al. used the correlative CLSM/AFM technique to correlate the AFM topography, elasticity map reconstructed from force curves, and the fluorescence images of actin filaments, intermediate filaments, and microtubules in a living fibroblast, which revealed that the cellular elasticity was closely related to the distributions of both the actin network and intermediate filaments [50]. In correlative CLSM/AFM microscopy, the AFM tip can be used as a micromanipulator to stimulate cells, and the confocal microscopy is used as a detector to reveal the cellular responses [51]. Recently, Hecht et al. developed a uniaxial cell stretcher to integrate into a correlative CLSM/AFM system. Therefore, this unique tool can be used to simultaneously detect cellular responses with real-time AFM and fluorescence studies while stretching cells [52]. Based on correlative force-distance curve-based AFM and confocal microscopy, Alsteens and coworkers simultaneously quantified the first viral binding events while imaging living cells. By fluorescently labelling the virus and the corresponding receptors expressed in cells, and functionalizing the AFM tip with the labelled virus, the authors could precisely localize and quantify the individual virus binding events (Figure 6). They also contoured the free-energy landscape for the first virus-receptor binding events [53]. The combination of colloidal probe AFM and confocal microscopy can be used to investigate the relationships between mechanical properties and the release of microcapsules that were useful for drug delivery [54,55].


Figure 6. Imaging a virus binding to cells using correlative force-distance curve-based AFM and confocal microscopy. The AFM tip was functionalized with a single EnvA-RABV (∆G: eGFP) virus (EnvA: the glycoprotein of the avian sarcoma leukosis vieus subgroup A; RABV: rabies virus). Mixed cultures of wild-type MDCK cells and TVA-mCherry (TVA: the avian tumor virus receptor A) expressing MDCK cells (red) were grown for three days. DIC image (a), fluorescence image (b) and overlay of both images (c) guiding the AFM tip to choose an area of interest (the dashed square), including both cell types. AFM topography (d) and corresponding adhesion map (e) in the dashed square, which were used to evaluate specific and nonspecific virus binding events. Distribution of adhesion forces of specific interactions (f,g) and nonspecific interactions (h). (i) Merged image of the topography and fluorescence images. The adhesion frequency was in line with the relative fluorescence intensity, which meant the specific adhesion events corresponding to specific binding events. Reproduced from [53] with permission.
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TIRFM has the advantage to image biological phenomena happening at, or near, the interface with a higher axial resolution compared to confocal microscopy. Thereby, correlative TIRFM/AFM microscopy is well suited for correlating the topographic information with the distribution of specific components at the interface. Brown et al. applied correlative TIRFM/AFM to investigate self-assembled myosin filaments under liquid environments. By quantitatively correlating the height and the fluorescence intensity of the self-assembled myosin filaments, they confirmed that the myosin heads are arranged in a shell of roughly constant thickness around the filament [56]. Recently, Gudzenko and Franz combined time-lapse AFM and TIRFM to study the dynamics of fibronectin fibrillogenesis in living cells at early stages. The authors respectively recorded correlative topography/fluorescence images of fixed cells which were incubated on fluorescently-labelled fibronectin for 4 and 16 h (Figure 7), and thereby acquired the structure information of fibronectin. Based on the fibronectin structure, they monitored the early fibrillogenesis dynamics at high resolution by time-lapse AFM, and they also found that Mn2+ enhanced the early fibrillogenesis [57]. Oreopoulos et al. reported the coupling of AFM and polarized TIRFM technique, which can correlate the topographic features and the information (e.g., molecular orientation, conformation and rotational mobility) provided by polarized TIRFM [58,59].


Figure 7. Imaging mature fibronectin (FN) fibril structure using the correlative TIRFM/AFM technique. In this experiment, the F-actin (red) of rat embryonic fibroblasts (REF52) were stained to visualize cellular structure, the live REF52 cells were incubated on a homogeneous coating of Alexa 488-labelled FN (green) for 4 h, and then fixed before data acquisition. (A) Superimposition of the phase contrast image and the fluorescence image guiding the AFM tip to choose a region including FN fibrils. (B) Three correlative images (fluorescence image, AFM deflection image, and AFM topography) of the same region in the dashed square of (A). (C) The merged image of topography and fluorescence image showing the FN fibril structure and the cellular structure. (D) Correlating the height with the corresponding fluorescence intensity to distinguish the FN fibril structure and the cellular structure using a 30-nm height cut-off (dashed line). (E) Three-dimensional topography intuitively showing the FN fibril structure. Reproduced from [57] with permission.
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Correlative TIRFM/AFM microscopy also has the ability to monitor real-time sub-cellular changes in response to mechanical force, which is vital for understanding mechanically-induced cellular remodeling. Using correlative TIRFM/AFM, Mathur et al. investigated stress transmission in endothelial cells. When stimulating the apical membrane with a force of 0.3–0.5 nN, they observed global focal contact rearrangements on the basal surface, which suggested that cells transfer localized force from the apical membrane to the basal membrane globally [60]. Trache and Lim integrated AFM with TIRFM and fast-spinning disk (FSD) confocal microscopy to study live cell response to mechanical stimulation in real-time [61]. Using this combined AFM/TIRFM/FSD confocal microscopy, Lim and coworkers investigated live vascular smooth muscle cells’ (VSMC) response to tensile stress using the AFM tip functionalized with extracellular matrix (ECM) proteins. By integrating mechanical stimulation with simultaneous TIRFM imaging and spinning-disk confocal imaging, they found that VSMC could adaptively respond to mechanical stimulation by the actomyosin apparatus modulation [62].




3.2. Correlative Super-Resolution Fluorescence Microscopy/Atomic Force Microscopy


Although correlative conventional fluorescence microscopy/AFM techniques have gained great achievements in the studies of biological questions, ranging from lipid bilayer structure and membrane protein assembly to cellular structure, function, and dynamics, the resolutions of both techniques are not well aligned, and thereby these correlative techniques are not well suited to investigate molecular localization and dynamics in cells at the single-molecule level. To correlate topography with fluorescence specificity at the single-molecule level, it is inevitable to combine AFM with super-resolution fluorescence microscopy. Diaspro and coworkers developed a novel nanoscopic tool by coupling AFM with STED for the first time, which is capable of correlating the topographic image, super-resolution fluorescence image, and a force map, such as Young’s modulus. They confirmed the device performance using fluorescent spheres of 40 nm size and fluorescently-labelled microtubules in cos7 cells [63]. The correlative STED/AFM technique also has the ability to simultaneously nanomanipulate specific molecules of interest and monitor the manipulation effects with a resolution of tens of nanometers. Figure 8 shows an example of nanomanipulation using the correlative STED/AFM technique. The AFM tip dragged only one specific 40 nm fluorescent sphere on the Poly-l-lysine-coated coverslip with the help of STED monitoring [64]. Diaspro et al. also achieved bionanomanipulation using the correlative STED/AFM technique, which might be useful for nanosurgeries [65].


Figure 8. Nanomanipulation of a 40 nm fluorescent bead using the correlative STED/AFM technique. (A) A comparison of confocal and STED images which shows that STED has a higher resolution. (B) Merged image of STED images acquired before (red) and after (green) AFM dragging of the same area. The overlay of both colors shows stationary beads in yellow. Magnified STED images acquired before (C) and after (D) AFM dragging, and the corresponding merged image (E), which clearly shows that the movement made by AFM at a subdiffraction distance. Reproduced from [64] with permission.
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Compared to STED, single-molecule localization microscopy is capable of precisely identifying single molecules and quantitative imaging, but has a limited temporal resolution. Therefore, the combination of AFM and single-molecule localization microscopy is highly suitable for correlating nanoscale topography with precise localization of a specific molecule. Diaspro et al. respectively used STED/AFM and STORM/AFM to image α-tubulin in Hela cells; they found that both of the correlative techniques could correlate morphological features, super-resolution fluorescence imaging, and mechanical properties, and had their own advantages [66]. Correlative AFM and single-molecule localization microscopy also has the advantage to eliminate artefacts that result from poor labelling and image reconstruction [67]. Recently, Odermatt et al. built a correlative SMLM/AFM microscopy by integrating an AFM and an inverted optical microscope (Figure 9). In this device, the optical path was aligned with the AFM cantilever. They first confirmed the performance of the correlative microscopy via imaging polymerized actin filaments on a coverslip with both imaging modalities (AFM imaging and STORM imaging); then, they validated that the correlative microscopy can be used to image live mammalian cells, thereby providing a new method for the investigations of structure-function relationships at the single-molecule level [15].


Figure 9. The setup of correlative SMLM/AFM microscopy. (A) Schematic of the optical path which is aligned with the AFM cantilever. (B) Schematic of the AFM integrated with an inverted optical microscope. (C) Photograph of the correlative SMLM/AFM instrument. (D) Magnified photograph showing the AFM cantilever aligned with the optical axis. Reproduced from [15] with permission.
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4. Challenges and Outlook


Combining AFM with optical microscopy has been successfully used to correlate the structure with the physiological function of specific components under close to native conditions. However, correlative AFM and optical microscopy still have many challenges to be solved. To achieve truly meaningful correlation between AFM and optical microscopy, it is necessary to consider resolution matching of the two techniques. Although correlative AFM and conventional fluorescence microscopy has achieved great success in overcoming the shortcomings of both techniques, the unmatched resolution between AFM and conventional fluorescence microscopy produces difficulty in correlating the structure information with the distribution of specific components at the single-molecule level. To fully utilize the advantages of fluorescence microscopy, super-resolution fluorescence microscopy achieving nanometer resolution is combined with AFM.



For correlative AFM and super-resolution fluorescence microscopy, the challenges include sample preparation, imaging speed and image alignment. To maintain optimal performance of both techniques, it is necessary to optimize sample preparation protocols. First of all, we choose a glass coverslip which meets the imaging requirements (good optical properties for super-resolution fluorescence microscopy imaging, and flatness for AFM imaging) of both techniques as the substrate. Then we need to consider the fluorescent labelling strategy; to avoid altering the structure of samples, using small molecules, such as fluorescently-labeled aptamer/peptide [68,69], or fusion proteins [11] is necessary. Additionally, the excitation spectra of fluorophores must be away from the AFM laser to avoid bleaching these fluorophores. Particularly, the imaging buffer for STORM degrades samples [15], which can limit the combination of STORM and AFM to achieve a truly synchronized correlation. Therefore, it is necessary to further develop small molecule markers and optimize the imaging buffer for both AFM and super-resolution fluorescence microscopy.



For imaging speed, AFM can achieve the temporal resolution of minutes which is comparable to that of SMLM. Due to the limit of temporal resolution, correlative AFM/SMLM is not suited for investigating cellular dynamics at nanometer resolution. Recently, super-resolution fluorescence microscopy has been developed to achieve second and subsecond temporal resolution [70,71], which is comparable to that of high-speed AFM [72]. Therefore, combining a high-speed AFM with a super-resolution fluorescence microscopy that has the advantage of quickly acquiring image will pave a new way to study cellular dynamics at the single-molecule level. To correlate the results from both AFM and super-resolution fluorescence microscopy, it is indispensable to overlay images obtained by correlative microscopy with a precision down to 10 nm. To achieve this goal, we need to optimize procedures to align these correlative images according to the identical structure of these correlative images or fiduciary markers, such as quantum dots [15]. In a word, we need to substantially improve and enhance both AFM and super-resolution fluorescence microscopy and then integrate the two techniques to achieve a high degree of matching and synchronized co-localization measurement, which is adapted to the developing requirements of life sciences.




5. Conclusions


Nowadays, AFM has gradually evolved into a multifunctional tool [17]. AFM can not only provide three-dimensional topography with lateral and axial resolutions of 1 nm and 0.1 nm, respectively, but also determine the mechanical properties with high sensitivity of tens of piconewton forces. Furthermore, AFM can be used to manipulate biological samples at subnanometre resolution. However, it is difficult to simultaneously identify two or more specific components using the AFM technique. Therefore, combining AFM with other techniques, particularly optical fluorescence microscopy, which can give excellent specificity, is becoming inevitable to complement the shortcomings of the individual technique.



The combination of AFM and conventional fluorescence microscopy has been reported, such as correlative CLSM/AFM and TIRFM/AFM. Although conventional fluorescence microscopy techniques have the advantage of specificity, they are limited by the imaging resolution: 250 nm in the lateral direction and 500 nm in the axial direction [8]. Due to the resolution of conventional fluorescence microscopy is incompatible with that of AFM, the combination of both techniques cannot achieve the truly synchronized co-localization measurement. Recently, super-resolution fluorescence microscopy techniques have been developed and have broken the diffraction barrier, achieving nanometer resolution [12]. Hence, combining AFM with super-resolution imaging techniques can complement the strengths and weaknesses of both techniques. Several correlative AFM and super-resolution fluorescence microscopy techniques, such as correlative STED/AFM, PALM/AFM, and STORM/AFM, have been developed to correlate morphological information with specificity at nanometer resolution. However, the combination of AFM and super-resolution fluorescence microscopy is still in the early stage and has many problems to be solved, such as sample preparation, imaging speed, and image processing. Although there are still many problems for these correlative techniques, the correlative techniques open new avenues for the investigations of biological systems at the single-molecule level.







Acknowledgments


This work was supported by NSFC (Grants 21373200 and 21525314).




Conflicts of Interest


The authors declare no conflict of interest.




References


	1. 
Binnig, G.; Quate, C.F.; Gerber, C. Atomic force microscope. Phys. Rev. Lett. 1986, 56, 930–933. [Google Scholar] [CrossRef] [PubMed]

	2. 
Shan, Y.; Wang, H. The structure and function of cell membranes examined by atomic force microscopy and single-Molecule force spectroscopy. Chem. Soc. Rev. 2015, 44, 3617–3638. [Google Scholar] [CrossRef] [PubMed]

	3. 
Müller, D.J.; Dufrêne, Y.F. Atomic force microscopy: A nanoscopic window on the cell surface. Trends Cell Biol. 2011, 21, 461–469. [Google Scholar] [CrossRef] [PubMed]

	4. 
Marszalek, P.E.; Dufrêne, Y.F. Stretching single polysaccharides and proteins using atomic force microscopy. Chem. Soc. Rev. 2012, 41, 3523–3534. [Google Scholar] [CrossRef] [PubMed]

	5. 
Jiang, J.G.; Hao, X.; Cai, M.J.; Shan, Y.P.; Shang, X.; Tang, Z.Y.; Wang, H.D. Localization of Na+-K+ ATPases in quasi-Native cell membranes. Nano Lett. 2009, 9, 4489–4493. [Google Scholar] [CrossRef] [PubMed]

	6. 
Shan, Y.P.; Wang, Z.Y.; Hao, X.A.; Shang, X.; Cai, M.J.; Jiang, J.G.; Fang, X.X.; Wang, H.D.; Tang, Z.Y. Locating the band III protein in quasi-Native cell membranes. Anal. Methods 2010, 2, 805–808. [Google Scholar] [CrossRef]

	7. 
Zhao, W.D.; Liu, S.H.; Cai, M.J.; Xu, H.J.; Jiang, J.G.; Wang, H.D. Detection of carbohydrates on the surface of cancer and normal cells by topography and recognition imaging. Chem. Commun. 2013, 49, 2980–2982. [Google Scholar] [CrossRef] [PubMed]

	8. 
Huang, B.; Babcock, H.; Zhuang, X. Breaking the diffraction barrier: Super-Resolution imaging of cells. Cell 2010, 143, 1047–1058. [Google Scholar] [CrossRef] [PubMed]

	9. 
Hein, B.; Willig, K.I.; Wurm, C.A.; Westphal, V.; Jakobs, S.; Hell, S.W. Stimulated emission depletion nanoscopy of living cells using SNAP-Tag fusion proteins. Biophys. J. 2010, 98, 158–163. [Google Scholar] [CrossRef] [PubMed]

	10. 
Rust, M.J.; Bates, M.; Zhuang, X. Sub-Diffraction-Limit imaging by stochastic optical reconstruction microscopy (STORM). Nat. Methods 2006, 3, 793–796. [Google Scholar] [CrossRef] [PubMed]

	11. 
Betzig, E.; Patterson, G.H.; Sougrat, R.; Lindwasser, O.W.; Olenych, S.; Bonifacino, J.S.; Davidson, M.W.; Lippincott-Schwartz, J.; Hess, H.F. Imaging intracellular fluorescent proteins at nanometer resolution. Science 2006, 313, 1642–1645. [Google Scholar] [CrossRef] [PubMed]

	12. 
Sydor, A.M.; Czymmek, K.J.; Puchner, E.M.; Mennella, V. Super-Resolution microscopy: From single molecules to supramolecular assemblies. Trends Cell Biol. 2015, 25, 730–748. [Google Scholar] [CrossRef] [PubMed]

	13. 
Smith, C. Microscopy: Two microscopes are better than one. Nature 2012, 492, 293–297. [Google Scholar] [CrossRef] [PubMed]

	14. 
De Boer, P.; Hoogenboom, J.P.; Giepmans, B.N.G. Correlated light and electron microscopy: Ultrastructure lights up! Nat. Methods 2015, 12, 503–513. [Google Scholar] [CrossRef] [PubMed]

	15. 
Odermatt, P.D.; Shivanandan, A.; Deschout, H.; Jankele, R.; Nievergelt, A.P.; Feletti, L.; Davidson, M.W.; Radenovic, A.; Fantner, G.E. High-Resolution correlative microscopy: Bridging the gap between single molecule localization microscopy and atomic force microscopy. Nano Lett. 2015, 15, 4896–4904. [Google Scholar] [CrossRef] [PubMed]

	16. 
Engel, A.; Gaub, H.E. Structure and mechanics of membrane proteins. Annu. Rev. Biochem. 2008, 77, 127–148. [Google Scholar] [CrossRef] [PubMed]

	17. 
Müller, D.J.; Dufrêne, Y.F. Atomic force microscopy as a multifunctional molecular toolbox in nanobiotechnology. Nat. Nanotechnol. 2008, 3, 261–269. [Google Scholar] [CrossRef] [PubMed]

	18. 
Xiao, J.; Dufrêne, Y.F. Optical and force nanoscopy in microbiology. Nat. Microbiol. 2016, 1, 16186. [Google Scholar] [CrossRef] [PubMed]

	19. 
Hansma, P.K.; Cleveland, J.P.; Radmacher, M.; Walters, D.A.; Hillner, P.E.; Bezanilla, M.; Fritz, M.; Vie, D.; Hansma, H.G.; et al. Tapping mode atomic force microscopy in liquids. Appl. Phys. Lett. 1994, 64, 1738–1740. [Google Scholar] [CrossRef]

	20. 
Müller, D.J.; Krieg, M.; Alsteens, D.; Dufrêne, Y.F. New frontiers in atomic force microscopy: Analyzing interactions from single-Molecules to cells. Curr. Opin. Biotechnol. 2009, 20, 4–13. [Google Scholar] [CrossRef] [PubMed]

	21. 
Hinterdorfer, P.; Baumgartner, W.; Gruber, H.J.; Schilcher, K.; Schindler, H. Detection and localization of individual antibody-Antigen recognition events by atomic force microscopy. Proc. Natl. Acad. Sci. USA 1996, 93, 3477–3481. [Google Scholar] [CrossRef] [PubMed]

	22. 
Hinterdorfer, P.; Dufrêne, Y.F. Detection and localization of single molecular recognition events using atomic force microscopy. Nat. Methods 2006, 3, 347–355. [Google Scholar] [CrossRef] [PubMed]

	23. 
Müller, D.J.; Helenius, J.; Alsteens, D.; Dufrêne, Y.F. Force probing surfaces of living cells to molecular resolution. Nat. Chem. Biol. 2009, 5, 383–390. [Google Scholar] [CrossRef] [PubMed]

	24. 
Shi, X.; Zhang, X.; Xia, T.; Fang, X. Living cell study at the single-Molecule and single-Cell levels by atomic force microscopy. Nanomedicine 2012, 7, 1625–1637. [Google Scholar] [CrossRef] [PubMed]

	25. 
Dufrêne, Y.F.; Martínez-Martín, D.; Medalsy, I.; Alsteens, D.; Müller, D.J. Multiparametric imaging of biological systems by force-Distance curve-Based AFM. Nat. Methods 2013, 10, 847–854. [Google Scholar] [CrossRef] [PubMed]

	26. 
Wang, S.; Huang, X.; Huang, Y.; Hao, X.; Xu, H.; Cai, M.; Wang, H.; Qin, Q. Entry of a novel marine DNA virus, singapore grouper iridovirus, into host cells occurs via clathrin-Mediated endocytosis and macropinocytosis in a pH-Dependent manner. J. Virol. 2014, 88, 13047–13063. [Google Scholar] [CrossRef] [PubMed]

	27. 
Yang, B.; Xu, H.; Wang, S.; Cai, M.; Shi, Y.; Yang, G.; Wang, H.; Shan, Y. Studying the dynamic mechanism of transporting a single drug carrier-Polyamidoamine dendrimer through cell membranes by force tracing. Nanoscale 2016, 8, 18027–18031. [Google Scholar] [CrossRef] [PubMed]

	28. 
Paddock, S.W. Principles and practices of laser scanning confocal microscopy. Mol. Biotechnol. 2000, 16, 127–149. [Google Scholar] [CrossRef]

	29. 
Furrer, P.; Gurny, R. Recent advances in confocal microscopy for studying drug delivery to the eye: Concepts and pharmaceutical applications. Eur. J. Pharm. Biopharm. 2010, 74, 33–40. [Google Scholar] [CrossRef] [PubMed]

	30. 
Toomre, D.; Pawley, J.B. Disk-Scanning confocal microscopy. In Handbook of Biological Confocal Microscopy, 3rd ed.; Pawley, J.B., Ed.; Springer: Boston, MA, USA, 2006; pp. 221–238. [Google Scholar]

	31. 
Ustione, A.; Piston, D.W. A simple introduction to multiphoton microscopy. J. Microsc. 2011, 243, 221–226. [Google Scholar] [CrossRef] [PubMed]

	32. 
Schmoranzer, J.; Simon, S.M. Role of microtubules in fusion of post-Golgi vesicles to the plasma membrane. Mol. Biol. Cell 2003, 14, 1558–1569. [Google Scholar] [CrossRef] [PubMed]

	33. 
Rappoport, J.Z. Focusing on clathrin-Mediated endocytosis. Biochem. J. 2008, 412, 415–423. [Google Scholar] [CrossRef] [PubMed]

	34. 
Mattheyses, A.L.; Simon, S.M.; Rappoport, J.Z. Imaging with total internal reflection fluorescence microscopy for the cell biologist. J. Cell Sci. 2010, 123, 3621–3628. [Google Scholar] [CrossRef] [PubMed]

	35. 
Toomre, D. Cellular imaging using total internal reflection fluorescence microscopy: Theory and instrumentation. Cold Spring Harb. Protoc. 2012, 2012, 414–424. [Google Scholar] [CrossRef] [PubMed]

	36. 
Tam, J.; Merino, D. Stochastic optical reconstruction microscopy (STORM) in comparison with stimulated emission depletion (STED) and other imaging methods. J. Neurochem. 2015, 135, 643–658. [Google Scholar] [CrossRef] [PubMed]

	37. 
Klar, T.A.; Jakobs, S.; Dyba, M.; Egner, A.; Hell, S.W. Fluorescence microscopy with diffraction resolution barrier broken by stimulated emission. Proc. Natl. Acad. Sci. USA 2000, 97, 8206–8210. [Google Scholar] [CrossRef] [PubMed]

	38. 
Hell, S.W. Toward fluorescence nanoscopy. Nat. Biotechnol. 2003, 21, 1347–1355. [Google Scholar] [CrossRef] [PubMed]

	39. 
Hell, S.W.; Dyba, M.; Jakobs, S. Concepts for nanoscale resolution in fluorescence microscopy. Curr. Opin. Neurobiol. 2004, 14, 599–609. [Google Scholar] [CrossRef] [PubMed]

	40. 
Hess, S.T.; Girirajan, T.P.K.; Mason, M.D. Ultra-High resolution imaging by fluorescence photoactivation localization microscopy. Biophys. J. 2006, 91, 4258–4272. [Google Scholar] [CrossRef] [PubMed]

	41. 
Rossy, J.; Owen, D.M.; Williamson, D.J.; Yang, Z.M.; Gaus, K. Conformational states of the kinase Lck regulate clustering in early T cell signaling. Nat. Immunol. 2013, 14, 82–89. [Google Scholar] [CrossRef] [PubMed]

	42. 
Wang, Y.; Gao, J.; Guo, X.; Tong, T.; Shi, X.; Li, L.; Qi, M.; Wang, Y.; Cai, M.; Jiang, J. Regulation of EGFR nanocluster formation by ionic protein-Lipid interaction. Cell Res. 2014, 24, 959–976. [Google Scholar] [CrossRef] [PubMed]

	43. 
Oddone, A.; Vilanova, I.V.; Tam, J.; Lakadamyali, M. Super-Resolution imaging with stochastic single-Molecule localization: Concepts, technical developments, and biological applications. Microsc. Res. Tech. 2014, 77, 502–509. [Google Scholar] [CrossRef] [PubMed]

	44. 
Sengupta, P.; Van Engelenburg, S.B.; Lippincott-Schwartz, J. Superresolution imaging of biological systems using photoactivated localization microscopy. Chem. Rev. 2014, 114, 3189–3202. [Google Scholar] [CrossRef] [PubMed]

	45. 
Bates, M.; Huang, B.; Dempsey, G.T.; Zhuang, X.W. Multicolor super-Resolution imaging with photo-Switchable fluorescent probes. Science 2007, 317, 1749–1753. [Google Scholar] [CrossRef] [PubMed]

	46. 
Endesfelder, U.; Malkusch, S.; Flottmann, B.; Mondry, J.; Liguzinski, P.; Verveer, P.J.; Heilemann, M. Chemically induced photoswitching of fluorescent probes-A general concept for super-Resolution microscopy. Molecules 2011, 16, 3106–3118. [Google Scholar] [CrossRef] [PubMed]

	47. 
Burns, A.R. Domain structure in model membrane bilayers investigated by simultaneous atomic force microscopy and fluorescence imaging. Langmuir 2003, 19, 8358–8363. [Google Scholar] [CrossRef]

	48. 
Frankel, D.J.; Pfeiffer, J.R.; Surviladze, Z.; Johnson, A.E.; Oliver, J.M.; Wilson, B.S.; Burns, A.R. Revealing the topography of cellular membrane domains by combined atomic force microscopy/fluorescence imaging. Biophys. J. 2006, 90, 2404–2413. [Google Scholar] [CrossRef] [PubMed]

	49. 
Franz, C.M.; Müller, D.J. Analyzing focal adhesion structure by atomic force microscopy. J. Cell Sci. 2005, 118, 5315–5323. [Google Scholar] [CrossRef] [PubMed]

	50. 
Haga, H.; Sasaki, S.; Kawabata, K.; Ito, E.; Ushiki, T.; Sambongi, T. Elasticity mapping of living fibroblasts by AFM and immunofluorescence observation of the cytoskeleton. Ultramicroscopy 2000, 82, 253–258. [Google Scholar] [CrossRef]

	51. 
Charras, G.T.; Horton, M.A. Single cell mechanotransduction and its modulation analyzed by atomic force microscope indentation. Biophys. J. 2002, 82, 2970–2981. [Google Scholar] [CrossRef]

	52. 
Hecht, E.; Knittel, P.; Felder, E.; Dietl, P.; Mizaikoff, B.; Kranz, C. Combining atomic force-Fluorescence microscopy with a stretching device for analyzing mechanotransduction processes in living cells. Analyst 2012, 137, 5208–5214. [Google Scholar] [CrossRef] [PubMed]

	53. 
Alsteens, D.; Newton, R.; Schubert, R.; Martinez-Martin, D.; Delguste, M.; Roska, B.; Müller, D.J. Nanomechanical mapping of first binding steps of a virus to animal cells. Nat. Nanotechnol. 2017, 12, 177–183. [Google Scholar] [CrossRef] [PubMed]

	54. 
Delcea, M.; Schmidt, S.; Palankar, R.; Fernandes, P.A.L.; Fery, A.; Moehwald, H.; Skirtach, A.G. Mechanobiology: Correlation between mechanical stability of microcapsules studied by AFM and impact of cell-Induced stresses. Small 2010, 6, 2858–2862. [Google Scholar] [CrossRef] [PubMed]

	55. 
Palankar, R.; Pinchasik, B.-E.; Schmidt, S.; De Geest, B.G.; Fery, A.; Moehwald, H.; Skirtach, A.G.; Delcea, M. Mechanical strength and intracellular uptake of CaCO3-Templated LbL capsules composed of biodegradable polyelectrolytes: The influence of the number of layers. J. Mater. Chem. B 2013, 1, 1175–1181. [Google Scholar] [CrossRef]

	56. 
Brown, A.E.X.; Hategan, A.; Safer, D.; Goldman, Y.E.; Discher, D.E. Cross-Correlated TIRF/AFM reveals asymmetric distribution of force-Generating heads along self-Assembled, “synthetic” myosin filaments. Biophys. J. 2009, 96, 1952–1960. [Google Scholar] [CrossRef] [PubMed]

	57. 
Gudzenko, T.; Franz, C.M. Studying early stages of fibronectin fibrillogenesis in living cells by atomic force microscopy. Mol. Biol. Cell 2015, 26, 3190–3204. [Google Scholar] [CrossRef] [PubMed]

	58. 
Oreopoulos, J.; Yip, C.M. Probing membrane order and topography in supported lipid bilayers by combined polarized total internal reflection fluorescence-Atomic force microscopy. Biophys. J. 2009, 96, 1970–1984. [Google Scholar] [CrossRef] [PubMed]

	59. 
Oreopoulos, J.; Epand, R.F.; Epand, R.M.; Yip, C.M. Peptide-Induced domain formation in supported lipid bilayers: Direct evidence by combined atomic force and polarized total internal reflection fluorescence microscopy. Biophys. J. 2010, 98, 815–823. [Google Scholar] [CrossRef] [PubMed]

	60. 
Mathur, A.B.; Truskey, G.A.; Monty Reichert, W. Atomic force and total internal reflection fluorescence microscopy for the study of force transmission in endothelial cells. Biophys. J. 2000, 78, 1725–1735. [Google Scholar] [CrossRef]

	61. 
Trache, A.; Lim, S.-M. Live cell response to mechanical stimulation studied by integrated optical and atomic force microscopy. J. Vis. Exp. 2010, 44, 2072. [Google Scholar] [CrossRef] [PubMed]

	62. 
Lim, S.-M.; Trzeciakowski, J.P.; Sreenivasappa, H.; Dangott, L.J.; Trache, A. RhoA-Induced cytoskeletal tension controls adaptive cellular remodeling to mechanical signaling. Integr. Biol. 2012, 4, 615–627. [Google Scholar] [CrossRef] [PubMed]

	63. 
Harke, B.; Chacko, J.; Haschke, H.; Canale, C.; Diaspro, A. A novel nanoscopic tool by combining AFM with STED microscopy. Opt. Nanoscopy 2012, 1, 1–6. [Google Scholar] [CrossRef]

	64. 
Chacko, J.V.; Canale, C.; Harke, B.; Diaspro, A. Sub-Diffraction nano manipulation using STED AFM. PLoS ONE 2013, 8, e66608. [Google Scholar] [CrossRef] [PubMed]

	65. 
Chacko, J.V.; Harke, B.; Canale, C.; Diaspro, A. Cellular level nanomanipulation using atomic force microscope aided with superresolution imaging. J. Biomed. Opt. 2014, 19, 105003. [Google Scholar] [CrossRef] [PubMed]

	66. 
Chacko, J.V.; Zanacchi, F.C.; Diaspro, A. Probing cytoskeletal structures by coupling optical superresolution and afm techniques for a correlative approach. Cytoskeleton 2013, 70, 729–740. [Google Scholar] [CrossRef] [PubMed]

	67. 
Monserrate, A.; Casado, S.; Flors, C. Correlative atomic force microscopy and localization-Based super-Resolution microscopy: Revealing labelling and image reconstruction artefacts. ChemPhysChem 2014, 15, 647–650. [Google Scholar] [CrossRef] [PubMed]

	68. 
Opazo, F.; Levy, M.; Byrom, M.; Schaefer, C.; Geisler, C.; Groemer, T.W.; Ellington, A.D.; Rizzoli, S.O. Aptamers as potential tools for super-Resolution microscopy. Nat. Methods 2012, 9, 938–939. [Google Scholar] [CrossRef] [PubMed]

	69. 
Leenheer, D.; ten Dijke, P.; Hipolito, C.J. A current perspective on applications of macrocyclic-Peptide-Based high-Affinity ligands. Pept. Sci. 2016, 106, 889–900. [Google Scholar] [CrossRef] [PubMed]

	70. 
Jones, S.A.; Shim, S.-H.; He, J.; Zhuang, X. Fast, three-Dimensional super-Resolution imaging of live cells. Nat. Methods 2011, 8, 499–505. [Google Scholar] [CrossRef] [PubMed]

	71. 
Chmyrov, A.; Keller, J.; Grotjohann, T.; Ratz, M.; d’Este, E.; Jakobs, S.; Eggeling, C.; Hell, S.W. Nanoscopy with more than 100,000 ‘doughnuts’. Nat. Methods 2013, 10, 737–740. [Google Scholar] [CrossRef] [PubMed]

	72. 
Toshio, A. High-Speed atomic force microscopy coming of age. Nanotechnology 2012, 23, 062001. [Google Scholar]

























© 2017 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access article distributed under the terms and conditions of the Creative Commons Attribution (CC BY) license ( http://creativecommons.org/licenses/by/4.0/).







nav.xhtml


  sensors-17-00938


  
    		
      sensors-17-00938
    


  




  





media/file8.jpg





media/file11.png
TVA-mCherry €

TVA-mCherry

_ 250 pN
#2 ‘

Frequency (%)

Frequency (%)

30

5 @ Area #1
o
20 =
9]
o
o
©
>
500 nm
_ Distance
il ! )
0 100 200 300
Adhesion force (pN)
30 ,;980/0
m Area #3
o
20 é& 2
N p—
Z
10 - 500 nm
D t
0 P istance
0 100 200 300

Adhesion force (pN)

Q

Frequency (%)

o 39% Area #2
Q
o
20 4 O

19,

o

o

10 s

—

500 nm
0 | sttance
0 100 200 300

Adhesion force (pN)

£ 100
[ o ‘
| o
& |
| = -
g S 50
N -
I 2
' &
2( lurdw % 0
< 123
Area (i)






media/file6.jpg
lmenswy

. 0 ‘ ﬂ Low depletion Power
x
. ‘ ‘ High depletion Power

STED

LA M

Excilati
eoam Depletion
Beam

(Confocal)





media/file1.png
Photodetector Laser

>,
/74

f ,-5“?7
) Y {

Tip and cantilever
ﬁ,__--m-q ‘

Sample stage

Piezo-scanner






media/file13.png
e Trane AL
-

AFM deflection AF,

A

U
a0 e DI'o -
= 60
' U
|
U 0
0 F1 cell
A F2
3 F3
0 cell
U & 0





media/file10.jpg





media/file7.png
Intensity

d
Excitation :
Beam Depletion
Beam

(Confocal)

Low depletion Power

High depletion Power





media/file12.jpg
height profil line

foR R

astance )

30 nm height cut-off





media/file9.png
L]
......






media/file14.jpg





media/file16.jpg
A B

Pttt 2
|
ﬁ p—
e cos o

Objctive

Foid igometer o
sop

M tne Mulitne
18 e 188 e

Focusi
imaginglens " june
P et






media/file5.png
Evanescent

field Sample n,
Cover slip n;
Incident Reflected






media/file15.png
s T W

| before AFM dragging

N O -
- 3 B ’ L
g _ - ‘ ’ a ¥
. . o - P ¢ .‘. - ! ‘
v | ' "
. . B - - " - . -
CRD s L8 T | after APM dragging
., 3 - . .
.: 'ls . = p “!‘ ‘ -
-® ; ‘ -






media/file3.png
PHOTODETECTOR

DETECTOR
PINHOLE ﬁﬁu?—u%ﬁ
A /
A4
sy ZN

= STAGE

—Pp=g=— |[N-FOCUS RAYS
-------- OUT-OF-FOCUS RAYS





media/file17.png
Objective

Field Micrometer Fiber
stop crew
Multi line Multi line
_ laser source laser source

! Imaging lens lens
pEmmmm EM CCD camera

g






media/file4.jpg
Evanescent

field Sample 1,
Cover siip N
Incident Reflected






media/file0.jpg
Photodetector Laser

Tip and cantilever

Sample stage

Piezo-scanner






media/file2.jpg
D PHOTODETECTOR
DETECTOR

PINHOLE SOURCE
PINHOLE

OBJECTIVE LENS

" SPECIMEN
= STAGE

=—p—4— IN-FOCUS RAYS
OUT-OF-FOCUS RAYS






