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Abstract: This paper deals with the problems encountered in the study of eukaryotic cell membranes.
A discussion on the structure and composition of membranes, lateral heterogeneity of membranes,
lipid raft formation, and involvement of actin and cytoskeleton networks in the maintenance of
membrane structure is included. Modern methods for the study of membranes and their constituent
domains are discussed. Various simplified models of biomembranes and lipid rafts are presented.
Computer modelling is considered as one of the most important methods. This is stated that from
the study of the plasma membrane structure, it is desirable to proceed to the diverse membranes
of all organelles of the cell. The qualitative composition and molar content of individual classes of
polar lipids, free sterols and proteins in each of these membranes must be considered. A program to
create an open access electronic database including results obtained from the membrane modelling
of individual cell organelles and the key sites of the membranes, as well as models of individual
molecules composing the membranes, has been proposed.

Keywords: membranes; lateral heterogeneity; phospholipids; glycolipids; integral membrane proteins;
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1. Introduction

Biological membranes are similar to the structures of inheritance, such as nucleic acids,
from the point of their importance in the living world; they may have evolved even earlier
than the nucleic acids. Biological membranes are difficult to explore, both because of their
molecular profile and structure, and the other reason is that they function over a wide
interval of time scales [1]. The functional diversity of cell membranes includes multiscale
patterning and the formation of a range of forms that vary from local organizations of
nanometre-scale lipid–protein domains to micrometre-scale organelles with architectures
of planar, curved and tubular structures. The basic structure of cell membranes is a
bilayer composed of two layers of polar lipid (PL) molecules, into which proteins with
crucial functions, such as enzymes, receptors and transporters, are partially or completely
embedded [2,3].

The cells of all eukaryotic organisms, including plants, in addition to being restricted
by a membrane themselves, are divided into various compartments which are also encircled
by membranes; these entities are called organelles. The membranes represent the main
cell structure of all eukaryotes—their soft skeleton. Many important metabolic processes
occur on membranes, since the other main component of all eukaryotic cells—numerous
enzyme systems—is essentially membrane-bound; often the enzymes are not able to
perform their functions outside of these membranes. Another crucial element of plant
cells—photosynthetic pigments and the reaction centres where these pigments function
(photosystems I and II)—needs to be strictly organised structurally. These reaction centres
are known to be localised in the membranes of stromal and granular thylakoids [4]. Finally,
the entry of pathogenic viruses into living cells also takes place through the membranes.
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The entire membrane is known to be 7–8 nm thick, whereas the corresponding value for its
internal hydrophobic layer is assumed to be as little as 3 nm [5].

The basic constituents of cell membranes are PL, which exist in an aqueous medium of
cells as vast bimolecular layers, having a hydrophilic external surface and a hydrophobic
internal space. Similar to bilayer-permeating protein molecules (integrin and transmem-
brane proteins), they form the basis of the liquid mosaic structure of biological membranes
and specify their function [6]. The diversity of profile of membrane lipids between species
and the distinction of their contents are strictly linked to the multifaceted role which the
membranes play in plant organs [7]. Apart from lipids, biomembranes (in particular,
the plasmalemma) are composed (up to 80% by mass) of proteins, free sterols and other
non-lipid elements, which together define the specificity and wide range of membrane
biological activities. The components also include carbohydrates, which, however, are not
represented by the separate compounds, but constitute a part of glycolipids or protein
molecules [8–10].

The classic model of biomembranes for 50 years has been the liquid mosaic model of
Singer and Nicolson [11]. It suggests that the lipid bilayer of eukaryotic membranes is an
unstructured liquid characterised by a disorderly and chaotic arrangement of lipid and
protein molecules [12]. The model was continually improved over the following decades.
Many reviews trace a chronology for key advances in this field [13–18]. Significant advances
have been made in the study of eukaryotic cell membranes, especially with regard to the
plasma membrane (PM) [19–22]. The presence of the Singer and Nicolson model, apart
from its undisputable usefulness, has often been a noticeable obstacle for further research.
It has been commonly assumed that all the other membranes in many different organisms
are structured according to PM principles [12,23]. Therefore, the diverse membranes of
many cell organelles of all eukaryotes and, in particular, those of plant cells have not
been widely studied [24–30]. In 2014, Nicolson modified the original model, naming it the
“biological membrane structure model with a liquid mosaic” [13]. It has been shown that
cell membranes consist of a complex mosaic of many microdomains containing different
clusters of proteins and lipids, which are distributed in a vast area of a thin membrane
layer [23,31–34].

The study of membranes has led to the discovery not only of their domains but also
of the individual varieties of the domains, namely lipid rafts [9,35–40]. In 1997, Simons
and Ikonen [41] suggested a concept of a ‘lipid raft’ to explain the lateral irregularity of
the membrane; a lipid raft was described as a small (10–200 nm), heterogeneous, hugely
dynamic region abundant in sterols, glyco- and phospho-sphingolipids and phospholipids
(PhL) with saturated fatty acids (FA) [42]. Lipid rafts are characterised as microdomains
of the lipid bilayer of the cell membrane, where areas with a higher packing density of
lipid molecules are formed around particular proteins [43,44]. The functions of the cy-
toskeleton and glycocalyx have been subsequently outlined in the more complex membrane
models [18]. Cholesterol (CHOL) [32,42] and the phosphosphingolipid sphingomyelin
(SM) [10,45,46] in the case of animal tissues, and sitosterol or stigmasterol as well as gly-
cosphingolipids in plant tissues are recognized as the two major components of lipid
rafts [9,47–49]. The role of glycerophospholipids (GPhL) as a possible element of lipid rafts
has not been given sufficient attention yet [42,50–52].

The opportunities of optical microscopy allow the detection of membrane areas with
sizes of 200 nm or more; so, lipid domains or rafts, which are generally smaller, are not
distinguished under the optical microscope [53,54]. The creation and study of simplified
membrane models are helpful in this way, making it possible to control numerous factors
that occur in membranes in vivo [2,55,56]. Moreover, computer modelling, which could be
named a “computational microscope”, is actively used [1,57–59].

The composition of polar lipids (PL) is known to vary greatly in different cell organelles
and also with respect to the internal and external membrane layers [2,5,9,26,60,61]; this is
reflected in the structure and features of membranes. It would be appropriate to study each
individual membrane based on the molar content of all its components and to construct a



Int. J. Mol. Sci. 2023, 24, 11226 3 of 27

model of the membrane either in 2D or in 3D. A suggestion could be made to register the
findings not only in scientific articles, but also using some kind of common platform. Thus,
it would be very useful to create a database and a kind of “biomembrane encyclopaedia”,
similar to what has already been created for genes and the genome, called KEGG (Kyoto
Encyclopaedia of Genes and Genomes). Different models of individual cell organelles or
their characteristic regions should be collected and represented in this database, as far as
possible, within the range from 200 nm to 0.5 nm. Models of artificial membranes may
also be represented in this database. This database should also include modelling data for
individual molecules of compounds making up membranes, such as PL, sterols, proteins,
etc. Most importantly, the data will be concentrated in one place and be easily accessible.
We believe that the creation of this platform will advance the study of the membranes of
all eukaryotes.

2. Structure and Functions of Membranes in Various Eukaryotic Cell Organelles

It is essential to have an understanding of the functioning of individual organelles
before studying the structure of cell membranes. It is obvious that PM is not the standard
for the structure of all the other membranes. Membranes of eukaryotic organisms sepa-
rate the cell into individual subcellular compartments that carry out crucial, while often
non-compatible, metabolic reactions. The organelles are also differentiated both quanti-
tatively and qualitatively in terms of lipid content. The membranes of chloroplasts and
mitochondria, for example, have a lipid composition that differs sharply from that of PM.
Animal tissues differ from plant tissues in PL composition, and the internal and external
membranes of the two-membrane organelles are also different. The lipid profile of the ex-
ternal and internal layers of the membrane bilayer varies considerably in many organelles,
resulting in an asymmetry throughout the whole bilayer; the situation is maintained by
ATP-dependent flippases [2,5].

Eukaryotes have developed membrane compartmentalization to allow for the forma-
tion of enclosed environments for specific metabolic processes. At the same time, they
have created effective transport mechanisms in order to facilitate their metabolism via
membrane bilayers [62]. All cell organelles can be either bimembranous, like the nucleus,
mitochondria and plastids, or unimembranous, like the endoplasmic reticulum (ER), Golgi
apparatus, vacuoles and peroxisomes.

At present, the plasma membrane (PM) is the most studied bilayer. The PM is a
complex system composed of the two layers of lipids and proteins, which are further
subdivided into small units called nanodomains. While both layers are asymmetrical,
the bond between them is remarkably strong. For instance, this can be demonstrated
by experiments carried out with giant phospholipid single-layer vesicles; these revealed
that the nanodomains formed in the external layer coincide perfectly with those in the
internal leaflet. Likewise, the microscopic separation of phases in one leaflet may cause the
separation of phases in the opposite leaflet, which would otherwise be homogeneous [63].

The lipid composition of PM varies considerably among various organisms and cell
types; it is also affected by the stage of the cell cycle as well as by environmental factors.
Usually an average composition of an idealised mammalian PM is taken as an example,
with sphingomyelin (SM), phosphatidylcholines (PC) and gangliosides mainly in the outer
layer, and phosphatidylethanolamines (PE), phosphatidylserines (PS) and other charged
lipids in the internal layer of the membrane. Bound lipid FA vary from fully saturated to
polyunsaturated, with a large proportion of unsaturated FA belonging to the inner lipid
layer. Eukaryotic PMs also contain 20–50% of free sterols [64].

The plant cell vacuole membrane, named a tonoplast, seems much less explored. The
tonoplast has a selective permeability; it actively participates in the transport of metabolites
required for cellular osmoregulation, the regulation of cytosolic pH and ion balance, and
the transduction of signals of various origins; the tonoplast is also actively involved in
protecting cells against abiotic stress. The majority of these functions are strongly associated
with tonoplast lipids [28]. The vacuolar membrane determines the specificity of plant cells;
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it is actively involved in the intracellular redistribution of substances and also acts similarly
to lysosomes. The tonoplast has an ontogenetic link to the ER and the Golgi complex.
It is generally accepted that mature central vacuoles are giant lysosomes of plant cells.
Water-soluble substances are able to be transferred to the vacuole by small membrane
vesicles, which, being fused to the vacuole, simultaneously carry out its growth and also
regulate the composition of the vacuolar contents. The tonoplast prevents the leakage of a
number of metabolic poisons and acidic hydrolases into the cytoplasm, thereby keeping
the plant cell viable.

The bilayer nuclear membrane is the best example of where the efficient transport
mechanism occurs; it forms a physical barrier to segregate genomic DNA and isolates
transcription and translation. This envelope contains multitudinous holes called nuclear
pores, consisting of the largest protein complex in cells, known as the nuclear pore complex.
The complex contains 500–1000 proteins (nucleoporins) of up to 40 different species that
assemble in a highly conserved channel, allowing the free movement of molecules smaller
than 40 kDa and, what is more important, mediating the selective relocation of larger
molecules and molecular complexes between the nucleus and cytosol [62].

ER membranes deserve special consideration as they are not only composed of PL
themselves but are also the site of synthesis of both PL and their constituent FA. The ER is a
continuous network of tubules consisting of lamellar and tubular cisterns which permeate
the entire cytoplasm and connect to the nuclear envelope. The membranes of these tubules
account for over half of the total number of all cell membranes. The inner cavity of the ER
is isolated from the cytosol by a single membrane only; this cavity of ER occupies at least
10% of the total cell volume. The ER membrane has multiple folds and curves and forms a
continuous surface, restricting a unified internal space (cavity) [65]. It should be noted that
the fractioning of destroyed cell organelles by centrifugation leaves ER fragments in the
microsomal fraction.

The ER is characterised by an almost immovable, fixed arrangement of spiral-shaped
network sections and tubules with blind endings. The initial ER structure is tube-shaped
tubules characteristic of smooth ER. Rough ER diverges from smooth ER by the pres-
ence of ribosomes attached to its membranes. One of the key functions of smooth ER
membranes is the synthesis of lipid molecules, so that they are enriched with various
enzymes for the biosynthesis of both glycerolipids and other closely related components.
The remodelling of the plant ER probably has a value for its function in targeting protein
secretion, organelle interactions and signal exchange. The structure and mobility of the ER
are primarily regulated by the actin cytoskeleton via actin motor proteins and membrane-
cytoskeleton adaptors. Recent discoveries have also detected alternative pathways that
affect ER movement through a microtubule-based mechanism. The ER has a continuous
membrane-enclosed network of leaf-like (cisterns) and tubular structures that are closely
linked to the cytoskeleton. The membranous ER tubules continuously expand, contract
and merge with each other, and the polygonal structures vary dynamically due to changes
in tubule branching patterns and the expansion of the ER cisterns [30].

Mitochondria are generally spherical or rod-shaped organelles 1–3 µm long and about
0.5 µm in diameter; each cell contains several hundred of them. Their small diameter
makes them difficult to observe via light microscopy; it delays their detection [29]. Mi-
tochondria in a living cell move continuously by means of cytoplasmic streaming linked
to the cytoskeleton. Under certain conditions, these organelles can merge forming large,
reticulated mitochondria. The outer mitochondrial membrane is isolated from the inner
mitochondrial membrane by a less electron-dense zone called the inter-membrane space.
The inner membrane surrounds the electron-dense matrix, but it also creates invaginations,
called cristae, in the matrix area. The outer membrane has pores with a diameter of 2.8 nm,
which are anion channels [29].

A biochemical analysis of the internal membranes of chloroplasts showed that the
ratio of lipids to proteins was close to 1:1 by mass while their molar ratio was 500:1.
Chlorophylls, carotenoids, plasto- and phylloquinones that make up about 65% of the lipids
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in these membranes are classified as lipids here. Moreover, chloroplast membranes contain
a lot of α-tocopherol, which increases their tolerance to free-radical processes. Sterols
provide rigidity to membranes by occupying the free area between the hydrophobic tails of
lipids and ordering their arrangement [41,66]. The internal membrane of the chloroplast
envelope is involved in the creation of the inner membrane system of these organelles. The
internal membranes form thylakoids, which are stacked (granulated to grana thylakoids) or
permeate the stroma, connecting the grana to each other (stroma thylakoids). Accordingly,
their forming membranes are referred to either as grana or stroma membranes. Thylakoids
of the grana may be permeated by one or more thylakoids of the stroma.

Peroxisomes are multiple organelles surrounded by a single bilayer membrane, lack-
ing DNA; they have a diameter of 0.1–1.5 µm. Despite their small diameter and simple
structure, peroxisomes are very morphologically and metabolically dynamic structures
and they play an important role in the metabolism of animals and plants. These organelles
are very diverse in morphology and protein content when responding to various develop-
mental and environmental signals. In plants, peroxisomes are important for growth and
development; they execute a variety of metabolic functions, many of which are coordinated
with other organelles such as mitochondria, chloroplasts and oleosomes, through their
physical interactions [67].

In both plant and animal cells, the Golgi apparatus is a series of individual stacks
of disc-shaped membrane cisterns; this series is known as dictyosomes. The cisterns are
continuously joined by membrane vesicles (vesicles) budding from the granular ER [65].
Liposomes are a unique type of polymolecular aggregate. Whereas the term liposome refers
to an artificial membrane construction derived from amphiphiles which form a bilayer in
an aqueous medium, the oleosome is found in plant cells and consists of a self-enclosed
single-layer membrane and an internal volume filled with triacylglycerols [47].

Being a two-dimensional structure with limited diffusion, the lipid bilayer is an
inherently ideal system for concentrating components of signalling and metabolism. Thus,
membranes often work as “key processors” of cellular information. Cell membranes
are highly dynamic and deformable structures; they can be curved, tubular or flat ones,
which results in distinct biophysical properties [68]. At the points of contact (contact sites),
membranes from neighbouring organelles come together into a unique three-dimensional
structure, forming functionally distinct microdomains that provide spatially regulated
functions such as organelle communication. The shape, three-dimensional architecture and
remodelling of the contact sites co-define their function in the cell [69].

Membrane contact sites can be determined as areas of membrane close localisation
between different organelles. There are also examples of such contacts between membranes
inside organelles. At the contact points of the membranes of two organelles, these mem-
branes combine into a unique three-dimensional structure, forming functionally different
microdomains that provide spatially regulated functions, such as organelle interaction. A
considerable diversity in the geometry of the membranes forming the contact sites has
been observed in various eukaryotic organisms. A physical interaction between organelles
is provided by supramolecular protein assemblies that fill the intermembrane space and
create binding forces through protein–protein or lipid–protein interactions. Membranes
work by concentrating important elements at strategic points in the cell, thus acting as
information processing centres. Activity in these centres requires bidirectional information
processing across membranes and also between the neighbouring organelle membranes at
membrane contact points [69].

Two parameters of cell membranes, their curvature and lipid profile, guide the selec-
tion of many peripheral proteins in cellular organelles. Although these features are often
studied independently from each other, it is the combination of both that creates the unique
interphase properties of biological membranes and, in particular, modulates the adhesive
properties of membranes. The correlation between the separation of model amphipathic
helices in membranes and the distribution of lipid packing defects in lipid bilayers of dif-
ferent shapes and compositions explains how macroscopic membrane properties modulate
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protein selection by altering the molecular topography of the lipid bilayer interphase region.
One of the factors that should accentuate the defects in lipid packing in the membranes
of the early secretory pathway is distortion. In general, defects in lipid packing may be
beneficial for several functions of early secretory organelles and, in particular, biosynthetic
processes. It has been suggested that the free packing of lipids in the ER promotes the
folding of transmembrane proteins, whereas increased levels of CHOL or saturated PhL
promote the accumulation of unfolded transmembrane proteins. Most of the ER consists of
wispy (30 nm in radius) tubules, and the transport pathways between the ER and cis-Golgi
also include the formation of small transport vesicles with the same radius. The bending of
the lipid bilayer necessarily causes its lipids to tilt, an effect that should help to expose the
hydrophobic cavities [70].

3. The Composition of Lipids in the Membranes of Various Eukaryotic Cell Organelles

Only PL—phospho- and glycolipids, as well as low-polarity lipids such as diacyl- and
monoacylglycerols—are usually present in biological membranes. Within each of the rather
extensive PhL and glycolipid groups there are subgroups of sphingolipids—sphingophos-
pholipids [45,46] and sphingoglycolipids [32]. Plant membranes also have a class of phy-
toglycolipids that include elements of PhL, glyco- and sphingo-lipids in their molecules.
It should be noted that we do not include free sterols and sterol glycosides in the total
lipids and instead consider them as a separate group of compounds. A number of papers
classify these compounds as lipids, probably according to their similar hydrophobicity to
lipids. Sterols are a subgroup of steroids with a characteristic configuration consisting of
four rings of carbon atoms. We propose that only those compounds containing residues of
higher FA connected with polar radicals by ester or amide bonds should be considered as
lipids [47]. In total, membrane lipids account for up to 500 types of these substances [20],
or tens of thousands of individual compounds belonging to these types [71,72].

The set of polar lipids composing the bilayer matrix of cell membranes is very complex.
It is not clear why there is such large diversity when most of the membrane functions, such
as barrier properties, permeability and catalytic activity of internal membrane proteins,
can be provided by applying a mixture of only a few molecularly determined lipids. Our
knowledge on the chemical pathways operating to create and maintain the specific lipid
profile of each morphologically individual membrane in eukaryotic cells is incomplete [73].

Most of the membrane PL are arranged in a similar way having a polar head and
hydrophobic tails. Nevertheless, cells detect lipids with exceptional specificity. The func-
tionality of lipids is defined by their local concentration, which differs between organelles,
between two monolayers of the membrane and even in the lateral plane of the lipid bilayer.
In order to determine their function, it is necessary not only to know which lipids are
present at each specific intracellular location, but also their concentration, time period and
interaction partners [71].

Glycerophospholipids (GPhL), sphingophospholipids represented by SM and also
non-lipid CHOL serve as typical chiral molecules that constitute biological membranes. The
combination of chiral lipids and CHOL creates a platform for functional cell membranes
capable of regulating membrane receptor functions and enzymatic responses that are
realized at the chiral membrane surface and in monolayers. Interlipid interactions in
membranes occur in a stereoselective manner and induce the creation of the lipid phase
and domains with different sizes ranging from tens of micrometres to nanometres in model
lipid bilayers. It is known that some membrane proteins interact specifically with lipids
and chiral ligands, while simultaneous interactions with surrounding lipids result in the
regulation of protein function and localization [74].

Many cell membranes are known to be often asymmetric, i.e., the layers differ in
the lipid profile. Thus, the outer layer may contain mainly phosphatidylcholines (PC)
and glycosfingolipids, whereas the inner one may contain phosphatidylethanolamines
(PE) and phosphatidylserines (PS), with phosphatidylinositol (PI) being found in both
monolayers. The outer monolayer tends to contain PL with larger polar heads, as there is
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more surface area per polar head. The specific PhL of the mitochondrial internal membrane
is cardiolipin (DPG); it is synthesised by mitochondrial inner membrane enzymes and
represents about 22% of all PhL of this membrane [75]. DPG has a tendency to create a
non-lamellar configuration that reduces the mechanical stability of the membrane; it is
found in membranes generating electrical potential [47].

In some membranes, lipids can migrate from one side of the membrane to the other,
i.e., to make “flip-flop” jumps. This movement of lipid molecules is hindered by their polar
heads and so PL located on the internal side of the lipid bilayer have an advantage in this
respect and have a relatively high rate of transmembrane motion. The most abundant
lipids in eukaryotic membranes, such as PC and SM, have a polar head group for which
the effective cross-section is larger than that of the two alkyl chains. Their head group lies
almost parallel to the lipid bilayer surface and rotates rapidly. A large phosphocholine
headgroup size is observed when the PC and SM molecules are strongly tilted in the gel
state [76].

While the most quantitatively abundant PL—PC and PE, appear to create the matrix of
biomembranes, a number of classes of lipids related to either charged (PG, DPG) or highly
polar (phytoglycolipids) compounds with these two properties (PI, PS and sulphoquinovo-
syldiacylglycerol (SQDG)) compose lipid rafts. Integral proteins are important components
of the membranes; they permeate the membranes and are responsible for a variety of their
features. Next to membrane enzymes there are annular lipids; the latter are more ordered,
less mobile, have more saturated FA in their structure and are extracted from membranes
along with proteins. Most membrane proteins do not function without annular lipids [47].

Two classes of GPhL, namely phosphatidylglycerol (PG) and phosphatidylinositol
(PI), are both the key structural components of the lipid membrane. They play a significant
role in signal transduction, cell division and interaction with proteins. PG and PI are
anionic lipids because of the presence of negatively charged functional groups. While
the PG has one negatively charged phosphate group, the phosphate in the head group
and the phosphate modification on the PI inositol ring can vary from one to three groups.
The negative charge is important for these lipids to interact with the positive charge of
membrane proteins; it plays a signalling or regulatory role in cellular metabolism [77].

Lipid head groups can have an excess charge, or can, conversely, be zwitterionic. The
most prominent anionic lipids of cell membranes are the aforementioned PG as well as
phosphatidylserine (PS). PS has a negatively charged phosphate group, a positively charged
amino group and a negatively charged carboxyl group in the zone close to the hydrophobic
group [78–80].

PI participates in membrane deformation, intracellular transport, the control of the
organisation and dynamics of the actin cytoskeleton and the regulation of intracellular
signalling pathways. The process of phosphorylation of the PI inosite ring is important
in the expression of these functions. Phosphorylated PI becomes a multivalent negatively
charged lipid; PI, PI-phosphate and PI-diphosphate are phosphorylated at one, two and
three positions, respectively. The latter are of certain interest from the point of electrostatics
due to having many charges per surface area of the molecule in the membrane [78].

Di- and triphosphoinositides represent a minor class of regulatory PhL; they participate
in the regulation of membrane transport and cytoskeletal dynamics in eukaryotes [81,82].
It is important to note that phosphoinositides can bind various protein partners on the
cytosolic surface of the PM, thereby influencing different processes [83]. PIs can perform
an “anchoring” function in the membrane; they can be connected to specific proteins of
the external surface of the membrane via an oligosaccharide. PI with an oligosaccharide
(glycan) attached to one of the inositol hydroxyl groups is called phosphatidylinositglycan
(PI-glycan). Proteins bind to this molecule via phosphoethanolamine; the protein can create
a covalent bond with PI-glycan [47].

PC and sphingolipids are localised in the exoplasmic leaflet. Some glycosylsphin-
golipids, such as galactosylceramides, are primarily present in basolateral membranes
while glucosylceramides are predominantly detected in apical membranes [9]. Experi-
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ments on the delivery of synthesised sphingolipids to epithelial cells have shown that
a simple glycosylceramide, glycosylsphingolipid, was mainly transported to the apical
membrane [41].

A characteristic property of the outer and inner membranes of chloroplasts is their
high content of glycolipids as well as one of the phospholipids (PhL), phosphatidylglyc-
erol (PG). Glycolipids account for 75% of all membrane lipids in chloroplast thylakoid
membranes; the PG content in chloroplast membranes reaches 11% of the total lipids. The
PG of chloroplast membranes includes a special FA, trans-3-hexadecenoic (16:3∆7,10,13). Its
presence is essential for the assembly of the light-harvesting complexes of chloroplasts [26].

There are considerably more glycolipids than PhL in the leaf tissues of plants. These
glycolipids include monogalactosyldiacylglycerol (MGDG), digalactosyldiacylglycerol
(DGDG) and the sulfolipid SQDG. Glycolipids play a main role in the biogenesis of thy-
lakoid membranes and are important for the correct functioning of embedded photosyn-
thetic pigment–protein complexes in plant cells. The main PhL of chloroplasts is PG.

In addition to structural variety, different classes of membrane lipids are not dis-
tributed evenly between organelles, membranes or even between two monolayers of
the same membrane. Rather, they have special locations, and the cooperative action of
their three-dimensional molecules determines the identity and feature of the various or-
ganelles. Thus, for example, galactolipids are located exclusively in the chloroplasts in
plants, whereas the PM lipid microdomains are enriched in sterols and sphingolipids [2].

MGDG and DGDG are the main lipid classes in the photosynthetic membranes of
chloroplasts. These lipids also serve as major components of the inner membrane structures
called prolamellar bodies (PLBs) and prothylakoids (PTs) in etioplasts, which are formed in
the seed cells of dark-growing, angiospermic plants. After being exposed to light, PLBs
and PTs in etioplasts are converted into a photosynthetic membrane, leading to chloroplast
development. During the differentiation of the etioplast into a chloroplast, galactolipids
contribute to the formation of thylakoid membranes from PLBs and PTs; they play a key
role in chlorophyll biosynthesis and in the accumulation of light-harvesting proteins [60].
Thylakoid membrane lipids, such as MGDG and PE, tend to create an inverted hexagonal
phase as a result of their conical shape; so, they are called non-bilayer or non-lamella-
forming lipids. Lipids with a cylindrical shape, PG, PC, DGDG and SQDG, create a lamellar
phase and may be referred to as plate-forming or bilayer lipids [84].

One group of sphingoglycolipids that are analogous to SM in plant membranes,
ceramides, have a long saturated N-acyl chain and a small polar headgroup, which makes
them a lipid with very dense packaging properties. It is not surprising that ceramides can
form rafts in model membranes and stabilize them. Individual C18:0 ceramide as well as
mixtures of natural ceramides have the property to displace sterols from rafts [49].

Polar carotenoids and their acetates are also generally incorporated into the structure
of lipid membranes and have their polar groups connected to the opposite polar zones of
the bilayer. The pigment molecules provide rigidity to the liquid phase of the lipid bilayer
and limit oxygen penetration into the hydrophobic core of the membrane vulnerable to
oxidative damage due to the van der Waals interactions of the rigid rod-shaped carotenoid
molecules and the acyl chains of the lipids. The presence of polar carotenoids in the lipid
bilayer affects the physical properties of the membrane by changing membrane fluidity
and altering the barrier of penetration for small molecules, especially oxygen [85].

The specific PhL of the internal mitochondrial membrane is cardiolipin (DPG), which
accounts for over 20% of all PhL of this membrane. DPG has a negative charge; unlike
the other acidic PhL (PS, PG, PI, and SQDG), it has two acid groups instead of having
one group. The presence of DPG in artificial liposomes has been shown to result in an
8-fold increase in ribonuclease protein embedding into these liposomes compared to similar
liposomes with PC. The positively charged ribonuclease prefers acidic PhL here [47].

Thus, both qualitative and quantitative compositions of PL in each individual organelle
have an individual character. In addition, these indicators vary quite a lot in plants of
different types, genera and in individual species. However, for planning experiments on
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modelling the membranes of different organelles, it is possible to use averaged data on the
composition of the main PL components of these organelles [5,86,87].

4. Lateral Heterogeneity of Eukaryotic Cell Membranes

The lateral heterogeneity of eukaryotic cell membranes is a crucial parameter for the
regulation of biological functions. Various physiological processes require the assembly
and mutual organisation of specific membrane components. Lateral compositional and
physico-chemical heterogeneity is a common property of cell membranes at different length
scales, from small groups of molecules to micrometre domains. Separated lipid domains of
increased local order called lipid rafts are thought to be characteristic of eukaryotic PM;
however, their precise nature (composition, size, time of existence) in living cells remains
difficult to determine [88–90].

The best known concept of membrane organisation, the lipid raft theory, associates
the separation of the lipid phase (due to interactions between CHOL, sphingolipids and
saturated PhL) with the separation and regulation of membrane proteins [41,72]. The study
of lipid phase separation in membranes is an extremely interesting subject. A practical
starting point is to represent the lipid bilayer as a two-dimensional (2D) fluid medium
with various membrane components diffusing freely through it. Triple model membranes,
including two types of PhL and CHOL at low temperature, separate macroscopically in
phase into liquid-ordered (Lo) and liquid-disordered (Ld) domains. The same separation
into two phases was observed in vesicles derived from the plasma membrane [17].

One of the most important properties of cell membranes is their mosaic nature, which
is expressed by the constant presence of lateral nonhomogeneities, the sizes and lifetimes
of which vary over a wide range from 1 to 100 nm and from 0.1 ns to milliseconds. While
macroscopic domains are relatively well understood, the study of micro- and nanoclusters
(or domains) that form a snapshot of the apportionment of dynamic, structural, electrical,
hydrophobic, etc., properties at the membrane-water interface is of increasing interest.
Many studies have proven that such nanodomains are very important for the proper
functioning of cell membranes [9,43,53,88,91,92].

In addition to sphingoglycolipids and CHOL, lateral heterogeneities may include
specific membrane proteins anchored to glycosylphosphatidylinositol (GPI). Lipid rafts
comprising these components determine the sorting of related proteins and provide the
assembly sites for cell-signalling molecules. These domains are probably less than 70 nm
in diameter and are degraded when the cellular CHOL is removed. This confirms that
lipid-bound proteins are organised into CHOL-dependent domains of submicron size [32].

The main arguments for rafts in cells are based on the observation that certain mem-
brane proteins, including GPI anchored proteins and lipid bound non-receptor tyrosine
kinases, glycosphingolipids and CHOL create detergent insoluble complexes in cold Triton
X-100. The existence of such complexes is often seen as a proof for the presence of domains
in the lipid bilayer. However, the presence of these complexes does not fully confirm
the existence of lipid rafts in membranes. The functional features of GPI-bound proteins
provide the most convincing arguments for the lateral separation of these proteins. Yet,
there is another view that GPI-anchored proteins in eukaryotes are a various set of exoplas-
mic proteins diffusely dispersed across the cell surface, which contradicts the existence of
rafts [32].

Biological membranes are structured and complex fluids; they are highly dynamic
systems. They support fluctuating, cooperative and correlated dynamic regimes that
lead to local order instead of disorder. At the same time, the lateral and transversal
molecular organisation and local order of the membrane are related to the out-of-plane
membrane architecture, resulting in lipid bilayer distortion, thickness changes, geometric
shape transformations and the formation of non-lamellar phases [12].

The lipids and proteins that constitute biological membranes are located asymmetri-
cally between the two sides of the membrane; they are also non-randomly dispersed on
the sides in the membrane structure. Transmembrane asymmetry is caused by the manner
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of membrane synthesis and differentiation, as well as the effect of ATP-dependent lipid
translocations. Lateral asymmetry in cell membranes can be divided into four main types.
The first type are ordered structures in which membrane proteins are primarily respon-
sible for the organisation of the structure. The second are the liquid membrane domains,
where the interactions between internal membrane proteins and lipids that usually form
non-bilayer structures result in the packaging of oligomeric complexes sealed within the
bilayer matrix.

The third type are the so-called liquid-ordered structures resulting from the interaction
of sterols [93] with membrane PLs. At present, there is disagreement about the size and
exact composition of the liquid-ordered structure domains, but they are considered to be the
main components of membrane rafts (Figure 1). Cholesterol associations with membrane
lipids generate a discrete lipid compartment or domain with unique physical and biological
properties. The cholesterol confers an ordering of the lipids that imparts changes to the
physical properties of the membrane. The Lo domain can be formed in one monolayer
and in both monolayers of the membrane. It is assumed that lipid rafts are able to include
only those membrane proteins that are necessary for their functioning [88]. A lipid raft
may include integral proteins localized in one monolayer, transmembrane proteins and
GPI- anchored proteins bound to membrane phosphatidylinositol. An interfacial zone is
formed around the lipid raft, which buffers a significant difference in ordering between
the raft and non-raft domains. Rafts of less than 200 nm in size can form a framework that
ensures the coordination of protein functions [94]. Finally, the fourth type is the formation
of stoichiometric complexes between membrane lipids and CHOL, which assemble into a
quasicrystal structure [88].

Figure 1. Types of lipid rafts in membranes. Lipid rafts include (a) the Lo zone in one monolayer
of the membrane; (b) the Lo zone in one monolayer and GPI-anchored protein bound to membrane
phosphatidylinositol; (c) the Lo zone in both monolayers opposite each other; (d) the Lo zone in
one monolayer around the integral protein; (e) the Lo zone in one monolayer around the integral
protein and GPI-anchored protein bound to membrane phosphatidylinositol; (f) the Lo zone around
the transmembrane protein in both monolayers opposite each other. Lo and Ld—liquid-ordered and
liquid-disordered lipid phases in membranes, respectively. The interfacial zone buffers a significant
difference in ordering between Lo and Ld zones.
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The local presence of calcium is known to cause mesoscopic changes in membrane
organisation and geometry. A lateral reorganisation of the lipid bilayer in response to the
presence of calcium ions is possible. When calcium ions were applied to vesicles enriched
with negatively charged lipids, the tubular protrusions were formed. The formation of the
negative curvature is shown as a result of the clustering of PI-diphosphate and PS anionic
lipids in the presence of calcium ions [95].

The domain configuration is known to be formed by differences in the physico-
chemical properties of membrane lipids, such as phase transition temperature, intermolec-
ular hydrogen bonds and ionic functional groups. Domains are also formed by specific
interactions between various membrane lipids and free sterols to create stoichiometric
complexes (membrane rafts). The present task is to determine the balance of linear ten-
sion between lateral membrane domains in individual monolayers of the bilayer and the
coupling forces acting on the middle plane of the bilayer, which is responsible for the
maintenance of lipids in the opposite domains of the different monolayers of the membrane
bilayer [88].

5. Cytoskeleton and Actin Networks

Membranes can be considered as a mosaic of regions supported by a cytoskeleton net-
work. The cortical cytoskeleton has also been determined as a major player influencing the
formation of membrane domains [9,17]. The cytoskeleton is a dense fibrous network of actin
and spectrin on the cytoplasmic side of the cell plasma membrane. This network is coupled
to the lipid bilayer via anchoring sites such as lipid-binding proteins, transmembrane
proteins or membrane-attached proteins. Dense membrane-bound actin networks have
been shown to have a major influence on lipid phase separation. This is how the hypothesis
of the lateral compartmentalisation of the membrane—the “picket fence” model—emerged.
According to this model, the lipid bilayer is divided into small compartments as a result
of its interaction with a dense network of actin fibres, which acts as a skeleton inside the
eukaryotic cell [17,96]. This mesh construction then acts as a barrier, limiting both lipid and
protein diffusion and the macroscopic phase separation of lipids. A system proposed by the
authors extends the ‘picket fence’ model by including a link between the local curvature
of the membrane with its contents; it allows us to observe Lo domain formation in the
presence of a lipid-linked actin network [17].

Thus, the most basic and largest membrane domain is the ‘membrane compartment’,
which is created by the separation of the entire plasma membrane through its interaction
with the actin-based membrane scaffold (“fencing”) and the transmembrane proteins at-
tached to the membrane scaffolding (“pickets”) [34]. The data indicate that transmembrane
proteins and the actin-containing cortical cytoskeleton can organise lipids into short-lived
nanoscale groups, which can be assembled into larger domains under specific condi-
tions [97]. Raft formation remains a hot topic in the field of membrane biology. A lot
of information about raft structuring by the cortical actin cytoskeleton is known. It has
previously been shown that the actin cytoskeleton is associated with lipid rafts and many
structural and functional features of rafts require an intact actin cytoskeleton [98].

While actin-dependent mechanisms are fairly well known in animal cells, they are
still poorly described in plant cells. Nevertheless, interactions and cross-links between
microtubules and microfilaments have been found in plant cells, revealing the role of
microtubule organisation in regulating the mobility of plant proteins. It has also been
shown that the cellulose deposition pattern in the cell wall strongly affects the protein
trajectory and diffusion velocity, indicating that the cell wall is involved in regulating
the lateral organization of the plant plasma membrane [15]. The formation of protein
nanoclusters attached to the GPI (up to four molecules) is an active process in which both
actin and myosin are involved, and these nanoclusters are circulated non-randomly into
larger domains of up to 450 nm [98,99].

The emergence of an alternative hypothesis, called a fence model, to characterize the be-
haviour of heterogeneous diffusion has thrown the theory of nanodomains into doubt. The
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hypothesis was that the diffuse behaviour is mainly influenced by the membrane-proximal
actin cytoskeleton. A hierarchical model for describing PM that included both lipid nan-
odomains and actin-derived nanodomains, as well as a group defined as oligomerised
membrane proteins, was proposed. It is possible that all of these types of domains are
present in PMs [53].

6. Methods for the Study of Membranes and Lipid Rafts

The introduction of more advanced analytical methods has now increased spatial
resolution by ×5000, from ~1.0 µm to ~0.2 nm. A fluorescent photobleaching technique
is generally used for a visual demonstration of the mobility of proteins and lipids in the
membrane [10].

Many data on cellular content come from the study of fixed cells or tissue homogenates
using methods such as liquid chromatography–mass spectrometry and immunoblotting.
These methods can demonstrate the presence of molecules but do not provide real-time
information on their localization or interactions with each other, limiting our knowledge on
the functions of the studied molecules. For the real-time imaging of labelled molecules in
living cells, a fluorescence microscopy is the preferred tool (Table 1). However, fluorescent
tags are too big for small molecules such as FA, amino acids and CHOL. These problems
highlight the urgent need to develop chemical imaging platforms to enable an in situ
or in vivo analysis of the molecules. For this purpose, the rapid vibrational imaging
of individual tissues and cells with stimulated Raman scattering microscopy is used.
Oscillatory spectroscopy, based on spontaneous Raman scattering, is widely used for the
label-free analysis of the chemical composition of tissues and cells. The Raman process,
however, has a weak effect, limiting its application to the rapid chemical imaging of a living
cell [100].

Table 1. Some methods used to study the structure of eukaryotic membranes.

№ Methods for Studying the Structure of Membranes Reference

1. Super-resolution optical STED microscopy
(with stimulated emission depletion) [17,101,102]

2. Fluorescence-labelled microscopy [52,101,103,104]
3. Total internal reflectance fluorescence (TIRF) [23,90]
4. Confocal fluorescent microscopy [23,90,105]
5. Fluorescence recovery after photobleaching (FRAP) [97,106]
6. Fluorescence correlation spectroscopy (FCS) [17,102,106,107]

7. Reflectance interference contrast microscopy
(in addition to fluorescence-based methods) [101]

8. Fluorescence microscopy with multiphoton excitation
(using LAURDAN probes) [108]

9. Coherent anti-Stokes Raman light scattering (CARS) microscopy [56,100,109,110]
10. Spectroscopic imaging using surface enhanced Raman spectroscopy (SERS) [111,112]

11. Multiphoton laser scanning microscopy
(with Förster resonance energy transfer analysis (FRET) [9,32,50,63,90,96,97,104,106,113]

12. Fluorescent photo-bleaching [10]
13. Consistent use of FRET and small-angle neutron scattering (SANS) [9]
14. Interferometric scattering microscopy [54,62]
15. Analysis of data obtained by FRET with Monte Carlo modelling (MC-FRET) [54,63]
16. Differential scanning calorimetry (DSC) [9,50]

17. Combination of atomic force microscopy (AFM)
and near-field scanning optical microscopy [114]

18. Inelastic X-ray scattering (IXS) [115]
19. Electron spin resonance with spin label (ESR) [116]
20. Nuclear magnetic resonance (NMR) [117,118]
21. X-ray crystallography [118]
22. Spin-labelled EPR spectroscopy [117]
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Table 1. Cont.

№ Methods for Studying the Structure of Membranes Reference

23. Two-photon microscopy [119]
24. Electron Paramagnetic Resonance (EPR) [85]
25. Oscillatory spectroscopy of spontaneous Raman scattering [100]

Electron tomography (ET) is a method of three-dimensional electron microscopy
with which we can obtain dissected views of cells from any direction and quantify their
structural parameters with nanometre resolution. This improved electron microscopy
method is suitable for the characterisation of twisted membrane elements and cellular
components smaller than 100 nm. Investigations of plant cells fixed by rapid freezing have
extended our knowledge of the properties and functions of plant cells and organelles. The
ability of correlative electron and light microscopy for molecular imaging can be integrated
with ET in studies of plant cells and organelles. Cryofixation and ET are among the most
notable advances in electron microscopy, although they cannot be applicable to all objects.
ET with the cryofixation of samples in vitreous ice (cryo-ET) allowed us to resolve the
structure of organelles at the sub-nanometre scale. High-pressure freezing followed by
freezing is the most practical way of cryopreserving plant cell samples [120].

Many sophisticated imaging methods (Table 1), such as confocal microscopy, TIRF,
FRET or multiphoton laser scanning microscopy (Table 1, p.11), have been created in recent
decades to study the biology of membranes in living systems [23,90]. Methods such as
FRAP, FCS and FRET, as well as single molecule tracking and photoactivation techniques
have greatly enhanced our understanding of molecular movement behaviour in living
cells [106]. Atomic force microscopy, near-field optical microscopy and faster resonance
energy transfer can all, in principle, serve to visualize the lipid nanodomains directly [121].
The application of electron paramagnetic resonance, nuclear magnetic resonance, DSC and
X-ray diffractometry made it possible to determine the influence of carotenoids on the
dynamic and structural features of lipid bilayers [85].

A simple and affordable technique for measuring domain sizes below the optical
resolution limit using the coupled MC-FRET method has been proposed (Table 1, p. 15).
It was found that a domain radius is about 7.5–10 nm for distearoylphosphatidylcholine
(DSPC)/palmitoylphosphatidylcholine (POPC)/CHOL and ∼5 nm for SM/POPC/CHOL.
The identification of such nanodomains can be achieved using FRET and SANS methods
(Table 1, p. 11 and 13), as well as by using electron spin resonance. By means of interfero-
metric scattering microscopy (Table 1, p. 14), the nanodomains can be observed even in the
absence of any external marks [54].

Fluorescence microscopy techniques with multiphoton excitation are discussed for
planar membrane systems such as lipid leaflets at the air–water interface (known as Lang-
muir films). The non-linear fluorescence microscopy method provides information with
spatial and temporal resolution using the fluorescence properties of specific fluorescent
probes. The use of environmentally-sensitive probes such as Laurdan, for example, enables
measurements with the generalised polarisation function of Laurdan, which, in turn, is
sensitive to the local packing of lipids in the bilayer [108].

Important data about temporarily stable but mainly dynamic nanodomains have
been received by means of biophysical techniques such as STED, FRET and interferometric
scattering (Table 1, p. 1, 11 and 14). The sizes of the nanodomains observed ranged from 5 to
60 nm [104,114]. The consistent use of FRET and SANS methods has significantly reduced
the uncertainty in the estimates of domain size for mixtures of dioleoylphosphatidylcholine
(DOPC) and POPC with SM/CHOL. FRET data have demonstrated coexisting domains for
both mixtures [9]. Efforts in improving techniques for determining the configuration of
membrane proteins using spin-labelled EPR spectroscopy hold promise for expanding the
application of spin-labelling in structural biology. Long-distance measurements (60–80 Å)
between pairs of spin labels allow for the quantitative study of equilibrium dynamics
and induced conformational changes in protein structure [118]. Although NMR (Table 1,
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p. 20) allows for the direct determination of the dynamics of membrane proteins, it has low
sensitivity and restrictions due to the molecular mass of the proteins. In contrast, sensitivity
and size are not limiting for probe-based spectroscopic methods, such as fluorescence and
spin-labelling EPR, when proteins can be studied in a medium more similar to that of
native membranes [118].

A large number of sophisticated methods, such as single particle tracking, fluorescence
microscopy, FRET and ESR, have been applied in studies aiming to explain the function of
individual components of lipid rafts [105]. Confocal fluorescence microscopy demonstrates
a regime of coexistence of ordered, DPPC-rich and DLPC-rich liquid lamellar phases with
an upper boundary at a constant molar fraction of CHOL [105]. An extensive series of
ESR studies (Table 1, p. 19), with restored integral membrane proteins, have shown that a
constant amount of lipids is limited in movement by a direct interaction with each protein,
regardless of the total lipid content of the bilayer [116].

Computer modelling and two innovative methods, STED microscopy (Table 1, p. 1)
and FCS (Table 1, p. 6), were used to study the features of the model lipid bilayer in
the presence of a dense network of actin fibres in precise detail. Lo domain formation in
the presence of a lipid-linked actin network was observed using these methods [17]. The
MC-FRET method was later used for the same purpose (Table 1, p. 15) [63]. The authors
provided an expansion of the ‘picket fence’ model to include a link between the local
curvature of the membrane and its composition [17].

The various lipid phases can be visualised via fluorescence microscopy with tags that
are allocated to the phases. This approach can be applied to micrometre-sized domains
but is unsuitable for lipid rafts of 20–200 nm diameter because of the short dwell time
of the tag within a particular raft and the achievable spatial resolution. The fluorescent
probe can also disrupt the phase behaviour either directly or through photo-oxidation. In
addition to fluorescence-based methods, a reflectance interference contrast microscopy is
used to characterise phase segregation in lipid bilayers, which takes advantage of different
bilayer thicknesses and refractive indices. This approach, assuming sufficient sensitivity
and resolution, can be applied to domains as small as desired [101].

The combination of AFM (Table 1, p. 17) with high-resolution fluorescence microscopy
is an appealing tool for determining membrane phases using both physical topography
and fluorescence. This method has been used to study the capability of a set of fluorescent
molecules to probe domain structures in the applied planar bilayers [122]. The AFM method
can detect membrane microdomains using height differences between lipids existing in
different phase modes, including rafts or Lo phases that are 0.5–1 nm higher than the
encircling Ld phase in model membranes consisting of DOPC/SM/CHOL. The use of
simultaneous AFM–confocal imaging has been applied to study the capability of different
lipids such as ganglioside, PC, SM and CHOL to separate into Ld or Lo phases in planar
lipid bilayers [122,123].

Two-dimensional lipid bilayers were investigated using spectroscopic imaging via
the SERS method (Table 1, p. 10). The distereo-PC lipid bilayer incubated on a glass base
was coated with a thin layer of silver. Due to the strong electromagnetic amplification of
the silver film and the affinity to lipid molecules, the Raman spectrum of a single bilayer
was obtained within an exposure time of 1 s at an incident laser power of 0.1 MW [111]. A
combination of AFM (Table 1, p. 17) and near-field scanning optical microscopy techniques
was applied to investigate phase segregation in membrane monolayers and bilayers on the
substrate acting as models of membrane rafts. These methods are used for studying binary
and ternary lipid mixtures, which have gel or Lo domains that range in size from tens of
nanometres to tens of micrometres, surrounded by an Ld membrane phase [114].

With its high imaging speed and 3D spatial resolution, the CARS method (Table 1,
p. 9) provides a new approach to the real-time vibrational imaging of individual cells and
organelles in a living system [100]. This method is used to visualise giant vesicles of binary
lipid mixtures. The vibrational selectivity of the CARS microscope allows molecules to be
identified based on the differences in vibration modes [124].
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The usage of deuterated PhL as one of the components of a binary mixture makes it
possible to evaluate directly the structure of a particular component in the mixture through-
out the phase separation region. Such PhLs serve to explore the practically non-perturbed
components of a model membrane system. A platform that captures the temporal behaviour
and structural organisation of macromolecular complexes in living cells is presented. Using
the combination of live-cell partial wave spectroscopy (PWS) and quantitative imaging
techniques, the measurements of cell dynamics have been combined with the macromolec-
ular structure, creating a dual light interference platform (dual-PWS) that significantly
improves the understanding of the physical state of the cell and investigates cell behaviour
at the level of macromolecular junctions. Although dual-PWS is not molecularly specific, it
reflects the basic behaviour of all macromolecular complexes [106].

7. Membrane and Lipid Raft Models

Due to the complexity of the cell membrane, scientists often use simpler membrane
models and computer modelling to investigate how various types of lipid molecules are
organised within the membrane [17,125,126].

The simplest model membranes are hydrated bilayers consisting of saturated and un-
saturated PhL, such as dioleoylphosphatidylcholine (DOPC) and dipalmitoylphosphatidyl-
choline (DPPC). Their atomic structural details are difficult for experimental characterisa-
tion; however, by means of computer modelling of the molecular dynamics (MD) for all the
atoms, the key information can be obtained. The lateral location of lipids in these systems
reveals small geometric and hydrophobic clusters on the surface. While being “sharp”
inside the bilayer, the lateral heterogeneity is very “blurred” at the surface. It presents a
very fuzzy picture, as the lifetime of the clusters is only 1 ns. In a binary system, DPPC acts
as an order preference agent, which effectively regulates the behaviour of the DOPC [58].
Langmuir films are used as planar membrane model systems, allowing the measurement
of surface pressure, molecular area isotherms and surface potential isotherms [127].

The zwitterionic lipids PC, PE and SM, with head groups having two opposing elemen-
tary charges, are commonly used for the production of artificial membranes. Considerable
progress has been achieved by investigating chemically simplified models of the external
monolayer of mammalian membranes. Mixtures containing three lipid compounds—high-
melting PhL (with high Tm content; di-saturated PC or SM), PhL with low Tm content (with
one or two unsaturated chains) and CHOL—demonstrate the key features related to lipid
rafts. These minimal systems simulate the composition of specific biological membranes
and reconstitute many complex phenomena, including the coexistence of Lo and Ld phases
(domains). Surprisingly, their compositional simplicity makes them suitable for studying
composition- and temperature-dependent behaviour [50].

When modelling triple mixtures of SM/DOPC/CHOL and DPPC/DOPC/CHOL, it
was detected that there were significant differences in the composition of the Lo and Ld
domains formed by these two mixtures. The interaction of lipids and CHOL shows the
special role of hydrogen bonds between the amide SM and CHOL. The SM amide plane
is most suitable for a specific configuration of hydrogen bonds, which changes the local
hexagonal order in the Lo domain compared to a mixture with DPPC [52].

Since the molecular profile of cell membranes is highly varied, the inherent features of
lipid rafts have been thoroughly investigated in simplified model membranes of ternary
lipid compositions where the raft-imitating Lo phase coexists with the non-raft Ld phase.
The Lo phase was found to consist mainly of saturated lipids with a high melting point,
while CHOL in this simple system has many properties of lipid rafts in cell membranes [2].

Many studies have, for a long time, been focused on PM and especially on its external
monolayer. Based on the lipid content of the latter, the composition of lipids in the three-
component lipid mixtures in the model experiments on membranes was selected. At
present, the membranes of all cell organelles require the same detailed study, keeping in
mind the composition of the major lipid classes in each of these membranes, especially since
there are many methods for studying these model membranes. The same requirements
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must be considered when studying lateral heterogeneity, lipid rafts, Lo and Ld phases. Not
only CHOL, SM and some randomly taken PhL should be taken into account, but also the
specific lipid profile of each individual membrane of any organelle.

It is obvious that in the simulation experiments using CHOL and SM alone, no mem-
brane will be created, and the Lo and Ld phases will not be formed. A third component is
needed at least, i.e., an unsaturated PhL, which is the only one that can create the Ld phase.
However, PhLs in living organisms are not only unsaturated as they come in three types,
also including saturated and semi-saturated forms. Thus, the model system must consist of
the three types of the mentioned PhL in addition to CHOL and SM. The resulting lipid rafts
will also contain saturated PC among the usual components for rafts. Semi-saturated PC
is likely to be found at the interface between Lo and Ld [128] or to “dilute” both of these
phases. In the large-scale all-atom MD experiments performed with the model membrane, a
narrow (2 nm wide) interfacial zone of palmitoyl-docosahexaenoyl-PC, SM and CHOL was
observed to be formed around the raft-like domain, which buffers a significant difference
in order between the raft-like and non-raft-like media [128]. In the case of CHOL, it is natu-
rally predominantly located in the lipid raft or in the Lo phase, since unsaturated PhLs (and
possibly semi-saturated PhLs) have a significant repulsive effect on it in the Ld phase [129].
Nevertheless, there are reports that CHOL is divided between Lo and Ld phases in about
equal parts and that there is no strict preference for any of these domains [130].

Currently, scientists have used a computer modelling approach and two advanced
methods—STED microscopy (Table 1, p. 1) and FCS spectroscopy (Table 1, p. 6)—to
study the features of the model lipid bilayer in the presence of a dense network of actin
fibres. The results demonstrate that in accordance with the predictions of the ‘picket fence’
model, the membrane-bound actin fibres prevent the separation of the lipid phase at low
temperatures. Furthermore, actin fibres also help to organise the distribution of lipids and
proteins within the lipid bilayer at physiological temperatures. It is suggested that actin
fibres cause the membrane to bend in a way that may increase the impact of the “picket
fence”. The results showed that the “raft” and “picket fence” models are linked and the
cell can control the interactions between the lipid bilayer and the actin fibres which make
up the part of cytoskeleton [17,102].

The model membranes proved to be a valuable system to study hydrophobic compli-
ance. The “mattress model” foretells that the insertion of a rigid helical transmembrane
protein into a liquid bilayer leads to the local deformation of the bilayer. Adaptive lipid
bending and straightening can also be accompanied by a tilt of the protein. This selective
association of the corresponding lipids with transmembrane proteins, which causes a bi-
layer deformation, has been predicted by both theory and modelling. This also applies
to the macroscopic sorting processes according to hydrophobic length and the elasticity
property of membranes modulated by CHOL [126].

There is a need for model systems with reduced difficulty that still sufficiently imitate
PM. Currently, minimal model membrane systems, i.e., supported lipid bilayers (SLB),
giant unilayer vesicles (GUV) and giant PM vesicles (GPMV), and their application in
the investigation of protein–membrane interactions, are the most widely used ones [131].
The most common of these are giant unilayer vesicles (GUV), which are either lipid-only
systems or additionally contain purified and recovered proteins. Lo and Ld phases can
coexist in GUV membranes depending on the lipid composition. GUV membranes are
usually made up of only a very small number of lipid and protein species; so, the lack of
complex composition makes it difficult to compare the results obtained in vitro with the real
situation in the cell [125]. The combination of GUV, two-photon fluorescence microscopy
and a Laurdan probe was proven to be extremely useful to obtain a microscopic picture
of the coexistence of lipid phases in a two-layer GUV model system. Laurdan is a unique
probe that provides synchronous information on the morphology and the phase state of
lipid domains via fluorescence imaging [103].

A medium model system between the fully synthetic GUV and living cell membranes
is the GPMV, a microscopic PM sphere derived from living cells after chemical processing.
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GPMV resembles native biological membranes with regard to the diversity of lipids and
proteins but has the disadvantage of being rather highly variable in composition and
complexity [55]. The creation of ordered, selective, lipid-driven domains in the resulting
GPMV membranes is an important piece of evidence for the possibility of forming these
domains in living cells. There are several crucial differences between PMs in living cells
and insulated GPMV, including the loss of strong membrane asymmetry and degradation
of some lipids during the creation of GPMV [55,125,131].

Several simple membrane models with coexisting Lo and Ld lipid phases have been
generated to simulate the heterogeneous organisation of cell membranes; this helps to
study the nature and functional role of ordered lipid–protein nanodomains named “rafts”.
Despite their much reduced complexity, the quantification of local lipid media by using
model lipid bilayers is not trivial, and the parallels to be drawn with cell membranes are
not always apparent. At the same time, various, fluorescent-labelled lipid analogues have
been used to investigate the membrane organisation and properties in vitro, although the
biological activity of these probes with respect to their native analogues often remains
uncharacterised, since the molecular architecture of free sterols and lipids is susceptible to
disruption via fluorescent labelling [55].

To visualise the distribution of SM in the lipid rafts using Raman microscopy, an
SM analogue labelled with a Raman-active diyne fragment (diyne-SM) was synthesised.
Raman microscopy was used for the direct visualisation of the diyne-SM distribution
in the raft, imitating domains created in triple SM/DOPC/CHOL monolayers. Raman
images visualised an inhomogeneous diyne-SM distribution, which exhibited noticeable
variations even within a single ordered region [56]. In particular, the diyne-SM content in
the central region of the raft domains was significantly higher than that in the peripheral
region. These data seem inconsistent with the mainly accepted raft model, where the raft
and non-raft domains exhibit a clear two-phase separation. One possible reason is that
the gradual changes in SM concentration occur between SM-rich and SM-poor areas to
minimise hydrophobic mismatch [56].

Reducing the proportion of CHOL led to the solubilisation of model lipid rafts, whereas
adding CHOL led to an increase in the size of SM-rich domains and eventually to the
creation of a single lipid raft-like phase. The affinity of CHOL for SM-rich domains was
confirmed by using the sterol-binding agent filipin [17,132]. In the CHOL–sphingolipid raft
model, the latter are associated laterally with each other, probably due to weak interactions
between the carbohydrate heads of the glycosphingolipids. The sphingolipid head groups
occupy more space in an exoplasmic monolayer than do the saturated PhL. Any gaps
between the associated sphingolipids are filled with CHOL molecules and they function as
spacers [41].

A further interpretation of the biochemical reactions occurring in the cell would
be not be possible without studying the physical and chemical properties of the lipid
bilayer and, very importantly, the structure of membranes at the molecular level. It can
be assumed that individual PL, sterols, peripheral and integral proteins and some other
compounds are contained in membranes in certain molar ratios. Thus, one of the available
ways to investigate the structure of these aggregates may be to establish such a ratio,
i.e., to determine the molar concentration of each PL class and all other components of
an individual membrane reliably and precisely and to build a theoretical model of the
membrane based on the results obtained. Despite the significant advances in the biophysics
of model systems used for the study of biological membranes, considerable problems have
arisen; currently, these include the lack of data linked to the complete analysis of the lipid
profile in each organelle or in a specific section of the lipid bilayer. Performing such studies
is difficult sometimes due to the considerable complexity of the qualitative composition of
lipids in plant cells [47].

As presented by many authors, the composition of PLs in individual membranes, so far,
is hardly involved further in the study of the structure and functioning of these membranes.
To overcome the conceptual and technical barriers for the further study of the structure
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of eukaryotic membranes, an interdisciplinary approach involving the collaboration of
biochemists, physicists, mathematicians and computer scientists is needed [5].

8. Computer Modelling of Membrane Structure

Eukaryotic membranes are difficult to study. They are complex in terms of lipid
composition and structure, operate over an extensive range of timescales and they are
characterised by non-equilibrium conditions. The application of modern scanning electron
microscopes (SEM) with a spatial resolution of 3 nm [133] and a high-resolution trans-
mission electron microscopes (HRTEM) with a spatial resolution of 0.05–0.2 nm [134] has
provided significant progress in the study of cell membranes. Despite the achievements in
the experimental methods for directly exploring living cells, the detailed organisation of
membranes appears to be too complicated to study at the molecular level. Therefore, mod-
elling is an excellent method for studying the behaviour of biomembranes [1,57–59,135,136].
A substantial part of the functional processes in eukaryotic membranes proceeds at the
molecular level; thus, computational modelling is the technique of choice for studying
how their properties arise from specific molecular features and how interactions between
multiple molecules lead to functioning at spatial and temporal scales that exceed the molec-
ular ones. Methods such as molecular dynamics (MD) simulation are able to describe
the interactions between all the components of a system with atomic resolution, acting as
a ‘computational microscope’ [136,137]. Sufficient computer power enables the system’s
behaviour to be monitored over a prolonged period of time in order to observe the process
of interest [1,59].

The numerous structures and functions such as the actin-cytoskeleton network, the
glycocalyx network and non-equilibrium transport under ATP-driven conditions have
been, so far, given little attention; however, the modelling potential to solve these problems
is extraordinarily high. Probably, future studies will show that computer modelling does
investigate cell membranes, not just lipid bilayers [1]. Thanks to the steady increase in
computing power caused by the efficient use of GPUs, as well as the development of
accurate atomistic and coarse-grained models and the development of community-based
tools for the automatisation of the setup and analysis of membrane modelling, we are now
seeing a shift from simplistic to multi-component, realistic membrane modelling. Such a
switch is useful to elucidate lipid–protein interactions in the very complex environment of
real eukaryotic membranes, where experimental measurements are difficult to obtain, and
theoretical models fall short of expectations [59].

The MD modelling method has become a crucial tool in structural biology. It can
provide knowledge on atomic-scale processes that are often unavailable using current
experimental methods; so, atomistic modelling is often used to supplement experimental
investigations. MD modelling can also provide important information on large-scale
behaviour, such as phase segregation and diffusion, when simplified (coarse-grained)
molecular models are used instead of atomistic models [61,138]. The use of MD and
IXS modelling techniques (Table 1, p. 18) is in fact a nanoscale method of the direct
investigation of energy transfer and collective short-wave dynamics in biologically relevant
model bilayers [115].

Considering the complexity of the biological membrane, scientists often use simpler
membrane models and computational modelling to investigate how various types of lipid
molecules are organised within the lipid bilayer. In accordance with the “picket fence”
model, the biological membrane is separated into small compartments as a result of its
interaction with a dense network of actin fibres, which acts as a cytoskeleton within the
living cell [17].

The progress of atomistic simulation models has now reached a level where the
computational modelling is an important addition to experimental studies. Thus, an
increase in computational resources has made millisecond atomistic modelling available;
this is an important moment, as the functioning of many membrane receptors takes place
exactly at a millisecond time scale [1].
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Several biochemical and biophysical questions concerning the study of biomembranes
have become possible to solve through modelling, using a relatively free computational
resources. Leadership-level machines provide access to more sophisticated, by several
orders of magnitude, research questions. Coarse-grained models allow us to conduct
complex studies with computational costs that are 2–3 orders of magnitude lower than
those of the analogous atomistic models [46,137].

The universal and widely used molecular modelling software program CHARMM
(Chemistry in Harvard Molecular Mechanics) is well known. This program focuses on im-
portant molecules, such as nucleic acids, lipids, carbohydrates, proteins and low-molecular-
weight ligands. For the study of these molecules, the program proposes a large list of
computer tools, such as methods of sampling conformations and trajectories, free energy
calculations, methods of molecular minimization, dynamics and analysis, as well as the ca-
pabilities of building models. CHARMM is a multifunctional and customizable molecular
simulation and modelling computer program which uses classical and quantum mechan-
ical energy functions for molecular systems of many various sizes, classes and levels of
heterogeneity and difficulty. Information for calculations with proteins, lipids, nucleic acids
and carbohydrates is available in a separate part of the program. CHARMM provides a
wide range of analysis tools; they include comparison of static structure and energy, time
series, correlation functions and statistical properties of molecular dynamic trajectories, as
well as interfaces to computer graphics programs. CHARMM has been installed on many
various machines and platforms and has been adapted to work efficiently on many types of
computer systems, ranging from single-processor PCs, Mac and Linux workstations, vector
or multicore machines, Linux clusters with distributed memory and large supercomputer
installations with shared memory [135].

In 2022, Abbasi et al. presented a program product written in Python programming
language, called CellSys, which can greatly simplify the construction of biological mem-
brane structures for applications in cell systems. The program is designed for computer
theoretical studies applying molecular modelling methods related to research in the field
of drug development and drug delivery to cells. CellSys allows for generating new knowl-
edge about the interactions of drug molecules with biological membranes. The program is
used to manipulate data for generating structural models of cell membranes to provide
important information for research in drug delivery systems Additionally, CellSys can be
used for the long-term storage of data on membrane structures that will be used in the
creation of new drugs and their delivery systems [139].

It should be noted that the LIPID MAPS consortium has created a series of bioinfor-
matic tools for the creation of ‘on-demand’ lipid structures based on stored lipid patterns.
The consortium presents the LIPID MAPS Structure Database (LMSD), where all the lipid
molecules are annotated and classified, applying the nomenclature created by the LIPID
MAPS consortium. LIPID MAPS laboratories are involved in the authentication, descrip-
tion and quantitative analysis of known and unknown lipids applying mass spectrometry
(MS) and liquid chromatography (LC) experimental methods. Data about different lipid
standards produced for these experiments, together with the protocols used, are presented
on the Lipidomics Gateway website. This internet resource contains a set of structure
drawing tools for several lipid types, such as glycerolipids, glycerophospholipids, sterols,
fatty acyls, sphingolipids, cardiolipins and sphingolipid glycans. The consortium has
developed a suite of easy online interfaces that allow the end user to quickly generate
diverse chemical structures of lipids, as well as relevant systematic names and ontological
information [140].

Experimental research on the structure of biomembranes is currently being supple-
mented in several parallel ways: through the creation of simplified membrane models from
ready-made chemical compounds; through a computer modelling approach, where new
findings are generated in the electronic brain; through the creation of theoretical models
of membranes or parts of them. All of these produce good results, but the extensive data
obtained are often difficult to access for new researchers. We propose the creation of a
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platform that would be more accessible, garnering the quintessence of the vast amount
of experimental data and serving as a source for new experiments, a place for the find-
ings and an incentive for further research in this area. This should be a new computer
database (library) on eukaryotic cell membranes, an example of which is the already ex-
isting Kyoto Encyclopedia of Genes and Genomes (KEGG), launched in Japan. There are
similar programmes—CHARMM, LIPID MAPS—but they do not match the role we are
assigning to the new platform. This platform or database should include information on
the membrane models of all existing eukaryotic organelles (including PM), each of the
double membranes, as well as their individual characteristic sites (Figure 2). There should
not only be models of membranes and their sites, but also three-dimensional models of
PL molecules, proteins, sterols and other compounds that make up biological membranes.
This also applies to models of the tertiary and quaternary structure of protein molecules.
These studies must take into account the composition of the major PL classes in each
individual membrane studied. Finally, data on the interactions of the listed individual
compounds with each other and three-dimensional models of these possible complexes
should be included in this database.

Figure 2. A possible scheme of the “encyclopaedia of biomembranes”. The database should contain
information about models of all biological membranes, including the outer and inner membranes
of organelles (nucleus, chloroplast, mitochondria), as well as their individual sites with special
properties (contact platforms). For each membrane, models of typical membrane sections, mi-
crodomains, nanodomains, molecules of biomembrane components, as well as models of interaction
of molecules at the scales from 1 µm to 0.5 nm should be presented. PM: plasma membrane; ER:
endoplasmic reticulum.

Models introduced in the proposed library should be given at several scales, if possible.
A computer platform could include, for example, seven types of images of each individual
membrane at the scale where 1 cm corresponds to 1 µm, 200 nm, 80 nm, 20 nm, 6 nm, 2 nm
and 0.5 nm. For example, the hydrogen bond size may be 0.27 nm.

9. Conclusions

The study of eukaryotic membranes is one of the most prospective areas of modern
biology; it occupies an important place in the research of the life cycle of the cell. An
understanding of the structural organisation and functioning of biomembranes will make
it possible to influence them in a targeted way in the future and to control the individual
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links involved in cell metabolism. The study of plant membranes is noticeably behind in
comparison to the advances made in animal and microbial cells in terms of this important
area of research. Therefore, in this work, we gave priority to the membranes of plant cells.

When studying membranes, it is important to understand that PM is not the standard
structure of all other membranes. The membranes of eukaryotic organisms separate the cell
into individual subcellular compartments that carry out crucial, but often non-compatible,
metabolic reactions. The organelles are differentiated both quantitatively and qualitatively
from the point of lipid content. The membranes of chloroplasts and mitochondria, for
example, have a lipid composition that differs sharply from that of PM. Animal tissues
differ from plant tissues in PL composition, and the internal and external membranes of
the two-membrane organelles are also different.

The ways of interaction of actin and myosin with cell membranes require further
study. Theoretical models of the “picket fence” type must find experimental validation. A
computer simulation involving the cytoskeleton and actin networks can also help.

Nowadays, the opportunities of computer and computational techniques will probably
allow for the construction of spatial, three-dimensional membrane models and, taking into
account the advances in stereochemistry, the study of protein–lipid contacts, interactions
of sterols with surrounding lipids and other compounds, the interaction of enzymes with
their lipid microenvironment, and the dense packing of chlorophyll and other porphyrins
in membranes.

The methods of computational modelling are a powerful tool for solving problems that
are beyond the reach of current experimental methods and act as a “computational micro-
scope”. A number of such methods, e.g., MD, are able to describe the interactions between
all compounds of a system with atomic resolution. In the field of biomolecular computer
modelling, the progress of atomistic simulation models has achieved a level where it has
become a significant addition to experimental studies. Moreover, the increase in computa-
tional resources has made millisecond atomistic modelling available, which is particularly
important when the same time scale of activation of many membrane receptors is taken into
account [1]. Having the sufficient power of a computer, the process can be monitored for
quite a long time while clusters containing only a few lipid molecules can be detected [141].
The significant expansion of the available area with a wide range of applications has led to
an explosion in the use of modelling for the study of biomembranes [46].

It can be expected that the creation of an “encyclopaedia of membranes” will stimulate
new research in this field and help to intensify the study of membrane structure. Advances
can also be expected in the modelling of the molecules of those compounds which make up
membranes and the possible situations of modelling the contacts of such molecules to each
other. The construction of new three-dimensional physico-chemical and stereochemical
models of many characteristic membranes or their specific sites will simplify the inves-
tigation of the roles of PL, proteins and sterols in performing their multiple functions in
the membranes.

A further understanding of the biochemical reactions occurring in the cell would not be
possible without studying the physical and chemical properties of the lipid bilayer and, very
importantly, the structure of membranes at the molecular level. Being a two-dimensional
structure with limited diffusion, the lipid bilayer is an inherently ideal system for concen-
trating components of signalling and metabolism. Membranes and membrane proteins
allow the cell to interact with the external environment. Thus, membranes often work as
“key processors” of cellular information. The so-called “computational microscope”—a
simulation of PL molecular dynamics—is likely to serve as a major tool for studying their
effects on the structure and function of biomembrane proteins. Further progress in the
study of membrane properties requires significant improvements in the analytical methods
and computational modelling used, as well as an interdisciplinary approach involving the
collaboration of chemists, biophysicists and computer scientists.
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