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Abstract: Traumatic injuries, tumor resections, and degenerative diseases can damage skeletal
muscle and lead to functional impairment and severe disability. Skeletal muscle regeneration is a
complex process that depends on various cell types, signaling molecules, architectural cues, and
physicochemical properties to be successful. To promote muscle repair and regeneration, various
strategies for skeletal muscle tissue engineering have been developed in the last decades. However,
there is still a high demand for the development of new methods and materials that promote
skeletal muscle repair and functional regeneration to bring approaches closer to therapies in the
clinic that structurally and functionally repair muscle. The combination of stem cells, biomaterials,
and biomolecules is used to induce skeletal muscle regeneration. In this review, we provide an
overview of different cell types used to treat skeletal muscle injury, highlight current strategies in
biomaterial-based approaches, the importance of topography for the successful creation of functional
striated muscle fibers, and discuss novel methods for muscle regeneration and challenges for their
future clinical implementation.

Keywords: skeletal muscle cells; tissue engineering; hydrogels; scaffold topographies

1. Introduction

Skeletal muscle is the most abundant tissue in the human body, accounting for approx-
imately 40–45% of total body mass [1]. It is a form of striated muscle tissue that is under the
voluntary control of the somatic nervous system and is primarily responsible for generating
a series of discrete uniaxial forces that enable locomotion. Fortunately, skeletal muscle
tissue has a high potential for self-repair after injury. However, severe injuries involving
volumetric muscle loss (VML) result in permanent functional limitations [2]. Since VML
cannot be restored naturally, it requires interventional treatment. It can significantly affect
patients’ quality of life by severely limiting musculoskeletal functionality. Skeletal muscle
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damage is mainly caused by traumatic injuries, tumor resections, and degenerative genetic
diseases, such as Duchenne muscular dystrophy (DMD), amyotrophic lateral sclerosis
(ALS), and pediatric Charcot–Marie–Tooth disease, leading to muscle fiber atrophy.

Skeletal muscle consists of hierarchically organized muscle fibers, also known as
myofibres, blood vessels, nerves, and connective tissue. Myofibers are formed by the fusion
of myoblasts into elongated, cylindrical, multi-nucleated fibers named myotubes, which
are 10–100 µm in diameter, depending on the location and function of the muscle [3]. They
represent the functional unit of skeletal muscle. Each muscle fiber is a skeletal muscle
cell and consists of multiple myofibrils with repeating sarcomeres, the contractile unit
of skeletal muscle. The sarcomeres contain the contractile proteins thin filament actin
and thick filament myosin. The muscle fiber is surrounded by the plasma membrane,
the sarcolemma, and a cytoplasm named the sarcoplasm. As myofibers mature, their
nuclei orient along the periphery below the sarcolemma. In skeletal muscle tissue, parallel
myofibers are bundled into fascicles enclosed by the perimysium. For the contraction, each
muscle fiber is supplied by a somatic motor neuron. The presence of many nuclei enables
the production of large amounts of proteins and enzymes necessary for the proper function
of these large, protein-rich cells.

Muscle regeneration relies on a heterogeneous population of resident muscle stem
cells, also named satellite cells (SCs), interstitial cells, and blood vessels, and is mainly
controlled by extracellular matrix (ECM) proteins, and secreted factors [4]. The field of
tissue engineering aims to repair or regenerate lost or damaged skeletal muscle tissue
through a combination of cells, scaffolds, and growth factors. Three-dimensional (3D)
biomaterial scaffolds can be used to locally control and provide guidance for tissue regen-
eration. These scaffolds offer an artificial ECM for cells and mimic the properties of tissue.
Furthermore, bioactive agents, such as proteins and growth factors, can be incorporated
into scaffolds to support cell adhesion and proliferation and promote the synthesis of the
cell’s own ECM. Scaffolds have been designed from a variety of established and novel
biomaterials to provide them with desired mechanical, structural, physicochemical, and
biological properties. This has led to a range of multifunctional biomaterials that can fulfill
several important functions, such as cell guidance [5], drug delivery [6], and stem cell fate
regulation [7].

2. Strategies for Skeletal Muscle Regeneration

The ability of functional striated muscle structures to integrate into the defective
region of the host is one of the advantages of the skeletal muscle engineered constructs,
which can enable the regeneration of the muscle [8]. In recent years, in vitro, in vivo, and in
situ muscle engineering approaches have been applied to produce and regenerate skeletal
muscle (Figure 1). Each approach has its own advantages and disadvantages [9]. The
in vitro skeletal muscle engineering approach generally includes the in vitro differentiation
of cells into myotubes [10]. The tissue structure is optimized by preconditioning in a
bioreactor before implantation. This strategy aims to generate mature contractile functional
constructs for transplantation. In addition, often a coculture of cells or multipotent cells is
used to facilitate and support the formation of blood vessels and neuromuscular junctions
(NMJs) [11]. However, the main challenges of in vitro skeletal muscle tissue engineering
are the required dimension, complexity of the structure, insufficient alignment of myotubes,
insufficient contractile force generation [1], and the high cell density required to induce
differentiation into aligned myotubes. Thus, it is still a challenge to obtain large constructs
for VML repair [12]. In addition, successful vascularization is an important parameter to
ensure nutrient and oxygen supply to highly metabolically active cells in large constructs.
Moreover, the biomaterials selected for in vitro skeletal muscle engineering have to be
biocompatible and the applied cells should not cause rejection reactions.
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Figure 1. Demonstration of scaffold-based tissue engineering strategies for regeneration of skeletal
muscle. (A) In vitro engineering uses cell-loaded preconditioned constructs to improve cell viabil-
ity/survival, integration of the graft, and reinnervation. (B) In vivo engineering employs cell-laden
biomaterials without extensive preconditioning. The differentiation should occur at the injury site af-
ter the transplantation. (C) In situ engineering uses acellular structures as its operating principle. The
structure and biochemical properties of biomaterials enhance the infiltration of cells and regeneration
of the tissue. Reprinted from [8] with permission from Elsevier.

The in vivo strategy relies on the transplantation of cells with or without scaffold to
generate a local niche at the transplantation site [13]. This strategy aims to stimulate the
regeneration of muscle, vasculature, and myoneural junctions in vivo. In vivo engineering
bypasses the excessive treatment of cell-loaded constructs to ensure the functional proper-
ties of the cells to promote the new tissue formation in vivo. The main advantages of this
system are reduced complexity and costs [1].

Acellular biomaterials are used as guides for in situ engineering strategies to stimulate
endogenous regeneration of skeletal muscle. These biomaterials can be designed to provide
specific topographies, release bioactive and chemotactic molecules to attract, activate,
and stimulate the infiltration of cells from the injury site and induce muscle, vasculature,
and NMJ regeneration [8]. The development of the in situ engineering strategy depends
on advances in biomaterial science and tissue engineering, which also include scaffold
fabrication techniques [8,14]. This strategy has the main advantage that it can enable the
production of an off-the-shelf product for clinicians. However, this approach also requires
complex biomaterials and extensive studies to understand the interactions between the
biomaterial and the healing responses.

3. Cell Types for the Regeneration of Skeletal Muscle

Cell therapy is the most commonly utilized approach to improve skeletal muscle
regeneration. To obtain a successful treatment, the application of the appropriate cell
source is of great importance. To date, various cell candidates including SCs, myoblasts,
muscle-derived stem cells (MDSCs), pericytes and mesoangioblasts, bone marrow-derived
mesenchymal stromal cells (BM-MSCs), or adipose tissue-derived stem cells (ADSCs), and
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induced pluripotent stem cells (iPSCs) have been reported for skeletal muscle regener-
ation (Figure 2A) and their transplantation for the treatment of muscle injury has been
investigated [15,16].

Figure 2. (A) Schematic of candidate cells of myogenic or non-myogenic origin, including satellite
cells (SCs), myoblasts, muscle-derived stem cells, pericytes, mesoangioblasts, and mesenchymal
stromal cells (MSCs) from bone marrow or adipose tissue, and induced pluripotent stem cells (iPSCs).
Reproduced from [15] Copyright 2019 open access by Creative Commons Attribution 4.0 International
License. (B) Schematic of SC isolation and in vitro expansion on artificial niches. (C) Differentiation
steps of adult myogenesis showing the myotube formation from SCs. After muscle injury or within
normal muscle turnover, quiescent SCs are activated. (D) Schematic of somatic cell reprogramming
to obtain iPSCs and subsequent formation of skeletal myogenic progenitors. (B–D) reproduced
from [17] Copyright 2015 with permission from Elsevier.

For an efficient cell-based treatment, it is necessary to obtain sufficient cell numbers
for the application. Furthermore, the applied cells should prevent rejection reactions
to eliminate the need for long-term immunosuppressants, preserve myogenic potential
during in vitro culture, maintain viability, improve the muscle function permanently after
the transplantation process, interact and integrate with the host tissue both structurally
and functionally, and replenish and renew stem cell niches located in the tissue.

3.1. Satellite Cells (SCs) and Myoblasts

SCs are the muscle stem cells responsible for skeletal muscle growth and regeneration
(Figure 2B). They are located between the sarcolemma and basal lamina of myofibers
and are also found close to blood capillaries [18]. SCs are found in higher density near
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neuromuscular and myotendinous junctions. They express the transcription factors Pax7
and Pax3, as well as myogenic factor 5 (Myf5) [19–21]. Pax7 is the most important marker
for the maintenance of SC function and can be expressed particularly in quiescent and
proliferating SCs [17,22]. In early postnatal muscles, SCs account for approximately 30% of
the sublaminal nuclei on myofibers, whereas this number decreases to only 2–7% in healthy
adults [23,24]. During muscle growth, in the juvenile growth phase, SCs can proliferate
and provide nuclei for the growing myofibres [24]. In adults, SCs are generally mitotically
quiescent. Once activated, they migrate to the injury site and differentiate into skeletal
myoblasts to regulate muscle regeneration (Figure 2C) [25].

SC myogenesis is activated by proximal signals induced by muscle injury or dis-
ease [25]. Upon activation, SCs move out of the basal lamina, upregulate the expression of
MyoD, Pax7, and Myf5, and then undergo a cell cycle to generate myoblasts for muscle
regeneration. After several cycles of cell division, myoblasts exit this cycle and fuse directly
with the existing injured myofibers, or they fuse to generate multi-nucleated myotubes
following the increased expression of myogenin (Myf4) in the terminal differentiation
process. These myotubes can form mature myofibers [16,19,26]. Due to their self-renewal
ability, a small number of SCs remain in a quiescent state to replenish the stem cell pool.
Therefore, the number of satellite cells remains constant throughout life after repeated
cycles of injury and regeneration [24,27,28].

SCs are sensitive to their surrounding niche, which consists of several cell types,
including fibroblasts, endothelial cells, immune cells, and inflammatory cells. These
cells have been shown to mediate the proliferation and differentiation of SCs [29,30]. In
particular, it has been reported that fibroblasts significantly modulate the SC niche and
that after injury, the absence of fibroblasts can lead to the formation of smaller regenerated
fibers [29]. In a study, Murphy and coworkers showed that the interaction of fibroblasts
and SCs can improve muscle regeneration and the fibroblasts regulate SC expansion during
repair [31]. Czajka et al. successfully used human endothelial and fibroblast cells to
enhance vascularization and SC activation for the treatment of skeletal muscle injury [32].

Since SCs play a crucial role in muscle regeneration, numerous studies have been
conducted to investigate SC transplantation into injured muscles. Collin et al. reported
that as few as seven SCs associated with one microfiber were able to generate over 100 new
myofibers and maintain the stem cell pool after transplantation in mice via the self-renewal
capacity of SCs [18]. In this study, SCs derived from different hindlimb muscles resulted in
different behavioral characteristics after transplantation into the same host environment.
Montarras et al. used a Pax3GFP/+ mouse line for the direct isolation of Pax3-GFP express-
ing SCs by flow cytometry [33]. After transplantation of these cells into dystrophin-null
mice, they induced fiber repair and contributed to the SC pool. Importantly, the in vitro
expansion of SCs before implantation decreased their regenerative capacity. Sacco et al.
also demonstrated the ability of single isolated SCs to self-renew after in vivo transplanta-
tion and also showed remarkable cell proliferation and differentiation capacity to induce
myofiber formation [34]. The potency of SCs was also demonstrated by the transplantation
of only 900 FACS-isolated SCs, which resulted in the measurable improvement of muscle
function in a dystrophic mouse model [35].

SC-derived myoblasts involved in skeletal muscle generation have been extensively
studied in cell-based therapies for skeletal muscle regeneration. Initial trials confirmed
that myoblast transplantation can improve muscle regeneration in mice [36,37]. Partridge
and coworkers demonstrated that the intramuscular injection of normal myoblasts into
dystrophin-deficient mdx mice resulted in fusion with host muscle fibers and generated my-
ofibers, which expressed dystrophin [38]. Several other studies performed by transplanting
myoblast into mdx mice confirmed improved muscle regeneration [39–41].

In addition, the use of tissue-engineered scaffolds for the delivery of SCs was investi-
gated. For instance, Rossi and coworkers embedded SCs in in situ photo-cross-linkable
hyaluronan-based hydrogels [42]. The transplantation of hydrogels containing freshly
isolated SCs into a mouse model enhanced the number of new myofibers and functional
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recovery compared with hydrogels containing muscle progenitor cells or hydrogels alone.
Recently, Prüller and coworkers encapsulated different sources of murine and human
myogenic cells into collagen I, fibrin, or PEG-fibrinogen gels [43]. Mouse skeletal myoblast
cell line C2C12, human immortalized C25Cl48 myoblasts, primary in vitro expanded SC-
derived myoblasts from EDL muscle, and freshly isolated murine soleus myofibres were
used. C2C12 myoblasts in collagen I and fibrin hydrogel formed mainly large multinu-
cleated myotubes. Nevertheless, SCs in collagen I and fibrin hydrogels formed aligned
multinucleated, and contractile myotubes. Although the muscle niche in vivo supports
the muscle regeneration after the transplantation of freshly isolated muscle stem cells, the
cultivation of these cells on rigid tissue culture plates in vitro rapidly diminishes their
regenerative potential. Gilbert et al. demonstrated that the self-renewal capacity of these
cells was maintained when they were cultured on soft substrates (elasticity of 12 kPa) [44].

Although the transplantation of SCs could be an efficient therapeutic strategy, the
heterogeneity of the SC population and the difficulties in isolation remain as challenges [3].
SCs from different as well as the same muscle show variations in their gene expression,
proliferation rate, myogenic differentiation capacity, and self-renewal ability [20,21]. For
instance, it has been reported that the masseter muscle has poor regenerative capacity
compared with limb muscle [45]. In addition, the expansion of freshly isolated SCs in vitro
severely decreases their myogenic potential in vivo, leading to difficulties in obtaining a
favorable amount of cells to induce regeneration [46]. For example, it has been confirmed
that even a 3-day culture period significantly reduces the proliferative and myogenic
potential of isolated SCs [33,47].

In early clinical trials, the myoblast implantation failed due to low cell survival
and migration as well as immunological rejection [48–50]. To date, various strategies
have been used to address these drawbacks [51]. For instance, Mooney and coworkers
seeded enriched populations of myoblasts into alginate hydrogels, which allowed the
sufficient regeneration of muscle tissue. The long-term survival of myoblasts was also
significantly affected by the composition and architecture of scaffolds as well as growth
factor delivery [52].

To date, various myoblast-incorporated tissue-engineered scaffolds have been devel-
oped for the treatment of VML due to injury, tumor excision, or degenerative diseases.
Machingal et al. designed a porcine bladder acellular matrix scaffold seeded with rat
myoblasts [53]. They mechanically preconditioned these scaffolds in a bioreactor providing
cyclic unidirectional stretch and relaxation for 1 week and implanted them in nude mice at
the site of a VML injury in the lattissimus dorsi muscle. After 2 months of implantation,
significant functional recovery was achieved with myoblast-seeded constructs. Subse-
quently, this group developed three different constructs consisting of cells resembling
myoblasts, myotubes, or a combination of myoblasts and myotubes to analyze the influ-
ence of cell composition of the porcine bladder matrix scaffold on functional recovery [54].
One construct was generated by the short-term cellular proliferation of rat muscle-derived
cells without bioreactor preconditioning to primarily generate myoblasts. The second
type of construct was obtained via long-term cell differentiation and preconditioning in
a bioreactor to primarily create myotubes. The third type of construct was generated by
a similar treatment as the second type of construct, but with a second application of rat
muscle-derived cells during bioreactor preconditioning, which was intended to primarily
create myotubes and myoblasts, simulating exercise. After the implantation of these con-
structs into the VML injury model in mice, the first and second type constructs displayed
similar functional recovery, while the third type of constructs promoted an accelerated
and prolonged functional recovery with twice the magnitude of functional recovery as the
other constructs. Furthermore, they implanted the second type of constructs into a VML
defect model in Lewis rat tibialis anterior muscle and detected a 2.3-fold higher functional
recovery compared to porcine bladder acellular matrix scaffolds without cells [55].



Int. J. Mol. Sci. 2021, 22, 5929 7 of 28

3.2. Mesenchymal Stromal Cells (MSCs)

Mesenchymal stromal cells (MSCs) are multipotent stem cells capable of producing
cells of mesodermal origin, such as osteoblasts, adipocytes, chondrocytes [17,19]. Several
studies also demonstrated the contribution of MSCs in skeletal muscle regeneration [56–58].
However, the efficacies reported for myogenic differentiations of human MSCs are a matter
of debate. MSCs can also participate in the formation of ectodermal and endodermal tissues
in addition to skeletal muscle and play a crucial role in angiogenesis and regeneration
of peripheral nerves, which are also important for skeletal muscle repair [59]. They can
be easily isolated from various tissues [60], such as adipose tissue, placenta, bone mar-
row, periosteum [61], and Wharton’s jelly [62]. Importantly, MSCs have immune evasive
characteristics. The culture-expanded MSCs typically express low levels of MHC I and no
MHC II [16,63]. However, MSCs exposed to IFN-γ or differentiated into mature cell types
can express significantly more MHC class I and MHC class II [64]. There is considerable
interest in the application of MSCs for skeletal muscle repair for both systemic and local
administration.

Bone marrow-derived MSCs (BM-MSCs) represent a valuable multipotent, non-
hematopoietic adult stem cell type, which can be also used for skeletal muscle repair
due to their myogenic potential [65]. They have the potential to differentiate into myoblasts
using myogenic media, co-culture with myoblasts, or biophysical stimuli [16]. Previous
studies have shown that BM-MSCs contribute to myogenesis after local (e.g., intramuscular
injection) and systemic administration (e.g., intravenous or intra-arterial injection) [66–69].
For example, Andrade et al. injected BM-MSCs directly into the damaged rat muscle, which
increased maximal skeletal muscle contraction, the cross-sectional area of muscle fibers,
and the number of mature muscle fibers compared with the non-treated group 28 days
post-injury [70]. Helal et al. reported that the intramuscular injection of BM-MSCs into the
muscle injury site reduced local immune responses and accelerated muscle fiber regen-
eration by suppressing inflammatory cytokines and upregulating the anti-inflammatory
cytokine IL-10 [71]. In addition, improved angiogenesis was detected and BM-MSCs
prevented fibrosis by downregulating transforming growth factor-beta 1 (TGF-β1) and
reducing collagen production at the site of muscle injury. It is important to note that a
logarithmic dose–response relationship was shown between the number of transplanted
BM-MSCs and the rate of muscle recovery following intramuscular BM-MSCs injection in
severe skeletal muscle injury in rats [72]. Maeda and coworkers demonstrated facilitated
muscle recovery after BM-MSC transplantation into the peritoneal cavity of DMD model
mice with severe muscle degeneration [73]. They also concluded that CXCL12 is crucial for
muscle regeneration. A study conducted by Sassoli and coworkers showed that platelet-
rich plasma (PRP) induced the expression of MyoD, myogenin, α-sarcomeric actin, and
MMP-2 in myoblasts and the activation of SCs [74]. The combination of PRP and BM-MSC
was found to be more effective compared with PRP alone. Moreover, they reported that
BM-MSCs directed the response of myoblasts by paracrine activation of AKT signaling.
Natsu and coworkers isolated BM-MSCs from enhanced green fluorescent protein (eGFP)
transgenic SD rats, embedded these cells in a fibrin scaffold, and transplanted them into
the injured muscle region of SD rats [75]. Transplanted BM-MSCs improved the maturation
of myofibers as well as functional recovery one month after transplantation. While they
differentiated into muscle progenitor cells, transplanted BM-MSCs failed to differentiate
into or fuse to myofibers, suggesting that BM-MSCs may play an indirect role in skeletal
muscle regeneration via inflammatory cells. Merritt et al. transplanted a muscle-derived
decellularized ECM scaffold into a full-thickness defect in the lateral gastrocnemius of
rats and after seven days injected BM-MSCs into the implanted ECM scaffold [76]. The
combination of the ECM scaffold and BM-MSCs revealed increased vascularization and
skeletal muscle regeneration, resulting in improved structural and functional recovery
compared to decellularized ECM alone. In another study, the co-culture of BM-MSCs and
MSCs of skeletal muscle-origin resulted in the fusion of both co-cultured cell types after
24 h, and cells with a myotube-like shape were detected after 5 days of cultivation [77].
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Adipose-derived stem cells (ADSCs) represent an abundant, adult, and easily expand-
able multipotent MSC source and show similar myogenic potential to BM-MSCs. They can
be easily isolated from adipose tissue in high yield by a simple liposuction procedure and
can be differentiated into myoblasts using a myogenic medium containing myogenesis-
inducing factors co-culture with myoblasts, biophysical stimuli, or the genetic modification
of ADSCs. Notably, they exhibit similar myogenesis potential to SCs when Pax7, Myf5, and
MyoD are expressed [16,78]. Di Rocco and coworkers demonstrated that a small number of
freshly harvested ADSCs spontaneously differentiate into myogenic cells, indicating their
intrinsic myogenic potential [79]. The ADSCs fused into myotubes only when cultured in
direct contact with myoblasts. They observed that the injection of freshly isolated ADSCs
resulted in fusion with muscle fibers to achieve muscle recovery in mdx mice with ischemic
skeletal muscle and significantly restored dystrophin expression. Similarly, the injection of
ADSCs into the site of injury was shown to control inflammation, improve angiogenesis,
enhance muscle repair, and restore dystrophin expression in mouse models of muscular
dystrophy [80]. In another study, Kesireddy used a mouse VML injury model to compare
the skeletal muscle regeneration potential of ADSCs and muscle-derived progenitor cells
(MDCs) seeded onto decellularized porcine urinary bladder matrix scaffolds [81]. Based on
histological analysis, both constructs seeded with ADSCs or MDCs displayed similar regen-
erative capacity with signs of neotissue formation such as cell fusion, fiber formation, and
scaffold remodeling. However, immunohistochemical analyses of the lentivirus-Cherry-
labeled donor cells demonstrated that the contribution of ADSCs to the formation of new
hybrid myofibers was fairly low compared with the donor MDCs. Nevertheless, ADSCs
appeared to be involved in vascularization, which may compensate for the lower efficiency
in myofiber formation.

Meligy and co-workers investigated the in vitro isolation efficiency and differentiation
capacity of MSCs from adipose tissue (ADSCs), bone marrow (BM-MSCs), and skeletal
muscle tissue (MC-MSCs) [82]. Following isolation, MSCs were treated with 5-azacytidine
to induce myogenic differentiation. Based on immunocytochemical analyses, ADSCs exhib-
ited the highest proliferation rate and BM-MSCs the lowest. In addition, the differentiation
potential of MSCs was assessed by detecting myogenin expression. MC-MSCs had the
highest myogenin expression (93%), followed by BM-MSCs (83.3%) and AD-MSCs (77%).
The highest percentage of CD90- and CD44-expressing cells was in AD-MSCs and the
lowest in MC-MSCs. Even though MC-MSCs showed the highest myogenic differentiation
potential, AD-MSCs are the most easily accessible cells and revealed the highest growth as
well as the highest percentage of stem cell marker expression.

3.3. Muscle Derived Stem Cells (MDSCs)

MDSCs are a distinct stem cell population found in adult skeletal muscle [17]. These
cells were isolated based on their adhesion to collagen-coated flasks by the preplating
technique. In particular, early adhering and late adhering cells express satellite and stem
cell markers, respectively [28,67,83]. Accordingly, they are positive for myogenic markers
such as desmin, myogenin, and MyoD and stem cell markers such as Flk-1 and Sca-1,
whereas they are negative for the hematopoietic stem cell markers CD45, CD43, and c-
kit [83–85]. Importantly, they can differentiate into myotubes, self-renew, and be expanded
up to 30 passages while maintaining their myogenic potential [28,83,84]. Moreover, they
also have a high proliferation and differentiation potential, show high survival rates under
hypoxic conditions, and resistance to oxidative stress [86–88]. MDSCs are a precursor
of SCs with the ability to differentiate not only into myogenic lineage but also other
mesodermal lineages [88] and differ from SCs [15]. MDSCs could be particularly beneficial
when the injury affects the myotendinous (muscle–tendon interface) junction and the
muscle-associated tendon [15].

The transplantation of MDSCs into the dystrophic mice model promoted muscle
regeneration and created hybrid fibers expressing dystrophin after their local or systemic
injection [88,89]. A study by Qu-Petersen and coworkers showed that the transplantation
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of MDSCs resulted in 10 times more dystrophin+ myofibers compared with the transplan-
tation of SCs [90]. Rouger et al. demonstrated that the intra-arterial injection of MDSCs
in immunosuppressed dystrophic dogs resulted in improved clinical benefits through
long-term dystrophin expression and enhanced myofiber regeneration, the replenishment
of SCs, and increased walking ability [91]. Lorant et al. reported long-term proliferative ca-
pability and myogenesis in vitro and also improved skeletal muscle regeneration following
intramuscular injection into immunodeficient mice [92]. Recently, Matthias and coworkers
transplanted MDSCs using an in situ fibrin gel cast into a muscle loss injury model. It was
found that transplanted MDSCs in fibrin gel were able to engraft, form new myofibers,
increase muscle mass, reduce fibrotic tissue, promote new vessel formation, and restore
muscle SCs [86].

In a clinical study, a DMD patient received a high-density injection of normal muscle-
precursor cells cultivated in vitro and was immunosuppressed with tacrolimus [93]. The
expression of donor-derived dystrophin was still detected 18 months post-transplantation.
Furthermore, in a very recent study, Klimczak et al. simultaneously co-transplanted BM-
MSCs and skeletal muscle-derived stem/progenitor cells in three DMD patients, which
resulted in increased motor unit parameters [94]. Furthermore, decreased creatine kinase
levels and a normalized profile of pro-inflammatory cytokines were detected. This indi-
cates that BM-MSCs might support the regenerative potential of skeletal muscle-derived
stem/progenitor cells due to their trophic, paracrine, and immunomodulatory activity.
Thus, both cell types could facilitate skeletal muscle recovery by the fusion with degenerat-
ing skeletal muscle fibers in vivo.

3.4. Pericytes

Pericytes are perivascular stem cells located in capillary and microvascular walls.
These cells are found underneath the microvascular basal lamina and make contact with
the capillary endothelial cells to modulate microcirculation [16,95]. Pericytes have been
isolated from various tissues, such as adipose tissue, skeletal muscle, and the pancreas,
and can differentiate into adipogenic, chondrogenic, and myogenic cells [19,96]. Peri-
cytes do not usually express Pax7 or MyoD and express myogenic markers only post-
differentiation [19,97,98]. Type 1 (nestin− NG2+) and type 2 (nestin+ NG2+) pericytes
have been identified as two major subpopulations. Type 1 pericytes are involved in fat
accumulation and type 2 pericytes are known to support new muscle formation [97,99].

Dellavalle and coworkers demonstrated that pericytes contribute to skeletal muscle
fiber development and the SC pool during postnatal growth [98] and participate in tissue
regeneration. The myogenic potential of pericytes was shown by the formation of a high
number of differentiated muscle fibers expressing human dystrophin after injection into
immunodeficient SCID–mdx dystrophic mice [96]. They also proved that the pericytes
isolated from normal and dystrophic human skeletal muscle can be expanded to obtain
sufficient cell numbers for the treatment of a pediatric patient. These cells can be transduced
with viral vectors to express dystrophin and differentiated into skeletal muscles for DMD
therapy. A study by Fuoco et al. presented an approach to rejuvenate adult pericytes using
a PEG-based hydrogel scaffold [100]. Pericytes were isolated from young and adult pigs
to investigate the effect of aging on muscle regeneration. The morphology and colony-
forming potential of adult pericytes were similar to those of young pericytes. However,
their myogenic potential was reduced with aging due to their decreased ability to form
myotubes and capillary-like structures. Remarkably, the culture of adult pericytes on a
PEG-based hydrogel significantly enhanced their myogenic and angiogenic activity in vitro
and in vivo. Therefore, it was speculated that PEG-based 3D hydrogels mimic the stiffness
and mechanical cues of the muscle ECM and lead to the rejuvenation of myogenic potential.

3.5. Induced Pluripotent Stem Cells (iPSCs)

iPSCs can be generated in vitro by introducing reprogramming factors, known as
Yamanaka factors, into somatic cells. They possess unlimited self-renewal capacity in
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culture and can be differentiated into almost all cell types [30,101]. Thus, iPSCs offer
an attractive option for myogenic regeneration due to their ability to differentiate into
myogenic cells [19,102]. Importantly, the use of patient-specific iPSCs overcomes major
limitations of human embryonic stem cells (ESCs), including ethical concerns and rejec-
tion reactions [17]. iPSCs can be generated, e.g., from a patient´s fibroblasts obtained
by a skin biopsy or from renal epithelial cells obtained non-invasively from urine [103].
These iPSCs have an unlimited proliferative capacity and enable the in vitro expansion
of a patient´s autologous cells in large quantities, which can then be differentiated into
autologous myocytes (Figure 2D) [16,17]. The differentiation of iPSCs into myogenic cells
can be performed by the overexpression of Pax7 or MyoD [104]. Alternatively, small
molecules can be used to perform transgene-free differentiation. However, it is difficult
to generate a pure, expandable myogenic population using this method [104]. In par-
ticular, the use of genome-integrating vectors to perform reprogramming can provoke
genetic instability and abnormalities and promote tumor formation. Thus, researchers are
focusing on the generation of iPSCs as well as myogenic differentiation without genomic
modifications [16,105,106].

To date, several studies have been performed for the myogenic differentiation of
iPSCs to generate functional skeletal muscles in vitro as well as to fuse these cells with
existing myofibers after in vivo transplantation [107–112]. Darabi and coworkers generated
iPSCs from human fibroblasts and induced Pax7 for their differentiation into myogenic
progenitors with the ability to expand in vitro [113]. The transplantation of these myogenic
progenitors into dystrophic mice enhanced contractility and resulted in the formation of
dystrophin-positive myofibers. Large quantities of myogenic progenitors were obtained by
the conditional expression of Pax7 in human ESCs and iPSCs, and an improved muscle
fiber formation was achieved following their engraftment in immunodeficient dystrophic
mice [114]. Mondragon-Gonzalez et al. generated iPSCs from fibroblasts of patients with
myotonic dystrophy 1 (DM1) using Sendai virus transduction. These iPSCs were then
differentiated into myogenic progenitors using a Pax7-containing lentivirus vector and
differentiated into myotubes.

Shoji et al. presented a reproducible myogenic differentiation protocol for iPSCs using
a tetracycline-inducible myogenic differentiation 1 (MYOD1) piggyBac (PB) vector [115].
Their protocol resulted in a homogenous skeletal muscle cell population with high differ-
entiation efficiency (70–90%). Recently, a serum-free myogenic differentiation protocol was
developed by Chal and coworkers and muscle fibers and satellite-like cells were efficiently
produced by realizing key embryonic signaling events including the alteration of both
Wnt and bone morphogenetic protein (BMP) pathway signaling [108]. Hosoyama and
coworkers used free-floating spherical culture (EZ spheres) in a defined culture medium to
obtain myogenic progenitors from human ESCs and iPSCs [116]. Following 6 weeks of cul-
ture in a medium containing high concentrations of fibroblast growth factor-2 (FGF-2) and
epidermal growth factor (EGF), myogenic progenitors from human iPSCs were observed,
and after a further 2 weeks of terminal differentiation, multinucleated myotubes expressing
Pax7, MyoD, MHC, and myogenin were found. Similarly, Jiwlawat et al. studied the time
course for muscle differentiation and sarcomere formation in EZ sphere-derived myogenic
progenitors [117]. They reported that a differentiation period of at least 6 weeks was
required for the differentiation of iPSCs into myogenic progenitors and the generation of
mature skeletal myotubes with organized sarcomeres. Borchin and coworkers successfully
used a small-molecule GSK3β inhibitor (CHIR99021) to activate the Wnt signaling pathway
for myogenic cell production [118]. They utilized fluorescence-activated cell sorting (FACS),
which allowed the purification of the resulting PAX3+/PAX7+ skeletal muscle precursors
that were able to differentiate into mature myocytes. Subsequently, van der Wal and
coworkers modified Borchin´s differentiation protocol and used a higher concentration of
CHIR99021 (3.5 µM) for a longer duration (5–6 days), resulting in a higher yield of Pax7+

cells [119]. To purify Pax7+ cells, FACS was performed using C-Met+/Hnk1− cells. The
obtained cells differentiated into multinucleated myotubes with a high fusion index. They
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also demonstrated their efficient contribution to myofiber formation after intramuscular
engraftment into pre-injured muscles of mice in vivo [102].

Goudenege et al. cultivated dystrophic human iPSCs first in a myogenic medium and
the cells were then transfected with an adenoviral vector for the expression of MyoD [109].
This two-step protocol resulted in the formation of multinucleated myotubes in vitro. The
transplantation into the muscle of Rag/mdx mice led to the regeneration of muscle by
fusion with existing muscle fibers. Recently, Baci et al. established a transgene-free protocol
for the myogenic differentiation of iPSCs generated from muscular pericytes or fibroblasts
using skeletal muscle-derived extracellular vesicles (EVs) cargo and GSK-3 inhibitor [120].
After 30 days, increased muscle differentiation was detected in vitro by the enhanced
expression of myogenic markers. Subsequently, differentiated iPSCs were injected into the
muscle of mice, and these cells integrated into the regenerating host myofibers. Moreover,
the EVs applied were efficient as biological “shuttles” for delivering bioactive molecules to
induce the differentiation of iPSCs.

4. Biomaterials for the Transplantation of Striated Muscle Cells

In current clinical treatments, the transplantation of allogeneic muscle cells is sig-
nificantly limited due to rejection reactions, donor site morbidity, and insufficient donor
cells [121]. In addition, the delivery and retention of cells in muscle are inefficient, hinder-
ing the sustained regeneration required for sufficient functional improvement [122,123].
Alternative strategies are therefore required. Biomaterials are powerful tools to support
the cellular microenvironment as well as to provide sufficient contractile strength to match
native skeletal muscle [8,123–125].

Various biomaterial-based strategies with different physical and chemical behav-
iors have been investigated for the treatment of muscle injuries [8]. Hydrogels are 3D
crosslinked hydrophilic polymeric matrices with a high water content that closely mimic
the native aqueous environment of the body [125,126]. They have structural similarities
to the natural ECM and can be administered with less invasive strategies [122]. Injectable
hydrogels can be administered directly to the damaged site for the controlled release of
therapeutics. Several biodegradable hydrogels, such as collagen [127,128], hyaluronic
acid [129], alginate [130–132], fibrin [133,134], and synthetic hydrogels have been studied
as injectable forms. On the other hand, self-healing, injectable hydrogel-based constructs
are more effective as cell carriers due to their homogeneous loading behavior and cause
less discomfort to the patient [135].

In this section, natural, synthetic, and composite hydrogel-based biomaterials for the
transplantation of striated muscle cells are discussed.

4.1. Natural Hydrogels

Hydrogels based on natural elements are ideal candidates as they elicit a limited
inflammatory response, have structurally similar elements to the body and they are highly
effective in triggering the skeletal muscle regeneration process [136,137]. Recent strategies
have focused on naturally derived hydrogel systems to supply essential biochemical signals
required for cell adhesion, proliferation, and myogenic differentiation [125]. Especially, the
integration of ECM components into the composition of biomaterials holds great promise
for use in muscle regeneration [8]. Collagen, gelatin, fibrin, matrigel, keratin, hyaluronic
acid, silk, and alginate-based hydrogels are some of the most investigated materials for
skeletal muscle tissue engineering [126,127,138].

Collagen, the major structural component of ECM, has been used extensively in mus-
cle tissue engineering, where its biocompatibility and resorption make it an attractive
choice [138–141]. Li and coworkers developed a myoblast-seeded vascularized collagen
hydrogel scaffold and implanted it into a VML model consisting of a full-thickness, single
muscle defect in the rat biceps femoris muscle to show the importance of vascularization
in muscle recovery [142]. However, vascularized scaffolds with or without myoblasts
resulted in the formation of fibrotic tissue with adipose infiltration, low muscle regenera-
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tion, and poor maintenance of tissue volume at the injury site. These results suggest that
besides vascularization, other factors also appear to be crucial to the fate of regeneration.
Basurto et al. produced aligned and electrically conductive 3D collagen scaffolds [5]. There-
fore, conductive polypyrrole (PPy) microparticles were incorporated into a suspension of
type I collagen and chondroitin sulfate. Thereby, the conductivity was increased five-fold
compared to non-PPy containing collagen scaffolds. Furthermore, myotube formation and
maturation were increased. The aligned microstructure of the scaffold guided the directed
growth and organization of myoblasts.

Gelatin is a denatured low-cost form of collagen that can be cross-linked into tunable
constructs with elastic moduli similar to native muscle. Gelatin hydrogels crosslinked
with microbial transglutaminase (MTG), an FDA-approved enzyme, improved the long-
term culture and maturation of myotubes [143]. Bettadapur et al. were able to maintain
differentiated skeletal myotubes from C2C12 mouse skeletal myoblasts aligned for three
weeks [144]. Compared to polydimethylsiloxane (PDMS) microcontact printed scaffolds
with fibronectin, cell adhesion on gelatin hydrogel constructs was significantly higher. In
another study, Russell et al. printed gelatine–methacryloyl (GelMA) hydrogels directly
into the site of injury of skeletal muscle tissue using a hand-held, partially automated-
bioprinter and GelMA hydrogels supported the formation of multinucleated myotubes
(Figure 3A) [14].
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Figure 3. (A) Hand-held printed gelatine-methacryloyl (GelMA) hydrogels. (i) In vivo application
of GelMA hydrogel scaffolds, (ii) before VML surgery, post-VML surgery, post in situ printing of
GelMA hydrogel, (iii) F-actin/DAPI staining of encapsulated cells in GelMA construct. Reproduced
with permission from [14] Copyright (2020) American Chemical Society. (B) Preparation of composite
hydrogel scaffolds by incorporating the aligned nanofibers yarns and formation of aligned myotubes.
Reproduced with permission from [145]. Copyright (2015) American Chemical Society.
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Collagen type I hydrogels can mimic the native environment of skeletal muscle tissue,
but their relatively high stiffness hinders long-term muscle culture, differentiation, and
contractile force generation [146]. In contrast, fibrin hydrogels provide a temporary scaffold
for cells that can be remodeled and replaced by the newly synthesized ECM. Fibrin is the
main component of blood clots, which is generated after tissue injuries. The fibrin sealant
tissue adhesive is an FDA-approved material. In addition, compared to collagen, fibrin is a
low-cost material whose mechanical behavior and degradation profile can be adjusted by
using different fibrinogen concentrations or crosslinker [122,147].

The co-culture of muscle and endothelial cells in fibrin-based hydrogels enabled the
formation of aligned myofibers and interconnected endothelial networks [148]. Marcinczyk
et al. investigated the material properties of laminin-111-incorporated fibrin hydrogels, ca-
pability for myogenesis, and response to electromechanical stimulation [147]. The release of
LM-111 from fibrin-based hydrogels on the muscle defect area was found to be an effective
strategy to promote myoblast proliferation and pro-regenerative growth factor secretion.
The combined application of electromechanical stimulation significantly increased the
production of VEGF and IGF-1 from myoblast-seeded fibrin LM-111 hydrogels. Gilbert-
Honick and coworkers evaluated murine myoblast-seeded electrospun fibrin hydrogel
scaffolds in a murine VML injury model with defects to the tibialis anterior muscle [10].
Myoblast-incorporated scaffolds revealed significantly improved muscle repair and a high
number of myofiber and vascular densities, whereas acellular scaffolds resulted in impaired
regeneration. Notably, myoblast-seeded scaffolds enabled the complete regeneration of the
structure and function of volumetric muscle defect.

Alginate is a natural polysaccharide, which is biocompatible, biodegradable, non-
toxic, non-immunogenic, and easy to process. It is also inexpensive compared to many
other biomaterials [149]. However, alginate-based constructs show a weak cell adhesion,
which may cause unfavorable tissue interactions and insufficient regenerative behav-
ior [150]. The functionalization of alginate with cell adhesion-promoting ligands, such as
arginine–glycine–asparagine RGD can support the interaction of the cells with the algi-
nate matrix [151]. The delivery of growth factors from RGD-conjugated alginate scaffolds
was shown to promote the survival and outward migration of primary myoblasts [152].
In another study, alginate-based hydrogels with a stiffness of 13–45 kPa were found to
improve myoblast proliferation and differentiation [153]. Yeo and colleagues combined a
process involving electrospinning and myoblast printing to achieve a hierarchical struc-
ture [154]. Thereby, an alginate bioink containing polyethylene oxide (PEO) and C2C12
myoblasts was printed on polycaprolactone (PCL) struts, micro/nanofibers. The presence
of micro/nanofibers improved the proliferation of myoblasts, alignment, and the formation
of myotubes.

4.2. Synthetic Hydrogels

Synthetic hydrogels have been a less popular choice for skeletal muscle tissue engi-
neering compared to natural polymer-based hydrogels. However, synthetic polymer-based
hydrogels can be easily engineered to enable the controlled release of growth factors to
promote muscle regeneration. The major limitations are typically weaker cell adhesion
compared to hydrogels based on natural polymers and the risk of the stimulation of a
foreign body reaction by the polymer or its degradation products [2,124]. Synthetic poly-
mers such as poly-L-lactic acid (PLLA) [155,156], poly(lactic-co-glycolic acid) (PLGA) [156],
PCL [157–160], poly(ethylene glycol) (PEG) [161–163] and their copolymers [164], and
various polyurethanes (PU) [165–168] are preferred for musculoskeletal tissue engineering.
Among the synthetic polymers, elastomers, such as polydimethylsiloxane (PDMS), have
been extensively used for the 2D fabrication of tissue-engineered muscle thin films due
to their excellent biostability and tunable elasticity [169,170]. Ergene et al. engineered a
new PU-based biodegradable elastomer to mimic elastic behavior and a native dynamic
micro-environment of muscle tissue [167]. Han et al. developed a synthetic PEG-based
hydrogel to enable the co-delivery of SCs and promyogenic factors, such as Wnt7a for
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skeletal muscle regeneration [162]. Mechanical behaviors and the chemical composition
of synthetic polymers (e.g., degradation profile, stiffness/ rigidity) can be more precisely
tuned compared to natural-based biopolymers, and some synthetic-based biopolymers.
They can also be produced to be electrically conductive. Since electroactive polymers,
which change their size or shape in response to an electric field, may contribute to an
optimal environment for muscle growth, a biocompatible electroactive hydrogel made of
PEG diacrylate (PEGDA) and acrylic acid (PEGDA/AA) was developed [171]. Conductive
hydrogels were generated by incorporating graphene oxide (GO) [172] or polyaniline
(PANi) [173] into the matrix formulation [173,174]. Thereby, hydrophilic, soft, and conduc-
tive scaffolds, composite structures, were created, which supported the growth of skeletal
muscle. In the following section, the advantages and disadvantages of composite scaffolds
for potential application to regenerate skeletal muscle tissue are discussed in detail.

4.3. Composite (Hybrid) Hydrogels

The combination of natural and synthetic polymers in composite (hybrid) hydrogels
can enable the creation of scaffolds with improved skeletal muscle regeneration [175,176].
Wang et al. designed PEG-co-poly(glycerol sebacate) composite hydrogel scaffolds by
incorporating the aligned nanofibers yarns. These yarns with hybrid composition were
produced by combining PCL, PANi, and silk fibroin (SF) using the dry–wet electrospinning
method to enhance the mechanical stability of scaffolds, cell adhesion, and proliferation
behaviors [145] (Figure 3B). The designed platform guided the cellular alignment along
the direction of the yarns and provided a suitable 3D environment for skeletal muscle
regeneration. In another study, the incorporation of the fibrinogen in PEG composite
scaffolds rejuvenated adult skeletal muscle-derived pericytes, improved their myogenic
differentiation and angiogenic capacities in vitro and in vivo [100]. Furthermore, by the
incorporation of PANi in a PEG-hydrogel and the use of UV-induced photolithography with
photomasks, electrically conductive hydrogel micropatterns were created [177]. Thereby,
the myogenic differentiation of the C2C12 cells was induced and the alignment of myotubes
was improved.

Ku et al. reported that the implementation of GO into the substrate formulation
remarkably improved myogenic protein expression, multinucleated myotube formation,
and myogenic differentiation [178]. Furthermore, Chaudhuri et al. demonstrated that GO–
PCL hybrid scaffolds can enhance myotube formation and maturation [179]. Uehara et al.
developed GO-implemented random and aligned electrospun PCL-based nanofibers and
investigated the interactions between skeletal muscle cells and the polymer matrix [180].
They reported that GO-implemented aligned nanofibers did not exhibit the same cell
orientation as the cells in contact with pure PCL-aligned nanofibers. Carbon nanotubes
(CNTs) have been investigated for the formulation of scaffolds for the potential application
of skeletal muscle regeneration [181]. Patel et al. built CNT-based hierarchical scaffolds in
two different forms, interconnected microporous foams or aligned fiber mats, with tunable
physicochemical behavior. Myoblasts on both scaffolds demonstrated similar adhesion
and proliferation properties. The scaffold with aligned fibers promoted the fusion of
myocytes into myotubes [182]. In contrast, microporous foams failed to promote the fusion
of myoblasts into multinucleated myotubes.

5. Biomechanical Strategies for the Generation of Skeletal Muscle Tissue

Skeletal muscle tissue engineering has the potential for clinical implementation and
enables the accurate modeling of myogenesis and evaluation of pharmacological treat-
ments. However, the clinical applicability of tissue-engineered skeletal muscle is severely
hampered by the inadequate generation of contractile forces, myotube alignment, and low
packing density and cell survival in large constructs [1,183]. It is important to mimic the
natural cell niche in vivo to achieve in vitro myogenesis that resembles native tissue [1,184].

Adult myofibers are terminally differentiated post-mitotic cells. Thus, the remodeling
of skeletal muscle is controlled by adaptive mechanisms that induce the accumulation
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of contractile fiber proteins by either increased protein synthesis or decreased protein
degradation. The training and stretching of muscles led to several in vivo adaptations
including the regulation of protein synthesis and degradation, DNA and RNA content, and
protein accumulation [185]. The mechanical stimulation of skeletal muscle mainly results
in remodeling (changes in muscle mass/volume) and alterations in the molecular engine
of the muscle fiber, e.g., phenotypical changes in the expression of myosin isoforms [186].
These changes allow the muscle to adapt its contractile properties to the required demands.

Scientists have conducted several studies on mechanical stimulation as it has a signifi-
cant effect on skeletal muscle cell behavior. Okano et al. incorporated C2C12 cells (mouse
skeletal myoblast cell line) into type I collagen gel and formed ring-shaped constructs
using agarose gel molds [187]. These rings were subjected to cycling stretching at 60 rpm,
resulting in highly dense and oriented muscle tissue that closely resembles native skeletal
muscle. Auluck et al. cultivated human craniofacial muscle-derived cells in a sponge made
of a 3D collagen network to mimic the environment of the muscle matrix and exposed these
constructs to the strain regimes of rapid ramp stretch or cyclical ramp strain [188]. The
remodeling of the ECM was detected by increased expression of the mechanoresponsive
gene, matrix metalloproteinase-2 (MMP-2), in cultures subjected to continuous versus
cyclic strain.

Powell et al. incorporated muscle cells in collagen/matrigel and exposed them to
repeated stretch/relaxation cycles using a mechanical cell stimulator (MCS) [185]. After
8 days, a two- to three-fold increase in construct elasticity, 40% in myofiber area, and
12% in mean myofiber diameter was observed. Sakiyama and colleagues showed that the
application of a mechanical stimulus can affect not only the growth and differentiation
of myoblasts but also the characteristics of muscle fibers [189]. C2C12 myoblasts were
mechanically stretched, and then the mRNA expression levels of myosin heavy chain
(MHC) isoforms were measured at different time points. The results showed that MHC-2b
expression first increased and then decreased after stretching. MHC-2d expression in-
creased over time without stretching but was barely detectable with stretching. In addition,
MHC-2a expression level was significantly high in the stretching group. Based on these
results, it could be extrapolated that mechanical stimulation affects MHC isoform levels
and thereby influences muscle function. In another study, the cyclic mechanical stretch
of C2C12 myoblasts increased β1D-integrin protein levels, which regulates myogenesis
and mechanotransduction, and activated downstream cytoskeletal signaling proteins fo-
cal adhesion kinase (FAK) and RhoA [190]. Moon et al. seeded collagen-based acellular
tissue scaffolds with primary human muscle precursor cells (MPCs) and subjected them
to cyclic strain. These preconditioned constructs in computer-controlled bioreactors pro-
duced tetanic and twitch contractile responses after transplantation into mice, but not
statically cultured control tissues [191]. Egusa et al. showed the possibility of accelerating
the skeletal myogenic differentiation of BM-MSCs with an aligned structure by applying
cyclic strain [192]. In this study, mouse BM-MSCs were seeded on fibronectin-coated
silicone sheets and subjected to cyclic 10% uniaxial strain. Culturing the cells in a myogenic
medium resulted in upregulation of skeletal myogenic marker genes (myogenin, Myf5, and
myogenic regulatory factor 4 (MRF4)), but not smooth muscle marker genes (myocardin
and α-smooth muscle actin). Moreover, the cells formed multinucleated myotubes in the
direction of applied tension within 5 days.

6. Scaffold Topographies for Improved Generation of Muscle Tissue

First studied in 1911 [193] and then with advances in contact guidance in 1945 [194],
topographical cues were examined for their ability to control cell behavior and orientation.
In recent years, the importance of micro/nanostructures has increased, since the cells can
respond to topographic properties at the micro/nanometer levels. Thus, the generation of
muscle tissue with topographical cues is analyzed using a variety of bioengineering meth-
ods. Therefore, different fabrication techniques were applied, such as the passive or active
stretching of scaffolds, photolithography, soft lithography, solvent casting, electrospinning,
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freeze-drying, hot embossing, and the use of electrical fields [124]. The scaffolds in muscle
tissue have different geometric structures, including grooves, pillars, pits, wrinkles, as
well as fibrous scaffolds combined with micro-/nano-structures [195]. In this section, the
role of topographies, such as the use of grooves and fibrous structures, on muscle tissue
regeneration are highlighted.

Electrospun fibers can replicate and regenerate tissue environments in a 3D state as
they mimic the nanoscale properties of a native ECM. They can also be fabricated both
anisotropically and isotropically to control the commitment of muscle cells to a particular
lineage [196]. Moreover, a variety of biopolymers and synthetic polymers can be fabricated
as micro- and nanoscale fibers [197,198]. The properties of electrospun nanofibers, such
as random and aligned structures [199], variable thicknesses, and nanoscale micropores
can be assessed in the context of topographical effects. In this regard, the electrospinning
technique has been used to fabricate skeletal muscle scaffolds with uniaxially patterned
structures that increase the length of myotubes [200]. For instance, the uniaxially patterned
electrospun PLLA fibers could enhance the length of myotubes about three-fold in compar-
ison with random fiber mats when C2C12 cells were cultured on aligned PLLA nanofibrous
scaffolds [201].

Aligned nanofiber scaffolds can also be used in the development of tissue-engineered
vascular grafts (TEVGs) as part of a multi-pronged strategy to enhance elastic fiber for-
mation. Substrate topography and biochemical additives can synergistically increase the
elastin fiber formation by cultured cells (umbilical artery smooth muscle cells) on the
aligned fiber and thereby improve the quality of TEVGs. Electrospun fibrinogen nanofibers
with aligned topography led to increased elastin and phenotypic contractile protein syn-
thesis and the directional orientation of cells as well as newly synthesized ECM fibers
(Figure 4A) [202].
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Figure 4. (A) Schematic image of fibrinogen substrate electrospun fibers with different topographies,
which direct the cell morphology and phenotype. Reprinted from [202]. Copyright 2019, with
permission from Elsevier. (B) Tubular scaffold structure; (i) surface and (ii) cross-section images with
(iii) SEM images of outer and inner layers. Reproduced from [203]. Copyright 2019 with permission
from Elsevier. (C) Scheme of the nanofiber yarns (NFYs)-network (NET) scaffolds fabricated by a
weaving technique and GelMA hydrogel shell layer prepared by UV irradiation. Reproduced with
permission from [204]. Copyright 2017 American Chemical Society.
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Research is conducted on tubular scaffolds to simulate the structures and functions of
blood vessels. Here, three layers of tissue, intima, media, and adventitia, with different
structures and functions are simultaneously required to repair and regenerate blood vessels.
Tsai et al. generated small diameter (<6 mm) nanofibrous tubular PCL grafts with an
orthogonal-bilayer structure by electrospinning (Figure 4B) [203]. The inner layer consisted
of axial nanofibers, which can provide topographical guidance for ECs, while the outer
layer consisted of circumferentially aligned nanofibers to increase mechanical strength
and provide topographical guidance for smooth muscle cells. In a recent study, to mimic
the structure and function of native blood vessels, Hu et al. fabricated four-layer tubular
scaffolds by electrospinning thermoplastic PU (TPU)/PCL/PEG tubular scaffolds, which
had an interior layer with highly longitudinal aligned fibers. The middle inner and outer
layers were created by sloped and circumferentially aligned fibers and the exterior layer
consisted of random fibers. [205]. In addition, tubular scaffolds with completely random
fiber layers were produced. The incorporation of PEG improved the hydrophilicity of
the scaffolds. The results also showed that the scaffolds with aligned fibers not only
improved their mechanical properties but also enhanced the cellular proliferation and
viability of HUVECs.

Scaffold design plays an important role in cardiac tissue regeneration to mimic the
cardiac anisotropic structure and guide 3D cell alignment. Although several studies have
been conducted to control cell alignment and elongation, there are still challenges in the
mimicry of the 3D anisotropy of the cardiac muscle. Cardiac muscle PCL patches were
produced by using an electrolyte solution as a collector in the electrolyte-assisted electro-
spinning (ELES) process to hybridize random and aligned nanofibers simultaneously [206].
Thereby, random nanofibers can provide mechanical support to be handled and sutured,
while aligned nanofibers improve the alignment of cardiomyocytes and the construction
of a 3D anisotropic structure. In further studies, 3D hybrid scaffolds were created with
core and shell structures to engineer the 3D cardiac anisotropy and control the orientation
of cells [204]. As shown in Figure 4C, 3D hybrid conductive scaffolds were fabricated by
encapsulating the nanofiber PCL/SF/CNT yarn network within a GelMA hydrogel shell.
Cardiomyocytes were seeded on a yarn network and embedded into GelMA hydrogel
containing GFP-expressing ECs. These scaffolds enhanced the maturation and function of
cardiomyocytes as well as the alignment and elongation of cardiomyocytes.

Scaffolds with core-shell structures have also been investigated for skeletal muscle
tissue engineering. For example, PCL containing multiwalled carbon nanotubes solution
and a poly(acrylic acid)/poly(vinyl alcohol) (PAA/PVA) hydrogel have been coaxially elec-
trospun as the core and shell layers, respectively [207]. The multiwalled carbon nanotubes
in the PCL core layer act as an internal electrode and increase the conductivity, while the hy-
drogel shell can actuate. The scaffolds with a hydrogel shell displayed more multinucleated
cells with interacting actin filaments compared to the scaffolds without hydrogel.

Micropatterning technology is another promising strategy to generate 3D topogra-
phies at micrometer and submicrometer levels. Using this strategy, cell-culture substrates
can be designed to engineer aligned myoblasts and myotubes. Hosseini et al. produced
micro-grooved GelMA hydrogel substrates using PDMS molds and UV crosslinking [208].
The seeding of murine C2C12 myoblasts within the microchannels led to the myotube align-
ment. In contrast, no alignment was found on unpatterned hydrogels. Furthermore, the
electrical stimulation further improved the myotube alignment and generated myotubes
with an increased diameter. This study demonstrated that the behavior and fate of cells,
such as cell–cell contact and signaling, differentiation, and elongation, can be altered using
micropatterns. Alternatively, photolithography and/or soft lithography are also applied
as micropatterning techniques to produce various surface topographies. In one study,
the cultivation of human iPSC-derived myogenic progenitors on PDMS-based micropat-
terned substrate resulted in larger fiber diameters, more myogenin-positive nuclei, and
increased nuclear fusion compared to the cells cultivated on non-patterned substrates [209].
Freeze-drying is another technique used for microstructured scaffolds in skeletal muscle
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tissue engineering. Chen et al. fabricated a 3D porous collagen scaffold with concave
microgrooves to mimic the muscle basement membrane [210]. The cultivation of rat L6
skeletal myoblasts on these scaffolds resulted in multilayered muscle bundle tissue in
which myoblasts aligned and formed myotubes dependent on the size of the microgrooves
and cell density. However, changing the size of the grooves did not affect the expression of
myogenic genes. Figure 5 shows scaffolds with mean microgroove widths and the myotube
formation after 14 days. The size, ridge, and material type of the grooves can have an
impact on cell organization, differentiation, and alignment. Hydrogels with micro-sized
structures have a great ability to guide cells into a biomimetic tissue architecture in vitro
and can be used as micropatterned substrates in muscle tissue engineering. For instance,
two types of micropatterned methacrylated gelatin hydrogel substrateswere produced with
the same grooves (100 µm) and distinct ridge patterns (50 and 100 µm) [208]. The results
showed that the smaller ridge micropatterns yield more myotubes, which are aligned in
the groove direction than the wider ridge micropatterns.
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Figure 5. (A) SEM images of different microgrooved collagen scaffolds. Top-view and vertical cross-
sectional view are shown. Flat collagen scaffold (control), collagen scaffolds with mean microgroove
widths of 120 µm (G120), 200 µm (G200), and 380 µm (G380). Scale bar = 100 µm. (B) Myotube
formation after cultivation of L6 myoblasts for 14 days. F-actin and myosin heavy chain (MHC)
staining were performed to visualize myoblasts and myotube formation. Scale bar = 200 µm.
Reproduced from [210]. Copyright (2015) with permission from Elsevier.

In recent years, efforts to use 3D printing technology to fabricate biocompatible
and biodegradable scaffolds for skeletal muscle tissue engineering have increased signifi-
cantly [211]. Three-dimensional bioprinting enables the layer-by-layer creation of scaffolds
with an anatomically realistic reconstruction of the desired tissue structure, which can
also control cellular alignment. Recently, decellularized ECM methacrylate (dECM-MA)
from porcine skeletal muscles was used as a bioink and combined with fibrillated PVA
to produce a uniaxially oriented patterned structure using 3D bioprinting [212]. Thereby,
tissue-specific biochemical cues of the dECM-MA were combined with topographical cues.
The incorporated myoblasts (C2C12 cell line) aligned and resulted in a high degree of
myotube formation. Moreover, compared to GelMA scaffolds with the same topograph-
ical cues, dECM-based scaffolds resulted in the increased expression of myogenic genes
(MyoD1, MYH2, and MyoG). Choi et al. produced dECM sponges, dECM hydrogels, and
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3D cell printed muscle constructs using skeletal muscle dECM bioink and a granule-based
printing reservoir [213]. The 3D bioprinted muscle constructs maintained high cell viability
without creating a hypoxic environment (Figure 6A), exhibited densely packed and aligned
myotubes throughout the construct (Figure 6B), and promoted de novo muscle formation
in a VML rat model. Furthermore, by using coaxial nozzle printing with muscle and
vascular dECM bioinks, prevascularized muscle constructs were generated that resulted
in enhanced de novo muscle fiber formation, vascularization, innervation, and 85% func-
tional recovery in VML injury. In 3D printing technology, the proper selection of nozzle
size and extrusion pressure has also been shown to be effective for cell orientation [214].
Using an extrusion bioprinting approach, Distler and colleagues showed the rise of shear
force by increasing the extrusion pressure and decreasing the diameter of the extrusion
nozzle, and the frequency of F-actin orientation in the direction of 3D printed oxidized
alginate–gelatin hydrogel was increased (Figure 6C,D). In addition, the orientation of the
C2C12 cells decreased when the diameter of the extrusion nozzle remained the same and
the pressure was decreased.
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Figure 6. (A) Detection of hypoxia in the dECM sponge, dECM hydrogel, and 3D printed muscle constructs with pimonida-
zole staining and (B) immunofluorescence images of human skeletal muscle cells in constructs. Reproduced from [213].
Copyright (2019) with permission Elsevier. (C) Fluorescence microscopy images of F-Actin (red)/DAPI (blue) stained C2C12
cells and (D) Corresponding frequency of F-Actin filament orientations, O30 (d = 330 µm, p = 30 kPa), O40 (d = 330 µm,
p = 40 kPa) and R60 (d = 250 µm, p = 60 kPa), d: nozzle diameter, p: extrusion pressure. Scale bars: 200 µm. Reproduced
from [214]. Copyright 2020 open access by Creative Commons Attribution 4.0 International License.

Kim et al. produced bundled PCL collagen-coated microfiber scaffolds using a mi-
crofibrillation/leaching process for the regeneration of muscle tissue [215]. The fibrillated
PVA was leached from a PVA/PCL mixture to obtain the uniaxially aligned PCL bun-
dles. The results demonstrated that C2C12 cells were well aligned along the direction of
microfibrils and the myogenic differentiation was detected by MHC expression.

7. Conclusions

In summary, skeletal muscle tissue engineering offers promising perspectives in
regenerative medicine. The ability to generate patient-derived iPSCs and the subsequent
differentiation of these cells into myoblasts has great potential to overcome the limitations of
producing autologous constructs. These myoblasts could enable the efficient regeneration
of skeletal muscle tissue and prevent rejection reactions since the cells are autologous. In
addition, the creation of innovative biomaterial scaffolds with distinct topography for cell
guidance and 3D bioprinting technologies will enable the proper alignment and maturation
of cells in an ECM-replicating environment. Further developments in skeletal muscle tissue
engineering will provide innovative treatment options for patients with skeletal muscle
loss due to injury, aging, and degeneration.
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