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Abstract

:

Regenerative capacity of skeletal muscle declines with age, the cause of which remains largely unknown. We investigated extracellular matrix (ECM) proteins and their regulators during early regeneration timepoints to define a link between aberrant ECM remodeling, and impaired aged muscle regeneration. The regeneration process was compared in young (three month old) and aged (18 month old) C56BL/6J mice at 3, 5, and 7 days following cardiotoxin-induced damage to the tibialis anterior muscle. Immunohistochemical analyses were performed to assess regenerative capacity, ECM remodeling, and the macrophage response in relation to plasminogen activator inhibitor-1 (PAI-1), matrix metalloproteinase-9 (MMP-9), and ECM protein expression. The regeneration process was impaired in aged muscle. Greater intracellular and extramyocellular PAI-1 expression was found in aged muscle. Collagen I was found to accumulate in necrotic regions, while macrophage infiltration was delayed in regenerating regions of aged muscle. Young muscle expressed higher levels of MMP-9 early in the regeneration process that primarily colocalized with macrophages, but this expression was reduced in aged muscle. Our results indicate that ECM remodeling is impaired at early time points following muscle damage, likely a result of elevated expression of the major inhibitor of ECM breakdown, PAI-1, and consequent suppression of the macrophage, MMP-9, and myogenic responses.
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1. Introduction


Skeletal muscle constitutes approximately 40% of the total mass of the human body and plays a central role in health and well-being [1]. With aging, a combination of neurodegeneration, an altered hormonal and metabolic profile, and reduced regenerative capacity leads to a deterioration of skeletal muscle culminating in loss of muscle mass, quality, and function. Although diet, exercise, and pharmacological treatments show promise in limiting such detrimental developments [2,3,4,5,6], our understanding of the network of mechanisms involved in age-related muscle wasting remains limited. Central to the maintenance of a healthy skeletal muscle mass is its regenerative capacity, enabling muscle to completely restore function within 7–10 days after severe damage [7]. The regeneration process can be categorized into the following three sequential but widely overlapping stages: (1) inflammation and necrosis of damaged myofibres, (2) activation, proliferation, differentiation, and fusion of satellite cells, and (3) maturation and remodeling of the regenerated muscle [7,8,9,10]. Each stage is essential to drive the following subsequent stage, thereby imparting coherence to the overall regeneration process.



The extracellular matrix (ECM) is critical in maintaining normal skeletal muscle function and driving skeletal muscle regeneration. Skeletal muscle ECM is composed of a plethora of structural, adhesion, and signal-stimulating proteins that are transiently degraded and reconstituted depending on the mode and severity of tissue injury [9,10]. Aged skeletal muscle does not regenerate well in response to injury, and there is evidence of impairment at each stage of the regeneration process [10,11,12] including accumulation of collagen (i.e., fibrosis) [13,14,15,16,17,18]. However, it is unclear if this age-related skeletal muscle fibrosis occurs as a result of impaired degradation in the first week following tissue damage.



Plasminogen Activator Inhibitor-1 (PAI-1), a widely circulated protein (approximately 15–550 ng/mL in the blood [19]) that is responsible for the inhibition of the plasminogen system (Figure 1) [20,21], is found in greater concentration in the circulation with advancing age [22,23,24]. The plasminogen system is responsible for the remodeling of the ECM through the degradation of fibrous proteins [25,26,27,28] and thus plays a critical role during skeletal muscle regeneration. An active plasminogen system turns on several proteolytically active enzymes, including plasmin, which then activates certain matrix metalloproteinases (MMPs) by cleaving off an inhibitory peptide. Activated MMPs are responsible for the direct degradation of proteins within the ECM, particularly during massive remodeling events such as tissue regeneration. During skeletal muscle regeneration, PAI-1 has been demonstrated to impair infiltration of macrophages, inhibit activity of MMP-9, while allowing accumulation of ECM, thus limiting the rate of regeneration [29,30,31]; however, the role of PAI-1 in age-related regeneration impairments has yet to be investigated. Given that PAI-1 can impede muscle regeneration and ECM remodeling, it is of interest to know if age-related detriments to skeletal muscle regeneration and increased ECM deposition are related to elevations in PAI-1. Furthermore, it is unknown if the effects of PAI-1 on muscle regeneration are related to systemic or local expression of PAI-1. Thus, we hypothesized that aged skeletal muscle would express greater PAI-1 in mouse skeletal muscle during regeneration and demonstrate poor ECM remodeling, macrophage infiltration, and secretion of MMP-9. We utilized an acute time course of 3, 5, and 7 days following muscle damage to histologically examine the effects of age on skeletal muscle regeneration. We found that aged muscle exhibits elevated expression of PAI-1, poor ECM remodeling, and aberrant macrophage-related expression of MMP-9 following induction of muscle damage. Furthermore, aged muscle was unable to adequately regenerate in comparison with young muscle.




2. Results


2.1. Body Mass, Muscle Mass, and Myofiber Cross-Sectional Area


To investigate the acute regenerative capacity of aged skeletal muscle, we first induced damaged to the left tibialis anterior (TA) muscle via cardiotoxin (CTX) injection and analyzed samples after 3, 5, and 7 days. The right TA muscle remained undamaged and was used as a control as needed. Body mass of mice was determined at the time of sacrifice. Young mice weighed 25.1 ± 1.7 g while aged mice weighed 32.0 ± 2.5 g (t-test: p < 0.001). Assessment of the undamaged leg (Figure 2A) revealed a significantly larger mean cross-sectional area of the undamaged TA myofibers in aged mice (t-test: p = 0.003; Figure 2B). Undamaged TA muscle mass was found to be larger in aged mice as well (t-test: p < 0.001; Figure 2C). Damaged TA muscle mass differed between young and aged mice (main effect of age: p = 0.001; Figure 2D) but decreased in both groups over time across the recovery time (main effect of time: p < 0.001; Figure 2D). Muscle mass expressed relative to body mass was not different between young and aged (p > 0.05) but decreased over time (Figure S1; main effect of time: p < 0.001).




2.2. Assessment of Regenerative Capacity


Regeneration of damaged skeletal muscle involves the de novo formation of myofibers from the fusion of myoblasts. Regenerating myofibers express embryonic myosin heavy chain (eMHC) and have centrally located nuclei, making it possible to identify them for analysis (Figure 2E). No regenerating myofibers were present at three days following damage in young or aged muscle, thus, only five- and seven-day time points were analyzed. A significant interaction was found between groups and across the five- and seven-day time points (p = 0.02). No differences in mean regenerating myofiber cross-sectional area between groups was found at five days following damage; however, young regenerating myofiber cross-sectional area increased significantly between five and seven days following damage (post-hoc: p < 0.001; Figure 2F). A similar increase in cross-sectional area was not observed in aged muscle, and at seven days following damage, the cross-sectional area of young regenerating myofiber exceeded that of the aged regenerating myofiber (post-hoc: p = 0.001). The proportion of area occupied by regenerating myofibers relative to total damaged area was assessed to determine the regenerative response of the muscles following damage (Figure 2G). Here, total damaged area was defined as the summated area occupied by eMHC+ regenerating myofibers plus the summated area occupied by necrotic myofibers. The results from this analysis showed a significant main effect of age (p < 0.001) and recovery time (p = 0.013). Nearly all the damaged area was regenerating in young muscle at five and seven days following damaged (92% and 99%, respectively), compared to aged muscle (13% and 54%, respectively). Although there was an increase between five and seven days following damage in aged muscle (main effect of recovery time: p = 0.013), it still severely lacked behind that of young muscle. Centrally located nuclei per regenerating myofiber was also determined. Young regenerating mouse TA had more centrally located nuclei per myofiber (five days: 1.34 ± 0.12; seven days: 1.50 ± 0.11) compared to aged TA (five days: 1.07 ± 0.08; seven days: 1.17 ± 0.05; significant main effect of age: p < 0.001).



Hematoxylin and eosin (H&E)-stained muscle cross-sections were assessed to determine how quickly necrotic tissue was replaced with regenerating tissue. To do this, the proportion of necrotic area relative to total damaged area was determined. Necrotic regions are characterized by the presence of degenerating myofibers and an absence of newly regenerated myofibers containing centrally located nuclei [29,33,34]. Regions that eluded CTX-induced damage, identified by the presence of continuous neighboring undamaged myofibers, were not included in the analysis. A significant interaction was detected between groups and through the recovery time on presence of necrotic area within the tissue (p < 0.001). At three days following CTX treatment, damaged regions were entirely necrotic in both young and aged muscle (Figure 3A,B). Between three and five days following damage, young muscle exhibited a significant decline in necrotic area (post-hoc: p < 0.001); however, the same was not observed in the aged muscle. Additionally, at five and seven days following damage, young muscle was found to have significantly less necrotic tissue compared to aged muscle (post-hoc: p < 0.001). After observing these broad differences in necrotic and regenerating tissue in young and aged muscle, all subsequent analyses were characterized with respect to these distinct regions.




2.3. Assessment of ECM Remodeling


Previous studies that have examined the accumulation of structural extracellular protein content in skeletal muscle have made limited conclusions regarding which specific components of the ECM exhibit changes with age [14,35,36,37,38]. Thus, an objective of this study was to determine whether changes in the ECM is consistent across different ECM proteins. This is a relevant question since different isoforms of collagen and other ECM components are expressed by different cell types and serve different roles in skeletal muscle. Collagens I and IV were selected for study because of their well-characterized roles in skeletal muscle. Collagen I is the most abundant form of collagen within the body and is distributed across the entire muscle tissue, providing structural support to the myofibers and the entire muscle group [39]. Collagen IV is specific to the basement membrane surrounding individual myofibers and provides structural support for individual myofibers while also forming a critical component of the satellite cell niche [40,41,42]. To assess the effect of age on collagens I and IV levels following muscle damage, the proportion of area exhibiting positive staining for each collagen isoform was quantified in both the necrotic and regenerating regions.



In undamaged TA muscles, collagen I content (Figure 4A) was found to be greater in the aged group compared to young (t-test: p = 0.006; Figure 4B). Following CTX-induced muscle damage, collagen I content increased in both young and aged muscle; however, collagen content within aged muscle remained significantly greater in the necrotic regions (main effect of age: p = 0.002; Figure 4C). A significant interaction was observed between age and recovery time points (p = 0.034; Figure 4D). A greater accumulation of collagen I was found at seven days following damage (post-hoc: p = 0.024; Figure 4D). The higher collagen I content in undamaged, necrotic, and late regenerating muscle acutely following damage is consistent with previous studies examining histochemically stained muscle tissue [35,37].



Collagen IV was investigated due to its role as a principle component of the basal lamina in the basement membrane. Area analysis of collagen IV (Figure 5A) revealed no difference in control or damaged TA muscles (Figure 5B–D) between young and aged mice. Although no differences in the proportion of collagen IV-positive area were found, it was noted that collagen IV structures appeared thicker and more irregularly shaped in regenerating aged muscle (Figure 5E). To analyze basal lamina thickness, collagen IV width was measured at five equally spaced intervals surrounding individual regenerating myofibers. A significant interaction was observed (p = 0.015) and a simple main effects post-hoc analysis demonstrated that significantly thicker collagen IV bands were found around aged regenerating myofibers compared to young (p < 0.001 between young and aged at five and seven days following damage; Figure 5F).



Fibronectin was also investigated. This protein serves as a link between collagen IV and integrins embedded in the myofiber membrane. Given the delay in regeneration characterized by low eMHC-expressing myofibers (Figure 2) and the well-defined role fibronectin plays in satellite cell proliferation, migration, and fusion [43,44], we hypothesized that aberrant fibronectin expression would contribute to impaired regeneration in aged muscle. Analysis of fibronectin immunostains (Figure 6A) demonstrated no differences between groups in undamaged TA muscles (t-test: p = 0.256; Figure 6B). In the damaged TA muscles, fibronectin expression was found to be greater in the necrotic regions of young muscle during all time points (main effect of age: p = 0.002; Figure 6C). Additionally, the expression of fibronectin increased between three and five days following damage in the necrotic regions of both aged and young muscle (main effect of time: p < 0.001; Figure 6C). No changes in fibronectin expression were observed in the regenerating regions between groups (p > 0.05; Figure 6D).




2.4. Macrophage Density Following Damage


Due to the importance of macrophage infiltration during the early stages of the regeneration process, we hypothesized a poor macrophage response, contributing to the poor regeneration observed in aged muscle (Figure 2). Analysis of immunostains using the macrophage-specific marker F4/80 was completed within the necrotic and regenerating regions of muscles (Figure 7A). Surprisingly, in aged TA muscles, macrophage density was found to be greater in the necrotic regions at three and five days following damage (main effect of age: p = 0.025; Figure 7B). A significant interaction between age and recovery time was observed in the regenerating regions (p < 0.001). At five days following damage, there was a significantly greater macrophage density in young muscle (post-hoc: p < 0.001; Figure 7C), while at seven days following damage; macrophage density was greater in aged muscle (post-hoc: p < 0.001). Between five and seven days, macrophage density in young muscle declined significantly (post-hoc: p < 0.001), whereas in aged muscle, macrophage density increased (Figure 7C).




2.5. Expression Pattern and Localization of MMP-9


Although PAI-1 serves as the upstream inhibitor of the plasminogen system, its downstream effectors are proteases which degrade the ECM when activated or allow ECM accumulation if inactivated. In skeletal muscle, the inducible enzyme MMP-9 plays a central role in ECM degradation, thus enabling satellite cell migration and normal regeneration to occur [45,46,47]. In this study, MMP-9 was investigated to better understand the expression pattern and localization of this proteolytic enzyme, and its effects on ECM remodeling.



The proportion of MMP-9-positive area was assessed within the necrotic and regenerating regions of CTX-treated TA muscles (Figure 8A). An interaction effect between age and recovery time on MMP-9 expression was found (p = 0.004). MMP-9 was greater three days following damage in the necrotic regions of young compared to aged muscles (post-hoc: p < 0.001; Figure 8B). MMP-9 decreased from three to five days following damage in the young muscle only (post-hoc: p < 0.001). No significant differences in MMP-9 content was found in the regenerating region (post-hoc: p > 0.05; Figure 8C). This is consistent with previous findings suggesting the role of MMPs during the early inflammation stages to enable the degradation of the ECM and facilitate satellite cell migration [45,46,47]. The proportion of MMP-9-positive area was assessed within the necrotic and regenerating regions of CTX-treated TA muscles (Figure 8A). MMP-9 was greater three days following damage in the necrotic regions of young compared to aged muscles (post-hoc: p < 0.001; Figure 8B). MMP-9 decreased from three to five days following damage in the young muscle only. No significant differences in MMP-9 content was found in the regenerating regions (Figure 8C). This is consistent with previous findings suggesting the role of MMPs during the early inflammation stages to enable the degradation of the ECM and facilitate satellite cell migration [45,46,47].



Immunostaining of MMP-9 revealed its presence around specific nuclei (Figure 8A). Previously, MMP-9 mRNA was found to be localized primarily in macrophages and polymorphonuclear leukocytes (i.e., neutrophils) in skeletal muscle [45,46,48]. Since aged muscle shows delayed macrophage infiltration and inability to degrade the ECM following damage, it was speculated that aged muscle would display a depression in macrophage-specific MMP-9 expression attributing to the aberrant changes in the ECM. To determine the contribution of macrophages in secreting MMP-9, combination staining of F4/80 and MMP-9 were completed. Total MMP-9+ cells and macrophage (F4/80+) cells colocalized with MMP-9 were counted and analyzed; a significant interaction was found (p = 0.004). Post-hoc analysis demonstrated a significant greater percentage of macrophage-specific, MMP-9+ cells five days following damage in the necrotic region of young muscle (post-hoc: p = 0.009; Figure 8D). Between three and five days, the proportion of macrophage-specific, MMP-9+ cells decreased significantly in the aged muscle (post-hoc: p = 0.031), while the opposite was found in young muscle (post-hoc p = 0.026). Young muscle displayed a greater amount of macrophage-specific, MMP-9+ cells in the regenerating regions compared to aged muscle (main effect of age: p = 0.008; Figure 8E). Taken together, young muscle acutely displays greater MMP-9 and a greater amount of macrophage-specific, MMP-9+ compared to aged muscle.




2.6. Expression Pattern and Localization of PAI-1


Throughout the regeneration process, the modulation of the ECM is needed for the activation, migration, and differentiation of satellite cells [40,42,44]. PAI-1 serves as the upstream inhibitor of the plasminogen system, and has been shown to cause fibrosis, cell senescence, and an impairment in the regeneration process [49,50,51]. Further investigation into the expression pattern and localization of PAI-1 during the acute stages of the regeneration process was undertaken to better understand the role of this regeneration suppressor in aged muscle.



Due to the extracellular effect of PAI-1 in delaying the breakdown of the ECM, PAI-1-immunostained TA sections were quantified via area analysis in the distinct necrotic and regenerating regions of the muscle. Extramyocellular PAI-1 was determined through the selection of the area not occupied by myofibers (Figure 9A, middle panels). A significant interaction between age and recovery time was observed (p = 0.044). Aged muscle had a significantly greater extramyocellular PAI-1 content at three and five days in the necrotic region compared to young muscle (post-hoc: p = 0.005 and p < 0.001, respectively; Figure 9B). Interestingly, extramyocellular PAI-1 content decreased significantly between three and five days in young muscle (post-hoc: p = 0.015), while in aged muscle, PAI-1 content remained constant. No differences were found in the regenerating regions in aged muscle (Figure 9C). This was consistent with elevated collagen I and macrophage content in the necrotic regions of aged muscle, as previously demonstrated.



During the investigation of extramyocellular PAI-1, regenerating myofibers appeared to be expressing PAI-1. PAI-1 expression within the regenerating myofiber was assessed via analysis of signal intensity, and a significant main effect of age (p = 0.029) was found with aged muscle displaying greater PAI-1 within the regenerating myofiber (Figure 9D). This result suggests a role for myocellular PAI-1 in modulating the aberrant changes in the regenerative capacity of skeletal muscle, potentially causing senescence in these myofibers [49].





3. Discussion


Aging causes several physiological changes to skeletal muscle leading to functional impairments including reduced muscle strength [52,53]. Accumulating evidence strongly suggests that maintaining a healthy, functional skeletal muscle mass is critical for continued overall health as age progresses [54]; thus, there is considerable interest in developing therapeutic countermeasures against such age-related detriments. Impaired regenerative capacity in skeletal muscle is one avenue that leads to losses in contractile function. However, to date, there are only a limited number of studies investigating the acute responses to damage in aged muscle tissue [10,11,12,13,14,15,16,17,18]. A gap in our knowledge of the effects of age on skeletal muscle regeneration is that no studies have examined an acute time course (i.e., multiple time points) following damage. Therefore, this project was designed to assess aged mouse muscle between three and seven days following CTX-induced muscle damage as these time points encompass several major physiological events—(i) massive turnover of the ECM; (ii) proliferation, migration, and proteolytic function of inflammatory cells; and (iii) proliferation, fusion, and differentiation of myoblasts into de novo myofibers. The findings presented here demonstrate that several aspects of the regeneration process are impaired in aged skeletal muscle in the first week following skeletal muscle damage. Aged muscle lagged behind young skeletal muscle in eliminating necrotic (degenerating) regions of damaged skeletal muscle and in replacing damaged myofibers with de novo eMHC+ myofibres (Figure 2 and Figure 3), consistent with a previous study that noted incomplete regeneration and continued presence of necrotic tissue in aged skeletal muscle following damage [16]. The observation of necrotic and regenerative age-specific changes led us to pursue all further analyses by characterizing necrotic and regenerating regions separately.



3.1. Role of PAI-1 in Impaired Muscle Regeneration with Aging


PAI-1 and its control over the plasminogen system potently dictates the success of skeletal muscle regeneration [31,50,55]. Furthermore, PAI-1 is elevated in diabetes (both types 1 and 2) and has been demonstrated to limit tissue regeneration in skeletal muscle [29] and bone [56], which is associated with other diabetic complications such as nephropathy and cardiovascular disease [57,58,59], and induces cellular senescence [49,60,61,62]. Notably, circulating PAI-1 has been demonstrated to increase with advancing age [22,23,24]; however, it is unclear if skeletal muscle itself expresses PAI-1 (whether in an unperturbed state, following exercise, or in response to tissue damage). As well, it is unknown what cell types within skeletal muscle express PAI-1.



For the first time, we have demonstrated local PAI-1 expression in skeletal muscle via immunostaining, in both extracellular and myocellular (i.e., intracellular) spaces (Figure 9). The elevation in extracellular PAI-1 in necrotic aged muscle compared to young muscle was slight but significant. Extracellular PAI-1 affects regeneration by inhibiting plasminogen activators, preventing generation of active plasmin and MMPs, thus limiting proteolytic activity occurring in the extracellular space. This is a critical function during regeneration where a massive number of cells must present and traffic themselves and participate in the degeneration of the ECM and damaged myofibers. In the present study, elevated extramyocellular PAI-1 is consistent with lower MMP-9 levels, aberrant accumulation of collagen I, and the impairment in formation of regenerating myofibers following damage. This is also consistent with the established role of MMP-9 having proteolytic specificity for collagen I [63]. Additionally, PAI-1 has been previously shown to impair macrophage infiltration in damaged muscle [31,64,65,66], and thus, delay the regeneration process. Although aged skeletal muscle had greater macrophage numbers in necrotic regions (Figure 7B), overall, MMP-9 levels were low (Figure 8B), and relatively few MMP-9+ cells were macrophages (Figure 8D). This suggests that the breakdown of necrotic tissue in aged muscle is slow due to, at least in part, impaired proteolytic activity that should be driven by macrophages. In addition to low MMP-9 expression, we hypothesize that elevated PAI-1 is limiting activation of MMP-9 secreted by macrophages in necrotic aged skeletal muscle, preventing progression to regeneration.



Expression of MMP-9 during the early time points of regeneration is critical for the successful degeneration of damaged muscle tissue [45,46,47]. In the current study, MMP-9 expression observed in necrotic and regenerating tissue is predominantly accounted for by macrophages in young but not aged muscle (Figure 8D,E). Other studies have demonstrated MMP-9 expression in damaged skeletal muscle by other cell types, including neutrophils [67,68,69], fibroblasts [70,71,72], and satellite cells [45,73]. Thus, the other MMP-9+ cells can likely be accounted for the combination of these other cell types.



While not tested in the current study, there are strong data indicating that fibrogenic cell types become more active in aged skeletal muscle [74,75,76,77,78,79]. The accumulation of ECM coupled with prolonged presence of macrophage in the necrotic regions of aged muscle may be a result of either (1) poor clearance of macrophages, or (2) a dysfunctional interplay between macrophages and pro-fibrotic cells. Previous studies have identified fibroadipogenic progenitor cells (FAPs) as major contributors of fat and fibrosis accumulation within skeletal muscle [74,75]. Notably, macrophages within dystrophic muscle was identified to secrete transforming growth factor-β (TGF-β)—termed the master regulator of fibrosis and a known inducer of PAI-1 [80]—within the necrotic regions and in close proximity to FAPs, resulting in differentiation of FAPs into active fibroblasts [76,77,78]. A recent study found that macrophages present within aged human muscle were primarily M2 macrophages [81]. This form of macrophage is able to promote fibrosis through the activation of FAPs [11]. Therefore, it is possible that the accumulation of macrophage that we observed are predominantly M2 macrophages promoting FAP-induced ECM protein expression. Additionally, there may be intrinsic factors within FAPs or systemic factors at play that are outside the functionality of macrophages that might be impairing aged FAP, and therefore, predisposing these cells to a pro-fiberogenic lineage [79]. Further investigation is warranted to better elucidate this mechanism in aged skeletal muscle.



The significance of regenerating myofibers in aged muscle demonstrating a strong intracellular PAI-1 signal is less clear. Given that PAI-1 is largely known for its extracellular roles, it is curious that such an increase in the intracellular (myocellular) space was observed (Figure 9A, D). Several non-mutually exclusive possibilities exist. Intracellular PAI-1 levels could be increased due to: i) greater expression within the myofiber, ii) impaired secretion from the myofiber, iii) increased endocytosis of myofiber- or circulation-sourced PAI-1, and/or iv) impaired degradation of intracellular PAI-1. However, at this point it is unclear which of these possibilities might be occurring. It is noteworthy that PAI-1 transcript levels peak in the first 24 h and remain elevated for 5 days following CTX-induced skeletal muscle damage [82,83] (GEO dataset: GDS234; Reference series: GSE469), consistent with the idea that PAI-1 expression is accelerated. Regardless of the mechanism by which PAI-1 accumulates, the significance of myocellular PAI-1 in aged, regenerating skeletal muscle is unknown. To the best of our knowledge, no studies have examined the potential role for intracellular PAI-1 in skeletal muscle, though has been examined as a negative prognostic factor in ovarian cancer [84] and as a signal to keep hematopoietic stem cells in their niche [80].




3.2. Alterations to the ECM During Regeneration in Aged Skeletal Muscle


The repercussions of greater intracellular PAI-1 is unclear. Skeletal muscle senescence [60] may be induced by PAI-1 [61,62,85], however, this is likely due to outside-in signaling. Assuming that PAI-1 is not biologically active until secreted, it is likely that greater PAI-1 expression will have its greatest impact on proteolytic activity in the extracellular space. Reduced MMP-9 expression (Figure 8) was hypothesized to lead to accumulation of ECM proteins. Two collagen isoforms (I and IV) were investigated in the present study to provide a better understanding of the changes occurring in the ECM following muscle damage. Previous findings have demonstrated an aberrant accumulation of collagen in aged muscle [35,36,37], however, these studies examined total collagen expression via histochemistry (i.e., no detection of specific isoforms). Results from the present study showed that aged muscle displayed greater collagen I in undamaged and necrotic regions of damaged TA. However, no differences were observed in the regenerating regions between five and seven days following damage. This suggests that collagen I accumulation occurs prior to tissue damage (Figure 4B), is not easily degraded during muscle necrosis (Figure 4C), but is not grossly exacerbated by muscle damage (Figure 4D).



Collagen IV is a major structural component of the basal lamina layer of the basement membrane where it aggregates with other ECM proteins such as laminin to provide structural stability [42,86]. In aged muscle, it is unknown whether collagen IV accumulates and contributes to fibrosis. The current study found no increase in collagen IV expression in aged undamaged or damaged TA using signal threshold analysis. However, the basement membrane was found to be thicker in structure around regenerating myofibers in aged muscle compared to young muscle at the five- and seven-day time points (Figure 5E,F). This is consistent with a recent study on aged human muscle that demonstrated the incarceration of satellite cells by the basement membrane protein laminin [87]. This thick ECM material was shown to impair satellite cell activation, as indicated by fewer MyoD+/Pax7+ cells [87]. Furthermore, our findings show that the collagen IV layer also appeared to have a more irregular shape in aged regenerating skeletal muscle compared to young. The increased thickness and irregular structure (Figure 5E,F) may be due to incomplete breakdown of existing collagen IV and/or accumulation of newly synthesized collagen IV in aged muscle [45], while the absence of an increase in overall collagen IV-positive area may be a result of smaller and less numerous de novo myofibers. The irregular structure of collagen IV may also be a result of improper linking of the basement membrane to the sarcolemma. Thus, we also investigated an important sarcolemmal-ECM linking protein, fibronectin.



Fibronectin binds to collagen IV and other ECM molecules to provide signals to myofibres [88], while satellite cells rely on fibronectin as an adhesion substrate and to drive myogenic signalling during the regeneration process following muscle damage [43,44,89]. The present study found a reduction of fibronectin within necrotic regions of aged muscle during the early phase of the regeneration process (Figure 6C), consistent with our finding of poor myogenic capacity (Figure 1 and Figure 2) and with a recent study that found the genetic ablation of fibronectin in young muscle resulted in a loss of satellite cell number [89]. However, no difference between young and aged muscle fibronectin expression was observed by day 7 of the regeneration process, when the aged muscle had established many de novo myofibers. No differences were found between young and aged muscle in regenerating regions. Taken together, this suggests that poor fibronectin expression contributes to impaired initiation of regeneration.




3.3. Study Limitations


Early time points following skeletal muscle damage are critical for initiating successful myogenic events. Currently, no studies have followed up with later time points (e.g., 14, 28 days, or longer) to assess if aged skeletal muscle retains any morphological or functional detriments from injury. The current study examined only early time points, but a follow-up examination of later time points is needed.



Further, the ECM in skeletal muscle is composed of a diversity of structural (collagen, laminin, elastin) other and smaller molecules of the ground substance (glycosaminoglycans, proteoglycans). However, the current study examined a limited number of ECM components (collagens I and IV, fibronectin). Future work should address other components of the aged skeletal muscle ECM in the post-injury period.



It would also be of interest to know if there are baseline differences between young and aged control muscle in some of the markers from the current study (e.g., MMP-9, F4/80). Even a slight increase in baseline F4/80+ cells could give rise to far greater numbers upon tissue damage. However, other studies have noted that aging muscle does not have any advantage or disadvantage in resting macrophage number [90,91,92].



Finally, much of this study was observational; comparisons were made between young and aged, necrotic and regenerating skeletal muscle. Future work will need to ascertain that contribution of PAI-1 to the age-related impairments described by our data by way of PAI-1 knockdown or pharmaceutical intervention, as has been successfully implemented in a study of impaired regeneration in type 1 diabetes [29].





4. Materials and Methods


4.1. Animal Care


Thirty male C57BL/6J mice were acquired from Jackson Laboratory (Bar Harbor, ME, USA) at eight weeks of age. Mice were divided into two groups (n = 15 per age group)—young (three months) and aged (18 months) [93]. These groups were then subdivided into three groups to investigate muscle regeneration (n = 5 per subgroup)—3, 5, and 7 days post-damage. Male mice were used to avoid the confounding variable of the estrous cycle [94]. The animal room was maintained at 22 °C, 50% humidity, and a 12-h/12-h light-dark cycle. All mice had access to standard mouse chow and water ad libitum. All experimental protocols were performed in accordance with the ethical standards described by the Canadian Council on Animal Care were approved by the University of Windsor Animal Care Committee (AUPP 16-06, approved September 2016).




4.2. Skeletal Muscle Damage and Tissue Collection


Skeletal muscle damage was induced with a 50 μL intramuscular injection of 10 μM cardiotoxin (CTX; L8102, Latoxan, France) to the left tibialis anterior (TA) muscles of the mice (at three or 18 months of age). The right TA received no injection and remained undamaged to serve as a control. Mice were euthanized at 3, 5, or 7 days, and the damaged and undamaged TA muscles were carefully dissected away from the lower leg, weighed, and mounted with optimum cutting temperature (OCT) embedding compound on a flat piece of cork. Tissue samples were frozen in isopentane cooled by liquid nitrogen and stored at −80 °C for further analyses.




4.3. Histological Analyses


Ten-micron skeletal muscle cross-sections were cut using a Leica CM1860 cryostat (Leica Microsystems Inc., Concord, ON, Canada) and were mounted on glass slides. The subsequent histochemical and immunohistochemical stains are described below.



Hematoxylin and eosin (H&E) stains were used to identify the basic morphology of the muscle following CTX-induced muscle damage. Harris-modified hematoxylin followed by eosin solution (1% w/v Eosin Y disodium salt in ddH2O and 0.1% v/v glacial acetic acid) were used to stain muscle sections. The resulting stain was used to identify regions of necrotic and regenerating muscle and provided information on the severity of muscle damage during at the specific time points.



Immunostaining was performed to determine the expression pattern (semi-quantitatively) and localization of selected proteins and cells (see Table 1 for antibody list and working concentrations). Muscle sections were fixed using ice-cold 2% paraformaldehyde (PFA) for 5 min at 4 °C and blocked appropriately depending on the protein target. For all rabbit and rat primary antibodies, block consisted of 5% normal goat serum (NGS), and 0.1% Triton-X100 in neutral PBS for one hour at room temperature. When staining for embryonic myosin heavy chain (eMHC), mouse IgG block (BMK2202, Vector Laboratories Inc. Burlingame, CA, USA) was applied according to manufacturer’s instructions for 1 h at room temperature followed by a blocking solution of 10% NGS, 1.5% bovine serum albumin (BSA), and 0.2% Triton-X100 in neutral PBS for one hour at room temperature. Primary antibodies were applied at 4 °C overnight in a humidified chamber. In all staining procedures, a negative control section was also generated (i.e., no primary antibody applied). After washing in PBS, appropriate secondary antibodies were applied along with 4,6-diamidino-2-phenylindole (DAPI) to identify nuclei. A 1:3 dilution of TrueVIEW® (SP-8400, Vector Laboratories Inc., Burlingame, CA, USA) in PBS was used to reduce autofluorescence prior to applying aqueous mounting medium and a cover slip. The eMHC antibody was purchased from the Developmental Studies Hybridoma Bank (DSHB), originally contributed by H.M. Blau.




4.4. Image Analysis


H&E stained sections were imaged using a Zeiss Axio Scan Z1 slide scanner equipped with a Hitachi HV F20SCL camera (Carl Zeiss Canada Ltd. Toronto, ON, Canada) Images were taken at a 10× objective (Plan-apochromat 10X/0.45 M27) at a 288% flash intensity and 4 µs flash duration. Subsequent images were then stitched together based on the tissues contrast to the white background and were then Z-stacked and compressed into 1 image using the extended depth of focus. Images obtained were used to assess necrotic and regenerating regions. Regenerating regions were easily identified by the presence of small myofibers with centrally located nuclei. Necrotic regions were identified by the presence of degenerating (i.e., necrotic) myofibers (fragmented borders, lighter H&E stain intensity, and >2 nuclei within the myofiber). Regions that eluded CTX-induced damage were omitted from analysis. Calculation of percentage of damaged area was calculated as follows: 100 × [(necrotic area)/(necrotic + regenerating area)]. Serial cryosections were stained with the described histological and immunostains so that necrotic and regenerating regions could be corroborated between stains/slides.



Images of immunostained sections were obtained using a Nikon 90i eclipse microscope (Nikon Canada, Inc., Mississauga, ON, Canada) and Nikon DS-Qi1Mc camera and analyzed using Nikon Elements Basic Research software (version 3.22, Nikon Canada, Inc., Mississauga ON, Canada). A minimum of five equally distributed images were captured within each of the necrotic and regenerating areas of each muscle. Exposure time was consistent between slides during the imaging process for each immunostain and was determined to be short enough such that the negative control sections displayed no signal.



Analyses were based on determination of average pixel brightness (see Figure 9D), signal thresholding to define positive vs negative regions (see Figure 2, Figure 3, Figure 4, Figure 5, Figure 6 and Figure 9), or manual counting. Collagen and fibronectin analysis used signal thresholding to identify positively stained structures. Collagen IV layer thickness was also assessed. To determine macrophage density, cells were identified using F4/80 cell surface marker and DAPI and were manually counted within the necrotic and regenerating regions. Control (undamaged) TA muscle demonstrated few F4/80+ cells (Figure S2). F4/80+ cells were also assessed for colocalization with MMP-9 via manually counting within their respective regions. Control TA muscle demonstrated virtually no MMP-9 signal (Figure S3). Similarly, PAI-1 was not detectable in control TA muscle. Images were evaluated by two reviewers, independently.



H&E-stained, and eMHC-stained, sections were analyzed for mean myofibre cross-sectional area. Individual fibres were manually outlined to determine cross-sectional area. At least 100 fibers per image, and 3–5 images were analyzed per muscle group.




4.5. Statistical Analyses


All data were analyzed using SPSS (IBM SPSS Statistics 25, SPSS Inc., Chicago, IL, USA). A two-way ANOVA was used to analyze for differences in dependent variables between young and aged mice at different time points following induction of muscle damage. The independent variables were age (young or old) and time following muscle damage (3, 5, or 7 days post-damage). If a significant interaction was detected, a post-hoc test consisting of a simple main effects analysis with Bonferroni adjustment was performed to determine the effect of both independent variables on the dependent variable [95]. In some analyses (for example, see Figure 4C,D), insufficient appearance of regenerating regions at three days post-CTX or necrotic regions at seven days post-CTX precluded inclusion of those data in the two-way ANOVA.



A two-tailed t-test was used to analyze for potential differences between young and old in the undamaged TA muscle since time post-CTX was irrelevant. All data, including those depicted in figures, are provided as mean ± standard deviation. Outcomes of all statistical analyses (testing for main effects, interactions, post-hoc simple main effects, and t-tests) were considered significant at p < 0.05. All p-values are reported within the results and figure captions. Additionally, a supplementary file is provided with full statistical outputs from SPSS.





5. Conclusions


Overall, this study characterized notable alterations to the extracellular environment during skeletal muscle regeneration with aging. Data from this study supports the hypothesis that the regeneration process in aged muscle is impaired as a result of poor remodeling of the ECM. ECM remodeling likely begins immediately following damage; however, in aged skeletal muscle, PAI-1 is highly expressed and is likely suppressing the proteolytic function of MMP-9, thus slowing the activation of satellite cells, and thus limiting the rate of regeneration. Future studies are needed to better understand the mechanism by which extramyocellular and myocellular PAI-1 regulates muscle regeneration, and in doing so, will aid in the development of therapeutic strategies to help mitigate age-related muscle decline.
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Figure 1. Plasminogen system. Plasminogen is the inactive substrate of the plasminogen system that is activated into plasmin primarily by urokinase plasminogen activator (uPA) in skeletal muscle. Plasmin can directly degrade fibrin into fibrin degradation products (FDPs) and activate MMPs. The MMPs work to degrade connective tissue in the ECM and also activate additional MMPs in a positive feedback loop. PAI-1 functions as the upstream inhibitor of the plasminogen system by inhibiting uPA and thus preventing the activation of plasminogen. Adapted from Higazi, A.A.-R [32]. 
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Figure 2. Regenerative capacity of aged skeletal muscle is impaired. (A) hematoxylin and eosin (H&E) cryosections of the TA muscle throughout the regeneration time course (3–7 days). Control (undamaged) TA (B) mean cross-sectional area (p = 0.003) and (C) muscle mass were significantly greater in the aged group (p < 0.001). * denotes a significant difference detected by two-tailed t-test. (D) Damaged TA muscle mass was different between young and aged groups and across recovery time points. * denotes a significant main effect of age (p = 0.001). † denotes a significant main effect of recovery time point following damage (p < 0.001). (E) Regenerating myofibers were identified via embryonic myosin heavy chain (eMHC; red) and 4,6-diamidino-2-phenylindole (DAPI; blue) at five and seven days following damage. (F) A significant interaction between age and recovery time points was observed (p = 0.02). Regenerating myofiber cross-sectional area was found to increase from five to seven days in young mice (simple main effects post-hoc analysis: p < 0.001), and there was a significant difference at seven days between young and aged muscle (simple main effects post-hoc analysis: p = 0.001). (G) Relative regenerating myofiber area was significantly greater in young muscle compared to aged muscle at five and seven days following damage. * denotes a significant main effect of age (p < 0.001). † denotes a significant main effect of recovery time point following damage (p = 0.013). n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 50 μm. 
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Figure 3. Necrosis is increased in aged muscle regeneration. (A) Representative images of whole muscle sections undergoing regeneration at their respective time points. (B) A significant interaction between age and recovery time points was identified (p < 0.001). Necrotic regions were found to be identical three days following damage in young and aged muscle, however, necrotic area decreased significantly in young muscle at five days following damage (simple main effects post-hoc analysis: p < 0.001 in all instances). The * indicates significant differences detected by a simple main effects post-hoc analysis (p < 0.001). n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 500μm. 
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Figure 4. Collagen I expression is greater in the necrotic regions of aged muscle. (A) Immunostaining of collagen I (green) and DAPI (blue) at each time point following damage. Arrows denote regions of dense collagen I persistent at 5 days post-CTX in aged muscle. (B) Collagen I positive area in the undamaged contralateral leg was observed to be greater in aged muscle compared to young (t-test: p = 0.006; indicated by *). (C) Percent positive area of collagen I was greater in the necrotic region of aged muscle at three and five days following damage. * denotes a significant main effect of age (p = 0.002). (D) A significant interaction between age and recovery time points was observed (p = 0.034). Simple main effect post-hoc analysis demonstrates a significantly greater accumulation of collagen I in the regenerating region of aged muscle at seven days following damage (p = 0.024). * indicates significant differences detected by a simple main effects post-hoc analysis (p = 0.024). n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 50 μm. 
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Figure 5. Collagen IV expression following cardiotoxin (CTX)-induced muscle damage in young and aged skeletal muscle. (A) Immunostaining of collagen IV (green) and DAPI (blue) at each time point following damage. (B) Collagen IV positive area in the undamaged contralateral leg was not significantly difference in young and aged muscle (t-test: p = 0.83). No significant differences in collagen IV percent positive area were detected in (C) necrotic and (D) regenerating regions. (E) Magnified of collagen IV area in young and aged muscle. Arrows denote regions of thicker collagen IV layers at five days post-CTX in aged muscle. (F) A significant interaction between age and recovery time point was observed (p = 0.015). Simple main effects post-hoc analysis found aged muscle to have a significantly greater collagen IV layer thickness compared to young at five and seven days following damage (p < 0.001 in both instances). * indicates significant differences detected by a simple main effects post-hoc analysis (p < 0.001). n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 50 μm. 
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Figure 6. Fibronectin content is acutely greater in the necrotic region of young muscle. (A) Immunostaining of fibronectin (green) and DAPI (blue) at each time point following damage. Arrows denote regions of broad fibronectin at three days post-CTX in young muscle. (B) Fibronectin positive area in the undamaged control TA was not significantly different between young and aged (t-test: p = 0.256). (C) Fibronectin content increases over time from three to five days following damage in the necrotic region. Additionally, fibronectin was greater in the young groups during these acute time points. * denotes a significant main effect of age (p = 0.002). † denotes a significant main effect of recovery time point following damage (p < 0.001). (D) No statistically significant changes were observed in fibronectin content in the regenerating region of young and aged muscle. Note that the seven-day time point in the necrotic region and the three-day time point in the regenerating regions were not used in the statistical analysis due to insufficient instances of those regions depending on age and time point. n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 50μm. 
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Figure 7. Macrophage responses to skeletal muscle differ between young and aged skeletal muscle. (A) Immunostaining of F4/80 (red) and DAPI (blue) used to identify macrophages. White arrows indicate F4/80+ cells (macrophages). White frame indicates region of higher magnification shown in neighbouring inset. Scale bars both represent 50 μm. (B) Macrophage density was greater in the necrotic region of aged muscle and remains steady between three to five days following damage. * denotes significant main effect of age (p = 0.025). (C) A significant interaction between age and recovery time point following damage was observed (p < 0.001). Simple main effect post-hoc analysis revealed a significant difference in macrophage density at five days following damage, with young muscle having greater density (p < 0.001). However, at seven days following damage, macrophage density in aged muscle was greater than young (p < 0.001). A significant drop in macrophage density between five and seven days in young muscle was observed (p = 0.001), while the opposite was observed in aged muscle (p < 0.001). The * indicates significant differences detected by a simple main effects post-hoc analysis (p < 0.05). n = 4–5 per group. Data presented are means ± standard deviation. 
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Figure 8. MMP-9 expression was elevated acutely following damage in young muscle. (A) Immunostaining of MMP-9 (green), F4/80 (red), and DAPI (blue). Arrows indicate F4/80+/MMP-9+ cells and arrowheads indicate F4/80-/MMP-9+ cells five days post-CTX. (B) A significant interaction between age and recovery time point in MMP-9+ area following damage was detected within the necrotic regions (p = 0.004). Simple main effect post-hoc analyses demonstrated a significant greater MMP-9 expression within young muscle at three days following damage (p < 0.001). MMP-9 expression declined significantly from three to five days following damage (p < 0.001). (C) No significant differences in MMP-9-positive area were observed in the regenerating regions of young and aged muscle (p > 0.05). (D) A significant interaction between age and recovery time point on MMP-9+/F4/80+ cells were detected following damage (p = 0.004). A simple main effects post-hoc analysis showed significantly greater macrophage-specific (F4/80+) MMP-9 expression in the necrotic regions of young muscle five days following damage (p = 0.009). Additionally, macrophage-specific MMP-9 expression increased significantly between three and five days in young, however, the opposite was observed in aged muscle (p = 0.026 and p = 0.031, respectively). (E) A significant main effect of age was found in the regenerating regions, with young muscle displaying a greater percentage of macrophage-specific MMP-9 expression compared to aged muscle (p = 0.008). * in (B) and (D) indicates significance from the simple main effects post-hoc analyses (p < 0.05). * in (E) indicates a main effect of age. n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 100 μm. 
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Figure 9. PAI-1 expression is greater in aged skeletal muscle. (A) Immunostaining of PAI-1 (green) and DAPI (blue) at five days following damage. (B) A significant interaction between age and recovery time point following damage was observed in the necrotic regions (p = 0.044). Simple main effect post-hoc analyses demonstrated a significant greater extramyocellular PAI-1 expression within aged muscle at three and five days following damage (p = 0.005 and p < 0.001, respectively). Extramyocellular PAI-1 within the necrotic regions of young muscle declined significantly between three and five days following damage (p = 0.015). * denotes significant differences between groups identified by the simple main effects post-hoc analyses (p < 0.05). (C) No significant differences in extramyocellular PAI-1 were observed in the regenerating region of young and aged muscle (p > 0.05). (D) Brightness analysis of PAI-1 within regenerating myofibers showed significantly greater PAI-1 signal within aged regenerating myofibers compared to young (* denotes main effect of age: p = 0.029). n = 4–5 per group. Data presented are means ± standard deviation. Scale bar represents 50 μm. 
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Table 1. Antibody list used for immunofluorescence. Validation is provided on supplier’s website.
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	Antibody
	Supplier
	Catalogue
	Host Species
	Concentration





	Collagen I
	Abcam
	ab34710
	Rabbit
	1:200



	Collagen IV
	Abcam
	ab6586
	Rabbit
	1:300



	Fibronectin
	Abcam
	ab23750
	Rabbit
	1:300



	PAI-1
	Abcam
	ab66705
	Rabbit
	1:200



	MMP-9
	Abcam
	ab38898
	Rabbit
	1:200



	eMHC
	DSHB
	F1.652
	Mouse
	1:1



	F4/80
	Abcam
	ab90247
	Rat
	1:100
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