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Abstract: The food industry is trying to reformulate many of its products to replace functional
ingredients that are chemically synthesized or isolated from animal sources (such as meat, fish, eggs,
or milk) with ingredients derived from plant or microbial sources. This effort is largely a result of the
demand for foods that are better for the environment, human health, and animal welfare. Many new
kinds of plant- or microbial-derived proteins are being isolated for potential utilization as functional
ingredients by the food industry. A major challenge in this area is the lack of standardized methods
to measure and compare the functional performance of proteins under conditions they might be used
in food applications. This information is required to select the most appropriate protein for each
application. In this article, we discuss the physicochemical principles of emulsifier functionality and
then present a series of analytical tests that can be used to quantify the ability of proteins to form and
stabilize emulsions. These tests include methods for characterizing the effectiveness of the proteins
to promote the formation and stability of the small droplets generated during homogenization, as
well as their ability to stabilize the droplets against aggregation under different conditions (e.g.,
pH, ionic composition, temperature, and shearing). This information should be useful to the food
industry when it is trying to identify alternative proteins to replace existing emulsifiers in specific
food applications.

Keywords: emulsions; nanoemulsions; plant proteins; alternative proteins; plant-based foods;
emulsifiers

1. Introduction

An important trend in the modern food industry is the creation of foods designed to
reduce the negative impacts of the food supply on the environment, human health, and
animal welfare [1–3]. A major thrust in this area is the replacement of animal-derived
ingredients (such as those from meat, fish, eggs, or milk), with those from alternative
sources (such as plants, algae, and microbes) [4–6]. Proteins are one of the most versatile
functional ingredients found in foods and so there is a strong focus on finding alternatives
to animal proteins [4,7]. Animal proteins may be naturally present within whole foods
(such as meat, fish, eggs, or milk) or they may be isolated and used as functional ingredients
(such as gelatin, lysozyme, caseinate, or whey proteins) [3]. These proteins make important
contributions to the desirable physicochemical, textural, and sensory attributes of many
foods due to the diverse range of functional attributes, such as emulsification, foaming,
thickening, gelling, structure forming, water holding, and oil retention [7]. Moreover, they
contribute to the nutritional content of foods by providing calories and essential amino
acids [8]. Consequently, it is important that any alternative proteins provide the same
desirable functional and nutritional attributes as animal proteins. Proteins derived from
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animals, such as those isolated from milk (casein and whey protein), egg (ovalbumin), and
meat (gelatin) are commonly used as emulsifiers in the food industry because they are
amphiphilic molecules that can adsorb to oil-water interfaces, reduce the interfacial tension,
and protect the oil droplets from aggregation. One of the major challenges in this area is
that there are no widely recognized analytical methods available to measure and compare
the functional attributes of animal and alternative proteins under conditions where they
may be used in real food applications. As a result, it is difficult to select an alternative
protein to replace an animal protein in specific food products.

In this article, we propose a series of analytical tests that can be used to characterize
the ability of alternative proteins to form and stabilize emulsions. We also propose a stan-
dardized format for presenting the data from these tests so that the functional performance
of different proteins can be compared under similar conditions. This is important because
the ability of proteins to form and stabilize oil-in-water emulsions is critical in many kinds
of food products. For instance, proteins can be used as emulsifiers in soft drinks, coffee
creamers, dressings, sauces, desserts, and nutritional beverages, as well as in meat, egg, and
dairy analogs [3,9]. Moreover, they can be used as emulsifiers in emulsion-based delivery
systems, such as those used to encapsulate, protect, and deliver hydrophobic bioactive
agents like oil-soluble vitamins, omega-3 lipids, and nutraceuticals [10,11].

Typically, protein-based emulsifiers must perform two important functions when cre-
ating emulsions [12,13]. First, they should rapidly adsorb to the surfaces of the oil droplets
generated during homogenization, thereby forming small protein-coated oil droplets. Sec-
ond, they should protect the oil droplets from aggregation during food production, storage,
distribution, and utilization. In some foods, however, controlled droplet aggregation is
desirable because it leads to a highly viscous or gelled product with desirable textural
attributes (e.g., desserts, yogurts, and cheeses). Consequently, standardized methods are
needed to characterize both the emulsion forming and emulsion stabilizing properties of
alternative proteins. This information could then be utilized to select the most appropriate
protein for a specific application.

In this article, we begin by discussing the physicochemical principles of emulsifier
performance and then present a series of protocols that can be used to characterize the
composition and functionality of protein-based ingredients.

2. Physicochemical Principles of Emulsifier Performance

Protein-based emulsifiers should be able to facilitate the formation of emulsions and
enhance their stability (Figure 1). In this section, we therefore provide an overview of
the physicochemical basis for the ability of emulsifiers to form and stabilize oil-in-water
emulsions. This knowledge is important when establishing an appropriate analytical
protocol to characterize and compare the performance of different alternative emulsifiers.

Figure 1. Protein-based emulsifiers play two major functions in the production of emulsion-based
foods: facilitate emulsion formation and enhance emulsion stability.
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2.1. Formation of Emulsions
2.1.1. Principles of Homogenization

Protein-stabilized emulsions are usually formed by homogenizing oil and water phases
using a mechanical device known as a homogenizer [14,15]. Homogenizers are designed
to breakup and intermingle the oil and water phases, as well as to reduce the size of the
oil droplets [16,17]. Proteins are normally dissolved or dispersed in the water phase prior
to homogenization because their outer surfaces are predominantly hydrophilic (although
they also need to have some exposed hydrophobic groups to make them surface active, but
not too many or they will tend to aggregate). Various kinds of homogenizers can be used
to form oil-in-water emulsions, including high-shear blenders, colloid mills, high-pressure
valve homogenizers (HPVHs), microfluidizers, and sonicators [16–18]. Within each of
these categories there are different instrument designs, and each type of instrument can be
operated differently (e.g., energy intensity, duration, and temperature). This makes it chal-
lenging to develop standardized test protocols because different laboratories have access
to different homogenizers. Significant advances have been made towards understanding
the fundamental transport phenomena govering the mechanisms of droplet formation
during homogenization processes, including interfacial tension, inertia, and viscous force
effects [16]. Nevertheless, more research is still required to understand the relative impor-
tance of different physical processes in different homogenizers. In the future, it would be
advantageous to establish standardized operating conditions for each kind of homogenizer
that would make the results comparable with other types of homogenizers.

Most homogenizers can be used to produce oil-in-water emulsions using proteins
as emulsifiers. Nevertheless, there are some factors that should be considered when se-
lecting the most appropriate one for a specific application. Proteins can be hydrolyzed,
denatured, and/or aggregated within homogenizers as a result of the intense local tem-
peratures and pressures generated, which may adversely impact their ability to form and
stabilize emulsions [19]. This is especially true when emulsions are homogenized at high
energy intensities for long times [20]. Proteins may also become denatured and aggregated
during homogenization because they adsorb to oil-water interfaces and undergo confor-
mational changes due to the alteration in their local thermodynamic environment [21–24].
It is therefore important to consider any potential adverse effects of homogenization on
protein functionality when selecting an appropriate test for characterizing their ability to
form emulsions.

2.1.2. Role of Emulsifier in Emulsion Formation

In this section, the impact of the properties of protein-based emulsifiers on the size of
the oil droplets produced during homogenization is considered (Figure 2). We use a HPVH
as an example as this kind of homogenizer is the most widely used in industry for producing
food emulsions (Figure 3). It should be noted, however, that similar physicochemical events
occur inside other types of homogenizers during emulsion formation [15,18].

Initially, the protein should be dissolved or dispersed in the water phase because the
surfaces of most food proteins are predominantly hydrophilic. Ideally, the protein should
be completely dissolved in the water phase, as this improves its functional performance.
In many cases, however, proteins are not completely soluble in water and so there may
be a fraction in a molecular form and another fraction in a particulate form. The ratio
of these two fractions in a protein ingredient will impact its ability to form emulsions.
For this reason, researchers often centrifuge and/or filter protein dispersions prior to
homogenization to remove the insoluble fraction [25]. Alternatively, the relative amounts
of the soluble and insoluble fractions could be measured and reported.
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Figure 2. Representation of the major physicochemical processes occurring inside a high-energy
homogenizer during emulsion formation: droplet disruption; droplet coalescence; emulsifier adsorp-
tion; and droplet stabilization. Small droplets tend to be formed when the emulsifier adsorbs more
rapidly than droplet collisions occur.

Sometimes, particulate forms of proteins are used to create emulsions [26]. In this
case, protein particles adsorb to the droplet surfaces rather than protein molecules, and
the resulting colloidal dispersions are referred to as Pickering emulsions. Typically, the
oil droplets produced using protein particles are much bigger than those produced using
protein molecules [27], which is unsuitable for some applications because they would
rapidly cream (e.g., soft drinks, plant-based milks, or nutritional beverages). Conversely,
the resistance of protein-coated oil droplets to coalescence is much higher for particle-
based than for molecular-based protein emulsifiers [28,29]. In summary, it is important to
characterize the aggregation state of the proteins being tested when forming emulsions.

Typically, the oil phase and protein-containing water phase are then blended using a
high-shear blender to form a coarse emulsion (Figure 3), which commonly contains quite
large oil droplets (d > 2 µm). After this process, some of the protein will be adsorbed to the
surfaces of the oil droplets and some of it will remain in the water phase surrounding them
(Figure 2). The coarse emulsion is then poured into the inlet of a HPVH, which uses a pump
to force it through a narrow orifice under high pressure (Figure 3). As the emulsion passes
through the orifice it experiences a large reduction in pressure, which generates a complex
mixture of disruptive stresses, including cavitation, turbulence, and shear stresses, which
cause fragmentation of the large oil droplets [16,30]. The size of the oil droplets generated
within the homogenizer depends on the balance between these disruptive stresses and
interfacial restoring effects, such as the Laplace pressure [31,32].
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Figure 3. Simplified diagram of the typical two-step procedure used to produce oil-in-water emul-
sions using a high-energy method (i) a coarse emulsion is formed using a high-shear mixer; (ii) a fine
emulsion is formed by passing the coarse emulsion through a high-pressure valve homogenizer.

Promotion of Droplet Disruption

The interfacial restoring stresses are a result of the positive free energy associated with
the thermodynamically unfavorable contact between oil and water molecules at the droplet
surfaces, which arises because of the hydrophobic effect [18]. As a result, oil droplets have
a strong tendency to adopt a spherical shape when dispersed in water because this shape
minimizes the contact area between the oil and water phases. To a first approximation, the
magnitude of the interfacial restoring effect can be taken to be the Laplace Pressure (∆PL):

∆PL =
4γ

d
(1)

In this equation, γ is the oil-water interfacial tension and d is the diameter of the oil
droplets [33]. Inside a homogenizer, large oil droplets are broken down into smaller ones
when the disruptive stresses exceed ∆PL [16,31,32]. Based on Equation (1), one would
expect smaller oil droplets to be produced under fixed homogenization conditions when
the interfacial tension is lower. This can be achieved by using a more polar oil or by using
an emulsifier that can rapidly adsorb to the oil droplet surfaces during homogenization
and reduce the interfacial tension by an appreciable amount. In general, the adsorption rate
and interfacial tension reduction of proteins depend on their molecular and physicochemi-
cal characteristics, such as molar mass, conformation, aggregation state, charge, surface
hydrophobicity, as well as environmental conditions such as aqueous phase viscosity and
temperature.

The disruptive stresses generated by a homogenizer depend on its design and the
operating conditions used (such as homogenization pressure or sonication intensity). If an
emulsion is repeatedly exposed to these disruptive stresses (e.g., by continuously passing
it through the homogenizer) and there is sufficient emulsifier present, then the size of
the droplets will decrease until they reach a certain level where the disruptive stresses
balance the interfacial restoring effects. Under these conditions, the droplet size is mainly
determined by the disruptive stresses generated by the homogenizer, although emulsifier
type does have some effect because it influences the magnitude of the Laplace pressure
through the interfacial tension (Equation (1)).
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Inhibition of Droplet Coalescence

The size of the oil droplets produced during homogenization also depends on the ten-
dency for coalescence to occur inside the homogenizer [16,34–36]. When larger oil droplets
are broken down into smaller ones there is an increase in the oil-water interfacial area
(Figure 2). Consequently, the surfaces of the newly formed oil droplets are not completely
covered with emulsifier molecules. The stability of these emulsions to coalescence inside
the homogenizer depends on the rate of emulsifier adsorption relatative to the rate of
droplet-droplet collisions [37]. If the oil droplets collide with their neighbors before there is
time for their surfaces to be fully covered by emulsifier, then they tend to coalesce with each
other, leading to an increase in droplet size [31,38]. Conversely, if the emulsifiers adsorb so
quickly that the droplet surfaces are completely covered before they have a chance to collide
with their neighbors, they may be stable to coalescence. Of course, it is also important to
use a protein-based emulsifier that generates strong repulsive interactions between the
protein-coated oil droplets under the solution conditions employed (e.g., pH, ionic strength,
or temperature). Otherwise, droplet aggregation may occur even when the droplet surfaces
are completely covered by emulsifier.

Factors Affecting Emulsifier Performance

The rate at which proteins adsorb to oil droplet surfaces during homogenization,
their effectiveness at reducing the interfacial tension, and their ability to prevent droplet
aggregation all depend on the molecular characteristics of the proteins used. For instance,
the size, aggregation state, charge, and surface hydrophobicity of proteins are likely to
impact their ability to form and stabilize small droplets during homogenization [39]. In
the remainder of this section, we examine some of the most important factors that are
known to impact the ability of protein-based emulsifiers to form small droplets during
homogenization.

Emulsifier concentration: When forming food emulsions, it is important to include
enough emulsifier to cover all the small oil droplets generated within the homogenizer,
while not including too much, otherwise there may be an increase in ingredient costs and
off-flavors. A solution containing a fixed amount of emulsifier can only cover a certain
amount of oil-water interface, which depends on the nature of the emulsifier used. The
oil-water interfacial area that needs to be covered is governed by the droplet concentration
and size. Typically, the amount of emulsifier required to stabilize the droplets increases with
increasing droplet concentration and decreasing droplet size. Assuming that the droplet
size is limited by the amount of emulsifier present, the smallest droplet diameter that can
be reached during homogenization can be described by the following expression [18]:

dmin =
6Γsatφ

cs
(2)

In this equation, dmin is the surface-weighted mean diameter (d32), Γsat is the surface
load of the emulsifier when the droplet surfaces are saturated (in kg m−2), ϕ is the volume
fraction of the disperse phase (unitless), and cS is the total concentration of emulsifier in
the emulsion (in kg m−3). Equation (2) predicts that the minimum droplet size that can
be produced during homogenization decreases as the surface load of the emulsifier and
volume fraction of the disperse phase decrease, as well as when the emulsifier concentration
increases.

There are several assumptions underlying the derivation of this equation that should
be considered when using it. First, it is assumed that the oil droplets generated inside
the homogenizer are only stable to aggregation once their surfaces are fully coated with
emulsifier. At lower surface concentrations, it is assumed that droplets coalesce with their
neighbors when they collide with them. In practice, full coverage of the oil droplet surfaces
by an emulsifier may not be required to inhibit droplet coalescence within a homogenization.
Even so, it is likely to be close to full coverage. Second, the equation assumes that the size
of the droplets produced during homogenization is limited by the emulsifier concentration,
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rather than by the intensity of the disruptive forces generated by the homogenizer. In some
cases, a homogenizer may not be able to generate small droplets because of limitations in
its mechanical design, and so adding more emulsifier to the aqueous phase will not reduce
the droplet size. Third, the equation assumes that all the emulsifier molecules adsorb
to the oil droplet surfaces. In practice, some of them may remain in the aqueous phase
(Figure 2). Fourth, it assumes that the emulsifier molecules form a monolayer around the
oil droplets. But some emulsifiers are known to form multilayers, especially when used
at high concentrations [40,41]. Multilayer formation may also depend on other factors,
such as pH, ionic strength, and temperature, as these affect the tendency for the protein
molecules to associate with each other. Consequently, the surface load of an emulsifier
may depend on its concentration and the solution conditions used. This phenomenon is
important to recognize when comparing the surface loads of different kinds of proteins.

Predictions of the change in droplet diameter with emulsifier concentration for an
emulsion with a fixed disperse phase volume fraction (oil content = 10 vol%) are shown
in Figure 4 for model protein-based emulsifiers with different surface loads. These pre-
dictions indicate that the size of the droplets should decrease with increasing emulsifier
concentration and decreasing surface load. Consequently, if one is trying to produce an
emulsion with a certain droplet size and concentration, then the amount of emulsifier
required will depend on the surface load of the emulsifier: the higher the surface load, the
more emulsifier is required. Protein-based emulsifiers vary considerably in their surface
loads and so this is an important parameter to compare their effectiveness. There are several
reasons that the minimum droplet size predicted by the above equation may not be reached
in practice: (i) the emulsifier molecules are unable to adsorb fast enough to the droplet
surfaces during homogenization, leading to some droplet coalescence; (ii) a fraction of the
emulsifier molecules stay in the aqueous phase and are not adsorbed; (iii) the homogenizer
is unable to generate strong enough disruptive forces.
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Figure 4. Under conditions where the droplet size is limited by the amount of emulsifier present
(rather than the homogenizer operating conditions), the mean droplet diameter decreases with in-
creasing emulsifier concentration. Here, the mean particle diameter (d32) is plotted against emulsifier
concentration for emulsifiers with different surface loads. Predictions were made using Equation (2).

Experimental measurements of the change in droplet size with emulsifier concen-
tration under quite similar homogenization conditions (microfluidization at 10,000 or
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12,000 psi with 3 passes) are shown for several proteins in Figure 5. These results clearly
show that protein type has a major influence on the size of the oil droplets produced during
homogenization, which may partly be due to differences in their surface load, as well as
their adsorption kinetics, surface activity, or interfacial tension reduction.

Figure 5. The effectiveness of different emulsifiers can be compared by plotting the mean particle
diameter (d32) versus emulsifier concentration. Data from authors laboratory.

2.1.3. Role of Homogenization Conditions

Homogenization conditions also play an important role in determining the size of
the oil droplets in emulsions. In particular, the type of homogenizer used, the intensity
of the disruptive forces generated, and the duration of homogenization are all important
factors [16,17,42]. The disruptive force intensity and duration depend on homogenizer type.
For high pressure valve homogenizers and microfluidizers it is mainly governed by the
operating pressure and number of passes used, whereas for sonicators it is mainly governed
by the power and application time of the high-intensity ultrasonic waves. The droplet size
usually decreases with increasing disruptive force intensity and duration, but the nature
of this relationship depends on emulsifier type and concentration [18]. Several potential
situations that might occur during high pressure valve homogenization or microfluidization
are shown in Figure 6.

Sufficient Emulsifier Conditions: When the amount of emulsifier present in the system is
always more than enough to cover all the oil droplet surfaces generated during homog-
enization, then the droplet size continually decreases as the operating pressure is raised.
However, once the maximum operating pressure a homogenizer can attain is reached,
the droplet size cannot decrease any further. Under sufficient emulsifier conditions, the
droplet size is primarily governed by the homogenization pressure and there is typically
a linear relationship between the logarithm of the droplet size and the logarithm of the
operating pressure. Even so, the size of the droplets produced under these emulsifier
conditions also depends somewhat on the nature of the emulsifier used, as well as the
physicochemical properties of the oil and water phases. The ease of droplet disruption
during homogenization usually increases as the interfacial tension and oil-to-water vis-
cosity ratio decreases [42,43]. Thus, smaller oil droplets can be produced for emulsifiers
that decrease the interfacial tension by a larger amount, and when the viscosity of the
oil phase becomes more like that of the water phase. Moreover, the rate at which the
emulsifier adsorbs to the oil droplet surfaces during homogenization is important as this
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governs the interfacial tension decrease during the formation of new oil/water interfaces
as droplets are disrupted and their surface areas increase, as well as the resistance of the
droplets to coalescence when they collide with their neighbors. If the emulsifier adsorbs
too slowly, then the interfacial tension will not be fully decreased before the next droplet
fragmentation event occurs and the droplet surfaces will not be fully covered before the
next droplet-droplet collision event occurs. Consequently, proteins that adsorb quickly and
reduce the interfacial tension by a large amount tend to produce smaller droplets during
homogenization [44,45].

Figure 6. The mean particle diameter usually decreases with increasing homogenization pressure,
provided there is sufficient emulsifier present to cover the surfaces of all droplet formed. In some
situations, the particle size increases at high homogenization pressures, which is known as over-
processing. Predictions were made using Equation (2) for the case of sufficient emulsifier, and
modified for the other curves to schematically show the effects of over-processing and limited
emulsifier on droplet size.

Limited Emulsifier Conditions: When the amount of emulsifier present in the system is
insufficient to fully cover all the oil droplet surfaces produced during homogenization, then
the droplet size is mainly governed by emulsifier concentration rather than homogenization
conditions [37]. Under these conditions, almost all the emulsifier included in the original
system will be adsorbed to the surfaces of the oil droplets. As a result, the size of the droplets
cannot be decreased any further because there is not sufficient emulsifier to stabilize the
surfaces of any more droplets. In this situation, the homogenizer usually generates many
small droplets but many of them coalesce with their neighbors because their surfaces are
not fully covered with emulsifier (Figure 2). Droplet coalescence will occur until there is
enough emulsifier present to cover all the droplet surfaces. To a first approximation, the
smallest droplet size that can be achieved under these conditions can be predicted using
Equation (2).

Over-processing: Occasionally, the size of the droplets produced by homogenization ini-
tially decreases when the homogenization pressure is raised, but then it increases [46]. This
phenomenon is known as over-processing and is usually a result of droplet aggregation
occurring at high pressures, which often arises due to a decrease in the functional perfor-
mance of the emulsifiers. When homogenizers are operated at high pressures there is often
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a considerable rise in temperature because of the heat generated due to friction as the fluids
move at high speeds. Under these conditions, protein molecules may undergo conforma-
tional changes (such as thermal denaturation), which increase their surface hydrophobicity,
thereby increasing their tendency to aggregate with each other. As a result, large protein
aggregates may be formed that cannot rapidly adsorb to the oil droplet surfaces nor reduce
the interfacial tension efficiently. In addition, homogenizing for extended periods can
also lead to an increase in droplet size, which may be because the rise in temperature
leads to thermal denaturation and aggregation of the proteins or because repeated adsorp-
tion/desorption at the oil-water interfaces leads to surface denaturation and aggregation of
the proteins [21]. Consequently, it is important to optimize the homogenization conditions
to avoid over-processing effects, as this can reduce product quality, increase costs, and
decrease energy efficiency.

In general, homogenization is an extremely complex dynamic process where droplet
formation, disruption, and coalescence occur simulataneously due to the action of complex
fluid flow and force profiles inside the mechanical device. As a result, it is often difficult to
understand the relative importance of the various physical phenomenon occurring to the
final droplet size distribution. However, valuable insights into the behavior of droplets can
be obtained using microfluidic devices that apply well-defined flow and force profiles to
oil and water phases in the presence of emulsifiers. The application and insights of these
microfluidic methods have been reviewed in detail recently, and interested readers are
referred to these articles [47,48].

2.2. Stabilization of Emulsions

Once small oil droplets have been successfully formed by homogenization, it is usu-
ally necessary to ensure they remain stable throughout a food product’s intended lifes-
pan [33,49,50]. For instance, they may be expected to remain stable during the manufac-
turing process, throughout storage and distribution, and when they are utilized by the
consumer. Emulsions may experience various environmental stressors during their lifespan
that may promote their deterioration, including changes in solution conditions (e.g., pH
and ionic strength), variations in temperature (e.g., chilling, freezing, pasteurization, steril-
ization, or cooking), changes in environmental conditions (e.g., light and oxygen levels),
exposure to mechanical stresses (e.g., flow through a pipe, shearing, and vibrations during
transport), and food matrix interactions (e.g., mineral ions, polysaccharides, and polyphe-
nols). Emulsion deterioration may involve one or more physicochemical and biological
processes, such as creaming, sedimentation, flocculation, coalescence, partial coalescence,
Ostwald ripening, phase inversion, chemical degradation, and microbial contamination.
The most important physicochemical mechanisms of emulsion instability are summarized
in Figure 7. The susceptibility of protein-stabilized emulsions to these processes depends
on their initial composition and microstructure, as well as their history after manufacture.
Each emulsion should therefore be designed to remain stable over the conditions it might
experience during its lifespan, including alterations in pH, ionic composition, ingredient
interactions, temperature, dilution/concentration, mechanical stresses, and water activ-
ity. Protein-based emulsifiers vary somewhat in their ability to resist these changes in
solution and environmental conditions. Consequently, it is important to select the most
appropriate one for the specific food or beverage they are going to be used in. Several
mechanisms by which protein-based emulsifiers may impact the physicochemical stability
of food emulsions are highlighted here.
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Figure 7. Schematic diagram of different physicochemical mechanisms that protein-stabilized oil-
in-water emulsions may become unstable: gravitation separation, flocculation, coalescence, and
oiling-off.

2.2.1. Gravitational Separation

Gravitational separation is one of the most common instability mechanisms observed
in emulsified foods and beverages, and so manufacturers must carefully design their
products to prevent it. The driving force for gravitational separation is the density contrast
between the oil droplets and the fluid that surrounds them. For dilute emulsions, the
velocity (v) that droplets move upwards is described by Stokes’ Law [33]:

VStokes = − g(ρ2 − ρ1)d2

18η1
(3)

In this equation, g is the acceleration due to gravity, ρ is the density, d is the diameter
of the droplets, η is the shear viscosity, and the subscripts 1 and 2 refer to the fluid
surrounding the droplets (the continuous phase) and the droplets (the disperse phase),
respectively. The sign of the creaming velocity determines whether the droplets tend
to move upwards (+) or downwards (−) and are therefore susceptible to creaming or
sedimentation, respectively (Figure 7). Stokes’ law predicts that the creaming velocity
should decrease with decreasing density contrast, decreasing droplet size, and increasing
continuous phase viscosity. The type of protein-based emulsifier used to formulate an
emulsion impacts the rate of gravitational separation in several ways:

Droplet size: The type and concentration of emulsifier used influences the size of
the droplets produced during homogenization. The creaming rate is proportional to the
droplet diameter squared (Equation (3)). Consequently, the more effective the emulsifier is
at reducing the droplet size during emulsion preparation, the stronger the resistance of the
emulsion to gravitational separation.

Droplet aggregation state: The nature of the emulsifier used impacts the stability of
the oil droplets to aggregation when exposed to different environments (Section 2.2.2).
Droplet aggregation increases the particle size, which should increase the rate of cream-
ing (Equation (3)), provided that the droplet concentration is not so high that a particle
network is formed that inhibits the movement of the droplets. Consequently, for dilute
emulsions, the more effective the emulsifier is at increasing the steric and electrostatic re-
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pulsion between the oil droplets, the stronger the resistance of the emulsion to gravitational
separation.

Droplet density contrast: The density of oil is usually lower than that of water and so
emulsions are susceptible to creaming (Figure 7). In contrast, protein-based emulsifiers are
denser than water. Consequently, if the protein coating around the oil droplets makes up
an appreciable contribution to the total volume of the particle (droplet + coating), then the
overall density of the particle may be closer to that of the water, thereby slowing creaming.
This effect only tends to be important in emulsions that contain small droplets (<200 nm)
covered by thick interfacial layers (>20 nm) [14,51].

Aqueous phase rheology: If an emulsion contains a relatively high concentration of
non-adsorbed emulsifier and the emulsifier is an effective thickening or gelling agent, then
the viscosity of the continuous phase may increase appreciably. As a result, this may lead
to a decrease in the rate of gravitational separation. For most globular proteins, this effect
is unlikely to be important unless they are used at a high concentration and the system is
heated to unfold and aggregate them.

2.2.2. Droplet Aggregation

Another common instability mechanism in oil-in-water emulsions is the tendency
for the droplets to aggregate with each other (Figure 7). Several kinds of droplet aggrega-
tion may occur, including flocculation, coalescence, and partial coalescence [18,50,52,53].
Flocculation occurs when several droplets come together and form a clump, with each of
the individual droplets remaining intact [49,50]. Coalescence occurs when several smaller
droplets come into contact and then merge with each other, leading to the generation of a
single larger droplet [37,54]. These large oil droplets may then coalesce with other large
oil droplets leading to an oil layer on top of the emulsion, which is usually referred to as
oiling-off (Figure 7). Partial coalescence occurs when several partly crystallized oil droplets
collide with each other and form a clump [53]. Typically, a solid fat crystal protruding from
one droplet penetrates a liquid oil region in another droplet, thereby forming a link between
them. The partly crystalline droplets do not completely merge into each other because
of the mechanical resistance generated by the 3D fat crystal network inside them [53,55].
The type of emulsifier used to create an oil-in-water emulsion can impact the tendency for
droplet aggregation to occur in several ways:

Modulation of colloidal interactions: The nature of the emulsifier that coats the oil droplets
plays an important role in determining the attractive and repulsive forces between them [56].
Emulsifier-coated oil droplets have a propensity to aggregate with each other when the
attractive forces dominate, but remain as individual entities when the repulsive forces
dominate [33]. Protein-based emulsifiers can prevent droplet aggregation by generating a
combination of electrostatic and steric repulsive forces (Figure 8). Typically, the strength of
the electrostatic repulsion depends on the magnitude of the charge on the emulsifier-coated
oil droplets, whereas the strength of the steric repulsion depends on the thickness of the
interfacial layer (Figure 8). In some situations, protein-based emulsifiers can also promote
droplet aggregation by generating attractive forces. For instance, globular proteins often
expose non-polar patches to the surrounding water phase after they adsorb to droplet
surfaces (“surface denaturation) or after they are heated (“thermal denaturation”), which
generates a strong hydrophobic attractive force between the droplets [57,58]. Consequently,
it is important to have analytical tools that can measure these parameters, such as particle
electrophoresis and dynamic light scattering, which are described in detail later. At present,
there is no well-established method for measuring the surface hydrophobicity of emulsifier-
coated oil droplets.
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Figure 8. Protein-based emulsifiers typically stabilize oil droplets against aggregation through a
combination of steric and electrostatic repulsive forces. The magnitude and range of these repulsive
forces depends on the thickness, packing, and charge of the adsorbed protein molecules.

Modulation of interfacial layer properties: The type, concentration, and interactions of the
emulsifier molecules adsorbed to the oil droplet surfaces impact the thickness, rheology,
and robustness of the interfacial layer. Some interfacial layers are relatively thin, fragile,
and easy to disrupt, whereas others are relatively thick, strong, and difficult to disrupt. The
properties of the interfacial layer determine the tendency for droplets to fuse together after
they come into contact, which impacts their resistance to coalescence or partial coalescence.

The impact of emulsifiers on some of the most important attractive and repulsive forces
that impact the stability of protein-stabilized emulsions are discussed in the remainder of
this section.

Electrostatic Interactions

The sign, strength, and range of the electrostatic forces in oil-in-water emulsions
depend on the electrical characteristics of the droplet surfaces, as well as the ionic strength
of the aqueous phase [33,56]. For protein-coated oil droplets, the surface charge usually
goes from positive to negative as the pH is increased from acidic to basic, with a point
of zero charge near the isoelectric point (pI) of the adsorbed protein layer (Figure 9). As
a result, the electrostatic repulsion is relatively strong at pH values well below the pI
(where all the droplets are strongly positive) and at pH values well above the pI (where
all the droplets are strongly negative). Conversely, the electrostatic repulsion is relatively
weak at pH values close to the pI (where all the droplets have little charge). Consequently,
protein-coated oil droplets are often stable to aggregation at pH values well below and
well above the pI but not at pH values near the pI. In general, the magnitude of the droplet
charge (weak to strong) at a particular pH depends on the number of ionized groups per
unit surface area, which depends on protein type. In particular, the numbers of amino
and carboxyl groups on their polypeptide chains are important, as well as the pH of the
aqueous phase relative to the pKa value of the ionizable groups. Typically, a protein with
more charged groups will be able to generate stronger electrostatic repulsive forces. The
electrical characteristics of protein-coated oil droplets are usually quantified by measuring
their surface potential (ζ-potential) as a function of pH under controlled solution conditions
(such as ionic composition and temperature).
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Figure 9. The electrical charge on protein-coated oil droplets goes from positive at low pH to negative
at high pH because of changes in the ionization of the amino acid charge groups. Droplet aggregation
tends to occur under conditions where there is not a strong electrostatic repulsion between the
droplets, i.e., around the isoelectric point. Data is experimental measurements on whey protein-
coated oil droplets prepared in our laboratory.

The strength of the electrostatic interactions between protein-coated oil droplets is
usually reduced when salt ions are added to the aqueous phase because of electrostatic
screening effects, i.e., the accumulation of oppositely charged counter-ions around the
charged groups (Figure 8). Multivalent counter-ions (like Ca2+) are particularly effective at
screening electrostatic interactions. In addition, they can promote flocculation at pH values
above the pI of the protein-coated oil droplets by acting as cationic salt bridges between
the anionic droplet surfaces. Consequently, it is particularly important to consider the
ionic composition of the aqueous phase when designing and testing oil-in-water emulsions
assembled from proteins.

In general, the greater the ζ-potential of the droplets and the lower the ionic strength
of the surrounding aqueous phase, the stronger the electrostatic repulsion between the
droplets and the more resistant they are to aggregation. To avoid droplet aggregation, it
is therefore usually important that the pH of the food product is far from the pI of the
protein-coated oil droplets (usually 2 pH units below or above) and that the ionic strength
is relatively low (<100 mM), but this depends on protein type.

Steric Repulsion

The strength and range of the steric repulsive forces acting between emulsifier-coated
oil droplets are mainly governed by the structural organization and thickness of the ad-
sorbed emulsifier molecules [33,56]. To prevent droplet aggregation through steric repul-
sion alone, the interfacial layer should be thicker than the range of the attractive van der
Waals attraction (and hydrophobic) between the droplets, which is typically on the order
of tens of nanometers, e.g., around 10 to 50 nm [18]. Consequently, emulsifiers that form
thin layers, like most proteins (a few nanometers thick), are unable to prevent droplet
aggregation through steric repulsion alone. In contrast, emulsifiers that form thick layers,
like amphiphilic polysaccharides (tens of nanometers thick), are able to prevent droplet
aggregation through this mechanism [12]. For this reason, it is important that protein-
coated oil droplets have a high charge to generate a strong electrostatic repulsion. In the
absence of this charge, the droplets aggregate because the attractive forces dominate the
repulsive ones. However, the thin layer of protein molecules may still be able to inhibit
droplet aggregation by generating a strong steric repulsion that stops the oil droplets from
merging. Thick interfacial coatings may also inhibit partial coalescence of oil droplets by
reducing the ability of the fat crystals in one droplet to penetrate another droplet [53,59].



Colloids Interfaces 2022, 6, 19 15 of 45

Hydrophobic Interactions

The surfaces of the droplets in most oil-in-water emulsions are predominantly hy-
drophilic because they are coated by amphiphilic emulsifiers that orientate themselves
so that the non-polar groups contact the oil phase, whereas the polar groups contact the
water phase. This is especially true for emulsions stabilized by small molecule surfactants
that have a distinct hydrophobic tail and a hydrophilic head. At saturation, the surface of
the droplets is then covered by the hydrophilic head groups. In contrast, protein-based
emulsifiers have highly heterogeneous surfaces with numerous polar and non-polar regions
(Figure 10). As a result, there are often non-polar patches facing the water phase after
they have adsorbed to an oil-water interface. These non-polar patches lead to an attraction
between the emulsifier-coated oil droplets due to the hydrophobic effect, which may cause
them to aggregate [33,56]. The surface hydrophobicity of protein-coated oil droplets may be
further increased by surface or thermal denaturation of the adsorbed proteins [57,58,60,61].
Surface denaturation occurs because the protein molecule undergoes a molecular rearrange-
ment after adsorbing to the oil-water interface to decrease the number of non-polar groups
in contact with water. However, the partial unfolding of globular proteins can sometimes
increase the number of non-polar groups that are orientated towards the water phase,
thereby increasing the surface hydrophobicity. Heating an emulsion above the thermal
denaturation temperature of the adsorbed proteins typically causes a more extensive un-
folding of the protein molecules (Figure 11A), which can lead to a large increase in surface
hydrophobicity. It is for this reason that many emulsions stabilized by proteins undergo
extensive aggregation after heating, especially when the repulsive interactions (such as
electrostatic or steric repulsion) are relatively weak (Figure 11B). Hydrophobic interactions
are less important for flexible random coil-like proteins, like casein, because they do not
unfold upon heating. They are also less important for other kinds of natural emulsifiers
such as phospholipids and polysaccharides for the same reason.

Figure 10. Proteins have highly heterogenous surfaces with cationic, anionic, polar, and non-polar
regions exposed to the surrounding environment. The image here is of a soy protein prepared
using the Maestro program (Schrodinger) from the crystal structure of soybean proglycinin A1AB1B
homotrimer (Protein database 1FXZ). Key: Dark blue is positively charged regions, red is negatively
charged regions, and green are hydrophobic regions.
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Figure 11. (A) Differential scanning calorimetry analysis shows that Rubisco protein is irreversibly
thermally denatured when heated from between 65 to 75 ◦C. (B) The droplets in Rubisco-stabilized
emulsions aggregate when they are heated above their thermal denaturation temperature because of
an increase in surface hydrophobicity when the proteins unfold (data from our laboratory).

Covalent Interactions

Proteins have a diverse range of chemical groups on their surfaces, including sulfhydryl
groups in cysteine, amino groups in lysine, and phenyl groups in phenylalanine [62]. Un-
der appropriate conditions, some of these groups undergo chemical reactions that may
alter the performance of the emulsifier. For instance, many proteins contain reactive free
sulfhydryl groups (-SH) or disulfide bonds (-S-S-) [63,64]. Two sulfhydryl groups can react
with each other to form a new disulfide bond, whereas a sulfhydryl group and a disulfide
bond can undergo interchange reactions that change the location of the disulfide bonds.
The formation of disulfide bonds between neighboring proteins adsorbed to the same oil
droplet can improve the resistance of emulsions to aggregation by reducing the number
of reactive surface groups and by increasing the robustness of the interfacial layer [57,58].
In contrast, the formation of disulfide bonds between proteins located at the surfaces of
different oil droplets can promote irreversible aggregation because the droplets are held
tightly together by strong covalent bonds [64].

The covalent bonds formed between protein molecules are relatively short-range,
which means they only form after the reactive groups come close together. For this reason,
they often only occur when other kinds of molecular interactions have brought the proteins
into proximity, such as van der Waals, electrostatic, hydrogen bonding, or hydrophobic
attraction. For instance, experiments with globular milk proteins (β-lactoglobulin) have
shown that disulfide bonds only form between different protein-coated oil droplets when
they are flocculated as a result of a weakening of the electrostatic repulsion and hydrophobic
attraction between them [57,58].

Other kinds of chemical reactions may also influence the ability of proteins to function
as emulsifiers, including oxidation, hydrolysis, and crosslinking reactions [65]. The relative
importance of these reactions depends on protein type, food matrix composition (such as
pH and ion composition), and environmental conditions (such as heat, light, and oxygen).
Consequently, it is important when designing appropriate test methods to consider any
environmental stresses that may promote chemical changes of a protein-based emulsifier.
It is also important to have analytical methods that can provide information about changes
in the properties of the proteins due to these interactions, such as changes in their chemical
composition, molecular weight, and aggregation state.
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2.2.3. Overall Interactions

In general, any colloidal interaction is characterized by its sign (positive to negative),
strength (weak to strong), and range (short to long). The net interaction between two
protein-coated droplets can therefore be quite complex, as it is the sum of several different
kinds of interactions that vary in these parameters [18]. For protein-coated oil droplets, the
most important colloidal interactions are van der Waals attraction, hydrophobic attraction,
steric repulsion, and electrostatic repulsion. However, in some systems other interactions
may also be important, such as bridging and depletion flocculation in emulsions containing
adsorbing or non-adsorbing biopolymers, respectively. To produce a stable emulsion,
it is important that the repulsive interactions (steric and electrostatic) are stronger and
longer range than the attractive interactions (van der Waals and hydrophobic). A layer
of adsorbed proteins is usually capable of inhibiting flocculation under conditions where
there is a strong electrostatic repulsion between the droplets, i.e., pH values far from the
isoelectric point and low ionic strengths. In contrast, droplet flocculation often occurs
under conditions where the electrostatic interactions are weak (close to the isoelectric point
and high ionic strength) because the protein layers are too thin to create a long-range
steric repulsion.

Proteins from different sources vary in their molecular dimensions, electrical charac-
teristics, and surface hydrophobicities, which leads to differences in interfacial thickness,
packing, charge, and hydrophobicity. As a result, the protein type impacts the colloidal
interactions between protein-coated oil droplets, thereby determining their aggregation
stability under different conditions. As an example, differences in the pH-stability of
oil-in-water emulsions stabilized by different kinds of animal and plant proteins are shown
in Figure 12. Ideally, it would be useful to develop structure-function relationships to relate
the molecular features of proteins to their functional performance as emulsifiers, but more
work is still required in this area.

Figure 12. The pH stability of protein-coated oil droplets is highly dependent on protein type. This
figure shows the change in mean particle diameter with pH for emulsions stabilized by soy, rubisco,
and whey protein (data from our laboratory).
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2.2.4. Ostwald Ripening

Another cause of instability in some emulsions is Ostwald ripening (OR), which leads
to a growth in the average droplet size over time. The origin of this effect is the transfer of
oil molecules from the smaller droplets to the larger droplets due to diffusion through the
intervening aqueous phase [66–68]. This process occurs because the water-solubility of oil
molecules is higher around the surfaces of small droplets than large droplets and so there
is a concentration gradient in the system. The Ostwald ripening rate, therefore, depends on
the solubility of the oil molecules in the aqueous phase. It is relatively slow for oils with a
low water-solubility, such as triacylglycerol molecules containing long- or -medium chain
fatty acids (like those in corn, sunflower, olive, safflower, vegetable, or coconut oil). In
contrast, it can occur relatively quickly in emulsions containing oils that have a relatively
high water-solubility, such as flavor or essential oils (like those in lemon, lime, thyme, or
clove oil) [43,69,70]. To a first approximation, the increase in droplet size with time due to
Ostwald ripening is described by the following expression [71]:

d(t)3 = d(0)3 +

(
64γV2

mSD
9RT

)
t (4)

In this equation, d(0) is the initial droplet diameter, d(t) is the droplet diameter after
time t, γ is the oil-water interfacial tension, Vm is the molar volume of the oil molecules,
S is the water-solubility of the oil phase, D is the diffusion coefficient of the oil molecules
through the aqueous phase, R is the gas constant, and T is the absolute temperature.
This equation predicts that the Ostwald ripening rate increases as the water-solubility
of the oil molecules increases. Typically, this is the most important factor impacting the
Ostwald ripening rate because the water-solubility of oil may vary by orders of magnitude
depending on its structure [68]. However, the above equation also predicts that emulsifier
type impacts the growth rate by influencing the interfacial tension. Emulsifier type may also
impact Ostwald ripening because it influences the mechanical properties of the interfacial
layer. If the interfacial layer is relatively rigid, then it may inhibit the shrinkage or growth
of the oil droplets, thereby slowing down Ostwald ripening [68,70,72].

2.3. Desirable Attributes of Protein-Based Emulsifiers

In summary, a protein-based emulsifier should be an amphiphilic molecule that can
quickly adsorb to the oil droplet surfaces generated during homogenization. It should then
decrease the interfacial tension, which lowers the Laplace pressure and facilitates further
droplet breakup, thereby promoting the formation of smaller oil droplets. The protein
should also form a protective coating around the oil droplets that inhibits their tendency
to aggregate with their neighbors. Moreover, the protein may also provide protection
against chemical degradation of the lipids, through a variety of mechanisms (such as steric
hindrance, antioxidant activity, and chelation). The amount of emulsifier required to create
a stable emulsion with a specific droplet size and concentration depends on its surface load
(Γ), which depends on the molecular dimensions and interfacial packing of the proteins
(Figure 13).
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Figure 13. The surface load and thickness of a protein layer depends on the molecular dimensions
and packing of the proteins at the oil-water interface.

3. Recommended Protocols for Testing and Comparing Emulsifier Performance

At present, there are no standardized methods available to test and compare the
functional performance of different emulsifiers. Instead, researchers tend to use different
analytical methods and experimental protocols in their studies, which makes it difficult
to compare results from different laboratories. Ideally, it would be advantageous to have
a set of standardized methods to test and compare the performance of emulsifiers under
similar conditions so their suitability for different applications can be established. For
this reason, we propose a series of methods that can be used to test the functional perfor-
mance of protein-based emulsifiers based on the authors decades of experience working
in this area.

3.1. Initial Ingredient Properties

Typically, when working with protein-based emulsifiers they arrive in a powdered
form, which must then be dissolved or dispersed in an appropriate aqueous solution
prior to emulsion formation. These protein powders are usually isolated from natural
materials using a series of different processing steps, which may alter their composition
and properties (Figure 14). The nature of the initial powder plays an important role in
determining the functional performance of the food proteins, including their emulsifying
properties. Consequently, it is usually necessary to carry out an initial analysis of the
protein powder prior to using it. In this section, analytical methods for testing the most
important physical and chemical properties of protein powders are highlighted.
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Figure 14. Plant proteins are isolated from plant materials, such as soybeans, using various separation
and purification processes. The native and aggregation state of the proteins obtained depends on
the isolation methods used. The dimensions of the different entities in the schematic diagram are
not drawn to scale. Image of soybeans by Amy Wilson, CSIRO (http://www.scienceimage.csiro.au/
image/3273 (accessed on 9 February 2022)) (Crea-tive Commons 3.0).

3.1.1. Proximate Analysis

As well as proteins, powdered protein ingredients may also contain several other
constituents that can impact their functional performance, including carbohydrates, lipids,
minerals, and water. Knowledge of the composition of these ingredients is therefore critical
to ensure that they behave as expected. Ingredient manufacturers typically provide a
report of the proximate analysis of the proteins they are supplying, such as their protein,
carbohydrate, lipid, moisture, and ash content. If this information is not supplied, or
one wants to know the precise composition of the ingredient being used, then proximate
analysis can be carried out using standardized methods [73,74]. For instance, the protein
content can be determined using Kjeldahl, Dumas, or spectrophotometry methods, the
lipid content can be determined using the Soxhlet or other solvent extraction methods,
the moisture content can be determined by oven drying or Karl Fischer titration methods,
the ash content can be determined using a muffle furnace, and the carbohydrate content
can be determined as the difference or using various chemical methods. Alternatively,
information about the composition of protein powders can be obtained more quickly using
non-destructive infrared spectroscopy methods, which simultaneously measure the protein,
moisture, fat, ash, and fiber content [75]. However, these instruments must be calibrated
using powders of known composition before they can be used, which is often done by the
instrument supplier. The choice of a particular combinaton of methods to carry out the
proximate analysis of a protein ingredient depends on many factors, including their cost,
ease of use, availability, sensitivity, and accuracy. Typically, Kjehdalh or Dumas for protein,
oven drying for moisture, Soxhlet for fat, muffle furnace for ash, and weight difference for
carbohydrate are convenient choices for this purpose.

3.1.2. Protein Composition

Most sources of food proteins contain a mixture of different kinds of protein molecules,
e.g., whey protein ingredients contain β-lactoglobulin, α-lactalbumin, bovine serum albu-
min, immunoglobins, and other proteins. Similarly, most plant protein ingredients contain
numerous kinds of proteins [3]. Each protein fraction has a different molecular structure,
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physicochemical properties, and functional attributes. Consequently, it is important to
know the type and amount of the different protein fractions present. Several analytical
methods are available to determine the protein composition of powdered ingredients [73].
The most common method is sodium dodecyl sulfate-polyacrylamide gel electrophoresis
(SDS-PAGE) since it is relatively inexpensive and simple to perform. In this method, the
proteins are mainly separated based on their molecular weights. Basically, the protein
is mixed with a solution containing SDS and a reducing agent such as dithiothreitol or
2-mercaptoethanol. The reducing agent disrupts any disulfide linkages within or between
proteins, which allows individual polypeptide chains to completely unfold. The SDS is an
anionic surfactant that binds to the polypeptide chains in the form of micelles, which is
driven mainly by the hydrophobic effect. As a result, all protein molecules gain a strong
negative charge, which causes them to adopt an extended structure and prevents their
aggregation. The number of anionic groups per unit length of the polypeptide chain is quite
similar for all protein molecules, so they have a similar linear charge density. The solution
of treated proteins is then applied to a polyacrylamide gel, which contains crosslinked
polymer molecules and has a particular pore size. Then, an electrical potential is applied
across the gel, which causes the negatively charged SDS-coated proteins to move towards
the positively charged electrode. The movement of the proteins through the gel is hindered
by the porous gel network by an amount that depends on their molecular weight: the larger
the protein molecules, the slower they move. After the proteins have been adequately
separated, the electric field is switched off, the gel is removed, and then it is stained with a
suitable protein label, such as Coomassie blue. The molecular weight of the test proteins
can be determined by running another gel under the same conditions with a series of
proteins of known molecular weight. Sometimes, the individual proteins can be further
characterized by cutting out a spot from the gel and then passing the sample through a
mass spectrometer. Alternatively, a plate reader can be used to measure the signal intensity
of each peak, which can then be related to protein concentration.

Size exclusion chromatography (SEC) can also be used to separate proteins based
on their molecular dimensions [76,77]. In this case, a protein solution is passed through
a column containing beads with defined pore sizes. The small proteins can enter the
beads and so their movement through the column is hindered. In contrast, the large
proteins cannot enter the beads and so they move through the column more quickly. After
separation, the concentration of proteins in each peak can be determined using different
kinds of detectors, such as UV-visible, fluorescence, or refractive index detectors [78].
In some devices, it is possible to carry out multiangle light scattering analysis of the
proteins in each peak, which provides direct information about their molecular weight and
conformation. Alternatively, a series of proteins of known molecular weight can be passed
through the column and the positions of the peaks determined. The molecular weight of
an unknown protein can then be determined from the resulting calibration curve. After
separation by SEC, detailed information about protein properties can also be obtained by
coupling the instrument to a mass spectrometer [78].

Other methods are also available that separate and identify proteins based on other
molecular characteristics. For instance, isoelectric focusing can be used to separate proteins
based on their electrical characteristics, whereas a combination of isoelectric focusing and
SDS-PAGE can be used to separate them based on both their charge and molecular weight
characteristics.

3.1.3. Protein Solubility

The solubility of proteins plays a major role in determining their functional
attributes [79]. Typically, a protein should be soluble in water to function as a good
emulsifier. The solubility of proteins depends on their molecular characteristics, especially
the number of charged, polar, and non-polar groups on their surfaces [80]. It also depends
on solution conditions, such as pH, ionic strength, and temperature, as these conditions
influence the surface characteristics of proteins, as well as the magnitude and range of



Colloids Interfaces 2022, 6, 19 22 of 45

electrostatic and hydrophobic interactions. Typically, the water-solubility of a protein
increases as the number of polar and charged groups on their surfaces increases and the
number of non-polar groups decreases because this strengthens the electrostatic repulsion
and weakens the hydrophobic attraction between them. Consequently, it is important to
measure the solubility of proteins under different solution and environmental conditions.
Typically, the impact of pH and salt content on protein solubility are the most common
parameters studied.

The solubility of proteins is usually measured using centrifugation methods [80,81].
First, a fixed amount of protein powder (e.g., 1 wt%) is dispersed into a solution of known
pH and ionic strength at ambient temperature and stirred using a magnitude stirrer (e.g.,
for 1 h). The pH is then measured and adjusted back to the required value if necessary.
The protein dispersion is then stored for a fixed time (e.g., 24 h at 4 ◦C) to allow any
soluble proteins to fully dissolve. It is then removed from the refrigerator and allowed to
equilibrate to ambient temperature (e.g., 2 h at 25 ◦C) before being centrifuged under fixed
conditions (e.g., 20,000× g for 30 min) [82]. The supernatant can then be collected, filtered
(No. 1 Whatman filter paper), and the protein content measured using a suitable method.
Typically, a micro-Kjeldahl or UV-visible spectrophotometer method (such as the direct,
Biuret, BCA, Lowry, Bradford, or dye binding methods) is used for this purpose. For the
spectrophotometer method, it is important to develop an appropriate calibration curve or
know the extinction coefficient for the protein being analyzed. The solubility can then be
calculated:

Solubility = 100 × CS
CT

(5)

Here CS is the concentration of the soluble protein in the supernatant and CT is the
total protein concentration in the system. If the powdered ingredient is pure protein, then
CT is known. Otherwise, CT must be measured, which can sometimes be achieved by using
the same colorimetric method as for the supernatant (provided that any insoluble proteins
are made soluble by the components in the assay). Typically, the protein solubility should
be measured as a function of pH (e.g., from pH 2 to 8 in 1 pH unit increments) and salt
concentration (e.g., from 0 to 400 mM in 50 mM increments) to obtain a 2D solubility map.
This type of map is useful for specifying the conditions where a protein is soluble and
therefore has the functional performance required.

3.1.4. Protein Aggregation State

The proteins in powdered ingredients may be present as individual molecules (monomers),
small molecular clusters (dimers, trimers, etc.), or large aggregates depending on their bio-
logical origin, the methods used to isolate and purify them, the solution composition (e.g.,
pH and ionic strength), and the environmental conditions (e.g., temperature) (Figure 14).
The aggregation state of proteins influences their functional performance and so it is impor-
tant to be able to quantify it. Several analytical methods are available for providing this kind
of information. Non-denaturing polyacrylamide gel electrophoresis can be used to provide
some information about the aggregation state of proteins [83]. This is like SDS-PAGE but
no SDS or reducing agent is added. As a result, the proteins in solution should be present
in their original (aggregated) states, rather than as unfolded isolated molecules. A solution
of proteins is applied to the polyacrylamide gel and then an electrical potential is applied,
which causes the proteins to move through the gel. In this case, the proteins are separated
based on their charge, molecular weight, conformation, and aggregation state. Larger
protein entities move through the gel slower than smaller ones, which enables information
to be obtained about their aggregation state. One limitation of this approach is that some
proteins do not enter the gel because they might be too large or do not carry enough
charge. Size exclusion chromatography can also be used to separate proteins based on their
aggregation state, but in this case the large protein entities move through the column faster
than the smaller ones [77]. Alternatively, light scattering methods can be used to provide
insights into the aggregation state of proteins, such as dynamic or static light scattering [84].
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Dynamic light scattering is based on measurements of the diffusion coefficient of protein
entities: larger particles move slower than smaller ones. Static light scattering is based
on differences in the scattering patterns (intensity versus angle) of different sized protein
entities when a laser beam is passed through a dilute sample. However, light scattering
is sometimes limited by the sample concentration (too low or too high).For more detailed
information about the nature of the aggregates formed, electron microscopy or atomic force
microscopy can be used [84].

3.1.5. Protein Denaturation

For many applications, it is important that the proteins are in their native state for them
to exhibit the required functional attributes, e.g., emulsifying, foaming, and gelling. Globu-
lar proteins are often denatured during their isolation and purification, which therefore
alters their ability to act as emulsifiers. For this reason, it is usually important to measure
whether a protein is in its native or denatured state. Differential scanning calorimetry
(DSC) is the most common analytical instrument used for this purpose. In this method, a
known amount of protein is usually dispersed within a buffer solution of known pH and
ionic composition. Dilute protein solutions (e.g., 10 to 1000 µg/mL or 0.001 to 0.1%) can be
analyzed using ultra-sensitive micro-DSC instruments, whereas more concentrated ones
(e.g., 5 to 200 mg/mL or 5 to 20%) can be analyzed using conventional DSC instruments.
Typically, the protein solution is placed in a sample cell and distilled water (or a buffer
solution) is placed in a reference cell. Both cells are then heated together at a controlled rate,
and the heat flow required to keep the two cells at the same temperature is measured. Thus,
if an exothermic or endothermic transition occurs within the protein solution, a negative or
positive heat flow is applied to the sample cell. A DSC scan therefore involves measuring
the change in the heat flow (q) versus temperature (Figure 11A), which can be changed
into a molar heat capacity versus temperature profile. When the protein is in its native
state an endothermic transition is observed around its thermal denaturation temperature.
The enthalpy of this transition is proportional to the amount of protein that undergoes
the transition. Conversely, no transition is observed when a denatured protein is heated
(Figure 11A).

The unfolding of proteins can also be monitored using other methods, such as measur-
ing changes in fluorescence, circular dichroism, or infrared signals with temperature [85–87],
but these methods are less routinely used for the analysis of food proteins. In summary,
the composition, solubility, aggregation state, and denaturation state of proteins should be
assessed before characterizing their emulsifying properties.

3.2. Impact of Emulsifier on Emulsion Formation

A good emulsifier should usually be capable of forming emulsions containing small
droplets during homogenization. Ideally, the minimum amount of emulsifier required to
form these small oil droplets should also be known, because this would reduce ingredient
costs by only using the amount required. In this section, we highlight methods that can
be used to measure and compare the performance of emulsifiers at forming emulsions.
As mentioned earlier, it is often important that a protein is soluble prior to forming an
emulsion, or that the fraction of soluble and insoluble protein is known (Role of Emulsifier
in Emulsion Formation section). Consequently, it is useful to use standardized conditions
to disperse the protein in an aqueous solution, such as mixing time, temperature, and
speed, as well as solution conditions (such as pH and ionic strength). It is then important
to measure the fraction of soluble and insoluble protein within the resulting solution used
to formulate the emulsion.

3.2.1. Emulsifying Capacity

A traditional approach of providing information about the amount of emulsifier
required to form a stable emulsion is known as the emulsifying capacity method. The
emulsifying capacity is defined as the maximum amount of oil that can be converted into a
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stable oil-in-water emulsion using a fixed amount of emulsifier under fixed homogenization
conditions [18]. The emulsifying capacity can be measured by placing a fixed mass of
aqueous emulsifier solution (e.g., 40 g of 1 wt% protein solution) into a container with fixed
dimensions (e.g., a 400 mL glass beaker) and then titrating an oil at a controlled rate (e.g.,
1 mL per min) into this solution while continuously blending using a high-shear mixer
operating at a fixed speed (e.g., 1600 rpm) [88]. The mixer will generate oil droplets with
a certain size, depending on its design, and rotation speed. As long as there is enough
emulsifier present to stabilize the droplets, a stable oil-in-water emulsion will be formed.
But once all the protein has been used up, the oil droplets cannot be stabilized any longer,
and any additional oil added will separate. The end point can therefore be determined by
measuring the appearance of an oil phase on the surface of the emulsion or by measuring
the change in electrical conductivity. The electrical conductivity remains relatively high
while an oil-in-water emulsion remains in the beaker but decreases steeply when phase
inversion to a water-in-oil emulsion occurs [88]. The volume of oil (VO) required to reach
the end point (in mL) can then be determined and the emulsifying capacity (EC) calculated:

EC =
VO
mE

(6)

Here, mE is the mass of emulsifier used (in g). Thus, the EC value is expressed as mL
of oil per gram of emulsifier. This method is very simple to implement and does not require
any expensive equipment. However, it is difficult to standardize because the emulsifying
capacity depends on the conditions used to carry out the experiment, such as the rate the
oil phase is added, the type of mixing device used, the type of container used, the shear rate
of the mixer, and the method used to detect the end point [89]. Several of these factors are
important because they influence the size of the oil droplets generated, which influences
the size of the surface area that needs to be covered. More emulsifier is needed to cover
smaller droplets because they have a greater surface area. Nevertheless, the method is
useful for comparing different kinds of proteins under similar conditions in one set of
experiments. However, we would highly recommend measuring the surface load (see next
section), rather than the emulsifying capacity when comparing proteins because it is less
dependent on the conditions used.

3.2.2. Surface Load
Definition

The surface load of an emulsifier provides a more reliable method of quantifying the
amount of emulsifier required to form a particular emulsion [18]. The surface load (ΓS)
is defined as the mass of emulsifier per unit surface area of emulsion at saturation (e.g.,
mg m−2). It can be calculated using the following expression:

ΓS =
CAd32

6φ
(7)

Here, CA is the concentration of emulsifier adsorbed to the droplet surfaces, expressed
as mass per unit volume of emulsion (mg m−3), ϕ is the disperse volume fraction, and d32
is the surface-weighted mean droplet diameter (m):

d32 =
∑n

i=1 nid3
i

∑n
i=1 nid2

i
(8)

Here, ni and di are the number and diameter of the droplets in the ith size category
of the measured particle size distribution. This value is often reported by static light
scattering instruments designed to measure particle size. The above equations show
that the concentration of emulsifier required to create an emulsion with a fixed droplet
concentration (ϕ) and size (d32) increases as the surface load of the emulsifier increases. For
most proteins, the surface load varies from around 1 to 10 mg m−2, with larger individual
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proteins or aggregated proteins having higher values. In the remainder of this section, we
highlight methods for estimating the surface load of a protein using theoretical calculations
or experimental measurements.

Theoretical Calculations

An estimate of the surface load of a globular protein can be obtained by assuming they
are monodisperse spheres that are closely (hexagonal) packed at the oil-water interface:

ΓS =
mφS

S
=

MWφS

NAπr2 (9)

Here, m and S are the mass and cross-sectional area of an individual protein molecule,
and ϕS is the fraction of the surface covered by spheres at maximum packing (around
0.91, i.e., 91%). Assuming they are spherical, the mass and the cross-sectional area of
the protein molecules would be m = 4πr3ρP/3 and S = πr2, respectively. Here, r and ρP
(≈ 1500 kg m−3) are the radius and density of the protein molecules. Substituting these
values in Equation (9) gives:

ΓS =
4φSρPr

3
(10)

An expression for the radius of the proteins can be obtained by rearranging the
following equation: m = MW/NA = 4πr3ρP/3, where MW is the molecular weight of the
protein and NA is Avogadro’s number. Substituting this value in Equation (10) gives:

ΓS =
4φSρP

3

(
3

√
3MW

4πρPNA

)
(11)

When the molecular weight is expressed in kg mol−3, the surface load (in mg m−2)
can be estimated using the following simple expression:

ΓS ≈ 1.16 3
√

MW (12)

As an example, for β-lactoglobulin (MW = 18 kg mol−3), bovine serum albumin
(MW = 66.4 kg mol−3) and pea legumin hexamer (MW = 350 kg mol−3) the calculated
surface loads are 3.0, 4.7, and 8.2 mg m−2, respectively. These values are in the range of
those reported for globular proteins [90,91]. These predictions suggest that considerably
more (2.7-fold) pea protein would be required to form an emulsion than whey protein,
which is consistent with our own experimental measurements (Figure 5), and with those
of other researchers [91,92]. In practice, the actual values may be smaller or larger than
the predicted values because the proteins are not spherical, the interface may not be fully
covered with proteins, or multilayers may form.

Experimental Determination

There are several ways of measuring the surface load of emulsifiers. In this section,
we highlight three methods that can be utilized for this purpose.

Centrifugation method: In this method, an oil-in-water emulsion with a known droplet
volume fraction (ϕ) is prepared using a suitable homogenization device [91]. Then, the
mean particle diameter (d32) of the emulsion is measured, e.g., using a static light scattering
instrument. The emulsion is then centrifuged using conditions that are sufficient to cause
the oil droplets to cream to the top while the non-adsorbed protein molecules remain in the
lower serum phase (e.g., 15,000× g for 1.5 h). The serum phase is then carefully collected.
This process is often repeated two more times to remove any loosely bound proteins from
the surfaces of the oil droplets. This is achieved by taking the cream layer, redispersing it in
buffer solution, and then centrifuging again. The three different serum layers collected are
then pooled together and the protein concentration is measured using a suitable analytical
technique, such as one of the UV-visible methods mentioned earlier. The concentration of
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non-adsorbed protein (CNA) within the original aqueous phase of the emulsion can then
be calculated using an appropriate dilution factor (which considers the amount of buffer
added when washing the emulsions). The concentration of adsorbed protein can then be
calculated: CA = CT − CAN, where CT is the total mass of emulsifier per unit volume of
emulsion. The surface load can then be determined by inserting this value and the known
droplet size and concentration (d32 and ϕ) into Equation (7). Information about the nature
of the proteins adsorbed to the droplet surfaces can also be obtained by collecting the cream
layer, adding SDS to displace the proteins from the oil droplet surfaces, centrifuging, and
then analyzing the serum phase using SDS-PAGE [91].

Droplet sizing method: This method involves measuring the change in mean droplet
diameter (d32) of an oil-in-water emulsion with a fixed droplet concentration (e.g., 10 wt%)
under standardized homogenization conditions (e.g., 500 psi, 3 passes) as the emulsifier con-
centration is increased (e.g., from 0.1 to 5 wt%). In general, the droplet diameter decreases
with increasing emulsifier concentration until a limit is reached where the homogenizer
cannot generate any smaller droplets (Figure 6). At relatively low emulsifier concentrations,
the droplet size is limited by the amount of emulsifier present rather than by the homoge-
nization conditions. Under these conditions, the following relationship applies, which is
obtained by rearranging Equation (7):

d32 =
ΓS6φ

CA
(13)

In principle, the surface load can then be calculated from the slope of a plot of d32
versus 1/CA: ΓS = slope/6ϕ. The mean droplet diameter is usually measured using a static
light scattering instrument, whereas the emulsion is usually formed using a high-pressure
valve homogenizer or microfluidizer. However, there are some assumptions underlying
this equation that limit its applicability to proteins. It assumes that all the emulsifier
added to the initial aqueous phase is located at the droplet surfaces after homogenization,
which may not be the case. Moreover, it assumes that the surface load is independent of
protein concentration, which is often not the case. Indeed, studies have reported that the
surface load (measured by the centrifugation method) increases with increasing protein
concentration, which was attributed to multilayer formation [91]. Despite these limitations,
this approach has been used to estimate the surface load of several food proteins and
polysaccharides. For instance, it was reported that the surface load of whey protein was
around 1.8 mg m−2 and that of gum Arabic was around 64 mg m−2 [45]. The surface
load determined using this method is in relatively good agreement with the theoretically
predicted value for β-lactoglobulin (3.0 mg m−2), the major protein in whey (Theoretical
Calculations section). The reason that the surface load of the whey protein is much smaller
than that of gum Arabic can be attributed to the much smaller dimensions and higher
density of the globular protein molecules compared to the branched flexible polysaccharide
molecules.

Other useful parameters related to emulsifier performance can be obtained from a plot
of droplet size versus emulsifier concentration under defined homogenization conditions
(Figure 15). For instance, the emulsifier concentration (C1µm) required to form oil-in-water
emulsions (10% oil or emulsifier-to-oil ratio of 1:10) with droplets of a specified mean
diameter (e.g., d32 = 1 µm) could be used, as well as the mean droplet diameter (d1%) that is
obtained when using a constant emulsifier concentration (1% w/w). These parameters may
be practically useful for comparing the performance of different emulsifiers under similar
conditions. However, they will depend on the type of homogenization used, as well as
emulsion composition (such as oil type, pH, ionic strength, and additives).
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Figure 15. The performance of an emulsifier at creating small droplets during homogenization
can be determined by measuring the emulsifier concentration (C1µm) required to form oil-in-water
emulsions (10% oil) with droplets of a specified mean diameter (e.g., d32 = 1 µm) and the mean
droplet diameter (d1%) that can be achieved when using a constant emulsifier concentration (1% w/w).
Curves are predictions made using Equation (2).

Interfacial tension method: This method involves measuring the change in interfacial
tension with increasing emulsifier concentration (Figure 16). An instrumental tensiometer
is used to measure the interfacial tension (γ) at an oil-water interface, such as a drop shape
analysis, ring, or drop volume method [18]. For the drop shape analysis method, a known
volume of oil is injected into an aqueous solution using a syringe and then the shape of
the oil droplet formed is measured, stored, and analyzed using a digital camera attached
to a computer. The interfacial tension is then calculated by a mathematical analysis of
the shape of the oil droplet. Measurements are usually carried out as the concentration
of the emulsifier in the aqueous phase is increased (e.g., from 0 to 5%). Typically, the
interfacial tension decreases with increasing emulsifier concentration because more of the
unfavorable molecular interactions between the oil and water molecules (arising from the
hydrophobic effect) are screened when more protein molecules become attached to the
oil-water interface. Eventually, however, the interface becomes saturated with protein
molecules and the interfacial tension reaches a constant value (γSAT). The surface load
can be obtained from the slope of the interfacial tension versus logarithm of emulsifier
concentration curve (Figure 16): Γ = −Slope/RT, where R is the gas constant and T is the
absolute temperature. Other useful parameters can also be obtained from this data, as
described in the Impact of Emulsifier on Emulsion Formation Section.



Colloids Interfaces 2022, 6, 19 28 of 45

Figure 16. The interfacial properties of a protein-based emulsifier can be characterized by measuring
the interfacial tension versus protein concentration profile. The surface pressure versus concentration
can then be calculated from this data. The data (A,B) shown are just schematic representations.

Importance of Surface Load

Information about the surface load of protein-based emulsifiers is useful because
it allows one to estimate the amount required to prepare an oil-in-water emulsion of a
given droplet size and concentration (Equation (7)). In practice, a greater quantity of
emulsifier may be needed because some of it does not adsorb to the droplet surfaces
during homogenization. It should also be noted that the surface load depends on pH, ionic
strength, temperature, protein concentration, and ingredient interactions. Consequently,
these factors should be considered when measuring and reporting surface load data. A
summary of measurements of the surface loads of different proteins is given in Table 1.

Table 1. Emulsion forming properties of food proteins. Key: ΓSat = Surface load at saturation; γOW =
interfacial tension at saturation; SA= surface activity; d0.1 = surface-weighted mean diameter (d32) of
droplets produced using a protein-to-oil ratio (P:O) of 0.1 under emulsifier-limited homogenization
conditions; C1µm = grams of protein per gram of oil (g/g) required to create fat droplets with a
diameter of 1 µm under emulsifier-limited homogenization conditions. Ideally, the D0.1 and C1µm

data are for 10% oil-in-water emulsions. All data is at pH 7 unless otherwise stated.

Protein Type ΓSat
(mg/m2)

γOW
(mN/m)

SA
(wt%−1)

D0.1
(µm)

C1µm
(g/g) pI Tm

(oC) Ref

β-lactoglobulin 1.8−2.7 12.6 8.3 0.17 0.2 4.7 75 [93–95]

Whey 1.83 13.5 10 0.11 0.2 5.0 72 [3,45,96,97]

Sodium Caseinate 1.5 1.8 4 0.18 <0.2 4.6 N/A [98–100]

Potato 1.8 4.1 4 0.23 0.2 4.9 60 [98,101–103]

Pea 2.8−5.9 3.8 5 0.36 0.7 4.5 77−79 [3,90,98,104]

Faba 2.4 8.0 1.3 0.71 0.58 4.8 [90,105,106]

Lentil 5.1 9.5 >2 0.87 0.91 5.0 120 [39,90,107]

Soy 2−6 10.0 1.2 0.25 0.4 4.5 80−93 [3,39,108–110]
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3.2.3. Saturation Surface Pressure

Measurements of the interfacial tension versus emulsifier concentration (Figure 16a)
can also be used to obtain other valuable information about the performance of emulsifiers.
The surface pressure (Π) is the difference between the interfacial tension measured in the
absence of emulsifier (γ0) and that measured in the presence of emulsifier (γ): Π = γ0 − γ.
It is, therefore, a positive number that increases from zero to a fixed value as the emulsifier
concentration increases and the interface becomes saturated (Figure 16b). The value of
the surface pressure at saturation (ΠSAT) provides a measure of the effectiveness of an
emulsifier at screening the thermodynamically unfavorable interactions between the oil
and water molecules at the oil-water interface: the higher the value, the more effective the
screening. The saturation surface pressure also provides valuable information about the
ability of an emulsifier to decrease the interfacial tension, which is important for emulsion
formation. As discussed earlier, a lower interfacial tension typically leads to smaller droplet
sizes being generated under fixed homogenization conditions (provided the emulsifier
can adsorb fast enough). Thus, protein-based emulsifiers that have high ΠSAT values
should be more effective at forming small droplets during homogenization than those with
low values.

3.2.4. Surface Activity

The surface activity of an emulsifier is a measure of its affinity for an oil-water inter-
face: the higher the value, the stronger the affinity [18]. It is governed by a combination
of molecular interaction and entropy effects, which depend on the molecular features of
the emulsifier. The molecular interaction contributions are governed by differences in the
attractive and repulsive forces of the emulsifier and oil-water interface in the adsorbed and
non-adsorbed states. Entropy contributions are mainly governed by the reduction in the
mixing and configurational entropies of the emulsifier molecules after adsorption. Molec-
ular interaction effects usually favor protein adsorption, whereas entropy effects usually
oppose it. For instance, there is a reduction in the contact area between non-polar groups
and water molecules in the system after protein molecules adsorb to an oil-water interface,
which is thermodynamically favorable because it reduces the number of unfavorable hy-
drophobic interactions. In contrast, the mixing and configurational entropies of the protein
molecules are reduced after adsorption because their molecular mobility is reduced when
they are located at the oil-water interface, which is thermodynamically unfavorable. There
may also be repulsive interactions between neighboring protein molecules at the oil-water
interface that oppose protein adsorption. For instance, if numerous protein molecules are
already adsorbed to the interface, they may generate an electrostatic or steric repulsion that
opposes the adsorption of additional protein molecules. Overall, the affinity of a particular
protein for an interface depends on a balance of these effects.

At the molecular level, the surface activity of a protein depends on its surface chemistry,
flexibility, and molar mass. Proteins with more exposed non-polar groups on their surfaces
tend to have a higher affinity for an oil-water interface (provided they do not aggregate
with other proteins in solution) because of the stronger hydrophobic effect. Smaller proteins
tend to have a greater entropy of mixing effect opposing adsorption than larger ones, which
decreases their affinity for the interface. At present, there is not a detailed understanding
of the precise molecular features of proteins that influence their surface activity.

Experimentally, the surface activity (SA) of an emulsifier can be defined as the recipro-
cal of the emulsifier concentration required to increase the surface pressure to 50% of its
saturation value: SA = 1/C50%. This value can conveniently be ascertained from a plot of
the surface pressure versus emulsifier concentration (Figure 16). Knowledge of the surface
activity of a protein can be useful for predicting the relative affinity of different proteins for
the droplet surfaces in an emulsion. When present at a similar concentration, proteins with
a higher affinity for the interface will tend to preferentially adsorb. A variety of analytical
methods are available to measure changes in the interfacial tension when proteins adsorb
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to oil-water interfaces, including plate, ring, droplet shape analysis, and maximum bubble
pressure methods [111].

3.2.5. Adsorption Kinetics

The speed that protein molecules become attached to the oil droplet surfaces during ho-
mogenization is important because it influences the ease of droplet formation (by affecting
interfacial tension) and the tendency for droplet coalescence to occur (by affecting the col-
loidal interactions). Ideally, an emulsifier should rapidly adsorb to the oil droplet surfaces
during homogenization because the time scale for the small drop formation is very small,
typically on the order of milliseconds. Consequently, it is useful to have some measure
about the kinetics of emulsifier adsorption to oil-water interfaces. In practice, emulsifier
adsorption usually occurs under highly dynamic conditions inside a homogenizer, which is
difficult to simulate using analytical instruments. Instead, the adsorption kinetics of emul-
sifiers is usually determined using quiescent (non-agitated) conditions [18,111,112]. These
measurements can still be useful because emulsifier adsorption is often diffusion-limited
inside homogenizers, even under dynamic conditions.

3.3. Impact of Emulsifier on Emulsion Stability

The resistance of emulsions to changes in their properties during storage or when
their environment is altered is highly dependent on the emulsifier type. Many emulsifiers
are effective at stabilizing emulsions under one set of conditions but not under another
set. Consequently, it is important to identify the range of conditions where a particular
protein-based emulsifier works.

In general, emulsions may become unstable for several reasons, such as creaming,
sedimentation, flocculation, coalescence, partial coalescence, oiling-off, and Ostwald ripen-
ing [18]. There is therefore a need for appropriate instrumental methods and experimental
protocols to characterize the ability of proteins to stabilize emulsions under different
conditions [113].

3.3.1. Analytical Instruments Providing Information Relevant to Colloidal Interactions
Interfacial Layer Thickness

The thickness of the interfacial layers formed around oil droplets is important because
it influences the steric repulsion between them [18]. Typically, the thicker the interfacial
layer, the longer the range and the more effective is the steric stabilization mechanism
at preventing droplet aggregation. For this reason, it is useful to have insights into the
thickness of the interfacial layers formed by protein-based emulsifiers around fat droplets.
The thickness of the interfacial layer depends on the molar mass of proteins, as well as their
conformation and orientation at interfaces. The thickness of the interfacial layer usually
increases with increasing molar mass. Assuming that a protein has a spherical shape at an
interface, the thickness could be given be:

∂ = 3

√(
6MW
πNAρ

)
(14)

If the molar mass is expressed as kDa, the interfacial thickness is given by the following
equation in nanometers:

∂ ≈ 3.36 3
√

MW (15)

As examples, the interfacial thicknesses should be around 8.8, 21, and 64 nm for
β-lactoglobulin (MW = 18 kg mol−3), bovine serum albumin (MW = 66.4 kg mol−3), and pea
legumin hexamer (MW = 350 kg mol−3), respectively. These values should only be treated
as rough estimates since proteins are not spherical in reality. In addition, proteins may form
multilayers when they are present at relatively high concentrations, which increases the
interfacial thickness [114].
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Several analytical instruments are available for providing information about interfacial
thickness at planar oil-water interfaces, such as those that involve the reflection of light
waves [115] or neutrons [116,117]. Nevertheless, these methods usually require specialized
equipment that is not available in many food science laboratories. The thickness of the
interfacial coatings in emulsions can often be determined indirectly by using monodisperse
latex beads instead of oil droplets. The mean particle diameter of the latex beads is
measured before (dB) and after (dA) the proteins have been adsorbed to the particle surfaces.
The interfacial thickness can then be calculated: δ = (dA − dB)/2 [118]. The thickness of
interfacial layers in emulsions can also be obtained using neutron scattering methods [119],
but these are usually again only available at specialized facilities.

Interfacial Layer Charge

The electrical charge on emulsifier-coated oil droplets influences their electrostatic
interactions, which plays a major role in determining their resistance to aggregation, as
well as their interactions with other charged ingredients and surfaces [18]. Typically, the
greater the electrical charge of the droplet surfaces, the stronger the electrostatic repulsion
between the emulsifier-coated fat droplets and the more resistant the emulsion is to aggre-
gation. Consequently, it is useful to have analytical instruments to measure the electrical
characteristics of droplets. This is usually achieved using electrophoresis instruments
that measure the direction and speed that charged particles move in an applied electrical
field. The most common means of measuring particle movement is a laser beam. Indeed,
most commercial instruments that measure the electrical properties of particles use this
principle. The electrical characteristics are usually expressed as the ζ-potential, which is
the effective surface potential of the particles as they move through an applied electrical
field. The ζ-potential is determined by the surface charge density of the droplet surfaces
(i.e., the net number of charged groups per unit area), as well as by the ionic strength of the
surrounding aqueous phase. For protein-based emulsifiers, the surface charge density is
highly dependent on pH because the ionization of charged groups (such as carboxyl and
amino groups) is determined by the pH relative to their isoelectric point. Consequently, it
is important to control the pH of any fluid used to dilute the emulsions prior to analysis.
Many researchers dilute their samples with distilled water, which can lead to large errors
in the results because the pH of distilled water can vary greatly depending on its origin.
Ideally, one should also control and know the ionic strength of the aqueous phase, as this
also influences the measured ζ-potential. Typically, the ζ-potential decreases as the ionic
strength increases due to electrostatic screening effects, i.e., accumulation of counter-ions
around charged groups on droplet surfaces. In summary, it is critical to use an appropriate
buffer solution when diluting protein-stabilized emulsions before carrying out ζ-potential
measurements.

Interfacial Rheology

The resistance of the interfacial layer to disruption is important for preventing droplet
coalescence and partial coalescence. The rheological properties of the interfacial layer
play an important role in determining the robustness of the interfacial layer. In particular,
the dilatational and shear rheology of the interface are important [120]. The dilatational
rheology is related to the resistance of the interface to changes in its surface area, whereas
the shear rheology is related to the resistance of the interfacial to deformation or flow (at
constant surface area) when a shear force is applied.

An interface may have viscous and/or elastic components to its rheological properties.
Consequently, it is possible to measure the interfacial viscosity or elastic modulus. A
number of different analytical instruments are available to measure the shear and dilata-
tional modulus of interfaces, which have been reviewed in detail recently [111]. Under
quiescent conditions, interfaces with a high elastic component are usually more resistant
to disruption. However, under shear conditions, interfaces with strong elastic properties
may be irreversibly torn or ripped, which promotes droplet coalescence [121]. Indeed, this
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has been shown to be a problem with globular proteins that form covalent crosslinks with
each other at the interface [37]. Many plant proteins are globular proteins that are capable
of unfolding at an interface and forming crosslinks with each other. Consequently, they
may be unstable to coalescence when sheared at rates that are sufficiently high to promote
interfacial tearing. Nevertheless, further research is required in this area to establish the
resistance of plant-protein stabilized emulsions to this mechanism.

3.3.2. Analytical Instruments for Characterizing Emulsion Stability

A range of analytical instruments are available for characterizing the stability of
emulsions during storage or when they are exposed to particular environmental conditions,
which have been reviewed in detail previously [33]. In this section, we therefore provide a
brief overview of the different instrumental methods available, with a special emphasis on
some of the factors that should be considered to make accurate and reliable measurements.

Particle Size and Aggregation State

Analytical instruments are required to provide information about the dimensions of
the individual droplets in emulsions, as well as their aggregation state (e.g., separated or
associated). The most common methods for this purpose are microscopy and particle sizing
instruments [18].

Microscopy: Several kinds of microscopy instruments are available to provide infor-
mation about the morphology of emulsions, including optical, electron, and atomic force
microscopy. These instruments are based on different physical principles, which determine
the contrast, magnification, and resolution of the images of the emulsions. The size of the
particles that can be observed using these different technologies decreases in the following
order: optical microscopy > scanning electron microscopy (SEM) > transmission electron
microscopy (SEM) > atomic force microscopy (AFM). Typically, the particles in an emulsion
must be larger than about 500 nm to be observed by optical microscopy, which limits its
application for observing individual droplets in fine emulsions or nanoemulsions but it can
often be used to detect whether these droplets are aggregated or not. In optical microscopy,
the different components in an emulsion, such as the oils, proteins, and polysaccharides,
can be selectively stained using colorimetric or fluorescent dyes, which can be utilized to
provide information about the relative location of these different components in the system.
In addition, cross-polarizers can be used to provide information about the location and
morphology of any birefringent materials, such as fat crystals, starch granules, or protein
fibers. Electron microscopy methods can usually observe smaller structures in emulsions
than optical microscopy methods, but much more extensive sample preparation is often
required, which can damage the sample and lead to artifacts in the images. Moreover, the
instrumentation required is usually more expensive and time-consuming to use. Atomic
force microscopy methods have also proved useful for providing information about the
size and aggregation state of the droplets in emulsions and nanoemulsions but these are
again much less widely available than optical microscopy methods.

Instrumental particle sizers: Several kinds of analytical instruments have been developed
that are designed to measure the size of the particles in emulsions and other colloidal
dispersions. These instruments are often simple to use and provide information about
the full particle size distribution in a few minutes. The most widely used instruments are
based on the scattering of light waves from particles, but instruments are also available
that use other principles such as electrical pulse counting, gravitational separation, and
nuclear magnetic resonance [18]. In this section, we focus on light scattering instruments
since they are by far the most common.

There are two main kinds of particle sizing instruments based on light scattering: static
and dynamic light scattering (SLS and DLS). SLS is based on measuring the diffraction
pattern of a colloidal dispersion, i.e., the change in light intensity with diffraction angle.
Typically, small particles scatter light waves at wider angles than large ones. As a result, the
particle size distribution can be calculated by measuring the diffraction pattern and using a
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suitable mathematical model (such as Mie theory) to interpret the data. DLS is based on
measuring the intensity fluctuations of a light wave transmitted or reflected from a colloidal
dispersion, i.e., the change in intensity with time. The intensity fluctuations are more rapid
for smaller particles than larger ones. Consequently, the particle size distribution can be
calculated by measuring the intensity fluctuations of an emulsion and using a suitable
theory to interpret the data. The range of particles that can be assessed depends on the type
of light scattering instrument used: around 1 nm to 10 µm for DLS and around 100 nm
to 1000 µm for SLS. For this reason, it is essential to select the most appropriate type of
analyzer for the system being examined. For instance, a fine emulsion may start with small
droplets (a few hundred nanometers) but may contain large particles (tens or hundreds of
micrometers) if extensive aggregation occurs. In this case, DLS may not be appropriate for
providing information about the aggregated system.

There are several other factors that should be considered when using light scattering
methods for detecting particle aggregation:

• Aggregation type: It is difficult to establish whether an observed increase in particle size
in an emulsion is due to flocculation or coalescence. The instrument reports a particle
size distribution and mean particle diameter, but it is not possible to ascertain the
origin of droplet aggregation from this data alone. In some cases, however, insights can
be obtained about the aggregation type. For instance, the particle size distribution of a
protein-stabilized emulsion can be measured, and then a small molecule surfactant
(e.g., 1% SDS or Tween 20) is added. The emulsion is then incubated for a few
hours and the particle size distribution is measured again. During incubation, the
surfactant adsorbs to the fat droplet surfaces and displaces the original emulsifiers,
thereby disrupting any flocs. If the particle size distribution does not change after the
surfactant is added, then it is assumed that droplet aggregation is due to coalescence.
Conversely, if the size of the particles decreases appreciably after the surfactant is
added, then it can be assumed that droplet aggregation is due to flocculation.

• Actual particle size: The instrument software assumes that the objects that scatter light
are isolated homogeneous spheres with well-defined refractive indices, which is not
the case for flocculated emulsions. Flocculated emulsions contain heterogeneous
irregular particles that do not have a well-defined refractive index. Consequently, the
results reported by the instrument do not reflect the true size of the particles within the
emulsion. In this case, the results should only be used to provide information about
whether aggregation is occurring or not.

• Dilution effects: Typically, emulsions must be diluted prior to analysis by light scattering
to obtain a sufficiently strong signal while avoiding multiple scattering. As mentioned
earlier, it is critical to carefully dilute the emulsions so as not to alter their aggregation
state. If the droplets in flocs are only held together by weak attractive forces (such as
depletion forces), then they may be disrupted when they are diluted and stirred. As a
result, the particle size measured for the analyzed emulsion may be smaller than that
in the actual emulsion. For protein-stabilized emulsions, the pH and ionic strength
of the aqueous phase used to dilute the samples should be similar to those found in
the original sample to minimize any changes in the colloidal interactions between
the droplets.

Gravitational Separation

One of the most common instability mechanisms in emulsions is gravitational separa-
tion due to the upward (creaming) or downward (sedimentation) movement of the droplets.
For O/W emulsions, which are the ones most commonly stabilized by proteins, creaming
typically leads to a clear droplet-depleted serum layer at the bottom and a droplet-rich
cream layer at the top. The formation of these layers can often be detected by the eye,
where they are taken to be a quality defect by consumers. It is therefore important to be
able to measure and predict the rate and extent of creaming in emulsions [18].
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The simplest way to monitor creaming is to measure the height of the serum and/or
cream layers as a function of time using a ruler. A record of the changes in emulsion stability
can also be obtained by taking digital photographs of them over time when they are stored
in controlled conditions. These approaches can be used to characterize emulsions where
changes in the visual appearance are obvious. However, in some cases, creaming and/or
sedimentation may have occurred in an emulsion, but it is difficult to detect the boundary
between the serum, emulsion, or cream layers. In this case, laser profiling methods can be
used to provide a more precise and objective measure of creaming or sedimentation. There
are two main types of these devices that are commonly used:

Turbiscan: This instrument uses a laser that can move in the vertical direction to
measure the change in the backscattered (BS) and transmitted (T) light as a function of
sample height and storage time. The backscattered light tends to increase with increasing
droplet concentration, whereas the transmitted light tends to decrease (although they also
depend somewhat on droplet size). Consequently, measuring changes in BS and/or T
with sample height during storage can be used to provide detailed information about the
resistance of the droplets to movement due to gravity. This instrument is produced and
distributed by Formulaction (Toulouse, France).

LUMiFuge: This instrument also uses a laser to measure the fraction of transmitted
light as a function of sample height and storage time. But the sample is placed in an
analytical centrifuge and centrifuged at a fixed speed throughout the measurements. As a
result, the upward or downward movement of the particles in an emulsion is much faster
than due to simple gravity. The main advantage of centrifuging the emulsions during
the measurements is that it accelerates their phase separation, which may be useful for
developing a more rapid test of emulsion stability. However, it would not be able to pick up
events that occur slowly during storage, such as flocculation, which would accelerate phase
separation due to the increase in particle size. This instrument is produced and distributed
by LUM GmbH (Berlin, Germany).

Other instruments can also be utilized to measure phase separation in emulsions
that utilize different physical principles. For instance, magnetic resonance imaging, ul-
trasonic imaging, X-ray tomography, and electrical conductivity measurements have all
been used for this purpose but these instruments are not widely available in most food
laboratories [18].

3.3.3. Emulsion Stability Testing Protocols

Several emulsion testing protocols have been developed to quantify the ability of
emulsifiers to stabilize O/W emulsions. The results of these protocols can be used to
compare the relative performance of different kinds of emulsifiers. In this section, we
highlight some of the most commonly used protocols. In particular, we propose a series
of standardized tests that can be used to compare the ability of emulsifiers to stabilize
emulsions under different environmental conditions, which may be useful when selecting
an emulsifier for a specific food application.

Emulsion Stability Index

Researchers have developed parameters to quantify the resistance of emulsions to
droplet aggregation under specified conditions. One of the most widely used parameters is
the emulsion stability index or ESI [122]. Originally, the ESI was calculated by measuring
the turbidity of a diluted emulsion over time using a UV-visible spectrophotometer but
more recently it is calculated by measuring the droplet diameter over time using a particle
sizing instrument [113]:

ESI =
d(0)× t

d(t)− d(0)
(16)

Here, d(0) is the initial mean particle diameter of the emulsion and d(t) is the mean
particle diameter measured at time t. One of the challenges with the ESI method is that it
does not provide a good numerical indication of emulsion stability: the ESI tends to infinity
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for a stable emulsion but is small for an unstable one. A more convenient parameter is the
emulsion instability index (EII):

EII =
d(t)− d(0)

d(0)× t
(17)

This value provides a measure of the rate of change in the particle size over time. Thus,
the EII value increases as the instability of an emulsion to droplet aggregation increases.
The EII is simply the reciprocal of the ESI value.

There are several challenges associated with using a single parameter to describe the
ability of an emulsifier to stabilize an emulsion against aggregation:

• The particle size of an emulsion may increase due to various physicochemical mecha-
nisms including flocculation, coalescence, and Ostwald ripening. The ESI or EII value
does not provide insights into which of these mechanisms is dominant, which can be
important for developing effective strategies to improve emulsion stability.

• Typically, the mean particle diameter does not increase linearly with time. Instead, the
particle size may increase during the initial stages of storage and then reach a constant
value. As a result, the ESI or EII value depends on the time when the particle size is
measured. For this reason, it is useful to stipulate a fixed storage time when comparing
the effectiveness of different emulsifiers to stabilize emulsions, e.g., 24 h, 1 week or
1 month. Based on our practical experience with protein-stabilized emulsions, we
recommend an incubation time of 24 h. This is usually sufficient to observe increases
in droplet aggregation, without causing concerns with microbial growth.

• The particle size distribution of an emulsion often changes from mono-modal (single-
peaked) to multi-modal (multi-peaked) during storage, depending on the nature of
the instability mechanism. We recommend that the time-dependence of the particle
size distribution should be measured to provide insights into the origins of emulsion
instability.

• The values of the ESI and EII parameters depend on the type of mean particle diameter
used in the calculations, such as d10, d32 or d43. Consequently, it is important to use the
same mean particle diameter when comparing different emulsifiers. We recommend
using the d43 value as this is most sensitive to particle aggregation.

• The rate of increase in the particle size over time depends on the initial droplet size,
droplet concentration, and continuous phase rheology in the emulsion being tested.
These factors should therefore be standardized when comparing different emulsifiers.
We recommend using an initial droplet diameter of 100–500 nm (to avoid creaming
during storage), a droplet concentration of 10%, and pure water or buffer solution as
the aqueous phase.

In general, when studying and comparing the performance of proteins as emulsifiers,
we recommend that the full particle size distribution should be measured over time, or
before and after some specified treatment (such as a change in pH, ionic strength, or
temperature). We also recommend that the d32 and d43 values should be calculated from the
particle size distributions and plotted versus time, or some other parameter (such as pH,
ionic strength, or temperature). Finally, we recommend that an EII value obtained under
standardized conditions should be reported for each emulsifier: i.e., an EII calculated from
d43 values measured at 0 and 1 day storage of 10% oil-in-water emulsions. In this case,
the emulsion instability index is simply expressed as EII = [d(t) − d(0)]/d(0). The same
equation can be used to calculate the instability index of an emulsion after being exposed
to some environmental stress test. The following criteria can be used to judge the stability
of an emulsion:

• 0 < EII < 0.05: Highly stable
• 0.05 < EII < 0.5: Moderately stable
• 0.5 < EII < 5.0: Moderately unstable
• EII > 5.0: Highly unstable
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These values should only be taken as rough guidelines but they do provide some
valuable criteria for comparing one kind of emulsifier with another.

Due to the limitations of this method, and its high sensitivity to the experimental
conditions used, we do not recommend the emulsion stability or emulsion instability indices
as a good indicators of the ability of different proteins to stabilize emulsions. Instead, we
recommend measuring changes in particle size using light scattering and microscopy under
well-defined environmental conditions (see next section).

Environmental Stress Tests

Protein-based emulsifiers must perform in a range of different food matrices un-
der a range of different processing, transport, storage, and food preparation conditions.
Consequently, it is important to establish the range of conditions where they can form
stable protein-coated fat droplets, as well as the range of conditions where they cannot be
used. In this section, we propose a series of environmental stress tests that can be used
to characterize and compare the properties of different protein-based emulsifiers. These
methods are based on the authors decades of experience working with protein-stabilized
emulsions. Widespread implementation of these methods could lead to the generation
of a standardized database that could be used to compare the effectiveness of different
emulsifiers.

Preparation of stock emulsion: Initially, a stock emulsion is prepared at ambient temper-
ature using the protein-based emulsifier to be tested. We recommend producing a 10%
oil-in-water emulsion by homogenizing 10% w/w of a food-grade oil (such as corn oil,
sunflower oil, or canola oil) and 90% w/w of a buffered protein solution (10 mM phosphate
buffer, pH 7.0). The target mean droplet diameter (d32) should fall within the range 100 to
500 nm. Typically, this droplet size can be achieved using a high-pressure valve homog-
enizer, microfluidizer, or sonicator. A high shear mixer or blender is usually unsuitable
for this purpose because it cannot produce droplets that are small enough. The droplets
produced using mixers or blenders are typically larger than 1000 nm and so tend to cream
rapidly even if no aggregation occurs. Ideally, enough protein should be present to coat
all the fat droplets without having too much excess protein in the surrounding aqueous
phase. Typically, 1% protein should be sufficient to achieve this goal, but more or less
may be required for certain kinds of emulsifiers. For instance, we have found that higher
levels of protein (e.g., 2 or 5%) are required to produce small fat droplets (<500 nm) using
certain kinds of plant proteins. Consequently, it may be necessary to carry out an initial
screening experiment where the mean particle diameter (d43) is measured as a function of
emulsifier concentration to select the most appropriate level of protein to use. The lowest
protein concentration required to produce oil droplets with diameters below 500 nm can
then be used to formulate the emulsions. Droplets with diameters (d43) < 500 nm should
be resistant to creaming over a 24 h period (<4 mm/day), provided they do not aggregate
with each other. As a result, the factors that affect droplet aggregation can be elucidated
more easily. The emulsions should be prepared at an initial pH where they are known to be
stable (usually pH 7) and should not contain any added salts (low ionic strength) to ensure
there is a strong electrostatic repulsion between the droplets.

Stress tests: Once a stock emulsion has been prepared its resistance to droplet aggrega-
tion when exposed to a series of environmental stresses should be quantified and reported
in a standardized fashion. We recommend that the emulsions be exposed to the following
standardized stress tests and then their properties measured (as described at the end of this
section).

pH stability: The stock emulsion is used to prepare a series of emulsions containing
1% oil but different pH values: pH 2, 3, 4, 5, 6, 7, and 8. These emulsions are then gently
mixed to ensure they are homogeneous and incubated for 24 h at ambient temperature
under quiescent conditions prior to analysis. Additional pH values may be added near the
isoelectric point (pI) of the protein-coated oil droplets to provide more detailed information
about the stability range, e.g., pH 4.25, 4.5, 4.75, 5.00, 5.25, 5.50, and 5.75 for an emulsifier
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with a pI of 5.0. These experiments are usually carried out in the absence of salt, but they
can also be carried out in the presence of 150 mM NaCl to examine the combined influence
of pH and salt.

Salt stability: The stock emulsion is used to prepare a series of emulsions containing
1% oil but different salt concentrations: 0, 25, 50, 75, 100, 200, 300, and 400 mM NaCl. The
emulsions are then gently mixed to ensure they are homogeneous and incubated for 24 h
at ambient temperature under quiescent conditions prior to analysis. Other types and
amounts of salts can be examined if they are known to be present in a particular food or
beverage product where the emulsifier will be used (e.g., calcium or potassium).

Heat stability: The stock emulsion is used to prepare a series of emulsions containing
1% oil and a known pH and ionic strength (e.g., pH 7, 0 mM added salt). Alternatively, pH
and salt conditions that simulate those found in a commercial product where the emulsifier
may be used can be utilized. The emulsion samples are then gently stirred to ensure they
are homogeneous. Each test tube containing an emulsion sample is then incubated in a
controlled temperature environment (such as a water bath) for a fixed time and temperature.
We recommend that separate emulsion samples are incubated at 30, 40, 50, 60, 70, 80, and
90 ◦C for 30 min, then cooled to ambient temperature and stored for 24 h prior to analysis.
For more detailed information about the stability range, additional temperatures can be
included, especially around the thermal denaturation temperature of the proteins. In some
cases, thermal processing conditions that simulate those that a food product containing the
emulsifier might experience commercially may be used such as pasteurization (e.g., 63 ◦C
for 30 min), sterilization (121 ◦C for 20 min), or cooking (100 ◦C for 10 min).

Refrigerator stability: The stock emulsion is used to prepare a diluted emulsion contain-
ing 1% oil and a known pH and ionic strength (e.g., pH 7, 0 mM added salt). The emulsion
is then stored for 1 week in a refrigerator (around 4 ◦C), before being removed, incubated
at ambient temperature for 2 h, and then analyzed.

Freeze-thaw stability: The stock emulsion is used to prepare a diluted emulsion con-
taining 1% oil and a known pH and ionic strength (e.g., pH 7, 0 mM added salt). This
sample is placed in a plastic test tube (to avoid cracking of glass) and then subjected to
freezing (e.g., −20 ◦C for 24 h) and thawing (e.g., +20 ◦C for 24 h). This procedure may
be repeated several times to simulate thermal fluctuations experienced by commercial
products. The freezing and thawing temperatures used are important because water and
fat may crystallize and melt at different temperatures.

Mechanical stress: The stock emulsion is used to prepare a diluted emulsion containing
1% oil and a known pH and ionic strength (e.g., pH 7, 0 mM added salt). The emulsions are
then exposed to controlled mechanical stress conditions e.g., by placing them in a blender
and then shearing them at 1000 rpm for 30 min. The emulsions are then removed from the
blender, allowed to stand for 24 h, and then analyzed. These measurements are usually
carried out at ambient temperature.

Analysis of samples: After being subjected to these environmental stress conditions,
the mean particle diameter (d32 and d43), aggregation state, charge, and creaming stability
of the emulsions are measured. The mean particle diameter is usually measured using a
static light scattering instrument but a dynamic light scattering instrument can also be used
(provided the aggregates formed are small enough to detect, i.e., <10,000 nm). The origin
of droplet aggregation (flocculation or coalescence) can be established using microscopy
methods and/or by measuring the particle size distribution before and after adding a
surfactant. The particle charge (ζ-potential) can be measured using the electrophoresis
instruments discussed earlier. The resistance to creaming can be established by taking a
digital photograph of the sample or by using a Turbiscan instrument. In addition, other
parameters may also be measured depending on the nature of the end product and purpose
of the experiments, such as the appearance, rheology, flavor profile, or chemical degradation
of specific components.
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4. Application of Proposed Standardized Tests

In this section, we demonstrate the effectiveness of the proposed standardized tests
for quantifying and comparing the performance of different protein-based emulsifiers.
Information about the ability of several protein-based emulsifiers to form emulsions is
summarized in Table 1, whereas information about their ability to stabilize emulsions is
summarized in Tables 2–4. These tables show that there are appreciable differences in
the ability of plant and animal proteins at forming and stabilizing emulsions. Typically,
proteins with a higher molecular weight have a higher surface load, which means that more
protein is required to form a given emulsion (Table 1). For most proteins, the emulsions
are highly unstable to aggregation when the pH is around their isoelectric point, however,
there are still differences in the range of pH values where they can form stable emulsions
(Table 2). Some protein-stabilized emulsions tend to aggregate at high salt levels, whereas
others become more stable in the presence of high salt levels (Table 3), which may be related
to changes in their water-solubility. Many protein-stabilized emulsions tend to aggregate
when they are heated to around and above the thermal denaturation temperature of the
proteins, but again there are appreciable differences in thermal stability depending on
protein type (Table 4). Including more data about protein performance in a standardized
format will allow food manufacturers to select the most appropriate ingredient for specific
applications.

Table 2. pH stability of protein-coated oil droplets in oil-in-water emulsions. Regions in bold show
where extensive droplet aggregation occurs. Key: ζ = ζ-potential; d/d0 is the particle diameter at
specified pH divided by particle diameter at pH 7; CI is the creaming index measured after storage
for certain time at ambient temperature.

Protein
Type Property pH Value Comments Reference

Charge
Size

Creaming
2 3 4 5 6 7 8

Oil content and type
Protein-to-oil ratio (P:O)

Homogenizer; Particle sizer

Whey

ζ (mV) 24.1 14.3 −7.2 −20.4 −25.2 2.5% corn oil
P:O = 0.2:1

Sonicator; DLS

Our Lab
(Cheryl
Chung)

d/d0 1.87 12.7 22.6 0.99 1.00

CI (%) - - - - -

Whey

ζ (mV) 37.7 50.2 27.8 −2.6 −31.8 −52.8 −53.1 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.02 1.61 23.7 132 3.62 1.00 0.93

CI (%) - - - - - - -

Whey

ζ (mV) 38.9 47.7 31.7 0.0 −30.5 −47.7 −45.1 10% orange oil: vitamin A
P:O = 0.2:1

Microfluidizer, SLS
[45]d/d0 1.00 1.00 1.01 121 1.00 1.00 0.99

CI (%) 0 0 0 27% 0 0 0

Caseinate

ζ (mV) 18.8 11.9 −23.0 −37.1 −41.6 2.5% corn oil
P:O = 0.2:1

Sonicator; DLS

Our Lab
(Chung)d/d0 30.3 53.2 1.72 0.98 1.00

CI (%) - - - - -

Faba

ζ (mV) 23.6 26.2 14.3 −4.1 −14.0 −18.3 −19.5 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.88 20.13 14.19 11.7 3.30 1.00 0.83

CI (%) 86 76 74 74 65 0 0

Lentil

ζ (mV) 24.5 29.4 19.4 −0.7 −18.4 −20.8 −21.2 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 0.96 1.08 0.93 16.3 0.83 1.00 0.91

CI (%) 0 0 59 47 48 0 0

Pea

ζ (mV) 22.6 26.8 15.9 −4.1 −16.4 −17.2 −17.6 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 0.82 15.3 24.2 23.8 4.03 1.00 0.70

CI (%) 0 76 78 81 78 0 0
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Table 2. Cont.

Protein
Type Property pH Value Comments Reference

Soy

ζ (mV) 26.9 31.2 18.0 −6.1 −19.1 −35.9 −42.6 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 95.9 132 128 124 1.41 1.00 0.89

CI (%) - - - - - - -

Rubisco

ζ (mV) 22.3 30.1 18.4 −7.7 −27.0 −35.0 −31.6 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 2.18 10.7 41.5 42.3 29.0 1.00 0.84

CI (%) - - - - - - -

Hydrolyzed
rice

glutelin

ζ (mV) 26.9 25.7 5.1 −11.3 −21.9 −32.8 −40.7 10 wt% corn oil
P:O = 0.3:1

Microfluidizer, SLS
[123]d/d0 71.5 78.9 89.9 73.7 36.7 1.00 0.98

CI (%) 10 14 13 16 0 0 0

Table 3. Salt stability of protein-coated oil droplets in oil-in-water emulsions. Regions in bold show
where extensive droplet aggregation occurs. Key: ζ = ζ-potential; d/d0 is the particle diameter at
specified salt concentration divided by particle diameter in the absence of salt; CI is the creaming
index measured after storage for certain time at ambient temperature.

Protein
Type Property Salt (NaCl) Concentration (mM) Comments Reference

Charge
Size

Creaming
0 50 100 200 300 400 500

Oil content and type
Protein-to-oil ratio (P:O)

Homogenizer; Particle sizer

Whey
protein

ζ (mV) −52.8 - −52.9 −49.9 −48.9 −48.8 −47.4 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 - 0.96 0.99 1.04 1.08 1.10

CI (%) S - S S S S S

Rubisco

ζ (mV) −35.9 - −39.7 −38.7 −37.9 −37.4 −36.9 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 - 4.25 7.08 12.5 12.9 14.6

CI (%) S U U U U U

Soy

ζ (mV) −35.0 - −33.7 −33.5 −33.1 −33.1 −32.7 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 - 8.75 7.56 43.5 111 236

CI (%) S S S S S S

Faba

ζ (mV) −18.3 - −17.8 −11.6 −8.6 −7.2 −8.9 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 - 28.74 1.42 0.97 0.88 1.00

CI (%) S U U U S S

Lentil

ζ (mV) −20.8 - −16.6 −13.2 −11.9 −9.0 −20.8 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 - 0.82 0.62 0.61 0.60 0.67

CI (%) S S S S S S

Pea

ζ (mV) −17.2 - −14.4 −12.1 −11.9 −11.0 −8.4 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 - 26.0 8.72 1.75 1.46 1.35

CI (%) S U U S S S

Hydrolyzed
Rice

Protein

ζ (mV) −36.3 −17.3 −13.4 −10.4 −9.3 - −8.1 10 wt% corn oil
P:O = 0.3:1

Microfluidizer, SLS
[123]d/d0 1.00 1.53 1.52 1.53 21.5 - 22.2

CI (%) - - - - - - -
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Table 4. Temperature stability of protein-coated oil droplets in oil-in-water emulsions. Regions in
bold show where extensive droplet aggregation occurs. Key: ζ = ζ-potential; d/d0 is the particle
diameter at specified temperature divided by particle diameter at ambient temperature; CI is the
creaming index measured after storage for certain time at ambient temperature.

Protein
Type Property Temperature (oC) Comments Reference

Charge
Size

Creaming
30 40 50 60 70 80 90 Oil content, oil type, buffer,

temperature

Whey
protein

ζ (mV) −47.6 −53.2 −53.0 −53.2 −51.1 −51.4 −45.0 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 0.99 1.01 0.99 0.99 0.99 0.99

CI (%) S S S S S S S

Rubisco

ζ (mV) −39.3 −37.8 −37.8 −35.9 −34.9 −34.5 −34.8 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 0.85 0.86 3.70 12.1 18.6 42.8

CI (%)

Soy

ζ (mV) −33.9 −35.4 −35.6 −35.4 −35.7 −33.8 −32.8 10% soy oil
P:O = 0.1:1

Microfluidizer; SLS
[110]d/d0 1.00 0.88 0.97 0.86 0.92 0.98 1.00

CI (%)

Faba

ζ (mV) −36.7 −35.0 −45.3 −18.1 −18.7 −18.9 −19.5 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 0.87 0.84 1.23 1.20 1.15 1.15

CI (%) S S S S S S S

Lentil

ζ (mV) −44.9 −47.3 −24.4 −22.7 −21.8 −21.8 −22.1 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 0.98 1.09 1.06 1.49 1.43 1.41

CI (%) S S S S S S S

Pea

ζ (mV) −30.0 −42.4 −36.7 −19.2 −17.5 −17.5 −18.3 10 wt% algae oil
P:O = 0.27:1

Microfluidizer, SLS
[90]d/d0 1.00 1.06 1.03 0.91 1.22 1.19 1.17

CI (%) S S S S S S S

Hydrolyzed
Rice

Protein

ζ (mV) −10.7 −10.0 −10.7 −9.3 −8.8 −9.4 −9.4 10 wt% corn oil
P:O = 0.3:1

Microfluidizer, SLS
[123]d/d0 1.00 1.15 1.23 23.2 30.8 36.0 37.4

CI (%) S S S U U U U

5. Conclusions

Many new protein sources are being introduced as food ingredients, such as those
from plants, microorganisms, or fermentation processes. These proteins are often used as
functional ingredients in foods designed to reduce the consumption of animal products,
such as meat, seafood, egg, or dairy products. In this manuscript, we have focused on
the utilization of proteins as emulsifiers in foods and other products. We describe the
physicochemical principles underlying the utilization of proteins as emulsifiers, as well
as propose a series of standardized tests that can be used to characterize their properties.
The information obtained from these tests can be used to compare the ability of different
proteins to form and stabilize emulsions under standardized conditions. Our aim is to
establish a database that can be used to compare the performance of different emulsifiers
so that the most appropriate one can be selected for each application.
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