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Abstract: Small microplastics (<1 mm) comprise a great fraction of microplastics (<5 mm) found in
the environment and are often overlooked due to the constrains of transporting and filtering large
volumes of water in grab samplings. The objective of this work was to determine the minimum
volume for reliable quantification of small microplastics in the environment. Different volumes
(0.1, 0.25, 0.5, 1, 2.5 L) of laboratory spikes (fresh and saltwater) and environmental samples were
filtered. Sampling volumes of 0.5 L or 1 L are a good compromise between drawbacks, such as effort,
time, organic and mineral matter, potential contamination, and reliability of results, evaluated by
interquartile range, accuracy, coefficient of variation, and recovery rates. Moreover, the observation
of Nile Red-stained environmental samples under 470 nm produced six-times higher concentrations
than samples under 254 nm, namely, 18 microplastics L−1 and 3 microplastics L−1 for the Aveiro
Lagoon and 1 microplastics L−1 and 0 microplastics L−1 for the Vouga River, Portugal. This work also
raises concerns about the underreporting of environmental concentrations of microplastics.
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1. Introduction

Microplastics are defined as plastics <5 mm originating from fragmentation processes (secondary
microplastics) or intended production under microscopic sizes (primary microplastics) [1]. Microplastics
have been found in all environmental matrices, from freshwater [2], saltwater [3], and sediment [4] to
soil [5] and air [6]. Concerns about microplastics include ecotoxicological effects and human ingestion of
contaminated organisms [7], the release of hazardous leachates or adsorbed chemicals [8], formation of
biofilms and effects on gut microbiota [9], and changes in habitat properties [10]. The worldwide distribution
and irreversible contamination classify microplastics as a potential threat to planetary boundaries [11].

The invisible plastic debris <1 mm, known as small microplastics, are often overlooked and not
sampled, which is also due to the extensive use of manta trawls of 300-µm mesh size [12,13]. Even
though the use of small volumes of water to detect microplastics is often believed to produce unreliable
results [14], the higher sensitivity of laboratory filtrations may prove otherwise. For instance, Barrows
et al. [15] obtained concentrations of microplastics three orders of magnitude higher when collecting 1 L
of water in glass jars than using neuston nets (5.9 vs. 0.005 microplastics L−1) due to differences in pore
size (0.45 µm vs. 335 µm) under similar sample processing and identification in the stereomicroscope.
Dris et al. [16] obtained values 30-times lower when using a manta trawl (330 µm) compared to the
ones obtained with a plankton net (80 µm), sampling the same depth and under similar processing
and identification in the stereomicroscope.
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When comparing directly the filtration of different volumes through the same mesh size (100 µm),
Vermaire et al. [17] observed that estimations of microplastic concentrations based on the manta trawl
were lower than on shore sampling due to differences in river area (middle vs. edge) and methodology,
even though manta trawl sampled larger volumes of water (100 L vs. 100,000 L). The higher number of
microplastics found when using smaller mesh sizes is also a result of higher abundance of smaller
sizes. For instance, particles <0.3 mm comprise 92% of microplastics found in the South China Sea [18].
Thus, the volume of water sampled may be reduced when working with small microplastics due to
their higher abundance. Moreover, fluorescence under certain wavelengths resulting from Nile Red
staining may facilitate the identification of smaller microplastics in environmental samples [19].

Currently, results from different works on microplastics cannot be compared due to differences in
methodology and the lack of standardized sampling protocols, including differences in mesh size. The
volume of water sampled is often not reported or, when reported, highly variable (e.g., 10–2000 L),
influencing the estimation of environmental concentrations [20]. The minimum volume of sampled
water to obtain reliable results in grab samplings must be determined in order to contribute to the
uniformization of methods and creation of a standard protocol. Thus, the objective of this work was to
identify the minimum volume of water required to correctly quantify small microplastics, also taking
in consideration feasibility in transport, filtration time, and abundance of organic and mineral matter.
Moreover, environmental concentrations were also determined and the use of different excitation
wavelengths for Nile Red-stained microplastics were assessed.

2. Materials and Methods

2.1. Testing Sampling Volume in the Laboratory

In the first laboratory test, different volumes of spiked samples were filtered in order to
understand the estimated concentration. Concentrations used should consider current environmental
concentrations of microplastics. These may vary based on locations, as well as sampling methods
(e.g., pore size) [20]. Indeed, microplastics <300 µm, often lost when using nets, comprise the highest
number of particles [18]. Concentrations of microplastics can be as high as 9.2 microplastics L−1 in the
Pacific Coast of Canada [21], 102 microplastics L−1 in a Swedish harbor [22] or 118 microplastics L−1 in
returnable plastic bottles [23]. In the Three Gorges Reservoir in China, surface water concentrations vary
between 1.5–12.6 microplastics L−1 [24]. Concentrations tested should be based on low concentrations,
which are prone to larger estimation errors and can be reliably reproduced in laboratory by counting
microplastics to spike water with known concentrations. Thus, we decided to use 2 microplastics L−1 and
concentrations five- and ten-times higher (10 microplastics L−1 and 20 microplastics L−1 respectively).

Glass bottles containing ultrapure water or saltwater, produced by dissolving NaCl (Labkem, Spain)
in ultrapure water to achieve a concentration of 30 g L−1 (filtered through a 0.45 µm GN-6 grid filter,
Gelman Sciences, Ann Arbor, MI, USA), were spiked with polyethylene (PE) in sizes 1–2 mm, obtained
by grounding and sieving pellets (Sigma-Aldrich, St. Louis, MO, USA). Samples of 0.1 L, 0.25 L, 0.5 L,
1 L, and 2.5 L in four replicates were retrieved from glass bottles after vigorous shaking (to guarantee
even distribution of particles) and filtered through a 0.9-mm mesh. Then, the retrieved microplastics
were counted. Samples obtained never exceeded half of the volume prepared in the glass bottle. To allow
shaking, the largest glass bottle used was 1 L, meaning that largest sampled volumes (1 L and 2.5 L) were
obtained by repeatedly extracting 0.5 L from 1-L glass bottles until reaching the intended volume.

2.2. Sampling the Aveiro Lagoon and Vouga River

In the second test, environmental samples were collected and filtered in different volumes to
evaluate if the behavior was similar to the one observed in previous laboratory tests. These samples
likely consisted of a mixture of polymers of different characteristics, providing more realistic estimations.
Environmental samples were collected in 5-L glass bottles capped with aluminum foil, previously
washed with NaOH (0.1 M), HNO3 (4 M), distilled water, ultrapure water, and water from the collection
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site. Seawater samples were collected in Costa Nova, Aveiro, Portugal (40.619441, −8.748160) during
the rainy season (13 February 2019). Freshwater samples were collected in the Vouga River, Aveiro,
Portugal (40.694891, −8.601964), during the dry season (21 May 2019). Samples were analyzed as
soon as possible with a multiparametric probe (HI98194 Multiparameter, HANNA Instruments) in the
laboratory (Table S1, S.I.).

Samples were divided in subsamples of 0.1 L, 0.25 L, 0.5 L, 1 L, 2.5 L, and 5 L in four replicates,
which were filtered through 1.2-µm glass fiber filters (Prat DUMAS, Couze-et-Saint-Front, France).
These samples were treated with 10 mL of 30% hydrogen peroxide (H2O2, Labkem, Barcelona, Spain)
with 10 mL of 0.05 M iron catalyst (Fe(II), LabKem, Barcelona, Spain) [25,26] for 15 min over the
counter (Figure S1, S.I.), thoroughly washed with distilled water, stained with 0.01 mg mL−1 of Nile
Red prepared in ethanol (Sigma Aldrich, St. Louis, MO, USA) for 5 min [27,28], and washed again
with distilled water. After drying over the counter stored in glass Petri dishes, filters were counted
under 470 nm (FOCUS LED, SPEX Forensic, Piscataway, NJ, USA; Standard ProMaster® Orange Filter)
and 254 nm (VL-6.LC Vilber, Eberhardzell, Germany) and then photographed using a camera (Canon
550D, EF-S 18-55 mm, Oita, Japan) and digital stereoscope (Leica DMS300, Wetzlar, Germany). The
observation under 254 nm considered total yellow to red particles, in which yellow particles may be
confounded with fluorescent white fibers, and only red particles, which are higher in certainty. The
staining efficacy of Nile Red under these conditions in various virgin and weathered polymers has
previously been tested [27]. Cross-contamination was avoided by wearing cotton lab coats, previously
washing all material with distilled water, avoiding plastic materials, capping containers with aluminum
foil, and photographing environmental samples in a laminar flow hood in a clean room. Data was
processed in Excel 2019, which was used in the calculation of medians, average, interquartile range
(IQR), accuracy, coefficient of variation (CV), and recovery rate (Figure S2, S.I.). Concentrations
(microplastics L−1, MP L−1) and number of particles were expressed in boxplots.

3. Results and Discussion

3.1. Interquartile Range, Accuracy, Coefficent of Variation, and Recovery Rate

Laboratory spikes and environmental samples both showed a decrease in IQR with the increase
in volume filtered, as expected (Figure 1A–H). In laboratory spikes, the higher density of saltwater
produced more variable results due to the marked floatation of the low density microplastics used
(PE 0.918 g mL−1). Moreover, it was observed that higher concentrations of microplastics led to
the aggregation even after careful mixing, whereas smaller concentrations led to more imprecise
measurements (Tables S2–S4, S.I.).

When looking at accuracy, most treatments ≥1 L presented values <5% with the exception
of 2-MP L−1 spikes in saltwater due to the increased floatation and error of small concentrations,
as previously mentioned. In the case of filtering ≥0.5 L, the accuracy values were generally <10%
with the exception of the concentration 2 microplastics L−1, where 50% was observed for both fresh
and saltwater. The coefficient of variation decreased with increasing volume filtered, as expected.
Generally, ≥1 L presented CV <20%, except for the concentration of 2 microplastics L−1. Recovery
rates were within 10% variation for volumes ≥0.5 L, except for the concentration of 2 microplastics L−1

in saltwater. Regarding IQR, these tended to decrease with increasing volume filtered, as expected.
For both laboratory spikes and environmental samples, IQR values tended to stabilize when filtering
volumes ≥1 L (Figure 1E–H).

Results from environmental samples agree with the laboratory spike results, with a decrease in
IQR with increasing volumes filtered (Figure 1C,D). However, no real value could be estimated for
these environmental samples due to the lack of a golden standard. It is worth noting that changes in
sampled volumes could lead to differences in estimated concentrations due to changes in average and
median values. Higher concentrations were observed, especially when filtering low volumes in lagoon
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water, possibly due to the floatation of low-density plastic particles in higher-density brackish water,
as observed in laboratory spikes using saltwater.
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Figure 1. Boxplots of concentrations obtained in fresh (A) and saltwater (B) in laboratory tests, from
spikes of 2 MP L−1, 10 MP L−1, and 20 MP L−1, and concentrations obtained in environmental sampling
of the Vouga River (C) and Aveiro Lagoon (D), quantified after Nile Red staining under the wavelengths
of 470 nm, 254 nm all particles, 254 nm red particles. Interquartile range of fresh (E) and saltwater
(F), by spike concentration (2 MP L−1, 10 MP L−1, 20 MP L−1), and of environmental samplings of the
Vouga River (G) and Aveiro Lagoon (H) by quantification method.
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3.2. Feasibility of Sampling Volumes for Grab Samples

Besides variations in medians and accuracy, the sampling effort and feasibility must be considered.
Larger sampling volumes will provide more precise estimations of real values for that zone, but this
comes at a cost of increased time and effort that will result in a lower number of potential sampled
zones in the area. As microplastics are heterogeneously distributed in the environment, sampling a
higher number of zones is necessary to correctly determine the environmental concentration in an area.

In pump sampling, the volume of 1 m3 [29] and 8 m3 [30] of water has been considered adequate.
The problems of pump sampling include: (a) Potential contamination from plastics in pumps and pipes;
(b) feasibility in transporting and powering the equipment; and (c) the use of larger pore sizes (>60 µm),
which is easier to filter as larger pore sizes retain less organic debris and leave out an abundant faction
of smaller microplastics that may compensate for reduced volumes. This effect was clearly illustrated
by Covernton et al. [31], who found 8.5-times higher concentrations of microplastics when filtering 1-L
grab samples through 8-µm filters than when using buckets to pass 10 L over 63-µm meshes. Similarly,
Green et al. [32] reported that grab sampling of 1 L of seawater produced concentrations three to four
orders of magnitude higher than using nets (i.e., bongo, manta, plankton nets). Whereas the use of
Nile Red can allow the detection of microplastics >2 µm when coupled with microscopy [28], the
current study was able to detect environmental concentrations >1 microplastics L−1 considering an
approximate limit of 50 µm. Moreover, volumes used in pump sampling cannot be applied to grab
sampling either due to difficulties in sample transport or the presence of higher amounts of residual
organic matter that may greatly delay filtration.

As presented in the previous section, grab sample volumes >0.5 L or >1 L may produce adequate
accuracy, IQR, coefficient of variation and recovery rates. Therefore, the choice of sampling volume
may also take into account the feasibility of collecting and processing. In the sampling of the Aveiro
lagoon and Vouga River, volumes ≤0.5 L were filtered in a 1.2-µm glass fiber filter in less than 15 min.
For the Aveiro Lagoon, where less dissolved solids (PPT 21.7) were observed, filtration was relatively
feasible, reaching 3 h for filtering 5 L. For the Vouga River, rich in dissolved solids (PPT 145.0), filtration
of 1 L took 1–2 h, 2.5 L between 5–7 h, and 5 L was not attempted. Higher volumes are also more
difficult to transport to the laboratory and the prolonged filtration time increases the possibility of
contamination and of human error. Furthermore, samples resulting from higher volumes are lower in
quality due to the abundance of organic and mineral matter, which may conceal microplastics. Whereas
organic matter can be removed, mineral matter will still be present afterward. Thus, a compromise
would be the filtration of 0.5 L or 1 L of water in grab sampling.

3.3. Microplastics in Aveiro Lagoon and Vouga River

Considering the overall concentrations obtained in every volume, the Aveiro Lagoon presented
median concentrations of 18 MP L−1, 3 MP L−1, and 0 MP L−1 when evaluated by 470 nm, 254 nm
total particles, and 254 nm red particles, respectively. The Vouga River presented overall median
concentrations of 1 MP L−1, 0 MP L−1, and 0 MP L−1, respectively. The higher concentration observed
in the Aveiro Lagoon could be justified by the presence of small harbors and touristic activities, whereas
the sampled area of the Vouga River was in a secluded countryside with less potential sources of
microplastics. These concentrations are higher than the greatest concentrations found in Portugal
so far, such as 0.036 MP m−3 in seawater using neuston nets [3], 1,265 MP m−3 for the Antuã River
using a 55-µm net [2], and 0.24 MP m−3 for the Douro River using 500-µm nets [33]. The results of
the current study are more in line with results of other grab samplings of 1 L, such as 1–10 MP L−1

near shellfish farms in the coast of Canada [31] and 1–9 MP L−1 in the coast of the UK and its South
Atlantic islands [32] (Table 1). Besides considerations on small sizes and volumes, the lack of proper
identification methods may lead to underestimations. In the present study, Nile Red was used to
identify microplastics that would likely be disregarded by visual identification (Figure 2). Moreover,
these results raise concerns over the present underestimation of environmental concentrations of
microplastics caused by methodological limitations.
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Table 1. Concentration of microplastics (MP m−3) in several locations using different methods for
sampling, identification, and minimum size (µm).

Location Concentration Sampling Identification Size Reference

Vouga River, Portugal 1,000 Grab Nile Red 50 Current study
Aveiro Lagoon, Portugal 18,000 Grab Nile Red 50 Current study

Antuã River, Portugal <1,265 Net Visual 55 [2]
Douro River, Portugal <0.24 Net Visual 500 [33]

Portuguese Coast <0.036 Net Visual >180 [3]
British Columbia, Canada <10,330 Grab Visual 8 [31]

Continental and South
Atlantic Islands, UK <9,000 Grab Visual 0.45 [32]
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Figure 2. Particles (↖), previously identified by fluorescence under 254 nm after Nile Red staining,
under visible light and photographed by digital stereomicroscope (A–D) and their corresponding
details (top right corner of each picture). Particles observed under 254 nm (E,G); Visualization improved
by maxing out Color Balance for red and yellow on Adobe Photoshop CS4) and under visible light
(F,H), correspondingly. A white-blue fluorescent fiber likely originated from the cotton lab coat (E).

3.4. Comparing the Use of 254 nm and 470 nm in the Identification of Nile Red-Stained Microplastics

The use of different excitation wavelengths caused differences in fluorescence from Nile Red-stained
particles in environmental samples of the Aveiro Lagoon and Vouga River. As expected, observation
under 470 nm produced a higher number of fluorescent particles than under 254 nm. This is reflected
in the concentrations inferred from counting fluorescent particles (Figure 1), where 254 nm produced
concentration six-times lower than 470 nm for the Aveiro Lagoon. This value is even smaller when
counting only red fluorescent particles under 254 nm, which are more easily distinguished from blue
fluorescent fibers than yellow fluorescent particles. The 254 nm wavelength is more conservative
and does not cause the fluorescence of organic matter but excludes some plastics from the analysis,
such as weathered PE, whereas 470 nm is more inclusive, but may lead to overestimations due to
the fluorescence of organic matter, requiring an organic matter removal step [27]. Nonetheless, the
use of 254 nm may be advantageous when the removal of organic matter cannot be performed or
is not efficient, since it does not cause yellow to red fluorescent from the most common organic
materials found in environmental samples (e.g., algae, wood) [27]. In the present work, the removal of
organic matter was successfully achieved using hydrogen peroxide with an iron catalyst, supported by
Figure S1, S.I. and Prata et al. [27], allowing the use of the 470 nm excitation wavelength and proper
quantification of microplastics.

Observation under 254 nm also emphasized fiber contamination, possibly originating from the
white cotton lab coat [27]. Conversely, these fibers could have originated from the environmental
sample, but the identification of fibers was out of the scope of this work and would require stricter
contamination control measures. Under 254 nm, Nile Red-stained plastics emitted fluorescent in yellow
to red wavelengths, while white fiber contamination presented white-bluish fluorescence (Figure 2E).
The fluorescence from fibers under UV light likely resulted from the use of brightening agents in
textiles [34]. Due to the presence of these contaminating fibers and the difficulty in distinguishing
white-blue from strong yellow fluorescence, two results were registered from 254 nm: The total number
of yellow to red fluorescence particles (with some uncertainty) and the number of red particles (with
certainty). The variation in emission wavelengths resulting in colors from yellow to red is dependent
on the polarity of the surface of microplastics due to the solvatochromic nature of Nile Red [35]. Indeed,
this characteristic has been proposed as a way to characterize polymers into polar and hydrophobic [35].
However, this is not recommended because fluorescence may be dependent on excitation wavelengths,
and weathering and biofouling may change emission colors.

These results indicate that the use of 470 nm excitation wavelength is preferred for reliable
quantification of microplastics when preceded by proper organic matter removal before staining.
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The selective removal of staining dye from organic matter cannot be achieved without also losing
fluorescence from plastics [28], thus highlighting the need for full organic matter removal. Nonetheless,
254 nm still provides an alternative when dealing with organic matter resistant to removal procedures.
Nile Red provides an easy and reliable method of quantification of microplastics. In previous tests,
all polymer types presented fluorescence after Nile Red staining under 470 nm [27], and Nile Red
fluorescent particles have been confirmed as of synthetic origin by spectroscopy [19,29]. Nile Red offers
a quick and easy method to identify microplastics without access to expensive materials and equipment,
allowing proper quantification without bias, which should still be coupled with spectroscopic methods
to characterize polymer type. Furthermore, Nile Red reduces bias by providing an objective measure
for identification, reducing the erroneous quantification of nonplastics (false positives) and, most
importantly, allowing the quantification of plastics that otherwise would be neglected (false negatives).
This is especially important when considering small microplastics (<1 mm), where visual identification
is challenging, which can increase bias. Finally, the combination of a standard sampling volume in grab
samplings (0.5 L to 1 L) with an objective identification method, such as Nile Red, allows the production
of unbiased, reliable, and comparable results across laboratories.

4. Conclusions

Concentrations of plastic in the Aveiro Lagoon and Vouga River were, respectively, 18 MP L−1

and 1 MP L−1 under 470 nm. These concentrations are higher than currently reported for Portugal,
most likely due to the methods of sampling and identification used. Whereas grab sampling allows
identification of smaller microplastics due to the use of smaller pore sizes (here, 1.2 µm), the proper
use of Nile Red allows identification of microplastics that would otherwise be disregarded. Therefore,
this work raises concerns regarding the underestimation of microplastics in the environment resulting
from various methodologies used, which also hinders interstudy comparisons. One example of such
variation is simply the use of different wavelengths to observe Nile Red-stained particles, where six
times more particles were identified under 470 nm than under 254 nm. Moreover, the use of grab
sampling requires standardizing the volume of water sampled. From the results of laboratory tests
and sampling, the volumes of 0.5 L or 1 L for replicates seems to be a good compromise between effort,
presence of organic and mineral matter, and the approximation to the real concentration for small
microplastics. The use of low volumes and easy identification protocols allowed us to intensify the
temporal and geographic sampling of microplastics with the use of easily available materials (e.g., glass
bottles). Staining with Nile Red provides a reliable identification technique and can be complementary
to the characterization of a percentage of particles by spectroscopic analysis. Future studies may also
advise on how to conduct grab sampling for proper quantification of heterogeneously distributed
microplastics in aquatic environments.
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Figure S1: Organic matter removal, Figure S2: Formulas, Figures S3 and S4: Particles numbers retrieved per volume
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