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Abstract

:

The polymer and plastic sectors are under the urge of mitigating their environmental impact. The need for novel and more benign catalysts for polyester synthesis or targeted functionalization led, in recent years, to an increasing interest towards cutinases due to their natural ability to hydrolyze ester bonds in cutin, a natural polymer. In this review, the most recent advances in the synthesis and hydrolysis of various classes of polyesters and polyamides are discussed with a critical focus on the actual perspectives of applying enzymatic technologies for practical industrial purposes. More specifically, cutinase enzymes are compared to lipases and, in particular, to lipase B from Candida antarctica, the biocatalyst most widely employed in polymer chemistry so far. Computational and bioinformatics studies suggest that the natural role of cutinases in attacking natural polymers confer some essential features for processing also synthetic polyesters and polyamides.
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1. Introduction


There is robust evidence that the next generation of polyesters and polyamides calls for a change of standard aiming at mitigating the environmental impact and natural capital cost of polymer production and processing in general [1,2]. A closer integration between chemistry and biotechnologies is expected to boost the change of the scenario. Due to their remarkable selectivity and catalytic efficiency under mild conditions, enzymes are an attractive and sustainable alternative to toxic catalysts used in the polycondensation of functional monomers such as itaconic acid, which suffer from isomerization or cross-linking under the harsh conditions required by conventional chemical processes that employ organo-catalysts [3]. The possibility to use enzymes for the polyester synthesis has been known since the 1990s and has also been industrially applied by Baxenden Chemicals (UK) for the production, later dismissed, of highly regular structures of polymers. On the other hand, especially for the biomedical sector, enzymatic modification of polyesters represents a milder and selective alternative to chemical or physical treatments aimed at introducing chemical functionalities to the surface of polymers while retaining their bulk properties [2].



In nature, cutinases have evolved in some fungi responsible for plant pathologies where these enzymes attack and hydrolyze cutin, a complex hydrophobic polyester. Even though cutinases were discovered more than 40 years ago and tested in a number of technological applications, only more recently have they been proposed as biocatalytic tools for the polymer sector [2]. Indeed, a comprehensive review by Gross et al. published in 2010 discussed the potential of a number of hydrolases to catalyze polyester synthesis through condensation of an array of substrates, focusing the attention on the challenges of the biocatalytic technologies. [4] Out of the 30 synthetic processes reviewed by Gross, 21 were catalyzed by Candida antarctica lipase B (CaLB), an industrial biocatalyst already applied in different chemical and pharmaceutical processes. Only two cases reported the use of one single cutinase, namely Humicola insolens cutinase (HiC). In the light of the most relevant advances of the last five years achieved through the application of cutinases to polymer chemistry, we now present an analysis that extends the focus also to the hydrolysis and functionalization of various classes of polyesters and polyamides. The review intends to provide also a critical comparison between CaLB and the fungal cutinases recently applied in polymer chemistry: HiC, cutinase 1 from Thermobifida cellulosilytica (Thc_cut1) and Fusarium solani pisi cutinase (Fsp). For the first time, the biocatalysts are rationally compared also on the basis of structural, computational, and bioinformatics analysis. Finally, a frank analysis of future perspectives for the practical application of these biocatalysts for productive processes is presented.




2. The Cutinase Family


Cutinases (EC 3.1.1.74) are members of the serine hydrolases superfamily comprising the typical Ser-His-Asp catalytic triad and the oxyanion hole, common features shared by other superfamily members such as lipases, esterases, proteases, and amidases [5]. The natural substrate of cutinase is cutin, one of the main polymeric components (together with cutan) of the plant cuticle, which covers all aerial surfaces of higher plants [6,7]. Cutin is a three-dimensional insoluble hydrophobic polyester composed of hydroxyl and hydroxyepoxy fatty acids (usually carrying one to three hydroxyl groups). The most common components of cutin are derivatives of saturated palmitic (C16) or stearic (C18) acid [8]. In vitro, cutinases are able to catalyze ester hydrolysis reactions (in an aqueous environment), as well as esterifications and transesterifications (anhydrous conditions) of large and small molecules. Therefore, they have been proposed as alternative catalysts to lipases and, in particular, to the widely employed and studied lipase B from C. antarctica (CaLB) [9,10].



Since their discovery, cutinases have been investigated for applications in different sectors such as food, chemical, detergent, environmental, and textile industries [11,12]. In the food sector, cutinases are applied for the treatment of cutin-rich vegetables, fruits, and berries to achieve partial cutin hydrolysis and thus improve water permeability, an important parameter for food drying and, ultimately, conservation. Additionally, the increased permeability is exploited for delivering sweeteners, flavor enhancers, preservatives and stabilizer into the fruits or vegetables [5,13]. Cutinases can also be applied for improving the extractability of plant polyphenols from macerated fruit and vegetable materials [14]. Moreover, cutinases can be applied in the flavors industry. In particular, it was reported that Fusarium solani pisi cutinase has a potential for the production of concentrated cheese flavors [15].



In the chemical industry, the synthesis of alkyl esters by cutinases has been reported when used in organic media or low water activity environment. Alkyl esters are essential building blocks for the pharmaceutical and cosmetic sectors. In particular, the selectivity of Fusarium solani pisi cutinase was investigated in the context of the esterification of different alcohols with acids (ethyl butyrate, ethyl oleate, ethyl decanoate, hexyl decanoate, etc.) [16]. The Fusarium solani pisi cutinase was also tested for the production of biodiesel, through the transesterification of small molecules, as well as the synthesis of surfactants [17,18]. Cutinases can be utilized in laundry and dishwashing applications as lipolytic enzymes to remove fats. For example, it was shown that the Fusarium solani pisi cutinase is superior in fat removal when compared to the detergent lipase Lipolase™ [19]. Cutinases are also used in detergents for de-pilling during washing of polyester fabrics [1]. The Fusarium solani pisi cutinase has been also suggested for the degradation of various phthalates, such as dipentyl phthalate, butyl benzyl phthalate, and di-(2-ethylhexyl)-phthalate by ester hydrolysis [20,21,22]. In the textile industry, cutinases have been applied for the hydrolysis of the cutin residues on natural fibers such as cotton and wool. Cutin removal improves the wettability of the fiber, which then facilitates uniform dyeing and finishing. Cutinases from Pseudomonas mendocina, from Fusarium solani pisi and from Thermobifida fusca were widely tested for this purpose [23].



Cutinases are produced by plants, bacteria, and fungi (commonly phytopathogenic). Plant cutinases are less investigated since their isolation, maintenance, and cultivation are much more complicated when compared to the microbial analogs [6]. Fungal cutinases are extracellular enzymes expressed and secreted for the cutin hydrolysis during plant infection, where the cuticle depolymerization represents one of the first steps [24]. Fatty acids released during enzymatic hydrolysis of cutin represent a carbon source for cellular growth [6]. The first isolated cutinase was purified already in the 1970s from the Fusarium solani growing on cutin as a sole carbon source [25]. Nevertheless, this enzyme class is still relatively ‘young’ with just few members that have been deeply investigated for their catalytic potential. Cutinases have been subsequently isolated, often recombinantly expressed and characterized from different microorganisms. Microbial cutinases currently isolated and characterized with a known gene sequence and molar masses are listed in Table 1.



From the structural point of view, cutinases are the smallest family of the α/β hydrolases superfamily [6]. Considering their biocatalytical use as lipase alternatives, differences and similarities of these two enzyme classes have been recently investigated with the aid of computational methodologies. Cutinases and lipases share, as a common feature, the hydrophobicity of their surface, as a consequence of the insolubility of their natural substrates [10]. Unlike CaLB and most lipases, the catalytic Ser of cutinases is not buried into a deep funnel shape active site, rather the active site is superficial and accessible to solvents and substrates even in absence of any hydrophobic interface [10]. In addition, the active site accessibility of most lipases is regulated by conformational changes involving the lid domain which exposes the active site upon interfacial activation [54]. In this sense, cutinases appear to be more similar to C. antarctica lipase B (CaLB) (Figure 1) which is considered as an unconventional lipase also because it lacks the mobile lid which is not susceptible to any relevant structural rearrangements [54]. On that respect, the dynamic behavior of two cutinases, namely Humicola insolens cutinase (HiC) and cutinase 1 from Thermobifida cellulosilytica (Thc_cut1) were compared with CaLB by performing MD simulations in explicit water and toluene environments [10]. The study confirmed similarities in the dynamic behavior of CaLB and Thc_cut1 since both enzymes had really stable scaffold in both simulated solvents. On the other hand, HiC showed two flexible domains (Figure 1c) able to influence the active site accessibility which is similar to the behavior of other typical lipases [10]. A similar “breath-like” movement at the active site opening was also pointed out for the cutinase from Fusarium solani [37].



Similarities between CaLB and Thc_cut1 are not just limited to their surface properties and dynamic behavior but are also evident by considering their active site properties. Features such as ability of establishing H bonds and hydrophobic-hydrophilic balance were recently analyzed quantitatively by means of a bioinformatics method based on BioGPS molecular descriptors (Global Positioning System in Biological Space) and multivariate statistical analysis [55,56]. The method allows for functional structural correlation by comparing three-dimensional structures rather than protein sequences, and it makes any structural alignment unnecessary. The bioinformatic analysis pointed out how two cutinases, HiC and Thc_cut1, are classified in between the lipase and esterase families [56]. Accordingly, cutinases are not just active on cutin, but they also hydrolyze suberin (a “waxy” polyester and main component of cork) and are also able to hydrolyze a variety of synthetic esters and show activity on short- and long-chains of emulsified triacylglycerols [6]. Moreover, in analogy to lipases and esterases, when applied in low water activity environment, cutinases are also able to catalyze esterification and transesterification reactions [56].




3. Cutinases as Biocatalysts for Polymerization Reactions


For several decades, the demand for polymers and plastics has grown at a faster rate than for any other group of bulk materials, and expectations are that this trend will continue until 2020. Biocatalytical strategies are promising solutions to mitigate the environmental impact of polymerization technologies currently used [2].



Enzymes are attractive sustainable alternatives to toxic catalysts traditionally used in polymerization reactions, such as metal catalysts and tin in particular. The objective of enzymatic polymerization is not the synthesis of high molecular weight polymers but rather opportunity to produce functionalized as well biodegradable polymers with controlled architecture through highly selective processes at mild temperatures ranging between 40 and 90 °C, whereas conventional polymerizations are carried out at T > 150 °C with particular reference to organo-catalysts employed in the production of itaconic acid polyesters [56,57]. Enzymatic synthesis generally leads to polymers with moderate molar masses when compared to products obtainable via conventional chemical synthesis, but this drawback has been circumvented by using a two-step procedure, where an initial enzymatic polymerization leads to oligomers and a second step is carried out at higher temperature and/or lower pressure after removal of the biocatalyst [2]. Furthermore, the synthesis of oligomers and short telechelics pre-polymers with functional ends represents an effective strategy for obtaining polymers with higher molecular weight [58].



Actually, most of the studies related to enzymatic polymerization make use of lipases, and in particular CaLB which is one of the most widely used enzymes in industry and the ‘yardstick’ for comparison in academia [3,59].



The use of cutinases HiC, Fsp, and Thc_cut1 for polymerization reactions was explored only in the last decade in synthetic reactions reported in Figure 2.



Cutinase-catalyzed polycondensation was reported for the first time in 2007, when HiC was used for polyester synthesis using different diacids and diols [60]. Polycondensation reactions were performed in solvent-free environment and under vacuum (10 mm Hg) at 70 °C using an adsorbed preparation of HiC on previously lyophilized Lewatit beads (similar to the commercial preparation Novozym® 435 where CaLB is adsorbed on the same polymeric carrier) [60]. In particular, adipic acid was tested in polycondensation reactions with 1,4-butanediol, 1,6-hexanediol, and 1,8-octanediol (Figure 2a) leading to Mn ranging from 2700 to 12,000 Da. A more rigid diol, 1,4-cyclohexanedimethanol, was polymerized with adipic, succinic, suberic, and sebacic acids (from C4 to C10) (Figure 2b) leading to Mn from 900 to 19,000 Da according to the diacid chain lenght [60]. Results demonstrated the ability of HiC to perform polycondensation with each tested monomer and showed a preference for longest acids or diols chains: adipic acid with 1,8-butanediol and 1,4-cyclohexanedimethanol with sebacic acid gave higher polymerization degrees. In the same work, HiC was also reported able to perform ring-opening polymerizations of lactones both in toluene and in solvent-free conditions (Figure 3) leading to polymers with Mn of 24,900 and 16,000 Da respectively.



In another publication, where HiC was covalently immobilized on Amberzyme oxirane, the preference of HiC for long chain substrates was confirmed. Its selectivity was compared again with the commercial preparation of CaLB Novozym® 435 which shows higher substrate promiscuity; moreover, HiC proved to be able to perform homo-polymerization of ω-hydroxyalkanoic acids (Figure 2c) [61].



More recently, the activities of CaLB and HiC were also compared with another cutinase, namely Thc_cut1. Both HiC and Thc_cut1 were covalently immobilized on EC-EP Sepabeads as well as CaLB which was also employed in its commercial preparation (Novozym® 435) [10]. All the biocatalysts were tested for polycondensation of dimethyl adipate with 1,4-butanediol or 1,8-octanediol using a thin film solvent-free system under reduced pressure (100 kPa) at 70 °C (Figure 2a). The best performances in terms of conversion and molar masses of the products were obtained by using Thc_cut1 that led to a 86% monomer conversion and Mn of around 1000 Da while CaLB gave a conversion of 76% and a Mn of only 528 Da [10]. Interestingly, the polycondensation catalyzed by HiC gave no observable products, in disagreement to what was previously reported [60]. The substrate acceptance of Thc_cut1 was further investigated, catalyzing the polycondensations of dimethyl adipate with 1,4-butanediol, 1,6-hexanediol, 1,8-octanediol, and 1,12-dodecandiol [10]. It is noteworthy that, in solvent-free conditions, Thc_cut1 showed a preference for short chain diol and the reaction with 1,4-butanediol gave better conversions; on the other hand, the same tests with 1,4-butanediol, 1,6-hexanediol, and 1,8-octanediol were repeated using toluene as solvent produced very similar results in terms of reaction conversion (around 18% after 24 h of reaction), indicating that the higher conversion with 1,4-butanediol might be induced by viscosity and mass transfer effect which have to be carefully considered in this kind of investigation. The attenuation of the mass transfer issues using a solvent demonstrated indeed that Thc_cut1 does not have relevant preference in the use of 1,4-butanediol, 1,6-hexanediol, and 1,8-octanediol [10,56]. Furthermore, a new enzyme preparation, where Thc_cut1 was immobilized on a fully renewable support based on rice husk, was used for the polycondensation of dimethyl adipate with 1,4-butanediol and 1,8-octanediol. The reaction conditions were optimized by a fractional factorial design and finally, such Thc_cut1 preparation was able to reach conversions, considering monomer consumption, as high as 89% [56]. Also, it is remarkable to note that the activity of Thc_cut1 did not decrease after lyophilization.



CaLB was also compared with Fsp in a different polymerization reaction for the obtainment of polyamides. CaLB was tested in its commercial form (Novozym® 435), while Fsp was adsorbed on Lewatit beads (similar to Novozym® 435) and as CLEA (Cross Linked Enzyme Aggregates) [62]. Fsp and CaLB were able to catalyze polyamide formation of diethyl sebacate with 1,8-diaminooctane, 1,6-hexanediamine and 1,4-butanediamine (Figure 2d). The assays were conducted at 70 °C using toluene or diphenyl ether as solvents. The best conversions were obtained by CLEA Fsp (>50%) followed by CaLB (around 45%), whereas Fsp adsorbed on Lewatit gave lower monomer conversions (<25%) [62]. The same enzyme preparations were also tested for the polymerization of aromatic amides: enzymatic syntheses of oligo(p-xylylene sebacamide) and oligo(octamethylene terephthalamide) were successfully performed whereas in this case, CaLB led to better products than CLEA Fsp when 1,8-diaminoctane was used as diamine (Figure 2e) [63].



In general, the immobilization of the biocatalyst is mandatory in these synthetic processes for several reasons: (1) to avoid the aggregation of the hydrophilic enzyme molecules; (2) to recycle the expensive enzyme; and (3) to prevent the contamination of product by the enzyme protein [2,3]. Considering the data reported in literature, it must be noted that results in terms of molecular weight of polymerization products might be affected by detachment and dispersion of the enzyme when not covalently supported as demonstrated in previous studies [64]. In addition to adsorbed preparation with consequently problematic leaching, the mechanical strength of CLEAs preparations still has to be demonstrated on an industrially relevant scale [65].



A critical parameter in the performance of an immobilized enzyme is indeed the spatial distribution of the enzyme and substrate within a macroporous resin. The enzyme distribution of CaLB immobilized within a macroporous polymer matrix revealed that the enzyme is localized in an external shell of the bead with a thickness of ~100 μm. Furthermore, it was found that CaLB secondary structure was not altered by immobilization.



Unlike CaLB, polystyrene molecules of similar molecular weight diffuse easily throughout Novozym 435 beads. Scanning Electron Micrograph (SEM) images of the beads showed that the average pore size is 10 times larger than CaLB or polystyrene molecules, implying that there is no physical barrier to enzyme or substrate diffusion throughout the beads [65].



In the case of enzymatic polycondensation and more specifically in solvent-free systems, the viscosity of reaction mixtures makes the diffusion of substrates and pre-polymers into the pores highly unlikely [59]. The porosity of carriers seems to play a negligible role in the process design, rather, porosity might induce the risk of undesired occlusion by substrates and products, thus limiting the efficiency of the enzyme. This assumption is also supported by recent data obtained in polycondensation catalyzed by hydrolases immobilized on rice husk [59,66]. Although the enzymes (CaLB and Thc_cut1) were immobilized only on the surface either through adsorption-crosslinking or covalent bonding, the polyester synthesis proceeded with comparable rates and conversion as in the case of the macroporous methacrylic resins. Indeed, it was demonstrated that the most efficient reaction systems for biocatalyzed viscous reactions employed enzymes homogeneously dispersed on large volumes of carriers.




4. Cutinases as Biocatalysts for Polymers Hydrolysis


The ability of some enzymes to hydrolyze polymer molecules is under investigation as a possible solution for the increasing awareness of the world-wide problems associated with plastic pollution since conventional chemical recycling approaches are energy-consuming and cost-intensive methods requiring large-scale degradation processes for an economical application [67]. On the other hand, the ability of enzymes to hydrolyze polymers can be exploited for structural fine-tuning and for controlling the degree of polymer functionalization by operating under mild conditions [57]. The possibility to perform partial hydrolysis on the outer layer of the polymer can be exploited for changing the superficial properties in terms of hydrophobicity/hydrophilicity balance, obtaining reactive groups for successive modifications, and changing the polymer biocompatibility just to name a few [68,69,70].



The ability of some lipases to hydrolyze polyesters has been known since 1967, and among them, the most widely used and studied one is again the lipase B from C. antarctica (CaLB) [2,71]. During the last 10 years, with the aim to expand the biocatalytical tools for polymer hydrolysis and modification, several cutinases have been tested for their ability to hydrolyze polyesters (Table 2).



The scientific work was focused on the hydrolysis of the most relevant industrial polymers, in particular poly(ethylene terephthalate) (PET). Cutinases from various Thermobifida species demonstrated a good selectivity on PET [72,73]. More in detail, cutinases from Thermobifida cellulosilytica, Thermobifida fusca, and Thermobifida alba demonstrated an ability to hydrolyze PET. Even though all these Thermobifida cutinases turned out to be very similar in their sequences, they differed in PET hydrolysis activities. Besides, it is important to notice that products released from PET hydrolysis were shown to have an inhibitory effect on the activity of Thermobifida fusca cutinase [67]. In addition, modeling analysis suggests that the hydrolysis efficiencies among Thermobifida cutinases are influenced by the electrostatic properties in the enzyme regions surrounding the active site entrance, thus affecting the essential sorption processes on the water-insoluble PET [81]. In that respect, with the aim of improving the hydrolytic performances of the cutinase 1 from Thermobifida cellulosilytica against PET, the polyhydroxyalkanoate binding module from Alcaligenes faecalis was fused to the cutinase obtaining a three-fold increase of the PET hydrolysis release products [81]. The validity of such an approach was further confirmed by other mutagenesis experiments where the regions in proximity to the active site of cutinases from Thermobifida fusca and from Fusarium solani pisi were mutated for changing the superficial hydrophobicity: mutants turned out to have improved PET hydrolytic performances [82,83]. Other cutinases able to perform PET hydrolysis are those from Humicola insolens, Thielavia terrestris, Pseudomonas mendocina, and Penicillum citrinum [69,74]. Notably, Humicola insolens cutinase demonstrated high hydrolytic activity due to its stability after prolonged incubation at 70 °C, which corresponds to an optimal hydrolysis temperature, being very close to the Tg of PET. At this temperature, the enzyme benefits from higher mobility of the polyester chains in the amorphous phase, thus increasing the enzyme accessibility to the ester bonds [67]. The most commonly used conditions are enzyme concentrations between 2 and 5 µM and T ranging from 50 to 70 °C, depending on the enzyme thermal stability.



Just a few reports investigate the hydrolysis of different polymers using cutinases. Among them, cutinase 1 from Thermobifida cellulosilytica was able to successfully hydrolyze poly(ethylene furanoate) (PEF), new environmentally-friendly polyesters [78]. The cutinase from Thielavia terrestris was reported to hydrolyze also poly(caprolactone) and poly(butylene succinate) (PBS) at a rate of 203 mg/h per mg of protein, and 56 mg/h per mg of protein, respectively [74]. Hydrolytic activities on PBS were reported also for cutinases from Fusarium solani, from Aspergillus oryzae, from Alternaria brassicicola, and from Humicola insolens [74]. The latter was also reported to be active in the hydrolysis of poly(lactic acid) as well as cutinases from Thermobifida halotolerans [70,77]. Finally, cutinase from Fusarium solani is currently reported as the only cutinase able to hydrolyze Polyamide 6,6 [80].




5. Conclusions and Future Perspectives


The polymer industry is under pressure to innovating towards more sustainable processes and enzymes represent a formidable tool for conferring unique targeted properties to polyesters and polyamides, while meeting greener criteria. Nevertheless, the replacement of conventional catalysts and chemical synthetic methodologies with biocatalysts on an industrial scale has not taken place yet, since enzymatic processes require to be further optimized both in terms of economic and technological performances. After more than one decade of extensive investigations of the application of lipase CaLB in polyester/polyamide synthesis and modification, recent studies showed that cutinases are endowed with specific properties that make such enzymes promising biocatalysts for translating lab reactions into processes of practical and industrial relevance.



Computational and bioinformatics investigations disclosed how cutinases represent an enzyme class in between lipases and esterases. Interestingly, the same is also applicable to C. antarctica lipase B, suggesting, for the first time, some criteria for identifying biocatalysts applicable to polyester synthesis and hydrolysis. In the case of cutinases, the wider and more accessible active site, along with differences in terms of substrate specificity efficiency under milder and less strictly anhydrous conditions represent crucial features for succeeding in the hard task of producing highly structured and effective polyesters on industrial scale.



However, when cutinases are compared to lipases and CaLB in particular, it is important to consider that industry has been making wide use of lipases—especially in detergent formulations—for several decades, therefore pushing the scientific research towards the optimization of stability, activity, and expression of these biocatalysts. Similar efforts would be needed for transforming selected promising cutinases into efficient industrial catalysts. The use of cutinases for the mild and controlled hydrolysis and functionalization of polymer surfaces will get closer to an industrial scale when the expression and the selection of the best variants (deriving from rational design or directed evolution) will be optimized and scaled for tailored applications on commercial polymers.



Furthermore, studies are still needed to verify the applicability of cutinases to a wide array of substrates of industrial interest, such as sensitive functionalized moieties for the obtainment of higher-value polymers carrying lateral functionalities, or renewable monomers for the production of biobased polymers for the cosmetic and the pharmaceutical industry where the obtainment of short oligomers is desired in order to be utilized in various formulations (e.g., nano capsules) [84]. Processes catalyzed by enzymes and whole cells will, in the coming years, be major players for global sustainability. In this sense, the industrial need of robust and heterogeneous biocatalysts to be recovered and reused makes immobilization procedures a key step of practical relevance; it is noteworthy that, also in the perspective of substituting petrol-based carriers that are currently on the market, immobilization technologies recently developed with cheap, stable, and renewable rice husks are of particular interest [66].



In conclusion, cutinases represent promising and selective biocatalytic tools for polyester chemistry, but their potentials still need to be fully exploited through an industrially driven perspective. In an industry moving more and more towards a circular economy [85] and an atomic economy where each compound derived from the process needs to be recycled, enzymes and whole cell transformations will, in the coming years, be a major player for global sustainability.
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Figure 1. Representation of the 3D structures of two cutinases in comparison with CaLB: (a) CaLB (PDB 1TCA); (b) Thc_cut1 (Homology model); (c) HiC (PDB 4OYY). Structures are represented in cartoon mode and colored according to their secondary structure; the catalytic serine of each enzyme is highlighted in sphere mode. The mobile domains affecting active site accessibility of HiC are colored in violet. 
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Figure 2. Schematic representation of polymer synthesis catalyzed by the different cutinases and discussed in the present section. Fsp: Fusarium solani pisi cutinase; HiC: Humicola insolens cutinase; Thc_cut1: Thermobifida cellulosilytica cutinase 1. (a) polyesters from diacids/diesters and linear diols; (b) polyesters from diacids and cyclic diols; (c) polyesters from ω-hydroxyalkanoic acids; (d) polyamides from diesters and linear diamines; (e) polyamides from aliphatic and aromatic monomers. 
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Figure 3. Schematic representation of Ring Opening Polymerizations (ROP) catalyzed by HiC both in toluene and solvent free conditions. 
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Table 1. Isolated and characterized microbial cutinases. For each entry the microbial source is indicated as well as the molar masses.
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Source

	
Molar Masses (kDa)

	
Ref.






	
Alternaria brassicicola

	
26

	
[26]




	
Aspergillus nidulans

	
29

	
[27]




	
Aspergillus niger

	
22.8

	
[28]




	
Aspergillus oryzae

	
19.6

	
[29]




	
Botrytis cinerea

	
18

	
[30]




	
Colletotrichum capsici

	
23.7

	
[31]




	
Colletotrichum gloeosporioides

	
40

	
[32]




	
Colletotrichum kahawae

	
21

	
[32]




	
Coprinopsis cinerea

	
29.6

	
[33]




	
Cryptococcus sp.

	
21.2

	
[34]




	
Fusarium oxysporum

	
23.4

	
[35]




	
Fusarium roseum culmorum

	
24.3

	
[36]




	
Fusarium solani

	
20.8

	
[37]




	
Glomerella cingulata

	
21.1

	
[38]




	
Helminthosporium sativum

	
25

	
[39]




	
Humicola insolens

	
20.3

	
[40]




	
Magnaporthe grisea

	
24.3

	
[41]




	
Monilinia fructicola

	
18.6

	
[42]




	
Pennicillium citrinum

	
14.1

	
[43]




	
Pseudomonas putida

	
30

	
[44]




	
Pyrenopeziza brassicae

	
21

	
[45]




	
Rhizoctonia solani

	
19.8

	
[46]




	
Saccharomonospora virdis

	
30.3

	
[47]




	
Thermobifida alba

	
33.5

	
[48]




	
Thermobifida cellulosilytica

	
30.8

	
[10]




	
Thermobifida fusca

	
30.8

	
[49]




	
Thielavia terrestris

	
27

	
[50]




	
Trichoderma reesei

	
27.3

	
[51]




	
Tropaeolum majus

	
40

	
[52]




	
Venturia inaequalis

	
21.7

	
[53]











[image: Table] 





Table 2. Polyesters and polyamides that were hydrolyzed via cutinase-catalyzed reactions.
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Polymer

	
Enzyme

	
Ref.






	
Poly(ethylene terephthalate) (PET)

	
Thermobifida cellulosilytica

	
[72,73]




	
Thermobifida fusca

	
[67]




	
Thermobifida alba




	
Thielavia terrestris

	
[74]




	
Humicola insolens

	
[75]




	
Pseudomonas mendocina




	
Fusarium solani




	
Penicillum mendocin

	
[69,74]




	
Penicillum citrinum




	
Poly(l-lactic acid) (PLA)

	
Humicola insolens

	
[70,76]




	
Thermobifida halotolerans

	
[77]




	
Poly(ethylene furanoate) (PEF)

	
Thermobifida cellulosilytica

	
[78]




	
Poly(butylene adipate-co-terephthalate) (PBAT)

	
Humicola insolens

	
[79]




	
Thermobifida cellulosilytica




	
Poly(caprolactone) (PCL)

	
Thielavia terrestris

	
[79]




	
Poly(butylene succinate) (PBS)

	
Thielavia terrestris

	
[79]




	
Aspergillus oryzae




	
Fusarium solani




	
Humicola insolens




	
Alternaria brassicicola




	
Polyamide 6,6

	
Fusarium solani

	
[80]
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