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Abstract: Wetlands provide essential functions to the ecosphere that range from water
filtration to flood control. Current methods of evaluating the quality of wetlands include
assessing vegetation, soil type, and period of inundation. With recent advances in molecular
and bioinformatic techniques, measurement of the structure and composition of soil
bacterial communities have become an alternative to traditional methods of ecological
assessment. The objective of the current study was to determine whether soil bacterial
community composition and structure changed along a single transect in Macon County, AL.
Proteobacteria were the most abundant phyla throughout the soils in the study (ranging
from 42.1% to 49.9% of total sequences). Phyla Acidobacteria (37.4%) and
Verrucomicrobia (7.0%) were highest in wetland soils, Actinobacteria (14.6%) was highest
in the transition area, and Chloroflexi (1.6%) was highest in upland soils. Principle
Components Analysis (relative abundance) and Principle Coordinates Analysis (PCoA)
(Unifrac weighted metric) plots were generated, showing distinction amongst the
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ecosystem types through clustering by taxonomic abundance and Unifrac scores at 3%
dissimilarity, respectively. Selected soil properties (soil organic carbon and phosphatase
enzyme activity) also differed significantly in transition soil ecosystem types, while
showing predominance in the wetland area. This study suggests that with further study the
structure and composition of soil bacterial communities may eventually be an important
indicator of ecological impact in wetland ecosystems.
Keywords: wetlands; soil bacterial community; phylogenic analysis; 16S rRNA;
pyrosequencing

1. Introduction
Wetlands are considered to be critically essential parts of the biome, as wetland ecosystems provide
many ecosystem services, including disturbance regulation, waste treatment, water quality support,
habitat enhancement, and food production [1]. Despite these ecosystem services provided, there seems
to be a growing issue of wetland loss in the United States. The United States Fish and Wildlife Service
(USFWS) estimates that, over a period of 200 years, the lower 48 states have lost about 53 percent of
their original wetlands [2]. Although the rate of wetland loss has decreased, the estimated acreage of
wetlands in the contiguous United States stands at about 107 million [3], compared to the original
approximate estimate of 221.1 million acres [4].
To stymie the loss of wetlands, various mitigation measures have been proposed. Among these,
construction of wetlands has become a widely accepted method. Wetlands are currently evaluated
based on three distinctive characteristics that they are associated with, namely soils type, vegetation,
and hydrology. Based on such wetland characteristics, a variety of assessment methods have been
developed to evaluate the effectiveness of wetland mitigation. Although these assessment methods
have gained broad support from the regulatory agencies, some have challenged the validity of these
evaluation methods [5] and suggested other assessment characteristics [6], while many others
have questioned their efficacy in measuring the functional ability of constructed and mitigated
wetlands [7–9]. The need for a more sensitive measure of the biological and functional status of
wetlands has made itself evident.
Microbial processes drive many wetland functions, and thus any change in their communities in
response to environmental and anthropogenic perturbation can affect the ability of the wetlands to
perform their ecosystem services. For example, the effect of land use changes can be assessed using
microbial community metrics such as bacterial community structure and composition [10,11],
enzymatic activity [12–14], and soil organic carbon [15–18]. Researchers have tied the status of Soil
Organic Carbon (SOC) to the activity of soil enzymes [19,20], including phosphatases [14]. It has even
been suggested that these properties be used as indicators of change in wetland systems [20].
Erosion, incomplete mineralization of organic matter, and anoxia are all characteristics of wetlands
that have the potential to impact the structure and function of microbial communities. In view of the
challenges to existing methods in assessing the ecological characteristics of mitigated wetlands,
researchers have suggested developing assessment methods that rely not only on external
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characteristics but also on function. Thus, it is hypothesized that measurements based on these
microbial characteristics may be more appropriate to determine the status of wetlands.
Although bacteria and the extracellular enzymes that accompany their communities have been
found to be useful as environmental bioindicators because of sensitivity to changes in land
status [10,11,21], as well as their role in soil biogeochemical processes [22] such as phosphorous
enrichment [23], there has not been such a study that demonstrates the utility of microbial and
functional status of soil communities as indicators of wetland and non-wetland land status. Therefore,
it is the objective of this observational study to characterize the soil bacterial communities along a
gradient in a forested wetland ecosystem to quantify changes in soil biochemical and microbial
properties. It was hypothesized that the wetland soils bacterial communities would be ecologically
distinct in their biotic and abiotic properties.
2. Experimental Section
2.1. Sites and Sampling
The study site is a naturally occurring forested wetland located in Russell Plantation, with about
1,690 acres of forested land in Warriorstand, Macon County, AL (N32°21'13'' and W87°32'16'').
Russell Plantation was once used for cotton farming and cattle grazing but has been relatively
undisturbed since 1935. The main vegetation in the forested wetland area is loblolly pine, spruce pine,
southern red oak, willow oak, ironwood, and hickory. The understory vegetation consisted of
sweet gum, wateroak, and green ash. The soil type in the wetland sampling site is predominately
Urbo-Una-Mooreville complex (UvA) [24], comprised of Urbo and Una soils (fine, mixed, active,
acid, thermic Typic Epiaquepts), Mooreville soils (fine-loamy, siliceous, active, thermic Fluvaquentic
Dystrudepts), and the minor soil Lynchburg (LyA) (fine-loamy, siliceous, semiactive, thermic Aeric
Paleaquults). According to the NRCS Macon County Soil Survey [24], flooding occurs for brief
periods from December through April, with varying depths (45.72 to 91.44 cm). The transition soils
are eroded Oktibbeha clay loam with one to five percent slopes (OkC2) and 5–15 percent slope
(OkE2), respectively [24]. The soil types of the upland area are predominately Oktibbeha (very-fine,
smectitic, thermic Chromic Dystruderts), a clay loam with 5–15 percent slope (OkE2).
Three grids were constructed with 25 sampling points in each (Figure 1), resulting in three sampling
areas connected by a transect, running North to South, and differing in vegetation and hydrology
characteristics. The resulting sampling areas were regarded as three distinct land systems and were
identified as the wetland soil system (WSS), transition soil system (TSS), and upland soil
system (USS). For the purpose of obtaining uniform samples across each of the selected sites, a
sampling grid (5 ft × 5 ft, with 75 ft spacing between potential sampling units in vertical and horizontal
directions) was constructed for each of the three identified zones (Figure 1). Soil samples were
collected (120 g), and chemical/biochemical analyses were carried out on each of the 25 sampling
points in each area. For the purpose of microbial analysis, nine sampling units were randomly selected
and collected using a soil auger to a depth of 0–15cm from each of the grids. Samples were placed in
polyethylene bags and put on ice during transport back to the laboratory for analysis. Soils were kept at
4 °C until DNA extraction.
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Figure 1. A layout of the study site in Macon County Alabama.

Legend: Upland (USS), Transition (TSS), and Wetland (WSS) soil systems are set along a
north-running transect. (5 ft × 5 ft, with 75 ft spacing between potential sampling units in vertical and
horizontal directions) was constructed for each of the three identified zones (Figure 1). Soil samples were
collected (120 g), and chemical/biochemical analyses were carried out on each of the 25 sampling points in
each area. For the purpose of microbial analysis, nine sampling units were randomly selected and collected
using a soil auger to a depth of 0–15 cm from each of the grids. Samples were placed in polyethylene bags and
put on ice during transport back to the laboratory for analysis. Soils were kept at 4 °C until DNA extraction.

2.2. Soil pH and SOC
Samples were analyzed for pH (1:2, soil/water) with a Fisher pH meter (Fisher Scientific,
Pittsburgh, PA, USA). For soil organic carbon (SOC), air-dried soils were analyzed using the dry
combustion method in a Vario EL III CHNS Elemental Analyzer (Elementar Americas, Inc., Mt.
Laurel, NJ, USA).
2.3. Soil Enzyme Activity
Enzyme analysis was performed according to the methods of Tabatabai [25], with slight modification.
The artificial substrate, p-nitrophenyl (1 mL, 0.05 M), and a pH buffer (pH values were 11 for Acid
Phosphatase [APA] and 6.5 for Acid Phosphatase [ACP]) were incubated in 25 mL glass flasks and
capped at 37 °C for 1 h with 1 g of soil. At the end of incubation, enzyme activity was stopped by
addition of 4 mL of 0.5 M NaOH for phosphomonoesterases followed by extraction with 1 mL of
0.5 M CaCl2. The mixture was then filtered (Whatman No. 2) and the extract analyzed using a Genesys
10 VIS spectrophotometer at (Thermo Fisher Scientific Inc., Waltham, MA, USA) at 420 nm. Enzyme
activity in filtrates was determined from a standard curve developed using p-nitrophenol standards.
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To account for non-enzymatic hydrolysis, values for controls were subtracted from sample readings.
Toluene was not used in accordance with Bandick and Dick [26] and Elsgaard et al. [27], who showed
that with incubation periods fewer than two hours, the absence of toluene was inconsequential to
measured enzyme activity. All enzyme activities reported were expressed on a moisture-free basis.
2.4. DNA Extraction, Amplification, and Sequencing
For molecular analysis of community DNA, nine soil samples were randomly selected from the soil
samples within each of the three strata. DNA was extracted from these soil samples for each of the
three strata and composited following extraction and validation (providing three representative samples
per land use system). DNA was extracted from approximately 0.25 g of soil (oven dry basis of
field-moist soil) using the Power Soil Extraction Kit (MO BIO Laboratories, Soloana Beach, CA,
USA) according to the included protocol. Extracted DNA (2 µL) was quantified using Nanodrop
ND-1000 spectrophotometer (Nanodrop Technologies, Wilmington, DE, USA), and run on 0.8%
agarose gel with 0.5 M TBE buffer. The samples were then submitted to Research and Testing
Laboratories (Lubbock, TX, USA) for PCR optimization and pyrosequencing analysis. Bacterial
tag-encoded FLX amplicon pyrosequencing PCR, massively parallel pyrosequencing and tag design
were carried out according to procedure described previously by Dowd et al. [28,29].
Samples were evaluated using Tag-encoded FLX amplicon pyrosequencing (bTEFAP), which has
had prior description and utilization by Dowd et al. [28,29] in characterizing bacterial populations in a
variety of studies [10,26,27]. All DNA samples were diluted to 20 ng/µL. A 20 ng (1 µL) aliquot of
each sample DNA was used for a 25 µL PCR reaction with 5 min denature at 95 °C, 30 cycles of 94 °C
30 s; –52 °C 40 s; –70 °C 40 s; with a final extension of 70 °C for 5 min. The 16 S universal
Eubacterial primers 28 F (5′- GGC GVA CGG GTG AGT AA) and 530 R (5′-CCG CNG CNG CTG
GCA CS) Amplicons were mixed in equal volumes and purified using Agencourt Ampure beads
(Agencourt Bioscience Corporation, MA, USA). In preparation for FLX sequencing (Roche, Nutley,
NJ, USA), the DNA fragments size and concentration were measured by using DNA chips under a
Bio-Rad Experion Automated Electrophoresis Station (Bio-Rad Laboratories, Hercules, CA, USA) and
a TBS-380 Fluorometer (Promega Corporation, Madison, WI, USA). A 9.6 × 106 sample of doublestranded DNA molecules/µL with an average size of 625 bp were combined with 9.6 million DNA
capture beads, and then amplified by emulsion PCR. After bead recovery and bead enrichment, the
bead-attached DNAs were denatured with NaOH, and sequencing primers were annealed. The 454
Titanium sequencing run was performed on a 70 × 75 GS PicoTiterPlate by using a Genome
Sequencer FLX System (Roche, Nutley, NJ, USA).
2.5. Bioinformatics and Statistical Analysis
Quality trimmed sequences and hierarchal taxonomic data were provided with the sequencing
services following the process described earlier [10]. As described in the previously mentioned studies,
each sequence was trimmed to utilize only high quality sequence information; tags were extracted
from the FLX generated multi-FASTA file, while being parsed into individual sample specific files
based upon the tag sequence. Tags which did not have 100% homology to the original sample tag
designation were not considered. Sequences which were less than 250 bp after quality trimming were
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not considered. The B2C2 software [30], which is described and freely available from Research and
Testing Laboratory (Lubbock, TX, USA), was used to deplete samples of definite chimeras. Further
processing and OTU based analyses were then carried out using the MOTHUR v.1.19.4 [31] suite of
algorithms for sequence processing and diversity analysis. The resulting clusters were assessed at 3%
and 5% dissimilarity to provide the data needed for diversity analysis. Based upon the literature, we
can expect that 0% dissimilarity in sequences will provide dramatic overestimation of the species
present in a sample [32]. The sequences contained within the curated 16S database were those
considered of high quality based upon RDP-II [33] standards and which had complete taxonomic
information within their annotations. Clusters at 3% and 5% were then utilized to generate rarefaction
curves and the (diversity) indices Ace and Chao1 [34,35] as well as weighted UniFrac for Principle
Coordinate Analysis (PCoA) plots.
All means testing was performed using the SPSS package (SPSS Inc, v 17.0, Chicago, IL, USA).
The generalized linear model (GLM) was used to assess the means of soil physical, chemical and
microbial properties among the systems followed by a Tukey’s HSD test for pairwise comparisons.
Relative abundance data was presented as percentages/proportions, but prior to subjection to GLM,
they were transformed using the arcsine function for normal distribution prior to analysis. Principal
Components Analysis (PCA) and factor analysis (XLStat 7.5, Addinsoft) were used to determine the
interaction of soil properties across the field site. Factor analysis was used to group the retained
variables into statistical factors based on their correlation structure. To eliminate the effect of different
units of variables, factor analysis was done using the correlation matrix on the standardized values of
the measured soil properties. Using the correlation matrix, principal components (factors) with
eigenvalues > 1 were retained and subjected to varimax rotation with Kaiser to estimate the proportion
of the variance of each attribute explained by each selected factor loadings.
3. Results
3.1. Soil Properties
3.1.1. Physio- and Biochemical Properties
The differences detected in soil pH among the three land types showed significance between TSS
and the USS soils (p < 0.01), while WSS soil pH, unlike the others, showed no difference (Table 1).
Significant differences were also observed in SOC content in the three areas (Table 1). Not only did
the TSS show the lowest pH, but it also showed the lowest percentage of SOC as well. This value was
significant only in its comparison to WSS and TSS, as they expressed the highest and lowest percent
SOC. The SOC value of the USS area was seemingly close to that of the WSS area; however, it was
significantly lower. In general, the WSS soils had the highest activity, and the TSS soils had the lowest
activity for both enzymes.
3.1.2. Bacterial Richness
The maximum operational taxonomic units (OTUs) detected across the study site according to the
observed clusters (sobs) at 3% dissimilarity was 1286 (Table 1) from WSS sample 1, although the
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highest mean for sobs was found in the USS at approximately 1105 OTUs. The maximum amount of
OTUs observed is also reflected in the other richness estimators predicted for the samples with the
exception of the Shannon-Wiener diversity index that was greatest for USS sample 2. Though the
highest values for richness and diversity were observed and predicted for these particular samples, the
richness values were quite variable. The means of all of the selected indices followed a distinct trend
of marginal difference between USS and WSS, with TSS values noticeably lower than both. That trend
demonstrated a soil ecosystem in which the lowest number of OTUs was found in soils sampled in
transitional areas of topography, vegetation, and hydrology. The indices reflected the same trend when
calculated at 5% dissimilarity; however, no significant differences were found between the soil
systems for any of the diversity estimators.
Table 1. Soil chemical, biochemical, and microbial properties.
Soil Chemical Properties
pH
SOC
Soil Enzymatic Properties
ACP
APA
Soil Bacterial
Diversity/Richness*
Shannon
Sobs
Chao1
ACE

USS

TSS

WSS

5.21a
1.57a

4.91
0.73

5.03a
1.67a

1.10a
0.09

0.50
0.04

1.41a
0.24a

5.38
1105
3530
7126

4.80
863
2385
4449

5.20
1040
3545
6960

Legend: Measurements and estimates of soil chemical, biochemical, and microbial properties are presented
for each of the designated land systems. *The four indices were used to assess species diversity and

richness. The Shannon index has no units, while the other three indices measure operational
taxonomic units.

3.2. Relative Abundance of Selected Taxa
Relative abundance of bacterial taxa were examined for those taxa at the level of phyla, class, and
order to determine if there were any significant shifts in the composition of the bacterial communities
according to the land types presented. The relative abundance of the three major phyla associated with
soil bacterial communities are presented in Figure 2, with the 10 most abundant taxa between these
phyla, class, and order levels of taxonomy presented in Figure 3. The major phyla distribution showed
that Proteobacteria was the most dominant phyla in the soil communities, with the other two dominant
phyla being Actinobacteria and Acidobacteria. Acidobacteria exhibited their lowest relative abundance
in the USS (p < 0.05), while Actinobacteria showed significant distinction with its greatest relative
abundance (p ≤ 0.05) under the TSS.
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Figure 2. The relative abundance of the top three phyla.

Legend: Actinobacteria, Proteobacteria, and Acidobacteria are presented as the most dominant soil bacterial
phyla in the study.

Figure 3. A representation of significant taxa at lower relative abundance values.

Legend: The classes of Proteobacteria, some of the most abundant Orders, and less abundant phyla are
presented to contrast their relative abundance across the study site.

The remaining taxa accounted for fewer than 10% of the relative abundance observed and were
designated as minor (reference to relative abundance only) in Figure 3. Of these groups, δ-proteobacteria
showed significantly lower relative abundance in the WSS (P ≤ 0.05), while Chloroflexi (P < 0.05)
showed significantly its highest relative abundance in the USS. Other significant differences (P < 0.05)
observed in taxa were Spartobacteria between the USS and TSS, and for Solibacteria between the
USS and WSS.
The species-level of relative abundance was also examined for the top 12 species that were present
at the study site. Rhodoplanes roseus in the USS was the species found in the highest relative
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abundance, with its value in the TSS at a close second (Table 2). Rhodoplanes roseus and Syntrophus
aciditrophicus were the only two species that were significantly distinguishable in the WSS (p < 0.05)
in which Rhodoplanes roseus was at its least, and Syntrophus aciditrophicus at its greatest. Species that
were found to have their highest relative abundance in TSS were Cryptosporangium minutisporogium,
Mycobacterium holsaticum, and Nonomuraea kusteri.
Table 2. A presentation of relative abundance of identified species observed across the study.
Species
Acidiphilium cryptum
Acidisphaera rubrifaciens
Acidothermus cellulolyticus
Caldilinea sp
Candidatus Reyranella sp
Conexibacter woesei
Cryptosporangium minutisporangium
Marinobacter excellens
Mycobacterium holsaticum
Nonomuraea kuesteri
Rhodoplanes roseus
Syntrophus aciditrophicus

Upland
0.67a
0.34a
0.34a
1.06a
1.82
0.34ab
0.19
1.51ab
0.05
0.24
3.88
0.41

Transition
1.62b
1.61b
0.97b
0.09
0.92
1.45a
0.93a
0.61a
1.47a
1.04a
3.75
0.13

Wetland
1.37ab
0.57ab
0.32ab
0.31
0.40
0.02b
0.04
2.17b
0.00
0.09
1.46a
1.30a

Legend: The top 12 species found across the study site are presented. Significant differences are designated
by different lower case letters (p < 0.05).

3.3. Contributions of Bacterial Taxa to Principal Components
When Factor analysis was done, only taxa with a relative abundance consistently over 1.00% in all
of the samples were chosen for inclusion. Of the factors generated, the first two factors were selected
(Table 3) since their eigenvalues were both greater than 10. These two factors accounted for ~55% of
the total variation. The remaining six components contributed to the residual ~45% of variation as
shown in the scree plot (Figure 4 and Table 3). Utilizing the loading component theory, we only
considered factor loadings (correlation values) greater than 0.50. The positive loadings on the first
component (explaining ~31% of total variation) were large and positive for Proteobacteria,
Acidobacteria, α-proteobacteria, Solibacterales, Acidobacterales, Acidbacteraceae, Solibacteraceae,
and Solibacter usitatus, indicating the influence of these taxonomic groups on the observed variation.
The second factor contributing to variation among the observed taxonomic groups represented ~24%
of the variation. Large and positive loadings for this factor are represented by the taxa: Actinobacteria,
Actinomycetales Micromonospraceae, Mycobacteriaceae, and Streptosporangiaceae.
Table 3. Eigenvalues and corresponding values of percentage of variance for each component.
Eigenvalue
Variability (%)
Cumulative (%)

F1
14.555
30.969
30.969

F2
11.286
24.013
54.982

F3
6.220
13.233
68.215

F4
5.617
11.951
80.166

F5
4.414
9.392
89.558

F6
2.881
6.129
95.688

F7
1.236
2.630
98.317

F8
0.791
1.683
100.000

Legend: The table shows the contribution of each factor to the percentage of variability detected in the
observations. The factors kept for further analysis are presented in bold.
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Figure 4. A scree plot showing the relative eigenvalues for the principle components
generated for the measured variables.

Legend: The figure demonstrates the higher contributions of the first two factors to variability in the
observations.

When plotted on a two-dimensional axis, PCA of the given samples situated the samples in such a
way that a majority of the samples, with the exception of TSS samples 2 and 3, clustered in the same
general area. Though there was this large cluster, there was distinction in that separate non-overlapping
groups could be identified for each of the soil systems (Figure 5a). Unifrac metrics were also
used to assess community similarity between two or more samples according to their structure
(weighted/quantitative) and visualized in a two-dimensional principle coordinates plot from the
Unifrac weighted distance matrix (3% dissimilarity) (Figure 5b). Similar to the PCA, there seemed to
be a general cluster towards the center of the plot that contained five of the nine samples, but also
contained outliers of each group that served to separate all of the samples into three distinguishable
clusters with no overlap. The samples of each system distinctively responded to the majority of the
variation detected in the samples across two axes.
Figure 5. (a) A two-dimensional plot of principal component factor scores of rotated
relative abundance values. (b) A two-dimensional ordination of weighted Unifrac scores.
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Figure 5. Cont.

Legend: (a) After initial principle components analysis, scores were rotated via varimax to further reduce the
amount of factors to two. Transformed relative abundance values were utilized for analysis. (b) PCoA plots
are presented of the first two axes based on the weighted Unifrac distance matrix showing the quantitative
clustering of samples. The upland system is represented by the red; the transition by the blue; and the wetland
by the green.

4. Discussion
With respect to observational studies, researchers attempt to explain natural phenomena with established
scientific principles and corroborated evidence though the explanation can only be speculation. The
following discussion is presented in the same manner to discuss the results of the current study.
4.1. Soil Chemical, Biochemical, and Biological Properties
Low pH has often been a measured characteristic of soil under long standing forests due to organic
acids released by decomposing plant and animal residues. Decomposition of organic matter is generally
slow and incomplete mineralization in wetlands is due to low aeration [36], which may account for the
high percent carbon observed in WSS compared to TSS and USS [37]. Because extracellular enzymatic
activity is associated with organic matter decomposition, correlations between the two have been
observed in soils [14]. A similar observation was made in this study in which a drop in enzymatic
activity for ACP and APA was seen in the TSS compared to the wetland soil. Wright and Reddy [23]
also demonstrated in a study of P loading effects on extracellular enzyme activities in a wetland soil
that phosphomonoesterases could be the most useful indicator for assessing impacts of P enrichment in
wetland soils. The phenomenon that was observed for much of the measured attributes in Table 1, in
which the TSS was consistently and considerably lower than that of USS and WSS, may be attributed
to the loss of soil surface particles due to disturbance events such as rainfall and runoff. Several
researchers have demonstrated that soil loss increases with increased slopes in forested soil
systems [38,39].
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4.2. Bacterial Community Membership
As with bacterial richness, interpretation of bacterial composition should consider the impact of
long-term runoff and soil loss on the study site. The association of bacterial taxa with particular eroded
sediments of soil systems has implication for the current study. In a study by Gardner et al. [40],
certain taxa were found to be associated with certain sized sediments (Proteobacteria with coarse
sediments, Bacteroidetes and Chloroflexi with fine sediments, and Actinobacteria with the source soil
fraction). The soil sediments and the accompanying bacterial taxa are expected to be eroded in the
presence of physical disturbance of the soil surface, which is the case in the TSS of the current study
for Proteobacteria, Chloroflexi; in addition, Verrucomicrobia and its class of Spartobacteria trended
in the same manner.
Other researchers have also described Proteobacteria as the most abundant bacteria in soil
ecosystems [41], and have also associated this group with C and N cycling in soils [10,42,43].
Because of their high functional and species diversity, Proteobacteria are assumed to occupy many
different niches in soils environments, giving reason to the persistence of the phyla in oligotrophic
environments. Though not described explicitly as an oligotroph [44], α-Proteobacteria have, in fact,
been found to respond in a similar manner as Acidobacteria to oligotrophic environments in a number
of studies [11,45,46], as well as the current study. Concerning Bacteroidetes, the phyla did not seem to
be negatively impacted in the TSS, although it has been associated with soil sediments. What may be
more significant is the association of increased Bacteroidetes presence with the sudden availability of
simple substrates [40,47,48], which could be a reasonable event following physical disturbance events
(i.e., rain, wind, tillage). Verrucomicrobia have been described as a ubiquitous, but understudied phyla
in soil ecosystems [49]. Spartobacteria are their most prominent class found in soils and showed the
same trends as Verrucomicrobia in the current study. Bergmann et al. [49] also described these taxa as
a subsurface oligotroph that normally exist in higher abundance in deeper horizons of soil, dominating
the resource poor environment. As this may be the case in subsurface ecology, in this study at the soil
surface, Verrucomicrobia—Spartobacteria seem to be impacted in the TSS, which is subject to
sediment loss from the soil surface. As Verrucomicrobia’s abundance in various soils around the world
shows great variance, to truly understand its relation to soil sediments and erosion activity, studies
utilizing soils of varying geographic origin are needed.
At the Phyla and class levels, it has been shown that Actinobacteria are copiotrophic or respond
positively to carbon-rich environments [11,44,50], and Acidobacteria can be classified as oligotrophic,
or respond positively to the lack of carbon in the soil environment. Our results agree with these prior
observations, as Acidobacteria showed prominence in all of the land areas (as they all have acidic pH),
but were most prominent in the WSS. Acidobacteria have been described as a dominant group in
wetland soil systems, given the oligotrophic conditions (depressed pH, nutrients, temperature, and water
saturation) and a reduction in competition from other dominant phyla such as Actinobacteria [51].
Actinobacteria have often been cited as a major phylum composing soil bacterial
communities [48,52–54], as they have been primarily linked to C cycling and the breakdown of
organic matter [43,46]. The nutrients provided in relation to this process are evident in the WSS,
though Actinobacteria abundance is at its lowest in this area. Actinobacteria are also subject to the
dominance of Acidobacteria and Proteobacteria groups in oligotrophic environments, as the
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responsibility for carbon cycling will shift to these groups. The same trend of copiotrophic decline in
the WSS applies to Order Actinomycetales (p < 0.05). Increased relative abundance of Actinomycetes has
often been associated with soil systems that are introduced to mechanical/physical disturbance [11,55–57],
and in the current study that system is the TSS. As has been established, Actinobacteria are normally
residents of source soil where more stable organic carbon pools reside as well. In response to water
erosion events experienced by the TSS, it is posited that Actinobacteria—Actinomycetes survive and
utilize stable carbon sources in the absence of those bacteria associated with soil sediments loss to
erosion, thus explaining their increase in relative abundance.
4.3. Clustering of Samples According to Community Structure
The utility in PCA is being able to take data resulting from large amounts of observations and
reducing it to a smaller amount of factors that contribute to variation. In the case of community
ecology, PCA allows us to determine which taxonomic groups vary with one another, thus allowing
suppositions to be made about the relationships of particular populations. We then have the
opportunity to see which of the original observations contribute to those factors and possibly begin the
assemblage of functional guilds. Considering the composition of the first component, the taxa present
seem to be fairly representative of acidophilic/oligotrophic groups in the phyla Acidobacteria,
(e.g., Solibacter, Acidobacterales) that have been shown to thrive in oligotrophic soils [11,44,58].
Acidobacteria have repeatedly shown their dominance in environments that are low in resources.
Activity and growth in the presence of less oxygen favor Acidobacteria in wetland soils, since oxygen
is exhausted in the soil environment, as soil moisture increases. In the case of this study, the populations of
Acidobacteria, Solibacteria, Acidobacterales, etc. are adapted to elastic environments, as their habitat
cycles between copiotrophic and oligotrophic states between the wet and dry season. What we
are possibly observing is the impact of this long-term cycle between the two as observed during
a dry cycle.
In addition, those in the second component seem to be copiotrophic groups, as Actinobacteria,
Actinomycetales, and Streptomyces can all be classified under Actinomycetes, which are spore-forming
bacteria with mycelia. Another characteristic of Actinomycetes that lead to such an impact on variation
in composition is the ability of a good deal of them to produce antimicrobial compounds, thus allowing
them to impact the community around them [59–62]. Actinomycetes have also been described as
increasing in abundance in subsurface [63], which gives validity to the observation of the constantly
eroded soil surface of the TSS, possibly allowing subsurface microbiota to become predominant in
such an environment.
In the weighted PCoA plot (Figure 5b) the communities are once again distinguishable from one
another. There does appear to be some similarity within the samples from the USS, as sample USS 3,
differs more in its location on the x-axis with the TSS than in its location on the y-axis with the WSS.
The proximity between the USSS and WSS suggests a more approximate similarity in structure than
both systems with the TSS. This same phenomenon was evident when calculating the richness of the
systems in Table 1 (as richness is considered a component of community structure).
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5. Conclusions
Wetlands provide valuable ecosystem functions, and their losses due to agriculture and
urbanization, have lead to legislation to preserve and conserve them, as well as motivations to restore
and/or create wetlands. With all of this activity designed around wetland conservation, there is
currently no consensus on methods for evaluating the functionality of wetlands. Furthermore, the
ecology of the very organisms (bacteria) that drive the chief biochemical functions of these wetlands is
poorly understood. Initiating a study in an area that has had little human disturbance for over 75 years
may therefore serve as a good indicator of the ecology of microbial communities in a natural wetland
compared to its adjacent upland areas. Furthermore, this study was able to find significant differences
in soil properties, as well as the structure and composition of soil bacterial communities across the
upland, transition, and wetland areas of a forested ecosystem with distinct topography. The researchers
were able to identify similarities in the microbial ecology at the tops and bottoms of a slope, thus
identifying a unique “slope ecology” for soil bacteria. Though these findings have been encouraging
there should be more study considered in controlled systems to further elucidate the ideas of wetland
microbial ecology.
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